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Abstract 
Finger-like projections called villi convolute the intestinal surface, maximizing the area for 

nutrient absorption. Villi are rapidly formed and patterned during embryonic development; in the 

mouse, beginning at embryonic day (E)14.5, one new villus is defined approximately every 15 

minutes. In this thesis, we worked at the interface of advanced in vivo imaging and in silico 

mechanical modeling to understand the transformation from a flat intestinal surface into a field 

of domed villi. 

 

For decades, villus morphogenesis was thought to involve formation of isolated lumens in a 

stratified epithelium. However, recent studies have shown that the pre-villus epithelium is a 

single pseudostratified layer and its surface remains connected throughout development. Here, 

we develop a new model that offers insight into how this dramatic lumenal surface expansion 

occurs within these parameters. 

 

We determined that initial villus demarcation occurs by patterned invaginations in the intestinal 

surface. Their location is controlled by mesenchymal clusters, patterned structures that signal to 

cause the adjacent epithelium to shorten and widen. This shape change compresses the 

intervening epithelium. Within these regions, cell division-associated invaginations occur. These 

in vivo observations informed an in silico mechanical model of the epithelium, which 



 xix 

demonstrates that both compressive forces and cellular changes during mitosis can drive villus 

demarcation.  

 

We also utilized the Ezrin null mouse model to define other cell behavior essential for villus 

morphogenesis; this model exhibits both ectopic lumens and villus fusions. We show that loss of 

EZRIN impairs mitotic spindle orientation control and transforms the epithelium into a stratified 

structure. In this context, ectopic lumens form between cell layers. Additionally, we establish 

that Ezrin plays a critical role in maintenance of the intestinal epithelium throughout life, and 

provide functional evidence of impaired junctional remodeling in the absence of EZRIN. Finally, 

we offer a unified model of how fused villi develop embryonically and postnatally. 

 

Working at the interface between in vivo observations and in silico modeling will inform future 

studies on the biological and physical characteristics required for the dramatic epithelial 

convolution associated with villus development, potentially providing new avenues for the 

targeted engineering of intestinal surface. 
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Chapter I 

Introduction* 

 

 The main function of the small intestine is to digest and absorb nutrients, many of which 

cannot be synthesized by cells and can only be obtained from the diet. For example, out of the 

twenty amino acids, nine are essential; if these are not derived from the diet, severe nutritional 

deficiencies can result (Trumbo et al., 2002). For maximally efficient absorption, the intestine 

has a large surface area (approximately 30 square meters), allowing for optimal contact between 

lumenal contents and the absorptive surface. Multiple morphological adaptations contribute to 

this large surface (Figure I-1), including the remarkable length of the intestine (from 2-4 meters) 

(Helander and Fändriks, 2014), convolution of its mucosa into finger-like projections known as 

villi (Mathan et al., 1976; Moxey and Trier, 1979), and the presence of microvilli on the apical 

surface of each absorptive epithelial cell, which constitute the intestinal brush border (Sauvanet 

et al., 2015). Villi and microvilli amplify the total intestinal surface area by about 6.5 and 13 

times, respectively, and thus represent critical elements of surface expansion (Helander and 

Fändriks, 2014). 

	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  	  
*	  Note this chapter is an expansion of the following review article 
 
Walton KD, Freddo AM, Wang S, and Gumucio DL. (2016). Generation of intestinal surface: 
an absorbing tale. Development, invited review, Submitted.	  
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 If intestinal surface area is severely compromised, intestinal failure may result, a 

condition defined as inability to absorb sufficient nutrients to sustain life. One cause of intestinal 

failure is an extremely shortened intestine, which may occur due to a genetic disorder or a 

traumatic event. Unfortunately, limited treatment options exist for these patients, and they are 

often confined to life-long parenteral nutrition, or less commonly, may undergo intestinal 

transplantation (Goulet and Ruemmele, 2006; Goulet et al., 2004; Stelzner and Chen, 2006). 

Even in a setting of sufficient bowel length, clinical malnutrition can result from loss of intestinal 

villi. In patients with celiac disease, villus atrophy compromises surface area to prevent proper 

absorption (Walker-Smith et al., 1990). This emphasizes the essential role played by villi in 

increasing apical surface. Lastly, absorptive surface area may be compromised by incorrect 

formation of microvilli. In patients with microvillus inclusion disease (MVID), the normally 

well-organized arrangement of microvilli at the apical surface is disrupted. Instead, vesicular 

“inclusions” containing internal microvilli are seen within absorptive epithelial cells. This can 

manifest as early as the first days of life, and carries a high mortality (Ruemmele et al., 2010). 

MVID is associated with a wide variety of genetically inherited mutations, many of which 

involve proteins involved in apical vesicular trafficking (Ruemmele et al., 2010; Wiegerinck et 

al., 2014). 

 Although all of these adaptations for increasing intestinal surface area (lengthening, 

formation of villi, and elaboration of microvilli) are important for proper health, this thesis will 

focus on the epithelial changes that occur during formation of the initial intestinal villi. Despite 

their importance to surface area amplification, little is currently known about how they form in 

the fetus. Evidence from animal and clinical models of bowel resection suggests this is the 

critical time for maximum villus development. In rodent models of intestinal resection, although 
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the intestine may adapt by altering length and villus structure (increased height and girth), new 

villi do not appear to form efficiently (Clarke, 1967; Forrester, 1972; Helmrath et al., 1996). In 

humans, adaptations in villus shape are also observed after bowel resection. However, data on 

new villus growth in the human are limited because clinical trials testing the effects of adaptation 

are difficult to conduct (Weale et al., 2005). Thus, to learn how the apical surface is expanded 

during villus formation, we concentrate here on the period of initial villus emergence during fetal 

life. Eventually, insights from these studies might provide clues as to how to stimulate growth of 

new villi in patients with intestinal failure or compromised intestinal surface area. 

 

Intestinal Morphogenesis and Differentiation 

Gastrulation and endoderm specification 

 The intestinal epithelium is polarized, with its internal apical surface facing an open 

lumen and its basal surface surrounded by mesenchyme. The epithelium is derived from the 

endoderm, which contains components derived from both definitive and visceral endoderm 

(Franklin et al., 2008; Kwon et al., 2008). Definitive endoderm is specified during gastrulation. 

During this process, cells in the anterior end of the primitive streak undergo an epithelial to 

mesenchymal transition by losing their initial apical-basal polarity and downregulating E-

cadherin to allow them to migrate along the wings of the expanding mesoderm (Burtscher and 

Lickert, 2009; Viotti et al., 2014). As a result of unknown signals, some of these migrating cells 

intercalate into the visceral endoderm layer by undergoing a mesenchymal to epithelial 

transition. At this point, they establish their final polarity, with the apical surface on the interior 

of the embryo, and increase expression of junctional proteins to seal the epithelium (Figure I-2) 

(Nowotschin and Hadjantonakis, 2010; Viotti et al., 2014). FOXA2, a forkhead family 
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transcription factor, helps recruit the necessary signaling molecules for these processes. In mouse 

embryos, Foxa2 mutations prevent apical-basal polarity and tight junction re-formation upon 

cellular integration into the developing endoderm (Burtscher and Lickert, 2009). 

 

Intestinal specification and villus patterning 

 After gastrulation, the endoderm is a flat (in human) or cup-shaped (in mouse) epithelial 

sheet. In the mouse, this sheet is folded into a tubular structure between embryonic day (E)8.0 to 

E9.5 (Lewis and Tam, 2006). Even while folding occurs, the tube is being regionally specified 

by numerous cell signaling events into a series of organs, which make up the gastrointestinal 

tract (esophagus, stomach, small intestine, and colon) and accessory organs (lungs, thymus, 

thyroid, parathyroid, liver, and pancreas) (Spence et al., 2011). 

 The small intestine arises from the distal region of the foregut and the midgut. This 

region of the tube elongates between E10.5, when the first hairpin loop of the intestine is seen, 

and E14.5, and when villus morphogenesis initiates. During this time, the lumenal surface of the 

small intestinal tube is flat, but beginning at E14.5, the lumenal surface dramatically convolutes 

to form the first villi (Figure I-3). The pattern of villus location is mediated by bidirectional 

signaling between the epithelium and underlying mesenchyme. First, Hedgehog (Hh) ligand 

secreted from the epithelium signals to the underlying mesenchyme (Kolterud et al., 2009) to 

cause aggregation of mesenchymal cells into clusters. These clusters are tightly associated with 

the basement membrane and pattern where the villi will develop, such that one cluster 

corresponds to one villus domain. Clusters begin to form in the proximal intestine at E14.0 and 

spread in a wave-like pattern towards the distal intestine by E15.5 (Moxey and Trier, 1979; 

Walton et al., 2012). 
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 Signaling pathways affect both the size and distribution of clusters, as highlighted by 

experiments using both ex vivo intestinal explant cultures and genetic modifications (Walton et 

al., 2012; Walton et al., 2016). Amazingly, explant cultures from intestines harvested before 

cluster formation will continue to grow and develop in culture for more than three days, though 

they grow slower than in utero. Small molecule agonists or inhibitors can be added to such 

cultures to observe the effect of signaling pathways on cluster and villus formation. For example, 

cyclopamine (which blocks Hh signaling) inhibits formation of clusters (and villi), while the 

Smoothened agonist (SAG, which increases Hh signaling) dramatically increases the cluster (and 

villus) size (Walton et al., 2012). Additionally, Bmp signaling controls the spacing of these 

clusters via a self-organizing field provided by a Turing-like activator/inhibitor system. 

Inhibition of Bmp either through small molecule treatment (with Dorsomorphin) or receptor 

knockout in clusters results in enlarged clusters and villi. This occurs independently of Bmp 

signaling to the overlying epithelium (Walton et al., 2016). 

 After initial villus specification, the intestine continues to grow both in length and girth, 

as additional rounds of villus formation occur. These new villi are patterned by new 

mesenchymal clusters, which form in the intervillus regions between established villi. In the 

mouse, a total of four rounds of villus formation occurs (Walton et al., 2012).  

 

Villus patterning occurs differently in the chick intestine 

 Unlike the mouse small intestine, which transforms directly from a flat to a villus 

epithelium, the chick intestinal epithelium undergoes visible intermediate stages before villi are 

defined. The chick intestinal surface first convolutes into ridges, then zig-zags, and finally villi 

(Burgess, 1975). These stepwise changes correlate with consecutive formation of smooth muscle 
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layers surrounding the epithelial tube. Relieving the physical compression caused by these 

muscles reduces the convolution of the epithelial surface (Shyer et al., 2013). 

 Interestingly, while the same signaling molecules (Hh and Bmp) are involved in villus 

formation and patterning in the mouse and chick, the mechanisms by which these signals act are 

different. In the chick, the epithelial deformation caused by muscle formation described above 

creates localized maxima of Hh ligands, which in turn locally activates mesenchymal cluster 

genes, including Bmp4. Bmp4 then acts on overlying epithelium to inhibit epithelial cell 

proliferation directly over the clusters; proliferation continues in the inter-cluster regions, 

promoting villus outgrowth (Shyer et al., 2015). In contrast, in the mouse, muscle development 

does not correlate with villus development. Thus, in the murine system, tensile forces do not 

pattern the field of villi, though confinement provided by the already developed inner circular 

muscle might play a role in aiding villus outgrowth (Walton et al., 2016; Walton et al., 2012). 

Also in the mouse, Bmp signals do not restrict epithelial proliferation over the clusters as in the 

chick; in fact, inhibition of Bmp signal reception by the epithelium does not alter villus 

patterning or epithelial proliferation (Walton et al., 2016). As described above, villus patterning 

in the mouse model seems to be independent of muscle development and instead dependent upon 

a Turing-like field patterning mechanism (Walton et al., 2016). Clusters themselves are signaling 

centers that express a variety of soluble signals that not only affect their distribution, but also 

likely promote changes in epithelial cell shape and proliferation to aid in villus outgrowth 

(Karlsson et al., 2000; Walton et al., 2016). 
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Understanding epithelial changes that initiate villus morphogenesis 

 The early epithelium (E12.0-E14.0) contains tightly packed cells with staggered nuclei, 

features that led early researchers to believe that the epithelium was stratified (Mathan et al., 

1976). However, recent work has shown that this early epithelium is actually pseudostratified. 

Cell shape tracing shows that all cells contact both the apical and basal surfaces (Figure I-4D). 

Instead of arising due to multiple cell layers, the staggered appearance of nuclei is related to the 

process of interkinetic nuclear migration (IKNM) (Figure I-4A-C) (Grosse et al., 2011), in which 

nuclear position changes throughout the cell cycle such that nuclei are in constant movement in 

the apical-basal direction. M phase (mitosis) occurs at the apical surface and S phase (DNA 

replication) occurs at the basal surface (Lee and Norden, 2013; Meyer et al., 2011). 

 The early, flat epithelium is also relatively homogenous with respect to expression of 

critical signaling ligands, such as Sonic hedgehog (SHH), Indian hedgehog (IHH), and PDGFA 

(Karlsson et al., 2000; Kolterud et al., 2009). Additionally, nearly all cells in this quickly 

expanding pseudostratified epithelium appear to be proliferating (Grosse et al., 2011). At E14.5-

E15.5, as the first villi are emerging in a wave down the tube, this pattern dramatically changes. 

Expression of SHH and PDGFA becomes rapidly restricted to intervillus regions, while IHH 

remains expressed throughout the villus and intervillus regions (Karlsson et al., 2000; Kolterud 

et al., 2009). In situ hybridization studies show that expression of Axin2 is also restricted to the 

intervillus epithelial cells after villi form (Li et al., 2009). AXIN2 is a sensitive readout of Wnt 

signaling, a pathway that is not active in the intestinal epithelium at E14.5 (Li et al., 2009) and 

appears to only be strongly activated after this time (Dr. Jason Spence, unpublished). Thus, villus 

emergence is accompanied by activation of Wnt signaling at the base of the growing villi. 

Proliferation is also progressively restricted to intervillus regions as cells on the extending villi 
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withdraw from the cell cycle. As villi grow, the epithelial cell shape changes from a 

pseudostratified to a simple columnar epithelium, first on the villi and later in the intervillus 

regions (Figure I-4E-F) (Grosse et al., 2011). 

 Because the ultimate function of the villi is to amplify surface area so as to promote 

efficient absorption of nutrients across the apical surface of enterocytes, it is important to think 

of these morphogenic events in terms of apical surface expansion; the apical surface area 

expands three to four fold as it transforms from a flat to its initial villus structure. When it was 

thought that the early epithelium was stratified, lumen expansion was believed to occur due to de 

novo formation of secondary lumens within the stratified epithelium, which then coalesced with 

the main lumen to “carve” out the villi (Mathan et al., 1976). Further evidence for this 

mechanism came from a mouse model in which Ezrin, a gene that encodes an apical surface 

protein, was mutated. The resulting fused villi and ectopic lumens were thought to be the result 

of failure of these secondary lumens to merge with the main lumen and properly carve out villi 

(Saotome et al., 2004). 

 However, in light of recent data, the conclusions made on the basis of this phenotype 

must be re-examined. First, the intestinal epithelium is pseudostratified, not stratified. Second, 

secondary lumens do not form during normal villus development. Rather, all apical surfaces are 

continuous during this time (Grosse et al., 2011). Because intestinal apical surface expansion is 

such an essential process for growth and homeostasis, the work in my thesis is dedicated to 

investigating the cellular and molecular mechanisms underlying this process. In fact, villi form 

the structural platform for the generation of the microvillus brush border, which forms the 

mature apical surface of intestinal absorptive cells. Factors that compromise the formation or 

maintenance of villi will also lead to loss of the microvilli. Though the work in this thesis relates 
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to apical surface generation during villus formation, the following section provides a brief 

overview of the maturation of this apical surface to form microvilli. 

 

Microvillus formation further expands apical surface 

 Microvilli are specialized cellular projections with cores composed of crosslinked actin 

bundles (about 20 polarized filaments per microvillus) that convolute the apical membrane of 

each epithelial cell (Figure I-5). Similar structures are found in some other polarized epithelia, 

such as the proximal tubules of the kidney (Fath and Burgess, 1995; Sauvanet et al., 2015). 

 Three main actin-binding proteins are important for forming and stabilizing microvilli: 

villin, fimbrin, and espin. Villin is initially expressed in the gut epithelium beginning at E10.0 

and becomes apically concentrated at E13.5 (Ezzell et al., 1989). Although villin is important for 

the first phase of microvillus formation, in which actin filaments nucleate at electron-dense 

plaques in the apical actin terminal web (Fath and Burgess, 1995; Sauvanet et al., 2015), 

transfection of villin is not sufficient to generate microvilli in vitro (Fath and Burgess, 1995). 

Fimbrin, another actin cross-linker, is not expressed until E16.5, after villus formation has 

occurred (Ezzell et al., 1989). It binds to a different domain of F-actin than villin (Hampton et 

al., 2008; Sauvanet et al., 2015) and increases microvillus stiffness and order (Ezzell et al., 1989; 

Fath and Burgess, 1995). Unlike villin and fimbrin, espin attaches to F-actin monomers. It is 

recruited after the microvilli have been formed and stabilized by villin and fimbrin (Bartles et al., 

1998; Loomis et al., 2006; Loomis et al., 2003).  

 Each of these proteins has been mutated individually and in combination, with only 

minimal effects on overall microvillus structure and function (Ferrary, 1999; Grimm-Gunter et 

al., 2009; Pinson et al., 1998; Zheng et al., 2000). In fact, mutating all three of these proteins 
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results in a similar effect to loss of fimbrin alone (short microvilli with disorganized cores). 

Because microvilli still form in these mice, compensation by other, unknown molecules is likely 

(Revenu et al., 2012). 

 A few apical proteins (further discussed in the following section) also are important for 

microvillus stability. For example, mutation of Ezrin (EZR), which crosslinks actin to the apical 

membrane, shortens microvilli in addition to perturbing villus architecture as noted above 

(Saotome et al., 2004). Similarly, loss of Crumbs3 (CRB3), another apical protein that binds 

Ezrin and participates in tight junction formation, shortens microvilli, similar to the Ezrin 

knockout (Whiteman et al., 2014). 

 

Cell Polarity 

Functional importance of cell polarity in epithelia 

 The work in this thesis involves investigation of apical surface expansion, a process that 

is intimately connected to molecular polarization of cell surfaces. All epithelia have an apical 

and a basal surface, with junctional zones separating these domains and sealing epithelial cells 

together. These surfaces are marked by unique sets of proteins intended to perform distinct 

functions (Karner et al., 2006). In the intestine, the apical surface is highly specialized for 

nutrient digestion and absorption, and junctional integrity is essential for preventing pathogens 

from crossing into the body (Andrew and Ewald, 2010). 

 Epithelia are classified based on both cell shape and number of cell layers. Squamous 

epithelial cells have short lateral surfaces and wide apical surfaces, cuboidal cells have similarly 

sized apical and lateral domains, and columnar cells have a large lateral and shorter apical 

surface. Epithelia may consist of one cell layer (“simple” epithelium), multiple cell layers 
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(“stratified”), or one cell layer with staggered nuclei, giving the appearance of multiple layers 

(“pseudostratified”) (Figure I-6)(Karner et al., 2006; Rodriguez-Boulan and Macara, 2014). As 

noted above, during its development, the small intestinal epithelium changes from a 

pseudostratified epithelium to a simple columnar epithelium (Grosse et al., 2011). 

 Epithelial cells are also polarized with respect to their organelle distribution. In simple 

epithelia, nuclei are located basally, with the Golgi and endosomes closer to the apical surface. 

This allows for directed trafficking of proteins to or from the apical surface (Rodriguez-Boulan 

and Macara, 2014). 

 

Molecular determinants of polarity 

 The apical and basolateral domains of epithelial cells are defined by a stereotyped pattern 

of proteins and phospholipids (Figure I-7). Four major classes of proteins establish and maintain 

polarity, including: PAR (partitioning) proteins, CRB (Crumbs), SCRIB (Scribbled), and the Rho 

GTPases. The six Par genes were discovered in Caenorhabditis elegans after a genetic screen 

for polarity disruptors (Kemphues et al., 1988); five of these have mammalian homologues 

(Rodriguez-Boulan and Macara, 2014). Each of these proteins has a specific sub-cellular 

localization: PAR-1 is basolaterally localized, PAR-3 is at the junctional complex, PAR-5 is 

diffusely cytoplasmic, and PAR-6 is in an apical complex (Karner et al., 2006; Rodriguez-

Boulan and Macara, 2014). CRB is a transmembrane apical surface protein; its extracellular 

domain promotes correct apical membrane establishment and its intracellular domain interacts 

with other apical determinants (Tepass, 2012). SCRIB is found at the basolateral surface adjacent 

to the junctional complex (Nelson, 2003). Of the Rho GTPase class of polarity proteins, the most 

well studied members are CDC42, RAC1, and RHOA. These proteins integrate the actin 
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cytoskeleton with the polarity program and help to control intracellular vesicular trafficking 

(Rodriguez-Boulan and Macara, 2014). CDC42, originally discovered in budding yeast, is 

important for defining the apical zone (Karner et al., 2006; Qin et al., 2010; Rodriguez-Boulan 

and Macara, 2014). RAC1 organizes the cortical actin cytoskeleton, and RHOA effects 

contractile forces through regulation of actinomyosin filament assembly (Rodriguez-Boulan and 

Macara, 2014), thereby controlling cell shape. 

 The Ezrin-Radixin-Moesin (ERM) proteins also are apically localized. Although they are 

expressed in different tissues, ranging from various epithelia (Ezrin) to hepatocytes (Radixin) to 

endothelium (Moesin), all of these proteins link the actin cytoskeleton (via the C-ERMAD 

domain) to the apical plasma membrane either directly via PIP2 binding or via ERM-binding 

proteins interacting with the FERM domain (Berryman et al., 1993; Fehon et al., 2010). ERM 

activation occurs by phosphorylation of the T567 residue (on Ezrin, T564 on Radixin, T558 on 

Moesin) by Rho kinase or protein kinase C zeta isoform (aPKC, PRKCZ) (Bretscher et al., 2002; 

Liu et al., 2013). Further modulation of ERM activity occurs through PIP2 interacting with other 

resides (Braunger et al., 2014; Jayasundar et al., 2012). In addition to their role in apical polarity, 

ERM proteins modulate membrane tension based on the number of attachments to the apical 

surface (Braunger et al., 2014; Brückner et al., 2015). 

 Junctional complexes both seal epithelial cells together and separate apical and basal 

domains. In vertebrates, the two main types of junctions are tight (TJ) and adherens junctions 

(AJ) (Nelson, 2003). The TJ are anchored by the transmembrane Occludin and Claudin proteins, 

which interact via their cytoplasmic tails with the Zona Occludens (ZO) proteins (ZO1, 2, 3) 

(Fleming et al., 2000). The AJ are more basally localized than the TJ, anchored by 

transmembrane Cadherins (such as E-cadherin), and connected to p120, β-catenin, and α-catenin 
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(Nelson, 2003; Takeichi, 2014). The AJ also connect to the actin cytoskeleton; this controls cell 

shape in coordination with the activity of Rho GTPases and their targets, such as ROCK. Such 

contractile events can result in apical constriction, an important step in changing tissue shape 

(Takeichi, 2014). 

 

Creation and maintenance of cell polarity 

 Creating and maintaining cell polarity is a highly complex process, which differs slightly 

among different organisms and even among epithelia within the same organism. However, some 

conserved mechanisms have been identified and these are important in the context of lumen 

formation discussed below (Figure I-7). Polarity is initially established through activation of 

LKB1, a serine/threonine kinase that is the mammalian PAR-4 ortholog; this activation is 

sufficient to polarize isolated intestinal epithelial cells (Baas et al., 2004). LKB1 activates PAR-

1, another serine/threonine kinase, which causes it to move to the basolateral domain (Karner et 

al., 2006). In this region, PAR-1 phosphorylates apical components, such as PAR-3, to inactivate 

them and prevent recruitment of other apical proteins (Benton and Johnston, 2003). 

 In the apical domain, non-phosphorylated PAR-3 localizes to the TJ, where it forms a 

complex with both PAR-6 and PRKCZ (Karner et al., 2006). However, this complex is inactive 

until recruitment of both PTEN (involved in PIP2 synthesis (Martín-Belmonte et al., 2007)) and 

CDC42. This relieves the baseline inhibition of PRKCZ by PAR-6 (Chen et al., 2013). When 

active, PRKCZ acts similarly to PAR-1 in the basolateral region, as it phosphorylates basolateral 

components, such as PAR-1, to exclude them from the apical region (Chen and Zhang, 2013; 

Karner et al., 2006). Mutations that prevent this complex from forming disrupt polarity 

(Horikoshi et al., 2009), and mutations in PRKCZ result in mislocalization of junctional and 
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basolateral components, including ZO1, E-cadherin (CDH1), and spindle orientation proteins 

(Nelson, 2003; Rodriguez-Boulan and Macara, 2014). Correct orientation of the spindle is 

important for maintenance of epithelial polarity; for example, in a pseudostratified epithelium, 

spindle angle control ensures that each daughter cell maintains an apical and basal contact 

(Meyer et al., 2011). 

 

Lumen Formation 

 A key component to the function of many organs such as the small intestine, lung, 

kidney, and pancreas is the presence of a patent lumen surrounded by a properly polarized and 

tightly sealed epithelial layer. This allows for fluids such as air, food, or digestive juices to move 

within the body while also preventing molecules from entering incorrect body compartments. In 

the intestinal lumen, ingested food is digested and molecular building blocks are absorbed, while 

large molecules and pathogens are excluded (Datta et al., 2011). 

 Lumens may arise from a wide variety of mechanisms. Here we will introduce secondary 

or de novo lumen formation, classically associated with intestinal development (Mathan et al., 

1976), lumen formation concurrent with cytokinesis, best described in the zebrafish neural keel 

(Buckley et al., 2013; Tawk et al., 2007) and in vitro cyst formation (Datta et al., 2011; Jaffe et 

al., 2008), and tissue invagination, focusing on recent developments in the Drosophila leg disc 

(Monier et al., 2015) and tracheal placode (Kondo and Hayashi, 2013) (Figure I-8). 

 

De novo lumen formation in morphogenesis 

 Lumens may form de novo within a stratified epithelium. This process occurs in the 

zebrafish intestine (Andrew and Ewald, 2010; Datta et al., 2011) and the mammalian thyroid 
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follicle (Hick et al., 2013) and pancreatic acini (Villasenor et al., 2010). In all of these systems, 

apical components are specifically targeted to sites within the epithelium, appearing initially as 

polarized spots. Over time, these spots fuse together into a continuous, expansive structure 

(Figure I-8A.i). 

 Classically, it was thought that the small intestine developed via a similar process. These 

de novo lumens, called secondary lumens, were believed to form within the stratified epithelium 

and fuse together to carve out villi (Mathan et al., 1976). However, we now know that isolated 

lumens do not form in the small intestine during the formation of villi; careful analysis of 3D 

reconstructions of the developing intestine show a continuous lumen before, during, and after 

villus morphogenesis (Grosse et al., 2011). Therefore, other mechanisms by which lumens can 

extend need to be evaluated in this context.  

 

Lumen formation concurrent with cytokinesis 

 Lumens may also be generated by co-opting the process of cell division. In vivo, this 

occurs during formation of the zebrafish neural tube (which contains a central lumen) from the 

neural keel (a solid rod of cells with no lumen). This lumen forms due to a specialized “crossing” 

or  (c-) division (Tawk et al., 2007). As cells undergo this type of division at the tissue midline, 

apical components, such as Pard3, and centrosomes are localized to the cytokinetic plane (Figure 

I-8A.ii). Blocking mitosis dramatically lowers lumen formation efficiency and results in a 

discontinuous structure (Buckley et al., 2013). 

 A better understanding of the connection between cytokinesis and lumen formation has 

come from analysis of multiple in vitro systems. Both MDCK.2 and Caco2 cell lines, derived 

from canine kidney and human intestinal adenoma, respectively, are extensively used to study 
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three-dimensional cyst formation (Datta et al., 2011; Jaffe et al., 2008). When these cell lines are 

plated as single cells within a three-dimensional matrix, they form a fully delineated TJ-lined 

lumen upon the first cell division; subsequent cell divisions increase the size of these cysts 

(Bryant et al., 2010). 

 Initially, the cytokinetic plane in these dividing cells is marked by an apical membrane 

initiation site (AMIS). This forms through trafficking of apical proteins, such as podocalyxin and 

CRB3, in RAB11A endosomes from the outer edge of the cell (facing the extracellular matrix) 

along the mitotic spindle to the cytokinetic plane (Schlüter et al., 2009). These endosomes are 

targeted by the Rho family of GTPases, which interact with apical polarity markers CDC42, 

PAR-3, and PRKCZ (Apodaca, 2010; Bryant et al., 2010; Rodríguez-Fraticelli et al., 2011). 

RAB11A appears indispensible for proper lumen formation both in vitro and in vivo, as its loss 

results in improper lumen formation (Desclozeaux et al., 2008) and perturbed villus 

morphogenesis (Yu et al., 2014). 

 In addition to the importance of endocytic tracking in initiating properly polarized 

lumens, mitotic spindle orientation is critical for in vitro cyst growth. This is controlled by 

CDC42 and PRKCZ, proteins that are also important for defining apical polarity as described 

above. CDC42 orients the mitotic spindle, allowing for maintenance of a single, central lumen in 

Caco2 cysts beyond the two-cell stage (Jaffe et al., 2008). PRKCZ phosphorylates the LGN-

NUMA1 spindle orientation complex. This excludes the LGN-NUMA1 complex from the apical 

surface, preventing cell division from being oriented in the apical-basal direction, and ensures 

that each daughter cell maintains both an apical and basal surface (Zheng et al., 2010). 

 Recently, Caco2 cyst formation has been utilized to explore determine the importance of 

Ezrin and NF2 (Merlin), an Ezrin-associated protein, in spindle angle control (Hebert et al., 
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2012). When either of these proteins is improperly localized, spindle orientation is randomized 

and cysts with multiple lumens form (Hebert et al., 2012). Interestingly, in the adult intestine, 

loss of Ezrin also results in incorrectly oriented spindles (Casaletto et al., 2011).  

 While transformed cell lines, such as MDCK and Caco2, are commonly utilized for the 

study of lumen formation, recent work has shown that single human embryonic stem cells 

(hESC) also form an AMIS and a lumen during the initial cell division. Interestingly, these cells 

do not require 3D culture conditions for lumen formation and can also form lumens when grown 

on a stiff 2D matrix (Taniguchi et al., 2015). Further study of the factors important for proper 

formation of lumens in this system may yield insight as to how to utilize hESC or induced 

pluripotent stem cells (iPSC) for the generation of hollow organs, such as the intestine. 

 

Lumen extension via tissue invagination 

 Invagination of an already polarized epithelial sheet is another mechanism to increase 

lumenal surface area. This process often involves active or passive shape changes within the 

invaginating epithelial cells. One of the most common mechanisms of translating cellular shape 

changes into tissue-level morphology changes is through constriction of the apical domain of 

specific cells in an epithelial sheet. Such mechanisms have been classically studied in many 

morphogenic processes, ranging from early gastrulation (Odell et al., 1981) to, more recently, the 

Drosophila leg disc (Monier et al., 2015) and tracheal placode (Kondo and Hayashi, 2013). The 

intracellular forces that accompany these changes will be further discussed in the next section; 

here, we will focus on the tissue-level changes that occur during lumen extension of in vivo 

systems. 
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 In the Drosophila leg disc, apoptotic cells generate an apical to basal intracellular actin-

myosin cables, which exert a transient downward pulling force on the junctional complexes, 

promoting the infolding of neighboring cells (Figure I-8B.ii). Modeling this process in silico 

suggests that both patterned apoptosis throughout the leg disc and propagation of forces 

generated by this apoptosis are necessary for significant tissue morphology changes; if either of 

these events do not occur, invagination is inhibited (Monier et al., 2015). Apoptosis is also 

important for neural tube closure in the early neural ectoderm; inhibiting apoptosis results in tube 

closure, but with impaired efficiency. The mechanism by which apoptosis generates these shape 

changes has yet to be elucidated, although intraepithelial forces may be at work (Yamaguchi and 

Miura, 2012; Yamaguchi et al., 2011).  

 In addition to apoptosis, mitosis can generate tissue-level forces and morphological 

changes that can result in tissue invagination. In the Drosophila trachea, a two-step process 

increases lumenal surface (Figure I-8B.i). First, EGF signaling causes epithelial cell intercalation 

in a field of cells that surround the presumptive tracheal placode, circumferentially constricting 

cells of the placode. In the context of this centripetal force, cell divisions within these constricted 

regions results in rapid (within minutes) tissue invagination (Nishimura et al., 2007). 

Additionally, the rounded mitotic cells have a characteristic and unusual feature in that they enter 

mitosis well inside the epithelium (“internalized cell rounding”) and remains connected to the 

overlying apical surface by a T-shaped apical membrane extension. 

 Interestingly, such invaginations do not require cell division itself, but cell rounding prior 

to mitosis is sufficient (Kondo and Hayashi, 2013). This is highlighted by treating the tissue with 

the small molecule colchicine, which irreversibly arrests cells at the G2/M transition while still 

allowing mitotic rounding to occur (Zieve et al., 1980). Even with this treatment, invagination 
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occurs efficiently. As with apoptosis in the leg disc, intraepithelial forces are transmitted via 

Myosin II (Kondo and Hayashi, 2013). Thus far, the Drosophila trachea is the only known 

system in which shape changes during mitosis promote lumenal expansion. 

 Invagination in the tracheal placode also requires that the surrounding constriction of the 

invaginating cells is passive; if, in contrast, mitotic cell rounding occurs in the context of active 

apical constriction, this will interfere with rather than promote invagination (Kondo and Hayashi, 

2013). 

 

Physical Forces and Morphogenesis 

 As is highlighted by the process of Drosophila tracheal placode invagination described 

above, tissue forces, such as the patterned passive constriction of cells in this epithelium, can 

assist and pattern morphogenic events. Tissue structure characteristics (such as extracellular 

matrix stiffness) can alter the distribution of both signaling molecules and mechanical forces, 

which can change cell behavior (Nelson and Gleghorn, 2012). Here, we consider the effects of 

active cell shape changes and volume redistribution on tissue morphogenesis as well as the 

effects of intraepithelial strain on spindle orientation and tissue growth. 

 

Factors changing cell shape 

 Changes within single cells can be propagated to generate global tissue shape 

modifications. Myosin II activity as well as cytoplasmic volume distribution can cause such 

changes (Kondo and Hayashi, 2015). Contraction of Myosin II pulls on actin filaments to 

apically or basally constrict cells, thereby exerting intraepithelial forces via the junctional 

connections between cell neighbors (Martin and Goldstein, 2014). The distribution of Myosin II 
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at the apical, basal, and lateral surfaces of epithelial cells can alter cell shape. For example, 

apical constriction, often a precursor to tissue invagination, occurs by Myosin II constriction 

modulated by Rho kinase activity (Kondo and Hayashi, 2015).  

 Additionally, redistribution of cytoplasm within the cell can exert pressure on the cell 

membrane and change cell shape (He et al., 2014; Polyakov et al., 2014). Nevertheless, each 

cell’s total volume usually remains constant during morphogenesis (Odell et al., 1981). The only 

morphogenic change that is well documented to involve a change in cell volume is cell rounding 

prior to mitosis, which increases cell volume by up to 30%. Even this change is transient; after 

mitosis, the cells return to their original size (Zlotek-Zlotkiewicz et al., 2015). 

 These forces are often transmitted through tissues through the action of AJ (Röper, 2015; 

Takeichi, 2014). One key component of AJ allowing for force transmission is α-catenin, which, 

when under increased tension, undergoes a conformational change to allow binding of Vinculin; 

this binding increases contact with the actin cytoskeleton and results in more efficiently 

transduced forces across the AJ (Nelson and Gleghorn, 2012; Yonemura et al., 2010). If AJs are 

lost, instead of producing morphological changes, forces within the tissue will result in tearing, 

further emphasizing the importance of intact junctions in this process (Martin et al., 2010). 

 

External forces affect cell division and tissue shape 

 External forces on cells can affect both their cell biology, such as how they undergo 

mitosis, and the morphology of developing tissues. For isolated cells, spindle orientation depends 

on cell geometry as well as external constraints on the dividing cell. Sea urchin zygotes singly 

plated in differently shaped wells orient their mitotic spindle depending on the shape of the well 

in which they are plated. In this microtubule-dependent process, these cells first find their center 
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of mass and then elongate their nuclei along the long axis of the cell (Minc et al., 2011). External 

forces applied to single human cells can also align the mitotic spindle through changing the sub-

cortical actin distribution of these cells (Fink et al., 2011). Cultured cells in a monolayer also are 

affected by the surrounding forces; cells on the edge (under the most tension) proliferate at a 

faster rate than the surrounding cells (Nelson et al., 2005). 

 Further changes in the cell biology of mitosis have been observed in the zebrafish embryo 

during epiboly, when the enveloping cell layer (EVL, an epithelial sheet) extends over the yolk 

sac. Proper expansion of the epithelium depends on the correct orientation of cell division 

(Campinho et al., 2013). Similarly to results described in single cells, the shape of the dividing 

cell affects spindle angle. In addition to this microtubule-mediated mechanism, a separate, 

Myosin II-dependent mechanism affects how cells divide. Myosin II, as described above, is 

important for transducing forces throughout epithelia. Blocking the activity of this motor protein 

with blebbistatin, a Myosin II inhibitor, changes spindle angle and prevents proper EVL 

expansion (Campinho et al., 2013). This highlights the importance of intraepithelial forces in 

affecting the behavior of individual cells. 

 Proper growth of the Drosophila wing disc also depends on epithelial forces. In this 

system, internal cells of the wing disc proliferate faster than the external cells, causing an 

increased force along this boundary. The amount and orientation of cell division in the outer 

region of the wing disc depends on the non-cell autonomous compression forces originating from 

expansion of the inner cells (Li et al., 2012). Ectopically increasing proliferation in this internal 

region increases the force on the external cells, altering their cell division orientation and growth 

pattern of cell clones. In turn, changes in tissue shape are observed (Mao et al., 2013). 

Proliferation rate can also be affected by these tissue-wide forces (Rauskolb et al., 2014). 
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Therefore, in this system, similarly to the zebrafish EVL, intraepithelial forces affect tissue 

morphogenesis. 

 

Tissue forces as developmental mechanisms 

 The role that intraepithelial forces play in causing tissue-level morphological changes is 

relatively unexplored within developmental biology, especially in higher model organisms such 

as mice. Gene expression, chemical signaling, and morphogen gradients are often considered to 

be the main factors affecting tissue morphogenesis. The studies that translate forces exerted on 

cells within an epithelium into biological changes that affect tissue structure provide a new lens 

with which to view the complicated process of development. 

 Understanding these more complicated processes is often facilitated by in silico modeling 

of intraepithelial forces. One of the first cases in which modeling was used to understand 

morphogenesis was early gastrulation and ventral furrow formation in Drosophila (Odell et al., 

1981). Many of these models place a strong emphasis on the role that cell shape changes play in 

force transmission to neighboring cells; using these systems, it is possible to see how such 

changes are sufficient for tissue-wide morphological changes like invagination (Figure I-9A) 

(Gelbart et al., 2012; He et al., 2014; Odell et al., 1981). Even though cell shape may 

dramatically change during development, many of these models are based on the assumption that 

the overall cell volume remains constant (Gelbart et al., 2012; He et al., 2014; Odell et al., 1981; 

Polyakov et al., 2014). Recently, this assumption that cells tightly control their volume during 

morphogenesis has been further confirmed using live imaging (Khan et al., 2014). 

 In addition to cell shape changes, another parameter commonly shown to affect 

morphogenesis in silico is apical and basal tension. For example, increasing apical tension, as 
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occurs during apical constriction, while maintaining a constant basal tension causes the 

epithelium to bend upward (Figure I-9B) (Krajnc et al., 2013). Decreasing basal rigidity can also 

cause tissue invagination in an apically constricted tissue (Polyakov et al., 2014). In silico, 

invagination has been shown to result from patterned intraepithelial forces (Hannezo et al., 

2014). As described in the Drosophila wing disc, these forces may arise from cell shape changes 

or increased cell divisions (Mao et al., 2013); these are sufficient to buckle the tissue into folds 

(Hannezo et al., 2014). 

 In vivo analyses of biological changes during morphogenesis have resolved many 

questions about morphogenic events that accompany development. However, such analyses 

taken alone often ignore the mechanical effects that are mediated by changes in cell shape, 

differential regions of proliferation, or alterations in orientation of cell division. As a result of the 

work in this thesis, we have seen how in silico modeling of villus morphogenesis can provide a 

useful strategy to explore how tissue forces can dynamically affect the developing intestine. 

Integration of our biological studies with in silico modeling has provided a deeper understanding 

of how signaling and tissue forces work together to effect a morphological change. 

 

Goals of this Thesis Work 

 The overarching goal of these investigations has been to understand how intestinal villi 

are generated and expand apical surface area. Chapter II integrates biological studies with in 

silico modeling to explore how the pattern of mesenchymal clusters can be transferred, via tissue 

forces, to the epithelium to generate a series of apical invaginations that define the first villi. In 

Chapter III, we explore the fused villi and ectopic lumens observed in the Ezrin null mouse 

model, revealing several new aspects of this phenotype that shed light onto normal villus 
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morphogenesis. Together, as described in the concluding chapter, these studies improve our 

understanding of the interplay between physics and biology in intestinal morphogenesis and 

generate exciting new questions for future explorations. 
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Figure I-1. The intestine uses multiple mechanisms to increase surface area. (A) The overall 
structure of the gastrointestinal tract, including the esophagus (es), stomach (st), small intestine 
(si), cecum (ce), and colon (co). (B) The intestinal surface is studded with villi, fingerlike 
projections of epithelium (yellow) lined with an apical surface (green), each containing a 
mesenchymal core (pink). The whole intestinal tube is surrounded by smooth muscle (red). Villi 
increase surface area by about 6.5 times compared with a flat surface. (C) The apical surface of 
each absorptive cell of the intestinal epithelium is further convoluted with microvilli, further 
increasing the absorptive surface area by about 13 times. Proper development of all three of 
components is required for proper growth, development, and homeostasis. (Adapted from 
Walton et al., 2016, Submitted) 
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Figure I-2. Endoderm has a dual embryonic origin. The endoderm is derived from both the 
visceral endoderm (VE), classically considered an extra-embryonic tissue, and the definitive 
endoderm (DE). During gastrulation, the DE intercalates between cells of the VE, after which 
polarity of the endoderm is established, junctional complexes form between epithelial cells, and 
the basement membrane forms along the basal surface of this cell layer, which now expresses the 
endoderm marker SOX17. (Adapted with permission from Viotti et al., 2014) 
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Figure I-3. Epithelial structure dramatically changes during villus morphogenesis. The 
intestinal epithelium changes dramatically from embryonic day (E)13.5 to E15.5. (A) At E13.5, 
the epithelium is pseudostratified and has a flat apical surface (green).  (B) At E14.5, 
mesenchymal clusters (pink) coalesce adjacent to the basement membrane of the epithelium and 
deform the overlying cells, while the apical surface remains flat. (C) At E15.5, villi are 
demarcated and beginning to extend into the lumen. New mesenchymal clusters form at the base 
of the villi to initiate the later rounds of villus formation. Note the presence of the muscle (red) 
throughout, along with the close association of blood vessels (bright red) and the developing 
villi. (Adapted from Walton et al., 2016, Submitted) 
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Figure I-4. The early intestinal epithelium is pseudostratified and undergoes interkinetic 
nuclear migration. (A-C) At E14.5, mice were injected with a 20 minute pulse of 
bromodeoxyuridine (BrdU) to label cells synthesizing DNA. Intestines were harvested after (A) 
40 minutes, (B) 120 minutes, or (C) 200 minutes to observe the movement of the labeled cells. 
This analysis shows that cells synthesize DNA at the basement membrane (Collagen IV, red) and 
move up towards the apical surface (aPKC, red), where they undergo mitosis (pHH3, purple). 
This is characteristic of cells undergoing interkinetic nuclear migration (IKNM). (D) 100 µm 
thick cross-section of an intestine at E14.5, labeling individual cells using the Cagg-
CreERTM;mTmG system. Note how almost all cells touch both the apical and basal surfaces. (E-
F) Changes in epithelial structure before (E) and after (F) villus formation. Note the cell borders 
(E-cadherin, green): the pre-villus epithelium contains very tall and narrow cells, while after villi 
form the cells become columnar. Apical surface (aPKC, red) also greatly expands during this 
time. (Adapted with permission from Grosse et al, 2011) 
  



 29 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Figure I-5. Microvilli further convolute the absorptive surface of the intestine. (A-B) 
Scanning electron micrographs (SEM) of the apical surface at E15.5 shows a field of microvilli 
at low (A, scale bar 2 µm) and high (B, scale bar 500 nm) magnification. (C) Transmission 
electron micrograph (TEM) of microvilli at E15.5. Note the apical terminal web at the base of 
the microvilli and the actin core seen within each microvillus (scale bar 500 nm). (D) Schematic 
of microvillus structure, highlighting the actin core (blue rods), along with major structural 
proteins that bundle these fibers together (fimbrin, villin, espin), and Ezrin, which connects to the 
apical surface (green). (Adapted from Walton et al., 2016, Submitted) 
  



 30 

 
Figure I-6. Epithelia have a wide variety of structures. Epithelia are characterized as having 
an apical (green) and basal (red) surface. They can be categorized based on cell shape and layer 
arrangement. Some examples include a (A) stratified squamous epithelium, with multiple layers 
of flattened cells, (B) simple columnar epithelium, with a single layer of tall, thin cells), and (C) 
pseudostratified epithelium, with a single layer of tightly packed cells with varying shapes and 
staggered nuclei. 
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Figure I-7. Essential components of the cell polarity machinery. The apical (green) and 
basolateral (black) surfaces are separated by junctional complexes. This summarizes the main 
proteins involved in establishing and maintaining polarity, along with their interactions 
(summarized further in the text). (A) LKB1 activates PAR-1, which excludes PAR-3 and other 
apical components from the basolateral region. PAR-3 forms a complex with PAR-6 and 
PRKCZ, which is activated by PTEN and CDC42 to exclude basolateral components from the 
apical region. PRKCZ (aPKC) also activates EZR. (B) EZR attaches to the actin cytoskeleton, 
which also recruits RHOA and RAC1. CRB3 is a transmembrane protein localized to the apical 
domain and SCRIB localizes on the basolateral side of the junction. (C) Cell-cell junctional 
complexes, defined by the tight (purple) and adherens (yellow) junctions. These consist of 
transmembrane components (Occludins, Claudins, and CDH1) and proteins that attach to these 
components (ZO1, p120, β-catenin, α-catenin). Note that α-catenin also attaches to the actin 
cytoskeleton. 
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Figure I-8. Lumens form and extend by a variety of mechanisms. (A) Lumens may form de 
novo by secondary lumen formation (i), in which the lumen (blue) is defined within a stratified 
epithelium and surrounded by junctions (green), or a cell division (ii), as occurs in the zebrafish 
neural keel to deposit apical components (red) at the midline of the keel to form the neural tube. 
(B) Lumens may also extend from an existing structure. (i) In the Drosophila tracheal placode, 
passive constriction of specific regions by patterned cell intercalation first occurs. Then, mitotic 
cell rounding accelerates the deepening of the invagination and apical surface extension. (ii) In 
the Drosophila leg disc, patterned apoptosis exerts a transient force on the surrounding cells, 
allowing them to undergo apical constriction, which increases the efficiency of tissue folding. 
(Adapted with permission from Andrew and Ewald, 2010; Kondo and Hayashi, 2013; Monier et 
al, 2015) 
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Figure I-9. In silico modeling greatly aids the understanding of the role of physical forces in 
tissue shape changes during morphogenesis. (A) Model of early gastrulation, in which an 
initial apical constriction is found to spread in a “wave-like” pattern around the spherical 
embryo. This causes efficient invagination of a patch of the embryo. (B) Effect of changing 
physical properties of the epithelium. Increasing apical stiffness (α) while maintaining a constant 
basal stiffness (β) allows for changing shape of the cells within the epithelium from cuboidal to 
columnar. In addition to individual cell shape changes, the overall shape of the epithelium 
changes; increasing α tightens these convolutions. (Adapted with permission from Odell et al., 
1981; Krajnc, et al., 2013) 
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Chapter II 

Coordination of signaling and tissue mechanics during 

morphogenesis of murine intestinal villi: A role for mitotic cell 

rounding* 

 

Abstract 

The main function of the small intestine is to digest and absorb nutrients; efficient function 

requires a very large surface area, which in part is ensured by the presence of villi, fingerlike 

epithelial projections that extend into the lumen. Prior to villus formation, the epithelium is a 

thick pseudostratified layer. In mice, beginning at embryonic day (E)14.5, mesenchymal cell 

clusters form just beneath the thick epithelium. Analysis of the lumenal surface at this time 

reveals a regular pattern of short apical membrane invaginations that form in regions of the 

epithelium that lie between mesenchymal clusters. Invaginations begin in the proximal intestine 

and spread distally, deepening with time. Interestingly, mitotically rounded cells are frequently 

associated with invaginations. These mitotic cells are located at the tips of the invaginating 
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membrane, rather than at the apical surface. Further investigation of epithelial changes during 

membrane invagination reveals that epithelial cells above each cluster shorten and widen. As a 

result, epithelial cells located between clusters experience a compressive force from the 

expansion of the surrounding cells. Using a computational model, we examined whether such 

forces are sufficient to cause apical invaginations. Simulations reveal that proper apical 

membrane invagination requires both intraepithelial compressive forces and mitotic cell 

rounding in the compressed regions. Together, these data establish a new model that explains 

how signaling events intersect with tissue forces to pattern apical membrane invaginations that 

define the villus boundaries. 

 

Introduction 

The intestine requires an enormous surface area for effective nutrient absorption. 

Multiple morphological adaptations contribute to this large absorptive surface, including the 

remarkable length of the intestine (2-4 meters in humans) (Helander and Fändriks, 2014), 

convolution of its mucosa into fingerlike projections known as villi (Madara, 2010; Mathan et 

al., 1976; Moxey and Trier, 1979), and the presence of thousands of microvilli on the apical 

surface of each epithelial cell (Sauvanet et al., 2015). Factors that severely reduce intestinal 

absorptive surface, whether due to congenital (e.g., short bowel syndrome, microvillus atrophy) 

or traumatic (e.g., necrotizing enterocolitis, volvulus) etiologies can result in intestinal failure, a 

life-threatening condition for which there are few treatment options (Goulet and Ruemmele, 

2006; Goulet et al., 2004; Stelzner and Chen, 2006). 

The presence of villi has been estimated to provide a 6.5-fold amplification of intestinal 

surface area in humans (Helander and Fändriks, 2014). Interestingly, the number of villi appears 
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to be largely established by the time of birth; in rodent models of intestinal resection, adaptation 

consists largely of growth in villus length and girth with little increase in villus number (Clarke, 

1967; Forrester, 1972; Helmrath et al., 1996). Thus, the active generation of villi that occurs in 

fetal life provides the best opportunity for investigation of the morphogenic and molecular 

pathways required for villus formation. 

In mice, the first intestinal villi emerge at embryonic day (E)14.5. At this time, the 

epithelium is over 50 µm thick with nuclei located at staggered positions, which led early 

investigators to conclude that the epithelium is stratified (Madara, 2010; Mathan et al., 1976; 

Toyota et al., 1989). Furthermore, it was thought that villus domains are established via changes 

in epithelial cell polarity that result in the formation of de novo secondary lumens between cell 

layers and subsequent fusion of these isolated lumens with the primary lumen (Mathan et al., 

1976). These long-held notions of villus morphogenesis have recently been dispelled; new 

evidence from 3D imaging studies reveals a single-layered pseudostratified epithelium with no 

evidence for disconnected secondary lumens (Grosse et al., 2011).  

It is well established that villus formation involves signaling cross-talk between the 

intestinal epithelium and the underlying mesenchyme (Grosse et al., 2011; Karlsson et al., 2000; 

Kolterud et al., 2009; Walton et al., 2012). One of the key signals for initiating villus formation 

is Hedgehog (Hh). Hh ligands secreted from the epithelium stimulate nearby mesenchymal cells 

to form clusters beneath and closely associated with the epithelium (Kolterud et al., 2009; 

Walton et al., 2012; Walton et al., 2016). These clusters form in a patterned array, beginning in 

the duodenum and spreading distally, towards the colon; their pattern appears to be controlled by 

a self-organizing Turing field that depends on Bmp signaling (Walton et al., 2016). Importantly, 

while Bmp signals organize the distribution of mesenchymal clusters, patterning of the villus 
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boundaries in the overlying epithelium is independent of Bmp signal transduction by epithelial 

cells (Walton et al., 2016). Therefore, additional components are required to explain how villus 

domains are defined in the epithelium. 

 It is also important to consider the speed of villus demarcation. In the mouse, it takes 

approximately 36 hours (from E14.5 to E16.0) for the initial wave of clusters to propagate from 

pylorus to cecum (Walton et al., 2012). Because the intestine is 30 mm long at E15.5, this 

morphogenic wave moves at a speed of over 800 µm per hour, nearly 15 µm per minute. 

 To begin to address the mechanisms by which the thick pseudostratified epithelium could 

be rapidly parsed into separate villus domains, we examined the earliest apical surface 

deformation in the intestinal epithelium and detected a patterned array of short apical membrane 

invaginations, or folds, that initiate proximally and spread distally, deepening with time. These 

folds, which represent the first signs of villus morphogenesis, form predominantly in regions of 

the epithelium that are not in direct contact with the pre-existing mesenchymal clusters. 

 Further investigation of these initial apical deformations reveals that they are frequently 

associated with the presence of rounded mitotic cells, suggesting a relationship between cell 

division and villus morphogenesis. Cell divisions play an important role in apical expansion in at 

least two other in vivo systems: the developing zebrafish neural keel, where apical polarization 

during cell division establishes the central lumen (Buckley et al., 2013; Tawk et al., 2007) and 

formation of the Drosophila tracheal placode, where mitotic cell rounding facilitates rapid 

invagination of epithelial regions that are under passive circumferential compression (Kondo and 

Hayashi, 2013; Nishimura et al., 2007). We therefore tested whether either of these two models 

could explain the invaginations associated with villus morphogenesis in the developing intestinal 

epithelium. 
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 We show here that the process of villus morphogenesis closely resembles tracheal 

placode invagination from morphological, temporal, and mechanical perspectives. We identify 

epithelial cell shape changes adjacent to mesenchymal clusters that can exert patterned 

intraepithelial pressure to initiate apical invaginations. We further demonstrate a robust 

association between apical invaginations and mitotic cells; these cells undergo “internalized cell 

rounding,” a process by which mitosis-associated cell rounding is accompanied by rapid 

depression of the apical surface (Kondo and Hayashi, 2013). These in vivo observations were 

used to develop a computational model that allowed further exploration of the mechanical forces 

required for apical invagination. 

 These data suggest a new model for villus morphogenesis in which signaling events, 

initiated by a regular array of mesenchymal clusters, produce a pattern of intraepithelial 

mechanical forces that, when triggered by mitotic cells, promote rapid apical invaginations. This 

model establishes a mechanism by which a mesenchymal pattern can be rapidly transferred to the 

epithelium to establish villus boundaries.  

 

Results 

Apical expansion during villus morphogenesis 

 We previously documented that villus morphogenesis involves expansion of the main 

lumen rather than formation and fusion of disconnected secondary lumens (Grosse et al., 2011). 

To further explore the initial changes in the apical surface that accompany this expansion, we 

examined this process in E13.5 to E15.5 intestines utilizing antibodies to EZRIN, an apical 

surface protein (Fehon et al., 2010), and PDGFRα, a marker of the mesenchymal clusters 
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involved in villus patterning (Walton et al., 2012). Both cross sections (Figure II-1A-C) and 

longitudinal sections (Figure II-1D-F) of tissue were examined. 

 At E13.5, the epithelium is uniformly pseudostratified and the apical surface is flat; 

mesenchymal clusters are not detectable (Figure II-1A and D). At E14.5, mesenchymal clusters 

are visible in the proximal, but not distal intestine. Clusters are tightly associated with the 

overlying epithelium, sitting in small alcoves and slightly deforming the basal surface of the 

pseudostratified epithelium (Figure II-1B and E, asterisks). The apical surface, however, remains 

flat, with occasional short extensions of EZRIN staining oriented perpendicularly to the lumenal 

surface in the proximal intestine (Figure II-1B and E, arrows). By E15.5, these apical extensions 

are deeper and a field of regularly patterned villi cover the proximal intestine, such that each 

villus is closely associated with a mesenchymal cluster (Figure II-1C and F). All of these events 

first occur in the proximal intestine and after about one day are present distally, consistent with 

previous findings that villus formation occurs in a proximal to distal wave (Mathan et al., 1976; 

Walton et al., 2012).  

 

Spatiotemporal characterization of apical lumen expansion 

 The spatial patterning of EZRIN positive apical extensions was then examined. These 

experiments were performed using an intestinal explant culture; in such explants, the rate of 

villus morphogenesis slows, allowing greater resolution of the morphogenic process (Walton et 

al., 2012). The location of apical extensions relative to mesenchymal clusters was quantified. In 

the proximal E14.5 and distal E15.5 intestine, where the morphogenic front of villus emergence 

is located, over 80% of the apical deformations were found in epithelial regions that lie between 

rather than over clusters (Figure II-1G). 
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 A spatiotemporal correlation was also apparent between the depth of apical extensions 

and their location along the proximal-distal axis: at E15.0, midway through the morphogenic 

process, these indentations are deeper in the proximal compared with distal regions of the same 

intestine (Figure II-1H). This mirrors the established pattern of cluster formation, as clusters first 

form in the proximal duodenum and spread in a wave-like fashion down the intestine over a 36 

hour period (E14.5 to E16.0) (Walton et al., 2012). Because clusters are known to mark the core 

of villus domains (Walton et al., 2012), these short apical extensions appear to represent the 

initial boundaries between villi. 

 

Three-dimensional visualization of apical surface changes 

 To better understand the three-dimensional structure and pattern of apical surface 

extensions during initial villus demarcation, two approaches were taken. First, thick (100 µm) 

vibratome sections were stained with phalloidin to mark the apical F-actin network. Confocal Z 

stacks were generated and reconstructed in three dimensions to determine the shape of individual 

extensions (Figure II-2A-B). These studies establish that the smallest extensions consist of 

closely opposed double-membrane folds or invaginations, with little lumenal space between 

membranes. Importantly, as these folds deepen, they remain continuous with the apical surface. 

Previous work has established that the apical surface remains continuous throughout villus 

development (Grosse et al., 2011). 

 To further appreciate the patterning of these invaginations, intestines from embryos 

ranging from E14.0 to E14.5 were longitudinally opened and scanning electron microscopy 

(SEM) was used to image the apical surface. In E14.0 intestines, the surface is flat, though 

cellular outlines are visible (Figure II-2C). Beginning in the duodenum at E14.5, a dramatic 
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transition can be observed along the proximal to distal axis; domes surrounded by deep creases 

are located more proximally to areas of disconnected invaginations (Figure II-2D). The field seen 

in this image, which appears to represent the transitional front of the morphogenic wave, 

measures slightly more than 150 µm. Assuming that this wave moves at a constant speed 

between E14.5 and E15.5 (Walton et al., 2012), we calculate that the transition seen in Figure II-

2D should take place in about 10 minutes. 

 

Patterned apoptosis does not explain fold distribution 

 The data above indicate that apical invaginations appear beginning at E14.5 in a 

spatiotemporally controlled pattern in the developing intestine and that these invaginations are 

likely nascent villus demarcations. We next sought a mechanism to explain the appearance of 

these invaginations. During morphogenesis of the Drosophila leg, apoptosis facilitates epithelial 

folding by coupling cell death to the transmission of physical forces (Monier et al., 2015). 

Additionally, in the early neural ectoderm, apoptosis generates force to assist tissue bending 

before neural tube closure (Yamaguchi and Miura, 2012; Yamaguchi et al., 2011). To determine 

whether localized apoptosis might cause apical folding during villus morphogenesis, we 

examined the pattern of cleaved Caspase 3 staining in E14.5 intestines. This analysis revealed 

that the frequency of apoptosis is very low both before and during villus morphogenesis (Figure 

II-3). The rare apoptotic figures scattered throughout the epithelium do not appear to correspond 

with apical surface extensions or mesenchymal clusters. Therefore, the establishment of villus 

domains is not determined by localized patterns of apoptosis. 

 

 



 49 

Apical folds are associated with dividing cells 

 Another event that has been associated with the generation of new apical surfaces is 

mitosis (Buckley et al., 2013; Kondo and Hayashi, 2013; Schlüter et al., 2009; Taniguchi et al., 

2015; Tawk et al., 2007; Wang et al., 2014). We therefore examined the distribution of dividing 

epithelial cells during the process of apical expansion. Interestingly, 40% of pHH3+ mitotic 

figures were found at the tips of invaginations (Figure II-4A-B). This association is remarkable 

considering that the tips of these folds constitute a small proportion of the total apical surface 

(Figure II-4A). Moreover, approximately 60% of folds have an associated cell division (Figure 

II-4C). 

 Because these data suggest a potential mechanistic link between mitotic cells and 

membrane invaginations, we examined two methods by which mitotic cells promote apical 

expansion in other systems. First, a new lumenal surface can form de novo between daughter 

cells during cell division; this happens in the zebrafish neural keel (Buckley et al., 2013; Tawk et 

al., 2007), in the formation of bile canaliculi in vitro and in vivo (Wang et al., 2014), and in 

isolated epithelial cells plated in a thick 3D matrix (Schlüter et al., 2009; Taniguchi et al., 2015). 

Alternatively, cell division can accelerate the process of apical invagination, as in the Drosophila 

tracheal placode (Kondo and Hayashi, 2013). 

 

Dividing cells at folds are not enriched for apical components 

 Within the zebrafish neural keel or in MDCK cells plated in a 3D matrix, a unique 

lumen-forming cell division occurs. In these divisions, intracellular collections of apical 

components such as CRB3 and Pard3 are observed at the two poles of the dividing cells. During 

cytokinesis, these components traffic along the mitotic spindle to initiate lumen formation 
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between daughter pronuclei (Buckley et al., 2013; Schlüter et al., 2009; Tawk et al., 2007). To 

examine CRB3 distribution during cell division in the intestinal epithelium, we studied its 

localization in sections co-stained with α-TUBULIN (Figure II-5). No intracellular staining was 

found in the 30 divisions examined. Though not definitive, these data suggest that the mitotic 

cells at apical invaginations are not likely to be generating apical surfaces de novo. Thus, we 

explored whether mitosis-associated invagination could provide an explanation for lumenal 

expansion, as in the Drosophila tracheal placode. 

 

Apical intestinal invagination resembles Drosophila tracheal placode invagination 

 Prior to invagination in the Drosophila tracheal placode, intercalating cells around the 

presumptive placode expand the surrounding epithelium, placing a passive intraepithelial 

compressive force on placode cells. As described by Kondo and Hayashi, as a cell within this 

compressed region begins mitosis, the circumferential pressure causes its apical contact to shrink 

and the rounded cell moves away from the apical surface while retaining a T-shaped apical 

extension (Supplementary Figure 8 in (Kondo and Hayashi, 2013)). This is referred to as 

“internalized cell rounding” and is distinct from surface cell rounding that typically characterizes 

mitosis in a pseudostratified epithelium. Overall, these events cause a rapid inward folding of the 

apical surface. The defining morphological and physical characteristics of this model include the 

presence of internalized mitotic cell rounding and a source of patterned intraepithelial pressure 

(Kondo and Hayashi, 2013; Nishimura et al., 2007). 

 Examination of rounded mitotic cells in the intestinal epithelium at E14.5 and E15.5 

revealed two distinct morphologies. Mitotic cells that are not associated with apical 

invaginations round up directly adjacent to the main lumenal surface, as expected in a 
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pseudostratified epithelium. Some of these cells are associated with a small V-shaped indentation 

of the apical surface, although internalized cell rounding is not observed (Figure II-6A-B). In 

contrast, rounded mitotic cells associated with initial apical invaginations are positioned well 

below the apical surface and are connected to the main lumen by a short T-shaped apical fold 

that stains with apical markers such as EZRIN. The rounded cell retains a very small EZRIN-

positive apical surface at the tip of the invagination (Figure II-6A, C). These cells are 

morphologically indistinguishable from those previously noted in the Drosophila tracheal 

placode. Such internally rounded cells cannot be detected prior to cluster formation at E14.5. 

 Tracheal placode invagination takes place in the context of passive compression of 

presumptive placode cells due to expansion of the surrounding epithelium (Kondo and Hayashi, 

2013). If a similar process occurs in the intestinal epithelium, a source of compressive pressure is 

required. Because initial intestinal invaginations are consistently located between clusters 

(Figure II-1G), an attractive hypothesis is that a cluster-dependent pattern of intraepithelial 

compression is generated. As demonstrated above, analysis of the epithelium prior to apical 

invagination reveals that clusters deform the basal epithelial surface. Early investigators noted 

this deformation as well and suggested that clusters “push up” into the overlying epithelium 

(Mathan et al., 1976). However, the flat apical surface at this time argues against simple 

displacement of epithelial cells by the clusters. An alternative explanation is that clusters signal 

to overlying epithelial cells to cause them to change shape. Indeed, epithelial cells overlying 

clusters are up to 30% shorter than those in the inter-cluster regions at a time when minimal to no 

deformation is detectable at the apical surface (Figure II-7A-C). 

 To accommodate this basal to apical shortening, cell volume must rapidly decrease or 

cells must widen circumferentially. To examine these possibilities, Imaris image analysis 
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software was first used to compare the volume of cells over clusters and between clusters. While 

individual volume is quite variable, these measurements reveal a similar range of volumes in 

both locations (Figure II-7D), arguing against volume change as a compensation for this rapid 

change in cell height. Similarly, in other morphogenic systems characterized by rapid cell shape 

changes, cell volume is constant (Gelbart et al., 2012; Odell et al., 1981; Polyakov et al., 2014). 

 Because of the non-linear elastic response of the cytoplasm (Moeendarbary et al., 2013), 

the vertical shortening of these cells would predict a lateral increase in cell width. To determine 

if this effect is observed in the intestinal epithelium, the number of epithelial cells (nuclei) per 

unit apical length was determined in regions overlying mesenchymal clusters and in regions 

between clusters. These measurements revealed a lower density of nuclei per unit of apical 

surface in regions over clusters, suggesting that cells in this region are indeed wider (Figure II-

7E). Additionally, we utilized confocal microscopy of whole-mount E15.0 intestines in which 

the intestine was longitudinally opened to directly image the apical surface. Reconstruction of 

the epithelium stained with E-cadherin to mark cell outlines revealed a clear expansion of 

epithelial cells directly over clusters relative to the intervening epithelial cells, which appeared 

more compacted (Figure II-7F). Thus, epithelial cell shape changes initiated by the presence of 

mesenchymal clusters could exert a patterned field of compressive forces on the intervening 

epithelium. 

 

Computational model of the mechanics of apical invagination 

 To explore whether this pattern of forces could potentially explain the patterning and 

morphology of initial apical folds, a two-dimensional (plane strain) finite element model of the 

intestine was constructed using the commercial software Abaqus 6.14.1. The epithelium contains 
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two structural layers with differing mechanical properties: the apical layer contains the cross-

linked actin-rich cytoskeleton network and the cell body layer represents the rest of the 

epithelium. In this model, these layers are represented by regions of different mechanical 

properties (Table II-1). The geometric dimensions of this model were estimated from previous 

experimental observations of the developing intestine. The thickness of the pre-villus epithelium 

has been established to be 50 µm (Grosse et al., 2011) with an apical terminal web of 1 µm 

(Brunser and Luft, 1970). Mesenchymal clusters are approximately 30 µm wide and 70 µm apart 

(Walton et al., 2012). For this reason, 15 µm is defined as a half-cluster region for each flanking 

region of this segment. Because mitotic cells are associated with invaginations in vivo, some 

simulations also included a rectangular region of 10 µm by 18 µm with an apical contact width 

of 1 µm to represent a mitotic cell. The dimensions of this model are shown in Figure II-8. 

 The mechanical stiffness of each region of the model was selected based on previous 

studies. The modulus of the actin-rich apical layer was chosen to be 10 kPa based on the 

measurements of the Young’s modulus of actin stress fibers (Lu et al., 2008). The modulus of the 

cell body layer was chosen to be 0.5 kPa based on measurements of the Young’s modulus of 

cytoplasm (Moeendarbary et al., 2013). The epithelial cytoplasm was assumed to be nearly 

incompressible, with Poisson’s ratio of 0.495. During mitotic cell rounding, the apical actin web 

is disassembled, allowing the cell cortex to be stiffer than the surrounding epithelial cells such 

that this dividing cell can displace neighbors to accommodate rounding (Matthews et al., 2012). 

Therefore, the apical contact of the mitotic cell was modeled as a compliant spot with an 80% 

reduction in modulus compared with the rest of the apical surface. 

 Because the modeled region represents a repeating unit of the intestinal epithelium, 

symmetric boundary conditions were used for the left and right boundaries. To model the cell 
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shortening effects from the basal surface as observed in the in vivo developing epithelium, the 

apical surface above the clusters was constrained vertically such that the clusters would deform 

only the basal surface of the epithelium. Because the inter-cluster epithelium is not subject to the 

same signals that change cell shape over clusters, the basal inter-cluster boundary was fixed. 

These idealized assumptions in the model reflect hypotheses that similar conditions possibly 

constrain the intestinal epithelium. 

 To mimic the changes in cell shape that occur above mesenchymal clusters, an inelastic 

growth strain was applied, as is common in mechanical models of growing tissues (Garikipati, 

2009; Li et al., 2011). Cell signaling leads to the shortening and widening of epithelial cells in 

the cluster region, which is represented by a growth strain that is positive in the lateral direction 

and negative in the vertical direction. To model the unchanged thickness of the apical surface 

during this process, only a positive lateral growth strain was applied to the apical surface above 

the clusters. 

 In initial simulations, we tested whether cluster-mediated expansion is sufficient to cause 

apical invaginations in the inter-cluster regions. As shown in Figure II-9A, the apical surface 

exhibited wave-like patterns when cluster-dependent strain was applied, but not a pronounced 

invagination. Because our in vivo observations (Figure II-4) as well as work in the Drosophila 

trachea (Kondo and Hayashi, 2013) suggest that mitotic cells might assist the invagination 

process, we next added a compliant defect to the apical surface, modeled as a small compliant 

region (yellow star in Figure II-9), to represent cytoskeletal changes during mitosis. However, no 

invagination was seen in these simulations (Figure II-9B), suggesting that another feature is 

necessary in the model. 
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 Kondo and Hayashi report that invagination is associated with downward movement of 

the rounded mitotic cell into the epithelium, giving rise to internally rounded mitotic cells 

(Kondo and Hayashi, 2013), a feature clearly detected in the murine intestine. Therefore, 

additional simulations included a negative inelastic growth strain (contraction) applied in the 

vertical direction to both the small apical contact and the cytoplasmic region containing the cell. 

Combining these three features results in a fold with closely opposed membrane, similar to the 

T-shaped folds observed in vivo (Figure II-9C).  

 Finally, to explore whether mitosis (both the compliant apical defect and vertical 

contraction) is sufficient for forming invaginations, we ran simulations with these features but 

without cluster expansion. Interestingly, in this case, the apical surface deformed with a rounded 

indentation (Figure II-9D), reminiscent of the V-shaped folds observed at some dividing cells 

that are apically located and not associated with invaginations, and also similar in appearance to 

many mitotic cells before clusters form at E14.5. Together, these simulations suggest that 

intraepithelial forces produced by cluster-mediated epithelial shape changes and internalized 

mitotic cell rounding are sufficient to produce apical invaginations that mirror those seen at 

membrane invaginations in vivo. 

 

In vivo evidence for an apical-basal force at mitotic cells 

 As shown in Figure II-6C, mitotic cells at apical intestinal folds are “internalized,” a 

feature that they share with mitotic cells that facilitate invagination in the Drosophila tracheal 

placode. Furthermore, the computational model predicts that a contraction oriented in the apical-

basal direction at the position of the mitotically rounded cell is critical for proper folding. We 

further explored this in vivo by examining E14.5 and E15.5 intestinal sections stained with 
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phalloidin (which marks F-actin) or phospho-myosin light chain kinase (pMLCK), markers that 

could reveal actin-myosin cables that might be responsible for generation of contractile forces. 

Staining with pMLCK reveals increased signal within dividing cells, but cable-like structures 

were not seen (Figure II-10A). However, enhanced actin staining was detected in the basal 

processes of cells dividing at invaginations (Figure II-10), potentially indicating an active 

downward force. 

 

Discussion 

 The morphological events involved in villus formation were first described several 

decades ago. However, the use of thin sections to document the dramatic epithelial changes that 

occur during this process led to the incorrect conclusions that the early epithelium is stratified 

and that de novo lumen formation is an important feature of villus morphogenesis (Madara, 

2010; Mathan et al., 1976; Toyota et al., 1989). The work described here utilizes recently 

redefined parameters regarding intestinal morphogenesis: the epithelium prior to remodeling is a 

single pseudostratified epithelial cell layer and lumenal expansions are invaginations of the 

apical surface (Grosse et al., 2011). Within this revised context, we suggest a new model to 

account for epithelial changes during establishment of the villus domains. 

 We propose that formation of the patterned invaginations that demarcate the first 

intestinal villi requires inputs from cell-cell signaling events combined with intraepithelial 

compressive forces. First, Hh signals from the thick pseudostratified epithelium cause sub-

epithelial mesenchymal clusters to form (Walton et al., 2012). The positioning of these clusters is 

determined by a self-organizing Turing field mechanism that is driven by mesenchymal Bmp 

signaling (Walton et al., 2016). Over the next 36 hours, these clusters spread in a proximal to 
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distal wave over the length of the intestine (Walton et al., 2016; Walton et al., 2012). As they 

form, clusters signal to the overlying epithelium, causing these cells to change shape, shortening 

in the apical-basal dimension and expanding laterally. We propose that these localized shape 

changes over the clusters generate an intraepithelial compressive force on cells located between 

clusters. Within these pressurized regions, mitotic cell rounding causes rapid invagination of the 

apical surface. 

 This process of mitosis-assisted invagination is faithfully recapitulated by our 

computational model, demonstrating that intraepithelial mechanical forces are sufficient to result 

in invaginations similar to those seen in vivo. Three features are required to recapitulate the fold 

structure in silico: pressure from expansion of the clusters, compliancy of the apical surface at 

the mitotic event, and a vertical displacement of the mitotic cell in the apical-basal dimension. 

Removal of any of these components from the computational model results in a failure of a 

typical T-like invagination to occur. 

 Overall, the apical invagination accompanying villus morphogenesis shares many 

features with tracheal placode invagination in Drosophila. First, the process is accompanied by a 

patterned field of intraepithelial forces that place a passive compressive force on the regions that 

will indent. In the intestine, this compression likely arises from the lateral expansion of epithelial 

cells over clusters. Second, mitotic cells are associated with invaginations in both cases. Third, 

these cells have a characteristic appearance in sectioned material, previously defined as 

“internalized cell rounding” (Kondo and Hayashi, 2013). That is, these cells round up and enter 

mitosis well beneath the main surface of the epithelium, but remain connected to the lumen by 

the apical membrane fold. Finally, the process of invagination is very fast in both cases, taking 

place over a period of minutes. Live cell imaging of Drosophila tracheal placode invagination 
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shows that the initiation of mitosis in a cell within the constricted region releases the stored 

resistance of central cells and results in a rapid invagination (Kondo and Hayashi, 2013). In the 

intestine, we propose that similar forces result in the rapid demarcation of villus boundaries. 

 The revised model that we propose here for apical invagination in the mouse relies on the 

intersection of tissue mechanics with soluble signals to pattern the location of villus domains. 

The combined action of tissue forces and signaling is also seen during morphogenesis of the 

chick intestine, but the mechanistic details of that process differ significantly in chick and mouse. 

This might not be surprising, as it has been noted that over evolutionary time, villi likely arose 

independently in birds and mammals as morphological adaptations to assist nutrient absorption 

(Shyer et al., 2015). During “villification” in the chick, mechanical forces from the developing 

muscle layers pattern the eventual location of clusters and villi (Shyer et al., 2013). Formation of 

an inner circular smooth muscle deforms the epithelium into longitudinal ridges, and subsequent 

development of an outer longitudinal layer forces those ridges into zig-zags. These progressive 

epithelial deformations create localized maxima of Hh ligand secreted from the epithelium. Hh 

signals then induce the expression of mesenchymal cluster factors, such as Bmp4, which 

promote villus emergence from the arms of the zig-zags (Shyer et al., 2013; Shyer et al., 2015). 

Thus, in the chick, mechanical forces establish a pattern of epithelial deformations that then 

direct, via signaling, the formation of mesenchymal clusters and villi. 

 In contrast, in the mouse and human, formation of muscle layers does not coincide with 

villus formation (Lacroix et al., 1984; Matsumoto et al., 2002; Walton et al., 2016). Additionally, 

in mammalian species studied to date (mouse, rat, pig, and human), the epithelium never forms 

zig-zags, though in some cases, a few longitudinal pre-villus ridges are observed (Dekaney et al., 

1997; Lacroix et al., 1984; Matsumoto et al., 2002; Nakamura and Komuro, 1983). Thus, 



 59 

mechanical forces likely do not determine the patterning of mesenchymal clusters in any of these 

species. Rather, as demonstrated here in the mouse, a patterned field of mesenchymal clusters 

forms prior to any epithelial deformation. These clusters signal to overlying epithelial cells to 

promote cell shape changes, creating a pattern of intraepithelial forces that determine where 

villus boundaries will lie. 

 It is also noteworthy that by the time villi initiate in the chick, epithelial cells have 

already adopted a short columnar structure (Burgess, 1975; Shyer et al., 2013). Indeed, this 

flexible structure is probably required for effective muscular deformation of the epithelium that 

is needed to create the deep alcoves that can trap Hh signals (Shyer et al., 2013; Shyer et al., 

2015). In contrast, mouse villi arise directly from a 50 µm thick pseudostratified epithelium. 

Thus, villus development in the mouse requires a mechanism to quickly fold this thick 

epithelium in a patterned manner that corresponds with the established pattern of mesenchymal 

clusters. We propose that the use of mitosis-associated epithelial folding can facilitate this rapid 

transition to generate initial villus domains. 

 

Materials and Methods 

Mice 

All protocols for mouse experiments were approved by the University of Michigan UCUCA. 

C57BL/6 mice were obtained from Charles River (strain 027). 

 

Intestinal Explant Culture 

As described previously (Walton and Kolterud, 2014; Walton et al., 2012), intestines were 

harvested between E13.5 and E14.5 and dissected in cold DPBS (Sigma D8537). Culturing was 
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performed utilizing transwells (Costar 3428) as a scaffold.  BGJb media (Invitrogen 12591-038) 

containing 1% penicillin-streptomycin (vol/vol) (Invitrogen 15140-122) and 0.1 mg/mL ascorbic 

acid was placed into contact with the transwell membrane. Intestines were cultured for up to 24 

hours at 37oC with 5% CO2.  

 

Antibodies, Plasmids, and Reagents 

Antibodies used were rabbit anti-aPKC 1:250 (Santa Cruz sc-216), mouse anti-α-tubulin 1:1000 

(Sigma T6199), mouse anti-β-catenin 1:500 (Sigma C-7207), rabbit anti-cleaved caspase 3 1:150 

(Cell Signaling 9664), rabbit anti-Crumbs3 1:250 (gift of Dr. Ben Margolis), mouse anti-E-

cadherin 1:1000 (Invitrogen 13-1900), mouse anti-Ezrin 1:1500 (Sigma E8897), rabbit anti-Ki67 

1:500 (Novocastra NCL-Ki67p), rabbit anti-pMLCK 1:200 (Cell Signaling 3674), rabbit anti-

PDGFRα 1:200 (Santa Cruz sc-338), mouse anti-pHH3 1:1000 (Millipore 05-806), rabbit anti-

pHH3 1:1000 (Millipore 06-570). Secondary antibodies used were Alexa Fluor 488/555/647-

conjugated anti-mouse and anti-rabbit and Alexa Fluor 568 Phalloidin (Life Technologies 

A34055). 

 

Tissue Immunofluorescence 

After fixing overnight in 4% paraformaldehyde in PBS at 4oC, intestines were washed in PBS, 

embedded in paraffin, and sectioned at 5 µm. Samples were deparaffinized and 10 mM sodium 

citrate used for antigen retrieval. Primary antibody incubation was performed overnight at 4oC, 

followed by secondary antibody for 30 minutes at room temperature. Samples were imaged on a 

Nikon E800 (20x objective) and a Nikon A1 Confocal (20x objective, water; 60x objective, oil). 

Adobe Photoshop was used for image processing. 
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Vibratome Sectioning and Immunofluorescence 

After fixation, intestines were embedded in 7% (wt/vol) low-melting agarose (Sigma A9414) in 

PBS and sectioned at 100 µm. Primary antibody incubation was performed overnight at 4oC, 

followed by secondary antibody incubation for two hours at room temperature. Samples were 

mounted in Prolong Gold (Life Technologies P36930) and imaged on a Nikon A1 Confocal (20x 

objective, water). Image processing was done using Imaris 8.0. 

 

Scanning Electron Microscopy 

After harvest, intestines were fixed at 4oC in 2.5% gluteraldehyde overnight and washed in 

Sorenson’s phosphate buffer (0.1 M, pH 7.4). Overnight treatment with hexamethyldisilazane 

was followed by mounting and sputter coating with gold. An Amray 1910 FE Scanning Electron 

Microscope was used to examine samples, with images taken using Semicaps 2000 software. 

Image processing was done using Adobe Photoshop. 

 

Computational Model 

Modeling was done using the finite element method (FEM), which is a mesh based discretization 

technique for solving partial differential equations (Hughes, 2012). The computational results in 

this paper were generated using the FEM package Abaqus (version 6.14.1), which was used to 

solve the equations governing the mechanical deformation of the epithelium.  The pre-villus 

epithelium was modeled as a 2D geometry (Figure II-8) and we assumed a hyper-elastic 

Holzapfel-Gasser-Ogden material model with spatially varying material properties (Table II-1). 
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Statistical Analysis 

All graphs were made and statistical analyses performed using Prism 6. Statistical tests were 

used as indicated in the figure legends. 
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Figure II-1. Temporal analysis of the intestinal apical surface during villus initiation. (A-C) 
Cross-sections and (D-F) longitudinal sections of the murine small intestine at (A, D) E13.5, (B, 
E) E14.5, and (C, F) E15.5 stained with EZRIN (green) and PDGFRα (red). Initial deformations 
appear at E14.5 (B and E, arrows). Mesenchymal clusters are marked with asterisks. Folds 
deepen to clearly demarcate villi by E15.5. Scale bar = 50 µm. (G) Quantification of fold 
location relative to mesenchymal clusters at the morphogenic front of villus development at 
E14.5 and E15.5. (H) Box and whisker plots comparing fold depth in the E15.0 proximal and 
distal intestines showing the maximum, minimum, and median of the data sets (p = 0.0026, 
unpaired t-test). 
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Figure II-2. Three-dimensional analysis of apical invaginations. (A) Reconstruction of the 
apical surface (phalloidin, red) indicating an early fold located between two clusters (asterisks). 
Images were obtained by confocal scanning of a 100 µm thick vibratome section of the E14.5 
intestine, and the 3D view was reconstructed using Imaris. The basement membrane is traced 
with a white line. (B) Inset of box in (A), the underside of the apical surface is traced with a 
white line. The fold represents an invagination of the apical surface; two membrane faces are 
visible. Scale bar = 10 µm. (C, D) Scanning electron micrographs of the apical surface at E14.0 
and E14.5. In both images, proximal is on the left and distal is on the right. (C) At E14.0, 
although cell boundaries are visible, the overall surface is flat. Occasional larger cell profiles 
represent mitotic cells (arrowheads). (D) At E14.5, deeper folds (arrows) clearly outline nascent 
villi. Nearby, shallower, disconnected invaginations (asterisks) are visible. Because the rate of 
cluster spread is 30 mm over 36 hours, or 15 µm per minute (Walton et al., 2012), the 
morphogenic wave can travel this 150 µm field in approximately 10 minutes. Scale bar = 10 µm. 
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Figure II-3. Apoptosis is infrequent in the early intestine. (A, B) Cross-sections of the 
intestine at E14.5, demonstrating rare apoptotic events (asterisks, Caspase-3, red) in the 
epithelium containing nascent villi (β-catenin, green). (C) Longitudinal section at the same time, 
showing the rarity of apoptosis in the epithelium (E-cadherin, green). Scale bar = 50 µm.  
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Figure II-4. Apical folds are associated with dividing cells. (A) Cross-section of the intestine 
stained with pHH3 (green) and phalloidin (red). Many apical folds are associated with mitotic 
cells (arrows). Note that phalloidin also stains the outer smooth muscle layer and there is some 
background from antibody trapping in the mesenchymal connective tissue. Scale bar = 50 µm. 
(B) Quantification of the location of dividing (pHH3+) cells in the epithelium at E14.5. Forty 
percent of invaginations are associated with a dividing cell. (C) Quantification of the number of 
folds associated with a dividing cell. Sixty percent of folds are associated with a cell division 
event. Error bars represent standard deviation.  
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Figure II-5. Dividing cells at fold tips do not exhibit internalized CRB3. Two examples of 
dividing cells (outlined) at tips of apical folds, stained for antibodies against CRB3 (red) in (A) 
anaphase and apparent. Scale bar = 2 µm. 
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Figure II-6. Two types of cell division in the intestinal epithelium. (A) Cross-section of the 
intestine at E14.5. A subset of dividing cells (KI67, red) are associated with a T-shaped 
invagination of the apical surface (arrow). Other rounded mitotic cells are adjacent to a flat or V-
shaped (asterisk) surface indentation. Apical surface is stained with antibodies to EZRIN (green). 
Clusters are also stained with antibodies to PDGFRα (red). Scale bar = 50 µm. (B, C) Confocal 
images of dividing cells (KI67 or pHH3, red) adjacent to a (B) V-shaped (asterisk) or (C) T-
shaped (arrow) apical indentations (EZRIN, green). This T-shaped indentation is reminiscent of 
internalized cell rounding described in the Drosophila tracheal placode (Kondo and Hayashi, 
2013). Scale bar = 5 µm. 
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Figure II-7. Epithelial cells above mesenchymal clusters are shorter and wider. (A, B) 
Sections are stained with phalloidin (white). Mesenchymal clusters (cl) deform the overlying 
epithelium from the basal surface such that the epithelium is shorter over the cluster than 
adjacent to it (arrows). Scale bar = 20 µm. (C) Box and whisker plots comparing epithelial cell 
height over mesenchymal clusters and between clusters, showing the maximum, minimum, and 
median of the data sets. (D) Comparison of cell volume over and between clusters (p > 0.05, 
unpaired t test). Error bars represent standard deviation. (E) Quantification of epithelial nuclei 
per unit apical surface (“Relative Cell Density”) above and between clusters (p < 0.0001, 
unpaired t test). Error bars represent standard deviation. (F) Cross-section through the epithelium 
(E-cadherin, white, and outlined) just after cluster formation. Bottom panels are projections of 
the plane highlighted in green. Note that cells over clusters (outlined in red) appear expanded 
circumferentially relative to cells between clusters (outlined in blue). Scale bar = 15 µm. 
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Figure II-8. Geometry and variables used in the computational model. (A) Schematic of the 
in silico representation of the early intestinal epithelium, with dimensions given in µm. (B) Three 
features of the physical forces within the epithelium were reconstituted in the model: cell 
expansion over clusters (red arrows), apical compliant defect at a mitotic cell (yellow star) and 
vertical contraction associated with mitotic cell rounding (purple arrows). 
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Figure II-9. A computational model to investigate the forces involved in fold development. 
(A-D) FEM plots from the simulations run in Abaqus, with apical surface emphasis added 
(dashed lines). The values of the vertical component of the displacement correspond to the colors 
on the heat map. Line drawings above summarize the results. (A, B) Compression from the 
clusters alone or in combination with a defect in stiffness to represent a mitotic cell is insufficient 
to cause an invagination. (C) Addition of a vertical contraction at a mitotic cell generates a fold 
with similar morphology to that observed in vivo (compare with Figure II-6, panel C). The 
combination of these three factors result in cell division-mediated invaginations in the intestinal 
epithelium. (D) Cell rounding in the absence of cell expansion results in a broader invagination 
that resembles V-shaped folds (compare with Figure II-6, panel B). Movies of these simulations 
are also provided (Movies 1-4, Supplemental). 
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Figure II-10. Mitotic cells at T-folds have basal processes enriched in actin. (A) Staining 
with an antibody to pMLCK reveals increased expression in the cell bodies of rounded, dividing 
cells (arrows). Also note the tether of F-actin (stained with phalloidin, arrowhead) from the base 
of the cell body to the basal surface. Scale bar = 20 µm. (B) Dividing cell at an apical fold 
stained with an antibody against pHH3. A bright F-actin tether to the basal surface is visible. 
Scale bar = 10 µm. 
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 Apical Cell body 

Above 
cluster 

Between 
clusters 

Mitotic cell 
contact 

Above 
cluster 

Between 
clusters 

Mitotic cell 
body 

Young’s 
modulus (kPa) 

10 10 2 0.5 0.5 0.5 

Poisson’s ratio 0.495 0.495 0.495 0.495 0.495 0.495 

C10 (kPa) 1.67 1.67 .336 .0839 .0839 .0839 

D1 (kPa-1) 0.006 0.006 0.03 0.12 0.12 0.12 

Expansion (ºC-1) (0.5, 0) (0, 0) (0, -0.3) (0.1, -0.1) (0, 0) (0, -0.3) 

 
Table II-1. Mechanical properties assumed for the Holzapfel-Gasser-Ogden material model 
in Abaqus. C10 and D1 are the moduli corresponding to the distortional and volumetric 
contributions to the strain energy function, respectively. 
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