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Abstract 

 

The mammalian gut is home to a vibrant community of microbes. The ecological 

interactions that shape this environment are distinct across gut locations. As host and 

microbial community co-evolved, they formed a complex yet stable relationship that 

prevents invading microorganisms, such as the spore-forming bacterium, Clostridioides 

difficile, from establishing within the gut. Great strides have been made over the past 

several years in characterizing C. difficile infection physiology, particularly in how gut 

microbes and their host work together to provide colonization resistance. I designed the 

work in this thesis to characterize how the mammalian small and large intestines shape 

C. difficile germination and outgrowth. Using observational and experimental approaches, 

I used human, murine and bioreactor models of the gut microbiota to study varying levels 

of ecological complexity. 

I show that the small intestinal microbiota is predominated by Firmicutes and that 

fluctuations in the microbiota are associated with changes in pH and bile acids. The bile 

acid population from the duodenum to the mid jejunum consists mainly of conjugated 

primary and secondary bile acids, with little microbial metabolism of these compounds 

occurring across the proximal small intestine. Since conjugated bile acids tend to promote 

C. difficile germination, this environment supports C. difficile’s transition from spore to 

vegetative cell at high efficiencies, suggesting that colonization resistance is tied to 

preventing the establishment of vegetative cells later in the gut. I also present work 



 xv 

characterizing the effect of dietary xanthan gum on C. difficile colonization in a murine 

model of infection. Xanthan gum administration modified the microbiota and led to 

increased production of short chain fatty acids. However, it also interfered with the activity 

of the orally administered antibiotics used to render mice susceptible to C. difficile 

colonization. As a result, C. difficile colonization resistance was maintained in mice fed 

xanthan gum. Finally, I use a bioreactor model to characterize how founder effects shape 

microbial community establishment and influence C. difficile colonization resistance. 

Dilution increases the variability of the microbiota and abrogates its ability to resist 

invasion by a non-indigenous microbe. Additionally, we provided some reactor 

communities with additional concentrations of the dietary polysaccharide inulin. While 

some communities responded to inulin by producing additional butyrate, more dilute 

communities concurrently lost their ability to produce additional butyrate and resist C. 

difficile colonization. These data demonstrate that a particular level of microbiota 

cohesiveness is required to produce both functions and suggests that metabolic activity 

of butyrate-producing microbes is tied to colonization resistance. 

Together, my work demonstrates the importance of understanding the 

environmental interactions that shape microbial physiology, particularly that of C. difficile, 

in both the small and large intestines. In the small intestine, a variable microbiota with low 

biomass is shaped by host-driven processes, such as bile acid secretion. However, in the 

large intestine, a high biomass microbiota shapes the environment by metabolizing 

complex nutrients and preventing invasive taxa, such as C. difficile, from becoming 

established. Future work can leverage these findings to develop treatment methods that 

incorporate the dynamics of the intestinal environment to improve efficacy. 
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Chapter 1: Introduction 

 

A version of this chapter was published as: 
 
Schnizlein MK & Young VB. Capturing the environment of the Clostridioides difficile 
infection cycle. Nature Reviews: Gastroenterology & Hepatology. 2022. Accepted. 
 

1.1 C. difficile as a member of the gut microbiota 

Clostridioides difficile (formerly Clostridium difficile) is a Gram-positive, spore-

forming bacterium that colonizes individuals whose microbiota is perturbed in structure 

and function such that colonization resistance to non-indigenous microorganisms is lost 

(1-3). Understanding the latest advances in C. difficile physiology and what constitutes 

colonization resistance is required before we can develop precision medicine-based 

treatments for C. difficile infection (CDI). C. difficile can be successful as a pathogen 

owing to its ability to adapt to unique environments, particularly those created by antibiotic 

disruption in the gut (4). This adaptability is largely due to the diversity of its genome (5). 

C. difficile’s genomic and strain diversity, which is well-reviewed elsewhere (5-7), is 

distributed across 6 phylogenetic clades. Only a small percentage of its genes are present 

across all sequenced isolates (~16–19%), a number likely to go down as more strains are 

sequenced (8, 9). This finding reflects the evolution of C. difficile to fit unique 

environmental circumstances. 

CDI is usually acquired within clinical settings, in part due to an increased 

prevalence of C. difficile that leads to more exposures, but also due to the increased use 
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of antibiotics (10, 11). However, the bacterium is also abundant in the environment. 

Certain strains of C. difficile have been well-documented in animals, including bats, dogs 

and horses (12, 13). C. difficile spores are also commonly found in soil (14). These 

environments can serve as transmission sources for community-acquired infections (15). 

The C. difficile infection cycle begins when spores are introduced into the gut via 

the oral route (Fig. 1.1). These spores germinate in response to bile acids and co-

germinants, and then grow into vegetative cells (16). To survive in the gut, vegetative C. 

difficile cells utilize several factors to overcome competition from the host as well as other 

microorganisms (17). Colonization of the gut most often follows antibiotic treatment, which 

removes many of the microbial competition barriers that block colonization (18, 19). Upon 

sufficient cellular stress, C. difficile initiates two processes that either disrupt the 

environment to facilitate more favorable conditions, as is the case with the production of 

toxin, or form a protective coat through sporulation to facilitate exit from or persist in the 

gut (20-23). 

The purpose of this Review is to frame the clinical aspects of C. difficile infection 

within the context of bacterial physiology and gut ecology. C. difficile has evolved to thrive 

in the gut due to substantial antagonistic pressures from indigenous microorganisms and 

the host. These systems biology perspectives will help inform treatment options as well 

as future research into lingering questions regarding pathogen physiology. We will 

accomplish these goals by exploring: clinical relevance of C. difficile; C. difficile 

physiology in the gut, including germination, survival mechanisms, toxin production and 

sporulation; and finally mechanisms by which C. difficile is suppressed in the gut, 
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Figure 1.1 Leveraging the environment to interrupt the C. difficile infection cycle 
The gut contains a number of mechanisms to prevent Clostridioides difficile infections, which can be 
enhanced by targeted treatment. C. difficile spores are ingested orally and enter the gut where they 
germinate in response to bile acids (e.g., taurocholate). The quantity of viable spores that germinate can 
be reduced by environmental decontamination and germination inhibitors (for example, bile acid analogues 
or supplements) (24-29). Following germination, the resulting vegetative cells will either proliferate, if the 
microbiota is susceptible, or be excluded, if the microbiota is resistant. Increasing the resistance of the gut 
to vegetative C. difficile could be facilitated by dietary fiber (that is, short-chain fatty acids (SCFAs); (30, 
31), targeted antibiotics (32), bacteriophage (33-35) or antimicrobial peptides (36, 37). Fecal microbiota 
transplantation (FMT) (38-44) and defined microbial consortia (23) can shift a number of factors influencing 
vegetative C. difficile, including microbial metabolism and host immune responses. After colonization of the 
gut, C. difficile can clear spontaneously, enter a phase of asymptomatic colonization (that is, persistence) 
or produce toxin to cause disease. The effects of toxins could be ameliorated through anti-toxin antibodies 
(45), small molecule inhibitors (46, 47) and bile supplementation (48). Sporulation facilitates further 
persistence in the gut as well as transmission to new hosts through shedding. Following treatment, 
individuals will clear C. difficile or experience recurrence to become re-colonized. 
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including antimicrobials, bacteriophages, bile acid metabolism, short-chain fatty acids 

(SCFAs), as well as nutrient competition and nutritional immunity; concluding with a brief 

summary about how these mechanisms are being leveraged for C. difficile treatment.  

 

1.2 Clinical relevance of the environmental paradigm 

C. difficile is a pressing health concern that results in a substantial morbidity and 

mortality. In the USA and Europe, C. difficile represents a major health and economic 

burden (49-52). In the USA alone, C. difficile annually infects approximately 0.5 million 

people and accumulating healthcare costs of about US$5 billion each year (53, 54). 

Although C. difficile infects individuals worldwide, comprehensive studies on C. difficile 

burden in Africa and Asia are limited (55). Infected patients can develop diarrhea and 

severe gut inflammation, leading to several additional outcomes, including 

pseudomembranous colitis and toxic megacolon (56). Approximately 70% of infections 

occur during or immediately following a visit to a healthcare center (49, 57). The remaining 

30% of infections are acquired through reservoirs outside the clinic, which include several 

animal species and the soil (49, 57). Regardless of the location of exposure, individuals 

that become infected have a 30-day all-cause mortality risk of 15-20% (58, 59). 

Although of proven utility for treating infections, antibiotics also alter the gut 

environment. Several pathogens are known to coopt these disruptions of the microbial 

community to establish themselves in the gut environment, including vancomycin-

resistant enterococci, Escherichia coli and Salmonella Typhimurium (60-62). C. difficile 

also takes advantage of perturbed gut states to colonize the gut, which is why antibiotic 

use is the leading risk factor for acquiring an infection (11, 18). Being 
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immunocompromised or having increased age also lead to microbial community 

alterations that predispose individuals to CDI. These disruptions of the gut microbial 

community change the flow of nutrients in the ecosystem, making it easier for non-

indigenous microorganisms to establish. First-line treatments for C. difficile are antibiotics 

with activity against the pathogen, including fidaxomicin or vancomycin (63, 64). 

Problematically, these agents have collateral activity against indigenous microorganisms 

and further disrupt the gut environment, which leads to a higher risk of becoming 

reinfected. 

After primary infection, up to 30% of individuals develop recurrent C. difficile 

infection (65). The risk of recurrent disease worsens as individuals are treated for each 

successive infection, increasing up to 40% following the second incident and 65% 

following the third, suggesting that as the gut environment struggles to recover after 

successive disturbances and C. difficile has greater opportunities for re-establishing itself 

(65). It is unclear whether C. difficile persists in the gut below the limit of detection or 

persists in the external environment to re-enter the gut following the end of antibiotic 

treatment. Interestingly, 20-50% of recurrences are the result of a new strain re-infecting 

the gut (66). Although a number of studies have suggested that up to 10% of patients with 

CDI are infected with multiple strains, little is known about how multi-strain colonization 

affects infection outcomes (67, 68). The presence of more than one strain can change 

important aspects of infection dynamics, such as by protecting against subsequent 

exposure or shifting immune responses due to multiple sources of C. difficile antigens 

(69, 70). 
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Fecal microbiota transplantation (FMT) is a treatment option geared towards 

leveraging mechanisms of gut colonization resistance to fight off C. difficile and restore 

the gut community, including both its bacterial and fungal components, to a state of 

healthier equilibrium (71). The efficacy of FMT in treating CDI has been well covered in 

other primary research and review articles (38-44). However, as we learn more about how 

C. difficile interacts with the gut environment, specific pathogen–environment interactions 

can be leveraged to develop alternative treatment options. As such, treatment guidelines 

continue to be updated as additional discoveries are made about C. difficile and how this 

pathogen interacts with the gut environment (32, 63). Here, we will discuss discoveries 

regarding C. difficile physiology and how these microorganism–environment interactions 

are essential for developing targeted non-antibiotic-based means of preventing CDI. 

 

1.3 Physiology of C. difficile in the gut environment 

1.3.1 Germination 

The C. difficile lifecycle in human hosts begins as orally ingested spores, which 

possess several layers to protect cells from hostile environments in and outside of the 

gut. These layers, including the exosporium, cortex and cell wall, shelter the genetic 

material and cellular machinery required to restart metabolism (16). Whether or not C. 

difficile germinates and emerges from this protective coat depends on environmental 

signals, including temperature, pH, bile acids, amino acids and divalent cations, as well 

as the spore’s sensitivity to those signals (72-75). Spores sense germinant through the 

putative receptors CspC and CspA, after which the signal is transduced through a series 

of pseudo-proteases resulting in spore cortex hydrolysis (76-78). The relative and 
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absolute concentrations of germinant signals determine whether the overall signal points 

towards higher or lower germination efficiency. 

The ability of C. difficile to germinate is tied to the metabolism of microorganisms 

in its surroundings (Fig. 1.2) (69, 79, 80). Bile acids are key regulators of C. difficile 

germination. Their primary roles in the gut are to assist in the breakdown of lipid micelles 

and to modulate the gut microbiota, either through cellular toxicity or as potential carbon 

sources (81). Thus, indigenous gut microorganisms have evolved diverse mechanisms 

to detoxify these molecules and scavenge potential energy. These metabolic processes 

transform primary, conjugated bile acids (e.g., taurocholic acid), which promote C. difficile 

germination, into unconjugated primary and secondary bile acids (e.g., cholic, 

chenodeoxycholic and deoxycholic acids) that are either less effective germinants or even 

inhibit this process (82). C. difficile is one of the few, if not the only, microorganisms 

characterized as having evolved a germination receptor that senses bile acids (83). 

Preliminary work suggests that bile acids do aid in the germination of other 

microorganisms (e.g., Clostridium innocuum and Clostridium hathewayi), but it is unclear 

whether bile acids act through a specific mechanism as is the case with C. difficile or if 

bile acids act through general properties (e.g., their detergent-like nature) to promote 

germination (84). Host proteases, such as plasminogen, also have a role in promoting 

germination. However, as a toxin-damaged gut triggers plasminogen release, their role 

likely is only important in recurrent disease rather than initial infection (85).  

One area that merits further study is how physiological levels of germinants interact 

to promote C. difficile germination. Kochan et al. was one of the first to demonstrate in 

vitro that physiologically relevant levels of germinants work in synergy to enable 
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Figure 1.2 Bile acid metabolism and C. difficile physiology 
Primary (that is, host-synthesized) and secondary (that is, microbially-modified) bile acids are conjugated 
to amino acids in the liver and secreted into the proximal gut, where they encounter a microbiota that uses 
a variety of enzymes to modify these compounds. Conjugated primary bile acids, particularly taurocholate 
(the amino acid taurine conjugated to the bile acid cholate), promote germination. Upon deconjugation by 
microbial bile salt hydrolases, the germinant potency of taurocholate is greatly reduced in its deconjugated 
form cholate. Chenodeoxycholate, another primary bile acid competitively inhibits germination. Further 
processing of bile acids as microorganisms increase in abundance transforms the bile acid pool into mostly 
secondary acids, which overall inhibit Clostridioides difficile germination. These secondary bile acids also 
are inhibitors of vegetative cell outgrowth. Bile acids are reabsorbed by the host and transported back to 
the liver where they are conjugated and re-secreted. In a perturbed gut (for example, antibiotic-treated), 
microbial community metabolism is impaired, which limits bile acid transformations, resulting in an 
environment that overall leads to higher germination efficiencies and outgrowth. 
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germination (86). A limitation of many in vitro studies is the use of higher than 

physiological concentrations of germinant to induce robust germination. Germinant 

synergy is required to understand the complex ecosystem of the gut. Hypothetically in the 

gut, lower concentrations of germinant might maintain the dormancy of some spores and 

protect the population from unexpected shifts in hospitability. On the other hand, as 

certain germinants drop below sufficient levels to induce germination, other compounds 

might work together to stimulate a response from spores. 

Although a great deal of work has been done to identify what machinery C. difficile 

uses to sense germinant signals, much remains to be discovered regarding how individual 

strains respond to these signals. Some work suggested that some C. difficile strains 

germinate without taurocholate, a key promoter of germination (87). Further research 

showed that these strains still responded to taurocholate but with increased sensitivity in 

vitro (88). This finding raised interesting questions about why sensitivity to germinant 

varies from strain to strain, and what implications this has for C. difficile evolution and 

clinical epidemiology. Interestingly, C. difficile strains modulate germinant sensitivity by 

altering the ratios of signaling proteins in mature spores (88). Often, one thinks of varying 

exterior conditions to modulate germination. However, C. difficile strains have developed 

their own mechanisms to determine what conditions are optimal for ‘dropping their 

protective shield.’ By modulating signaling protein abundance and thereby their sensitivity 

to germinant, spores might select for an appropriate environment in the gut to germinate. 

Together, germinant synergy and strain-specific germinant sensitivity complicates 

the prospects of developing germination inhibitors as a potential treatment option for CDI. 

Such treatments could reduce the infectious dose by decreasing germination efficiency 
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(26). However, it is unclear how many ‘live’ C. difficile cells are required to colonize and 

cause disease and whether an inhibitor could sufficiently reduce germination efficiency in 

vivo across an entire population of spores. Similarly, efforts to decrease environmental 

C. difficile reservoirs have been developed. However, the effect of specific methods (for 

example, ultraviolet light) over standard decontamination methods on transmission rates 

are not well understood (24, 25).  

 

1.3.2 Adapting to survive: C. difficile mechanisms for thriving in the gut 

After emerging from its protective shell, C. difficile enters the fiercely competitive 

environment of the mammalian gut. Humans harbor over 1000 unique bacterial, fungal, 

and protist species that fight over nutrients to occupy niches in the gut (89). 

Microorganisms not normally present in the human gut, such as C. difficile, are at a 

disadvantage as many of its nutrient and spatial niches are likely already occupied (90). 

Antibiotic use opens many of those niches for C. difficile to occupy (18). However, as gut 

microorganisms recover from extreme perturbations, C. difficile maintains a competitive 

edge by deploying a variety of factors that ease its ability to persist, such as toxins 

(discussed in the next section), adhesins, pili, flagella, and biofilms (17). While commonly 

called virulence factors, these protein complexes are produced by bacteria not always 

known to cause disease (91). Thus, it might be better to think of these as mechanisms of 

survival (that is, survival factors) rather than those associated specifically with disease-

causing ability. Further research is required to understand the regulatory signals that 

govern whether C. difficile becomes motile or seeks to attach to surfaces, such as the 

intestinal epithelium (Fig. 1.3A). 
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Not surprisingly, expressing all survival factors simultaneously in the gut would 

overtax the bacteria’s metabolic potential. Thus, the importance of regulation cannot be 

overstressed. Although C. difficile uses a complex system of transcription factors to 

transduce environmental signals and regulate expression, it also employs a process of 

gene inversion, called phase variation, to selectively turn off and on specific genes (92). 

This process creates multiple distinct subpopulations within a clonal genetic lineage. As 

Garrett et al. showed, phase variation of genetic regulators leads to unique cellular 

morphologies and motility patterns depending on environmental selective pressures (92). 

Selective pressure did not universally induce phase variation but rather created 

phenotypic heterogeneity during in vitro experiments (93). In vivo, these adaptations 

would facilitate increased survival during bottleneck events and other evolutionary 

pressures amidst a changing environment as C. difficile subpopulations express unique 

assemblies of traits (Fig. 1.3A). 

An often-understudied part of the C. difficile lifecycle in the gut environment is how 

the pathogen can persist in the gut environment without causing disease. Increasingly, 

C. difficile is being identified and isolated from the gut of asymptomatic individuals (4-15% 

of healthy adults in a meta-analysis of 20,334 individuals) (94, 95). A small human study 

suggested this phenomenon could in part be associated with the mycobiota (N=118) (96). 

In 2019, Dubois et al. hinted at another phase of C. difficile lifecycle characterized by 

persistence and the production of biofilms, which are induced by deoxycholate in vitro 

(Fig. 1.3A) (97). Although the biofilm-forming abilities of C. difficile are certainly not robust, 

this study suggests C. difficile capitalizes on phases of life that do not depend on 
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Figure 1.3 Differential stress adaptations of C. difficile in the gut environment 
Depending on external signals in the gut environment, Clostridioides difficile adopts several different cellular 
pathways including survival mechanism differentiation, toxin production and sporulation. Each of these 
cellular options can be expressed simultaneously within different parts of C. difficile populations. A) Under 
lower stress and/or nutrient replete conditions, growing vegetative cells transition between several phases 
of life. Some might produce flagella to seek out nutrients. Biofilm- association assists C. difficile in joining 
microbial consortia and provides an environmental shield. Adhesins facilitate attachment to epithelial cells 
or other surfaces in the gut. B) Under higher cellular stress, C. difficile will induce toxin production and/or 
sporulation. Following toxin release through autolysis or TcdE-mediated export, toxin activity on the C. 
difficile spores can persist in the gut by adhering to biofilms or the intestinal epithelium as well as being 
internalized within the epithelium itself. Finally, spores can exit the gut altogether. 
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disrupting the environment through toxin production (98). Induction of biofilms 

accompanies the repression of flagella and toxins as well as sporulation. The ability to 

produce different biofilm structures characterized by unique metabolism types, each with 

reduced sporulation and toxin production, suggests that C. difficile adapts to changing 

nutrient availability during its persistent lifestyle in vivo (99). Furthermore, C. difficile might 

favor persistence when nutrients are plentiful to avoid activating a disruptive lifestyle (that 

is, toxin production) or attempting to escape the gut entirely (that is, sporulation). Further 

research is needed to understand the clinical significance of C. difficile biofilm formation, 

particularly in the context of recurrent infections. 

 

1.3.3 Toxin production and sporulation 

Toxin production and sporulation are induced upon sufficient cellular stress and 

thought to be co-regulated (20, 100-103). However, it is unclear how populations of C. 

difficile cells balance these two processes. Although sporulation results in cell lysis, toxin 

release might occur through lytic and/or non-lytic pathways (104-108). This process leads 

to several hypotheses: sporulation and toxin production tend to occur within a single cell, 

where lysis of the mother cell releases the spore and toxins at the same time and/or toxin 

is released gradually through non-lytic pathways prior to spore release; sporulation and 

toxin production tend to occur in separate cell populations with each adopting processes 

maximized to their particular goal. The latter might be better supported by literature but 

has not been conclusively shown (109). Either way, C. difficile begins these pathways to 

either perturb the environment, liberating nutrients to prolong the current iteration of the 
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cycle, or to escape and bide its time until favorable conditions return to reinitiate the 

infection cycle. 

 

1.3.3.1 Toxins: remodeling the gut environment 

C. difficile strains have been demonstrated to produce at least three toxins that 

mediate C. difficile-associated disease called TcdA (Toxin A), TcdB (Toxin B), and CDT 

(also known as binary toxin) (110). Production is induced when nutrients, such as glucose 

and amino acids, are limiting and when there are inhibitory microbial metabolites, such 

as bile acids or short chain fatty acids (Fig. 1.3B) (111). Interestingly, there a several non-

toxigenic strains that, although they do not cause disease, still colonize and persist in the 

gut (112). A strain’s ability to encode zero, one or all of the known toxins suggests that 

toxin production is only one of the many survival mechanisms C. difficile uses and that 

causing disease is not always evolutionarily advantageous (113). Toxins are released 

from C. difficile cells by either autolysis or TcdE-dependent secretion (104, 105, 107, 

108). Although both pathways might be used by a given strain, certain strains might rely 

on one more than the other. This aspect is particularly clear in strains with high toxin 

production, which require TcdE for normal toxin release (106). Both TcdA and TcdB have 

multiple receptors that either facilitate cellular toxin adherence or promote their 

endocytosis (114-117). The specific mechanism of endocytosis uptake is dependent on 

which receptors are used by a given toxin variant (118). The molecular mechanisms of 

action for C. difficile toxins have been well-reviewed in the past but we will briefly describe 

them here (110). After toxins bind host cell receptors, endocytosis brings toxins into the 

cell where both TcdA and TcdB act via Rho/Ras GTPases to cause cytopathic effects, 



 15 

such as altering tight junction integrity and cytoskeletal organization.(110) Although TcdA 

and CDT proteins are fairly conserved when present in strains, TcdB is highly variable 

(113, 119). This variability could play a part in binding unique receptors to cause disparate 

effects in host cells leading to outcomes such as high inflammation from the release of 

host cellular contents (120-123). 

As C. difficile colonization is enhanced by the altered microbiota of an inflamed, 

murine gut, producing toxins results in further disruption of the gut (124). Fletcher et al. 

demonstrated that colonization by a toxigenic C. difficile strain in the murine gut is higher 

than a toxin-negative mutant and that there was unique expression of metabolic genes in 

both contexts (125). C. difficile simultaneously uses the inflamed environment to liberate 

nutrients as well as suppress the growth of microbial taxa that might compete for those 

toxin-liberated nutrients. 

C. difficile strains have also individually adapted to utilize unique toxin receptors 

that result in divergent cellular pathologies, and perhaps determine what nutrients are 

released into the gut lumen. As Pan et al. demonstrated, toxin B variants can induce 

multiple distinct pathological phenotypes in the mouse intestine depending on which 

receptors are bound on the host cell surface (123). Further work is required to understand 

if or how C. difficile strains have adapted to capitalize on these unique host outcomes and 

what consequences these changes have on C. difficile survival. 

As the severity of toxin-mediated inflammation is dependent on the concentration 

and duration of toxin exposure, identifying ways to moderate severity is an important 

aspect of understanding potential treatment development. The host lessens the effects of 

C. difficile toxins by secreting bile acids, which were shown to bind and inactivate toxins 



 16 

in vitro (48). Small molecules, such as ebselen, also can limit toxin activity (46, 47). Host-

produced anti-toxin antibodies can also block cytotoxic activity (126). This feature led to 

the development of the monoclonal antibody bezlotoxumab, which targets TcdB and was 

FDA-approved with the indication for the reduction of C. difficile recurrence (45).  

Interestingly, a corresponding monoclonal antibody targeting TcdA did not increase 

efficacy in reducing recurrence, which might be due to unique roles of the two toxins in 

disease (127, 128). It should be noted that IgG antibodies against TcdA in patients with 

CDI are associated with lower rates of recurrent infections, an observation that played a 

role in the development of therapeutic monoclonals targeting the toxins (129). Moderating 

toxins’ effects on the host would not only alleviate some of the severe disease outcomes 

but, by limiting tissue damage, would also deprive C. difficile of a route for nutrient 

acquisition (125). 

 

1.3.3.2 Sporulation: exiting from or persisting in the gut? 

The last stage of the C. difficile infection cycle is sporulation. This step is a process 

by which bacteria sequester their DNA and a minimum required amount of metabolic 

machinery inside a protective coat. This spore, which has substantially reduced metabolic 

activity, will help ensure survival amid toxic environmental conditions, in part due to the 

resistant shell but also due to low metabolic activity (that is, inhibitors will be less able to 

act on cellular activity because of overall activity reduction) (130). Although the specific 

mechanisms of sporulation differ, spore production occurs in several bacterial taxa. In C. 

difficile, sporulation is induced as a stress response and, as mentioned earlier, is thought 

to be co-regulated with toxin production (Fig. 1.3B) (131). 
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Most interest in C. difficile sporulation has been directed towards its role in survival 

outside of the host. As an anaerobic organism, a spore form is necessary for transmission 

between hosts in an oxygen-saturated environment. However, work has begun 

investigating the role of spores and sporulation within a host. As many recurrent infections 

occur with the same strain, understanding where that infection is sourced is important. 

Many precautions for preventing relapse involve room cleaning procedures to eliminate 

environmental reservoirs. However, what if sporulation enables C. difficile to maintain a 

reservoir inside the host? In 2021, Castro-Córdova et al. characterized a mechanism by 

which C. difficile spores become internalized inside the murine intestinal epithelium, which 

increases recurrence rates of CDI (132). Not only does internalization retains spores 

within the gut environment, it also protects them from exposure to germinants, which 

typically exist at higher relative concentrations to germination inhibitors in a perturbed gut 

state (79). By incorporating inhibitors of spore internalization into treatment measures, 

clinicians could reduce the risk of recurrent CDI by eliminating a reservoir of disease. 

 

1.4 Mechanisms of C. difficile suppression in the gut 

Colonization resistance arises because a diverse community fully occupies niches 

in an environment. In the gut, trillions of bacteria metabolize compounds and deplete 

resources in their surroundings (133, 134). These microbial interactions contribute to a 

rich and dynamic ecosystem (135, 136). The stability of this gut community excludes new 

microorganisms unless there is a concurrent disturbance that opens niches and increases 

the plasticity of the environment (90, 137). In the context of C. difficile, there are several 

key mechanisms by which colonization is suppressed (Fig. 1.4). These biotic factors 
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include the production of antimicrobials and predation by bacteriophage. They also 

include several aspects of metabolism such as that of bile acids, SCFAs as well as 

nutritional immunity, which involves the depletion of nutrients essential to C. difficile by 

the host and other resident microorganisms. 

Although abiotic factors are often better characterized in non-animal-associated 

studies of the microbiota (for example, the soil), they play an integral part in gut physiology 

and Clostridioides difficile colonization (138). Here, we will briefly discuss the importance 

of O2 levels and pH. As an anaerobe, C. difficile has a low tolerance of oxygen. In the gut 

environment, oxygen concentrations increase along a gradient towards the intestinal 

epithelium (139). Not only does this gradient have important physiological effects on the 

microbiota, but it also regulates C. difficile competitiveness (140). In addition to toxic O2 

effects, other microorganisms in these spaces might use oxygen to boost energy output, 

leaving C. difficile at a disadvantage (141). Although intricately connected to microbial 

metabolism, pH is an abiotic factor linked to C. difficile growth, with lower pH decreasing 

growth rates in vitro (142). Further characterization of these and additional abiotic factors, 

such as methane and hydrogen gas gradients as well as an environment’s texture and/or 

viscosity, in the context of C. difficile infection is needed (143). 

 

1.4.1 Antimicrobial peptides 

Much in the manner that C. difficile uses toxins to remodel the intestinal 

environment, indigenous microorganisms produce proteins that act against other taxa in 

their surroundings. While the host produces antimicrobial peptides to protect the 
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Figure 1.4 C. difficile interactions with its environment 
In the gut, Clostridioides difficile must adapt to numerous inhibitory mechanisms of both host and 
indigenous microbiota to colonize. Microorganisms metabolize host-secreted bile acids and compete for 
nutrients, such as cofactors and amino acids. Microorganisms also ferment dietary polysaccharides into 
short-chain fatty acids (SCFAs) to toxify the environment. In addition to microbially produced antimicrobials, 
microbial signals stimulate the production of host-produced antimicrobials and antibodies that target C. 
difficile. Finally, bacteriophages replicating within the gut community with host ranges that cover C. difficile 
will target it upon arrival in the gut. Although net-interactions in an unperturbed gut disfavor C. difficile, the 
pathogen can feed off its environment (for example, mucin by-products) and modulate the gut by secreting 
molecules, such as p-cresol and indole. 
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epithelium, the microbiota secretes these products throughout the gut (144, 145).  

Microorganism-produced antimicrobial peptides target Gram-positive and Gram-

negative bacteria, including multiple-drug resistant organisms such as Staphylococcus 

aureus and carbapenemase-resistant enterococcaeceae (145, 146). Similar to their 

response to antibiotics, bacteria have adapted resistance mechanisms to remove these 

toxic compounds, attempting to competitively edge one another out (145). As a resident 

of the gut, C. difficile is regularly exposed to antimicrobial peptides produced by both host 

and resident microorganisms. To a limited extent, the variety of peptides active against 

C. difficile have been identified (147). Suárez et al. characterized a defense system in C. 

difficile that protects against antimicrobial peptides (148). Unlike many bacterial systems 

that respond to host-produced peptides, this system responds specifically to those 

produced by other microorganisms, likely by recognizing a motif present in several other 

bacteria-produced peptides (e.g., certain lantibiotics) (148). The presence of similar 

systems in the C. difficile genome suggests that counteracting several different 

microorganism-produced antimicrobials enables C. difficile to grow in the gut (148). 

Further characterization will be necessary to understand how they prevent activity, 

especially as tailored antimicrobial peptides are being considered as potential alternatives 

to antibiotic therapies (36, 37). 

 

1.4.2 Bacteriophage 

Bacteriophages are bacterial parasites that have a multifaceted role in modulating 

the gut microbiota (149). In the process of infecting bacteria, phage exert selective 

pressure by altering cellular metabolism and releasing nutrients into the environment 
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through cell lysis (150). Additionally, phage can facilitate lateral gene transfer by carrying 

genes from one species to another through transduction (151-153). Phage host range 

varies greatly, with some infecting only a few bacteria, whereas others targeting multiple 

taxa (154, 155). Microbial predation by phage has led to much research investigating 

phage therapy as an alternative to antibiotic use. 

Phages have several roles in the dynamics of the C. difficile infection lifecycle. Not 

only are phages C. difficile parasites, they also mediate lateral transfer of genetic material, 

such as genes encoding toxins, which could enable non-toxigenic strains to acquire 

additional toxins or other survival factors in the gut (156). Several studies published in the 

past few years suggest that successful FMT in humans involves not only a successful 

transfer of donor bacteria but also of donor bacteriophages (33-35). The part phages play 

in FMT efficacy merits further study given evidence that filter-sterilized FMT, that still 

contains phage, successfully clears C. difficile (41). 

Nale et al. suggested that phage cocktails might serve as a targeted alternative to 

antibiotics, particularly in an age with rising antibiotic resistance levels (157). The risk of 

transduction introducing potentially dangerous genes into C. difficile should be considered 

when introducing phage into the gut. However, using a phage cocktail not only mitigated 

that risk but also ensured C. difficile was targeted through multiple infection routes helping 

the treatment bypass bacterial defenses (157, 158). These studies reflect the need for a 

stronger understanding of an often-understudied aspect of the gut environment and even 

more so in the context of CDI. 
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1.4.3 Bile acid metabolism 

Bile acids affect C. difficile lifecycle dynamics at both the spore and vegetive cell 

stages. As the effects on spore germination have been described already, here we will 

discuss the effects on vegetative cells. Primary bile acids, which are those synthesized 

directly by the host from cholesterol, are not generally toxic to C. difficile (Fig. 1.2). 

However, secondary bile acids, which are microbially modified versions of primary bile 

acids, are toxic, particularly the secondary bile acid deoxycholate (79, 80, 159). Current 

research has sought to understand how microorganisms modify these bile acids to affect 

C. difficile (160, 161).  

Although the levels of bile acid toxicity on C. difficile have been characterized, 

additional work is required to understand the specific effects of bile acids on C. difficile. 

Traditionally, the effect of bile acids on C. difficile has been framed within the context of 

their primary and secondary forms, as the latter tend to have greater toxicity. However, 

as we learn more about the unique types of biotransformations creating the bile acids 

present, it becomes necessary to understand the individual effects of each compound on 

cellular physiology (82, 162). Sievers et al. utilized proteomics to characterize the unique 

effects of primary and secondary bile acids on C. difficile and its subsequent stress 

responses (163). They found that adaptations to bile acid stress are tied more to individual 

bile acids and their chemical precursor rather than whether the bile acid is primary or 

secondary. For example, stress responses due to cholate-derived bile acids tend to be 

more similar than those to bile acids derived from the other primary bile acid 

chenodeoxycholate. These bile acid-specific responses push C. difficile into a non-motile 

cellular phenotype and result in shifts in metabolism, particularly that of amino acids. 
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Further research is needed to understand the effect of the diversity of microbially-modified 

bile acids on C. difficile stress responses as well as the effect of simultaneous, concerted 

action of multiple bile acids. 

Exogenously added bile acids, such as the FDA-approved drug ursodeoxycholate 

(UDCA), have positive effects on treating CDI. Preliminary evidence from small human 

studies suggests that oral UDCA is effective in treating C. difficile-associated ileal 

pouchitis (N=1) and lowering recurrence rates (N=16) (27, 28). Additionally, oral UDCA 

pre-treatment limited C. difficile-associated inflammatory responses in a mouse model of 

disease, suggesting that bile acids not only have direct effects on the pathogen but also 

can modulate innate immune responses (29). 

 

1.4.4 Short-chain fatty acids 

SCFAs are fermentation byproducts from microbial metabolism, particularly of 

complex dietary polysaccharides (164). Commonly known SCFAs are acetate, propionate 

and butyrate. These molecules have diverse effects on both host and microorganism 

(165). In the host, SCFAs alter colonocyte physiology through G-protein-coupled receptor 

signaling and epigenetic modification as well as decrease systemic inflammation by 

promoting regulatory T cell development (165). In microorganisms, SCFAs provide a 

nutrient source as well as alter physiology by acidifying the environment (166-169). In the 

context of human CDI, higher concentrations of butyrate are associated with recovery 

from C. difficile after a successful FMT (170). Although this metabolite could only be a 

marker of overall community health and metabolic functionality, butyrate has inhibitory 

effects on C. difficile cells (31). Furthermore, dietary polysaccharide-induced increases in 
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SCFAs levels clear C. difficile from the gut (31). Even though C. difficile can produce 

butyrate, which makes sense due to butyrate’s role as an electron acceptor, it is unclear 

whether concentrations would approach inhibitory levels or that C. difficile preferentially 

uses this metabolic pathway in the gut (171, 172). 

As mentioned previously, SCFAs affect gut epithelial physiology due to the 

closeness of microorganisms and host at the mucosal interface. Fachi et al. demonstrated 

that microbially produced butyrate protects the gut from C. difficile-induced colitis by 

increasing the integrity of the murine gut barrier (30). In understanding CDI dynamics, it 

is important to incorporate both the primary effects of compounds, such as when butyrate 

inhibits C. difficile cells, and the secondary effects microbial metabolites mediate. These 

findings also tie into the importance of host immunity in moderating disease severity. 

Although the gut microbiota is directly responsible for preventing C. difficile colonization 

and facilitating clearance, innate and adaptive host immune responses seem to be 

associated with the severity of infection outcomes by regulating gut inflammation and 

barrier integrity in both humans and mice (173, 174). Future treatment options could 

include some form of dietary fiber supplementation to increase microbiota SCFA 

production to limit gut toxicity to C. difficile and begin repairing some of the toxin-mediated 

damage. 

 

1.4.5 Nutrient competition and nutritional immunity 

The ability to acquire nutrients lies at the core of bacterial survival. If the necessary 

carbon sources and cofactors (that is, vitamins and minerals) are too difficult to acquire, 

a microorganism will be outcompeted by those that can manage to do so (2, 3, 175). 
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Bacteria utilize carbon sources, such as sugars and amino acids, to generate energy that 

drives cellular processes (176). Cofactors, such as vitamins and minerals, interact either 

to catalyze metabolic reactions or facilitate protein folding (177). In the mammalian gut, 

the availability of these two essential nutrient classes is determined by competition along 

two axes: the host–microorganism axis and the microorganism–microorganism axis. 

Along the host-microorganism axis, hosts have a vested interest in maintaining low 

concentrations of essential nutrients, such as cofactors, to prevent the overgrowth of 

microorganisms in the gut (178). This aspect is especially true when those 

microorganisms have the potential of causing damage that can affect the balance of gut 

nutrients (178). This process, called nutritional immunity, prevents many pathogens, such 

as Salmonella enterica and Escherichia coli, from growing in the gut, unless those 

pathogens have adapted to circumvent them (179, 180). Knippel et al. demonstrated that 

C. difficile has adapted mechanisms to scavenge iron from its host’s mechanisms of 

acquiring it by activating a system to reduce redox stress and capture host-produced 

heme (181, 182). A similar process occurs with zinc acquisition, in which C. difficile 

induces expression of a putative zinc transporter in the presence of calprotectin (183). 

Interestingly, excess zinc reduces the antibiotic concentrations needed to facilitate C. 

difficile colonization in animals, suggesting that an aspect of colonization resistance is 

circumvented (184, 185). These findings suggest that a dimension of colonization 

resistance functions to deprive C. difficile of necessary cofactors through their acquisition 

by the host. 

Along the microorganism–microorganism axis, multiple different taxa compete for 

the same nutrients, increasing the complexity of these interactions. Jenior et al. 
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demonstrated this C. difficile–microbiota interplay in mice where C. difficile 

transcriptionally adapts to unique nutrient availability under different antibiotic treatment 

conditions (186). Furthermore, C. difficile influences the microbiota during colonization to 

make space for itself by excluding low abundance microorganisms, in part by utilizing 

nutrients but also by secreting disrupting molecules in vivo, such as indole and p-cresol 

(187-189).  

Along both microorganism–host and microorganism–microorganism axes, host-

produced mucus layers in the large intestine provide a microbial colonization niche in the 

gut (190). Although mucus serves to protect the host intestinal epithelium, it also serves 

to provide microorganisms with polysaccharide and protein sources for consumption 

(190). When C. difficile encounters the gut environment, it can sense monosaccharide 

by-products from microbial mucin degradation (191). Following chemotaxis, C. difficile 

can integrate into multi-species communities that colonize the outer, loose mucus layer 

(98, 191). Interestingly, C. difficile preferentially binds the types of mucins that typify the 

gut of C. difficile-infected individuals which contain lower levels of N-acetylgalactosamine 

and higher of N-acetylglucosamine, suggesting that microbial modifications to the mucus 

layer in advance of C. difficile exposure facilitate colonization (192). In summary, many 

interactions occur not only in luminal gut spaces but also in surface-associated spaces in 

the gut, which suggests possible treatment targets. For example, engineered microbial 

consortia utilize mucus degradation products to decrease C. difficile colonization (193). 

The metabolic adaptability of C. difficile enables it to utilize a number of different 

nutrients in the gut. These nutrients include products of mucin degradation, such as sialic 

acid and N-acetyl glucosamine, as well as amino acids through Stickland fermentation 
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(193-198). Work suggested that the ability to utilize trehalose contributed to the spread 

and increased prevalence of the 027 ribotype (199). Other groups demonstrated that the 

capability to use trehalose does not specifically associate with increased C. difficile 

virulence (200, 201). Further work is required to understand the complex interactions that 

trehalose and other common dietary additives exert on the fitness of C. difficile. 

Characterizing the functional metabolic differences between susceptible and resistant 

communities will assist in developing defined and effective CDI treatment alternatives to 

FMT (23). 

 

1.5 Outline of the Thesis 

This thesis revolves around the central hypothesis that the gut environment plays 

an integral role in affecting C. difficile’s ability to successfully colonize the mammalian 

gastrointestinal tract. In chapter two, I describe the structure the small intestinal 

microbiota as being highly dynamic but tied to environmental variables such as pH and 

bile acid concentrations. Despite the prominent influence of the gut microbiota in altering 

the bile acid pool by the end of the gastrointestinal tract, microbial bile acid metabolism 

is at a minimum in the small intestine. This leaves an environment with high 

concentrations of primary, conjugated bile acids that promote C. difficile germination, 

facilitating its transition from dormant spore to actively growing vegetative cell. In chapter 

three, I characterize how xanthan gum, a common dietary polysaccharide additive, affects 

C. difficile colonization resistance in a murine model of CDI. While xanthan gum 

significantly increased butyrate concentrations, it also altered the efficacy of antibiotics 

used to render the gut microbiota susceptible to C. difficile colonization. In chapter four, I 
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use a continuous flow bioreactor system to model the gut microbiota independently of 

host interactions. I demonstrate that dilution-induced stochasticity increases the variability 

of how microbial communities establish. This in turn decreases the external stability (e.g., 

colonization resistance) to non-indigenous microbes such as C. difficile. Finally, in chapter 

five, I discuss the implications of my findings as well as areas for future research. 
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Chapter 2: Spatial and Temporal Analysis of the Upper Gut Microbiota Reveals 

Relationships Between pH, Bile Acids, and Clostridioides difficile Germination 

 

Major sections of this chapter were published as (* indicates co-first authors): 
 
Seekatz AM*, Schnizlein MK*, Koenigsknecht MJ*, Baker JR, Hasler WL, Bleske BE, 
Young VB, Sun D. Spatial and Temporal Analysis of the Stomach and Small-Intestinal 
Microbiota in Fasted Healthy Humans. mSphere. 2019;4(2):e00126-19. doi: 
10.1128/mSphere.00126-19. 
 

2.1 Introduction 

The microbiota of the proximal gastrointestinal tract in humans represent an 

understudied yet highly relevant microbial community (202). Physiological processes 

such as gastric emptying, bile acid secretion, and the transit of food can influence the 

proximal gastrointestinal (GI) tract and disease development (203-206). However, there 

is limited information on how the microbiota in this region relates to these processes, and 

how these impact health and disease throughout the GI tract.  

Much of our knowledge about the involvement of the human GI microbiota in 

maintaining health and preventing disease has relied on fecal sampling, a non-invasive 

sampling method that is largely representative of the large intestine (207, 208). Although 

it is known that the microbiota across the GI tract varies in composition and density, 

studying the microbiota at these sites is difficult, limiting our knowledge to invasive 

procedures, specific patient populations, or single time points (90, 202, 209, 210). 

Analyses of mucosal samples from autopsies, endoscopies, and colonoscopies have 

revealed that Streptococci and Lactobacilli, both members of the oral and esophageal 
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microbiota, are abundant members of the jejunal and ileal microbiota (211-217). Studies 

using naso-ileal catheters and ileostoma effluent, which allow collection over time, have 

supported these conclusions and revealed that the small intestinal microbiota is highly 

dynamic over short time courses, likely reflective of physiological processes at the 

stomach-small intestine interface (218-221). 

Understanding how the microbiota along the GI tract interacts with drugs, such as 

mesalamine and ibuprofen, is of physiological relevance, particularly in relation to 

intestinal homeostasis and disease. Recent evidence suggests that the drug mesalamine, 

designed to reach high concentrations in the GI tract as treatment for inflammatory bowel 

disease (IBD), may directly target the microbiota in addition to host effectors (222, 223). 

Interestingly, mesalamine is less effective in treating IBD in the upper GI tract, which 

manifests as Crohn’s disease, than the lower GI tract, which manifests as ulcerative 

colitis. It is possible that some of the effectiveness of mesalamine as a treatment for IBD, 

or lack thereof, is mediated by the microbiota, potentiating the need to characterize these 

microbial communities to a fuller extent in the context of mesalamine administration. 

Ibuprofen is a non-steroidal anti-inflammatory drug used to treat mild pain in individuals. 

It is known to affect the gut microbiota of individuals consuming it as well as the microbes 

present in wastewater treatment systems (224, 225). However, these studies have 

characterized long-term affects on the order of days and months rather than hours (226-

228). Much remains to be discovered regarding the short-term effects of either 

mesalamine or ibuprofen on the microbiota of the upper gut. 

At the intersection of host and microbial physiology is the metabolism of bile acids. 

These compounds are synthesized by the host to help in the digestion of dietary lipids 
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and serve as a means to control bacterial overgrowth. Microbes modify these compounds 

into secondary forms to either decrease their toxicity or use them as a carbon source. 

While studies have broadly characterized the types of metabolism that occur in the 

mammalian gut, little is known about the short-term dynamics of bile acids after they enter 

the gut in the duodenum and travel to the jejunum. Furthermore, we know little about how 

bile acids intersect with the microbial populations that reside in these regions both 

regarding microbial bile acid metabolism as well as how bile acids control which microbes 

can grow. 

Understanding how the microbiota fluctuates and shapes its environment in 

healthy individuals is important to develop our understanding what conditions pathogens 

encounter when they enter the gut. For example, the physiology of Clostridioides difficile, 

which is a hospital-associated pathogen, is closely tied to bile acid metabolism, 

particularly in its ability to germinate. Primary conjugated bile acids (e.g., taurocholic acid) 

promote germination whereas unconjugated primary and secondary forms can inhibit it 

(e.g., chenodeoxycholic acid and lithocholic acid). While individuals with a perturbed 

microbiota and bile acid population will become colonized, individuals with a healthy 

microbiota do not. Therefore, understanding how a healthy gut environment shapes C. 

difficile physiology can inform efforts to leverage this resistance as treatment options. 

This study investigated the bacterial composition across the intact upper GI tract 

in the same healthy, fasted adults over time. We used a multi-lumen tube designed to 

sample multiple sites along the upper GI tract. As part of previously published studies 

aimed at measuring mesalamine and ibuprofen dissolution, subjects were given a dose 

of either mesalamine or ibuprofen and the proximal GI tract lumen was sampled over time 
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(229, 230). We used these samples to 1) characterize and compare microbial community 

dynamics over time at multiple upper GI sites within an individual, 2) identify how 

environmental factors, such as pH and the acute effect of mesalamine, shaped the 

microbiota and 3) investigate the types of bile acids present and their associations with 

members of the microbiota, including their effects on C. difficile germination. To the best 

of our knowledge, this is the first study to characterize the luminal microbiota across 

multiple upper GI sites over time within the same individual. 

 

2.2 Materials & Methods 

2.2.1 Study recruitment 

Healthy individuals (age 18-55) were included who were free of medications for 

the past two weeks, passed routine health screening, had a BMI 18.5-35, and had no 

significant clinical illness within three weeks. Health screening included a review of 

medical history and a physical examination (checking vital signs, electrocardiography, 

and clinical laboratory tests) described in Yu et al. (229). 

 

2.2.2 Catheter design and sterilization 

A customized multi-channel catheter was constructed by Arndorfer Inc. 

(Greendale, WI), consisting of independent aspiration ports located 50 cm apart. The 

catheter had a channel to fit a (0.035 in x 450 cm) guidewire (Boston Scientific, 

Marlborough, MA), a channel connected to a balloon that could be filled with 7 ml of water 

to assist tube placement, and an end that was weighted with 7.75 grams of tungsten. 

Each single-use catheter was sterilized according to guidelines set by the American 
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Society for Gastrointestinal Endoscopy at the University of Michigan prior to insertion 

(231). For the subjects enrolled for bile acid analyses, the multi-lumen catheter had a 

slightly different design as described previously (230). 

 

2.2.3 Collection of GI fluid samples 

The full details of catheter placement have been previously described (229, 230). 

Briefly, catheter placement occurred approximately 12 hours before sample collection. 

The catheter was orally inserted into the GI tract with aspiration ports located in the 

stomach, duodenum, and the proximal, mid and distal jejunum, confirmed by fluoroscopy. 

Subjects were given a light liquid snack approximately 11 hours before sample collection 

and fasted overnight for 10 hours prior to sample collection. 

For pH and microbiota analyses, a mesalamine formulation was administered to 

each subject at 0 hrs (Table 1). Luminal GI fluid samples (approximately 1.0 ml) were 

collected from up to four sites of the upper GI tract hourly up to 7 hours. Samples were 

collected by syringe, transferred to sterile tubes, and placed at -80°C until sample 

processing. A paired sample was collected to detect pH using a calibrated micro pH 

electrode (Thermo Scientific (Waltham, MA) Orion pH probe catalog no. 9810BN). 

For bile acid and microbiota analyses, an ibuprofen formulation was administered 

to subjects at 0 hrs (Table 2). Subjects were randomized into a fasted group, which 

received 250 mL of H2O at 0 hrs, and a fed group which received the water as well as a 

supplement of Pulmocare (473 mL). Since there was no effect of Pulmocare 

administration, all patients were analyzed as a single cohort. 
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Table 2.1: Subject recruitment for pH analysis 
Selected metadata and sample collections for 10 admissions (subject M046 was admitted for three visits).   
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Table 2.2: Subject recruitment for bile acid analysis 
Selected metadata and sample numbers for the 23 subjects enrolled in the ibuprofen cohort used to study 
bile acids in the human upper gut. 
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2.2.4 DNA extraction and Illumina MiSeq sequencing 

The detailed protocol for DNA extraction and Illumina MiSeq sequencing was 

followed as previously described with modifications (232). Briefly, 0.2 ml of GI fluid or 20 

mg of stool was used for DNA isolation using a Qiagen (Germantown, MD) MagAttract 

Powermag microbiome DNA isolation kit (catalog no. 27500-4-EP). Barcoded dual-index 

primers specific to the V4 region of the 16S rRNA gene were used to amplify the DNA 

(233), using a “touchdown PCR” protocol. Multiple negative controls were run parallel to 

each PCR. PCRs were normalized, pooled and quantified (233), Libraries were prepared 

and sequenced using the 500 cycle MiSeq V2 Reagent kit (Illumina, San Diego, CA, 

catalog no. MS-102-2003). Raw FASTQ files, including those for negative controls, were 

deposited in the Sequence Read Archive database (BioProjectID: PRJNA495320; 

BioSampleIDs: SAMN10224451-SAMN10224634). 

 

2.2.5 Data processing and microbiota analysis 

Analysis of the V4 region of the 16S rRNA gene was done using mothur (v1.39.3) 

(233, 234). Full methods, including detailed processing steps, raw processed data, and 

code for each analysis, are described in: https://github.com/aseekatz/SI_mesalamine. 

Contact the corresponding author for code related to the bile acid-microbiota analyses. 

Briefly, following assembly, quality filtering, and trimming, reads were aligned to the 

SILVA 16S rRNA sequence database (v128) (235). Chimeric sequences were removed 

using UCHIME (236). Prior to analysis, both mock and negative control samples (water) 

were assessed for potential contamination; samples with < 2500 sequences were 

excluded. Sequences were binned into operational taxonomic units (OTUs), 97% 

https://github.com/aseekatz/SI_mesalamine
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similarity, using the opticlust algorithm (237). The Ribosomal Database Project (v16) was 

used to classify OTUs or sequences directly for compositional analyses (> 80% 

confidence score) (238). Alpha and beta diversity measures (inverse Simpson index; the 

Yue & Clayton dissimilarity index, θYC) were calculated from unfiltered OTU data (239). 

Basic R commands were used to visualize results, calculate % OTUs shared between 

samples, and conduct statistics, using packages plyr, dplyr, gplots, ggplot2, tidyr, circlize, 

ggrepel, imputeTS, and tidyverse (240-245). The nonparametric Kruskal-Wallis test, 

using Dunn’s test for multiple comparisons and adjusting p-values with the Benjamini-

Hochberg method when indicated, was used for multi-group comparisons. The R 

packages lme4 and lmerTest were used for mixed linear models between OTU relative 

abundance (filtered to include OTUs present in at least half of samples collected from a 

subject, per site) and pH or mesalamine (246, 247). 

 

2.2.6 Bile acid analysis 

Bile acid concentrations were determined through LC-MS/MS. Briefly, 120 μL 

methanol and 10 μL internal standard solution were added to 30 μL gut fluid and vortexed 

for 10 min. Samples were centrifuged at 3500 rpm for 10 min at 4°C to precipitate protein. 

The supernatants were then saved for analysis by LC-MS/MS. The ultra-performance 

liquid chromatography (UPLC) system consisted of an ACQUITY UPLC system (Waters, 

Milford, MA, USA) with separation being achieved through a CORTECS T3 column 

(2.1x30mm, 2.7 um) maintained at 40oC. The mobile phase A consisted of 0.01% formic 

acid and 0.2mM ammonium formate in water. Mobile phase B consisted of and 0.01% 

formic acid in isopropanol:acetonitrile (50:50, v:v) containing 0.2mM ammonium formate. 



 38 

Gradient elution of mobile phases included four steps: 1) 10% B for 0.5 min, 2) increase 

to 90% B in 3.5 min, 3) decrease to 20% B in 0.01 min, and then 4) balanced for 1 min 

before the next injection. Flow rate was set at 1.0 mL/min and the injection volume was 2 

μL. The UPLC system was coupled to a Waters TQD Tandem Quadrupole mass 

spectrometer equipped with an ESI source. High purity nitrogen was used as the 

nebulizer, heater, curtain and collision activation dissociation gas. Capillary and extractor 

voltage were 1.50 kV and -8 V, respectively, and flow rates of the cone and desolvation 

gases were 1 and 650 L/h, respectively. The source temperature and desolvation 

temperature were 150 and 650 ℃, respectively. Data were acquired with MassLynx 4.0 

and calibrated and quantified by QuanLynx software. 

 

2.2.7 C. difficile germination assays 

C. difficile 630 spores were incubated for 30 minutes at 37oC in gut fluid. Fluid was 

buffered at pH 7 by mixing in a 1:1 ratio with a phosphate-carbonate buffer containing 

119 mM NaCl, 4.7 mM KCl, 2.5 mM CaCl2, 1.2 mM MgSO4, 1.2 mM KH2PO4 and 25 mM 

NaHCO3. Following incubation, CFU of both vegetative cells and spores were 

enumerated by plating on TCCFA. The mixture was then heat-shocked at 65oC for 30 min 

to kill vegetative cells and then enumerated on TCCFA a second time. CFU/mL pre- and 

post- heat-shock were compared to determine the relative amount of spores to vegetative 

cells (spores/(spores + vegetative cells)). 
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2.3 Results 

2.3.1 Study population 

Subjects recruited from the mesalamine study cohort were used in analyses 

pertaining to microbiota dynamics and their intersection with pH and mesalamine 

concentrations. Using a multi-channel catheter with multiple aspiration points, samples 

collected from the upper GI tract of 8 healthy subjects during 10 different study visits were 

processed for 16S microbial community analysis (Table 1) (229). Samples were collected 

hourly up to 7 hours primarily from the proximal GI tract in the following possible locations: 

the stomach (n=44), duodenum (n=64), proximal/mid/distal jejunum (n=46), and stool 

(n=3). At the beginning of the study, subjects were given one form of mesalamine (Table 

1). One of the seven subjects was studied three times over the course of 10 months; for 

most analyses, each study visit from this subject was considered independently. 

Subjects recruited from the ibuprofen study cohort were used in analyses 

pertaining to bile acid composition across the upper gut. We used a multi-channel 

catheter to collect fluid from the upper GI tract of 23 subjects, with some individuals 

returning for a second collection bringing the number of subject visits to 35 (Table 2). 

Samples were collected at intervals of 0, 0.25, 0.5, 0.75, 1, 1.5, 2, 2.5, 3, 4, 5, 6, and 7 

hours from the stomach (n=201), duodenum (n=178), proximal jejunum (n=107) and mid 

jejunum (n=104). However, due to tube placement, not all sites or timepoints were 

collected from each subject (Table 2). Each study visit was considered independently for 

the analyses in this manuscript. 
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2.3.2 The proximal GI microbiota is dominated by Firmicutes and is distinct from 

the fecal microbiota 

Analysis of the relative abundances of 16S rRNA-encoding genes from the GI tract 

across all timepoints and individuals demonstrated that the small intestinal microbiota 

was compositionally unique compared to stool (Fig. 2.1A). At all four sites in the proximal 

GI tract, Firmicutes composed the most abundant phyla (i.e., Streptococcus, Veillonella, 

and Gemella sp.). Higher levels of Bacteroidetes species (i.e., Prevotella) were detected 

in the stomach and duodenum. Proteobacteria and Actinobacteria predominated the 

remainder of the community at all sites. Diversity of the microbiota (inverse Simpson 

index) was decreased in sites of the upper GI tract compared to stool, which were 

enriched in Firmicutes (Blautia, Ruminococcaceae sp., and Faecalibacterium) and 

depleted in Bacteroidetes in these individuals (n=3) (Fig. 2.1B). 

 

2.3.3 The proximal GI microbiota is individualized and variable over time 

To compare the microbiota across the proximal GI tract within and across 

individuals, we assessed pairwise community dissimilarity using the Yue & Clayton 

dissimilarity index, θYC, which takes into account relative abundance of OTU 

compositional data. Both across (inter-individual) and within (intra-individual) subjects, 

stool was highly dissimilar to any proximal GI site (Fig. 2.2A-B). Across proximal GI sites, 

subjects were more similar to their own samples than samples across other individuals 

(Fig. 2.2A-D). The stomach microbiota was highly dissimilar across individuals compared 

to the duodenum or any part of the jejunum, which exhibited the least amount of 
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Figure 2.1: Bacterial community relative abundance and diversity in the upper GI tract 
A) The mean relative abundance of genera at each GI site (sample n indicated). B) Boxplots of the inverse 
Simpson Index measuring community diversity across the GI tract (median, with first and third inter-quartile 
ranges). Statistical analysis: Kruskal-Wallis test (ns). 
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Figure 2.2: Dissimilarity of the proximal GI tract within and across individuals 
Heatmap of the Yue & Clayton dissimilarity index, θYC, comparing different proximal GI sites and stool A) 
across individuals (inter-individual pairwise comparisons) and C) within individuals (intra-individual pairwise 
comparisons). C) Inter-individual and D) intra-individual dissimilarity in the stomach, duodenum, and 
jejunum (sites combined). Statistical analysis: Kruskal-Wallis test (will add p values to graph). We plot each 
sample at a given site rather than site averages since this allows us to capture potential extreme states that 
those communities might adopt over time. Statistical analysis: Dunn’s test for multiple comparisons with a 
Benjamini-Hochberg p-value adjustment (*p < 0.01; **p < 0.001; ***p < 0.0001).  
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dissimilarity (Fig. 2.2C). A similar degree of dissimilarity was observed within an individual 

in the stomach, duodenum, and combined parts of the jejunum (Fig. 2.2D). Using a 

dissimilarity measure such as θYC allowed us to assess stability based on changes in the 

relative abundance of OTUs. It is possible that certain GI sites fluctuate more in total 

OTUs. To measure whether any site had a higher rate of flux in their community (i.e., a 

higher rate of OTU turnover), we calculated the % OTUs detected at a given timepoint 

from the total number of OTUs detected within that individual at a given site. We observed 

that for each proximal GI site, a mean of 36.6% of the OTUs ever detected in that subject 

at a given site (mean number of total OTUs ever detected per subject per site = 135; 

range 78-212) were detectable at a given timepoint (Fig. 2.3A). Similarly, we calculated 

the number of OTUs that were consistently present in all samples collected at that site 

within an individual (mean number of consistently detected OTUs per subject per site = 

14.1; range 2-45). Overall, only 28.7% of the total OTUs ever detected at a given time 

point within an individual at a given site were represented by these consistently prevalent 

OTUs (Fig. 2.3B). However, these prevalent OTUs explained an average of 72.0% of the 

relative abundance observed in the samples (Fig. 2.3C). Of all sites, the relative 

abundance explained by the individual’s most prevalent OTUs in the stomach was lowest, 

followed by the duodenum, suggesting more variation at these sites compared to the 

jejunum (Kruskal-Wallis, p < 0.05).  

One subject (M046) returned three times over the course of 10 months, allowing 

us to compare long-term changes. Across the sites that were sampled during multiple 

visits (the duodenum and mid-jejunum), prevalent OTUs were still detected during all 
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Figure 2.3: Fluctuations in prevalent OTUs observed within an individual across the proximal GI 
tract 
A) Boxplots of the percentage of OTUs detected in a given sample out of all OTUs detected (all OTUs 
possible for that individual) at a subject-site. B) Boxplots of the percentage of OTUs that were consistently 
detected at a subject-site out of the total OTUs detected in a given sample. C) The percent of relative 
abundance explained by prevalent OTUs at a subject-site in a given sample. Statistical analysis: Kruskal-
Wallis test.  
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three visits, explaining 74.4% and 66.1% OTUs in the duodenum and mid-jejunum, 

respectively (Fig. S2.1). 

 

2.3.4 Large fluctuations in the duodenal microbiota are associated with pH but not 

mesalamine 

We next investigated how these compositional trends changed over time across 

the subjects. We focused on the duodenum and stomach since these sites were highly 

sampled across and within individuals and demonstrated variable pH. In the duodenum, 

we observed large fluctuations in genus-level composition across hourly timepoints within 

individuals (Fig. 2.4, Fig. S2.2 & Fig. S2.3). Specifically, the relative abundance of 

Streptococcus, Prevotella, and an unclassified Pasteurellaceae species fluctuated in all 

individuals. We hypothesized that these fluctuations could be driven by mesalamine, 

administered in different forms to each subject at study onset. However, no visible pattern 

was observed with mesalamine levels. Interestingly, we observed that these 

compositional changes tracked with pH fluctuations (Fig. 2.4). These patterns were less 

apparent in the stomach, where individuals displayed variable dynamics and highly 

individualized compositional patterns independent of mesalamine levels or pH. A similar 

trend was observed in the jejunum of the subject with three different admissions, where 

pH fluctuated less (Fig. S2.1 & Fig. S2.2). 

To identify whether any singular OTUs correlated with changes in pH, we applied 

a generalized linear mixed model approach that takes into account subject specificity 

(248-250). Within duodenal samples (n=56), we observed 15 OTUs that significantly 
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Figure 2.4: Longitudinal compositional dynamics, mesalamine levels, and pH in the duodenum 
Streamplots of genus-level composition over time in the duodenum of six individuals (%, left y-axis; genera 
coded in legend). White lines indicate pH measurements (black y-axis labels on right) and red lines indicate 
mesalamine concentration (red y-axis labels on right).  
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correlated with pH changes. Linear regression of pH and relative abundance of these 

OTUs was significant across all samples (Fig. 2.5). Of the negatively correlated OTUs, 

six OTUs were classified as Bacteroidetes, mainly Prevotella, and two OTUs were 

classified as Pasteurellaceae sp. (Proteobacteria). The majority of the OTUs that were 

positively correlated with pH were Firmicutes, mainly Streptococcus, alongside an 

Actinomyces OTU (Actinobacteria). Only one OTU in the duodenum was significantly 

correlated to mesalamine. We identified 17 OTUs that correlated with pH or mesalamine 

in the stomach; however, these were not representative at all sites. 

 

2.3.5 Conjugated bile acids predominate in the upper gut 

Using LC-MS/MS, we measured the concentrations of 15 bile acids present in the 

human upper gut. Bile acids were almost entirely of conjugated primary and secondary 

forms (Fig. 2.6A). Cholate derivatives predominated (e.g., taurocholate and 

glycocholate), making up about 60% of bile acids with chenodeoxycholate derivatives in 

the minority (Fig. 2.6B and Fig. S2.4). Bile acid concentrations and ratios were consistent 

across the duodenum, proximal jejunum and mid jejunum. The stomach contained a 

much lower concentration of bile acids (Fig. 2.6B). While we expected lower 

concentrations in that site, the presence of any bile acids may be an artifact of our 

sampling tube, which prevents full closure of the pyloric sphincter. Averages of all 

samples in a given subject suggest that while there is variation across subjects, relative 

ratios of bile acids remain fairly consistent (Fig. 2.6C-E). 



 48 

 

 

 

 

 

 

Figure 2.5: Relative abundance of significant OTUs vs. pH 
Log relative abundance (log(RA)) as a function of pH of OTUs found to be significantly correlated with pH 
using linear mixed models (all samples with measurable pH). Lines represent linear fit per OTU. OTUs 
classified as A) Firmicutes, B) Bacteroidetes, C) Proteobacteria, and D) Actinobacteria are depicted (genus-
level OTU classification coded by legends).   



 49 

 

 

 

 

 

 

Figure 2.6: Abundance of bile acids in the human upper gut 
Bile acid abundance as measured by LC-MS/MS in four regions of the upper gut either clustered by A) bile 
acid class or B) individually. Average relative abundance of bile acids in each of subject in the C) duodenum, 
D) proximal jejunum and E) mid jejunum. Each letter indicates a different subject, while the number 
indicates whether it was the first or second visit. Individual bile acids are colored in shades of their 
corresponding class (red = unconjugated, blue = conjugated primary, yellow = conjugated secondary). 
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2.3.6 Bile acid density associates with microbial phyla 

Since microbial bile acid modification plays important physiological roles for both 

the host as well as microbes, we investigated the ratios of specific “metabolic-pairs” (i.e., 

precursor and product) to try and identify whether microbes were metabolizing bile acids 

in the upper gut. For example, microbial bile salt hydrolases can deconjugate the amino 

acid group (i.e., (T/G)CA to CA and (T/G)CDCA to CDCA) and 7α-dehydroxylases will 

modify -OH groups attached to the steroid ring (i.e., CA to DCA or CDCA to LCA). We 

limited these comparisons to samples from the initial timepoint (i.e., TO) to measure 

baseline levels which would be unimpacted by any flux associated with the study drug. 

The consistency of the ratios of these pairs across the duodenum, proximal jejunum and 

mid jejunum suggests little, if any, of these microbial metabolic processes are occurring 

this early in the gut (Fig. S2.5A-F). While microbes may not be modifying the bile acid 

population, we might expect to see effects of bile acids on the microbiota, since bile acids 

are known to control bacterial abundance in the upper gut. Using mixed-effect models, 

we observed correlations between bile acids and major taxa in the upper gut independent 

of location. Higher concentrations of bile acids were associated with Firmicutes and 

Actinobacteria, and lower concentrations were associated with Bacteroidetes 

independent of upper gut location (Fig. S2.6A). Bile acid concentrations were negatively 

associated with microbiota diversity, indicating that under lower bile acid density a more 

diverse microbial community might be allowed to flourish (Fig. S2.6B). If these 

correlations were due strictly to the introduction of fluid into the upper gut, we might expect 

to see concurrent correlations between microbial taxa and ibuprofen as well. However, 

bacterial phyla do not associate with ibuprofen concentrations (Fig. S2.6C).  
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2.3.7 Short-term exposure to gut fluid triggers the germination of C. difficile 

In addition to the effect of bile acids on the microbiota as a whole, we wanted to 

investigate aspects of bacterial physiology that can occur over short periods of time, such 

as spore germination. Therefore, we assessed whether the fluid from the upper gut would 

support the germination of the model organism Clostridioides difficile. Since primary 

conjugated bile acids (e.g., taurocholate) are known to promote C. difficile germination, 

we hypothesized that fluid from the upper gut would be conducive for germination. Using 

a heat resistance loss assay, we observed significantly more germination in the proximal 

and mid jejunum relative to the duodenum (Fig. 2.7A). While we also observed a 

correlation between C. difficile germination and taurocholate concentrations (e.g., the 

most potent bile acid germinant), germination was tied more to overall bile acid 

concentrations rather than the flux of the one particular bile acid (Fig. 2.7B). As discussed 

previously, relative ratios of bile acids in the upper gut do not change much over the short 

period of time we measured. Therefore, it is not surprising that the effects of taurocholate 

are mirrored by total bile acid concentrations.  

 

2.4 Discussion 

Our results demonstrate that the microbial communities inhabiting the GI tract are 

distinct and dynamic across different sites within the proximal GI tract. Our sampling 

procedure provided us with an opportunity to longitudinally characterize such microbial 

populations in conjunction with the administration of the commonly used drugs  

  



 52 

 

 

 

 

 

 

 

Figure 2.7: C. difficile germination in upper gut fluid correlates with total bile acids 
A) C. difficile percent germination in upper gut fluid from the mesalamine study buffered at a pH of 7 (linear 
regression; * indicates p < 0.05; **, p < 0.01; ***, p < 0.001). B) Total bile acids (ng/mL) are plotted against 
C. difficile percent germination (linear regression, p < 0.001). 

 

 

 

 

  



 53 

mesalamine and ibuprofen. We observed high stability of the microbiota in the jejunum 

compared to the stomach or duodenum, indicating that the indigenous microbiota residing 

in more proximal regions of the GI tract may experience greater changes. While we did 

not observe strong correlations between mesalamine or ibuprofen concentrations and 

particular microbiota members at any site, we did observe a strong correlation between 

the microbiota composition and pH, particularly in the duodenum. We also observed 

strong correlations between microbial phyla and total bile acid concentrations. 

In this report, we describe the use of a multi-lumen catheter design with unique 

aspiration ports that enabled sampling of small intestinal content over the course of seven 

hours (229). Many studies aimed at investigating the microbiota of the proximal GI have 

overcome sampling difficulty in this region by using ileostoma effluent, samples from 

newly deceased individuals, or naso-ileal tubes. Although easy to access, ileostoma 

effluent does not fully recapitulate the distal small intestine, as it more closely resembles 

the colon than the small intestine due to increased oxygen concentrations near the stoma 

(251-254). Single lumen naso-ileal tubes are unable to sample multiple sites 

simultaneously (218, 220, 221, 255). GI fluid collected with our methodology was 

sufficient for determining mesalamine concentration, assaying fluid pH, and isolating 

microbial DNA across time and GI sites, which has not been previously described (229). 

Our results support previous observations that the small intestine is dynamic with 

higher inter-individual than intra-individual variability (218, 221, 256). However, the mid 

to distal small intestine also contains a resilient microbial community composed of several 

highly abundant OTUs. This resilience is demonstrated by the shift from an altered to a 

normal ileal microbiota following the resolution of an ileostoma (257). This mirrors the 



 54 

colonic microbiota, which also has a small community which is stable over long periods 

of time (253, 258, 259). 

This and other studies have shown that the jejunal and proximal ileal microbiota 

are distinct from the colonic microbiota (90, 260). Despite changes in overall community 

structure and an overall decrease in microbial diversity across the stomach and small 

intestine compared stool, many of the same organisms commonly observed in stool were 

also present in the upper GI tract, albeit at very different abundances (90). Interestingly, 

colonic resection and ileal pouch-anal anastomosis has been shown to shift the terminal 

ileum microbiota to a state similar to the colon, suggesting that a colonic community 

structure can develop at these sites given the right conditions (221, 254, 260-262). 

 Many of the abundant microbes observed in our study, Streptococcus, Veillonella, 

Gemella, and Pasteurellaceae species, are also common residents of the oral cavity, 

which reflects the proximity of these locations in the GI tract. Populations of 

Proteobacteria, such as Pasteurellaceae, have also been observed consistently in the 

small intestinal microbiota in other studies, particularly in patients with IBD (214, 263-

265). In our study, Streptococcus and Veillonella were correlated with pH in duodenal 

samples. It is possible that growth of these organisms drives a decrease in pH via 

metabolism of short-chain fatty acids, an observed functional capacity of these genera 

(221, 266). Conversely, large fluctuations in environmental pH may select for genera like 

Streptococcus, which have evolved a variety of mechanisms to control pH intracellularly 

(267-270). In any case, our data suggests a relationship between microbial dynamics and 

environmental physiology of the duodenum, which is an important observation to consider 

when comparing this site across individuals.  
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We observed little association between mesalamine and ibuprofen concentrations 

and changes in microbial relative abundance in our cohort. Several studies have reported 

differences in the fecal microbiota of patients with or without IBD, in particular Crohn’s 

disease, which can affect the small intestine (263). Compositional shifts in the small 

intestine have been reported during IBD, specifically increased levels of 

Enterobacteriaceae species, such as Enterococcus, as well as others, such as 

Fusobacterium and Haemophilus (214, 264, 265). It has been hypothesized that 

mesalamine’s ability to reduce inflammation in patients with ulcerative colitis could be by 

altering the microbiota (222, 223). While acute effects of mesalamine on the microbiota 

have not previously been reported, earlier work has demonstrated that mesalamine 

decreases bacterial polyphosphate accumulation and pathogen fitness, suggesting an 

influence on the microbiota (223). We did not observe strong correlations between 

mesalamine concentration and the microbiota here. However, our study was small, used 

different doses of mesalamine that may be metabolized differently across GI sites, and 

was conducted in healthy individuals (229). It is possible that mesalamine is less likely to 

impact the small intestinal microbiota compared to the large intestine; indeed, 

mesalamine is historically known to have a lower efficacy in treating Crohn’s Disease, 

which manifests in the small intestine, compared to ulcerative colitis, which manifests in 

the large intestine (222, 271, 272). As indicated by the variability of mesalamine in the 

subjects in this study, the effects of mesalamine on the small intestinal microbiota may 

be highly individualized (229, 273-275). Furthermore, individuals with disease may harbor 

a distinct microbiota that responds to mesalamine differently. In regard to ibuprofen, while 

it can affect metabolism of certain bacteria in the short term, most of ibuprofen’s effects 
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are observed to occur after days of continuous exposure (224-228). Therefore, our data 

confirm that short-term of exposure to ibuprofen has limited effects on the microbiota. 

In addition to monitoring the effect of these drugs on the microbiota, we also 

measured correlations between bile acids and the microbiota. While we see associations 

between Firmicutes and Bacteroidetes and total bile acid concentrations, the interactions 

are obscured by what we know of bile acid effects on microbes in vitro. Traditionally, bile 

acids are more toxic to Gram-positive organisms (e.g., Firmicutes) and less to toxic to 

Gram-negative ones (e.g., Bacteroidetes) (276, 277). However, our results suggest as 

relationship that runs counter to these observations from in vitro experiments (276). 

Interestingly, rats given cholic acid in their diet experienced a marked decrease in the 

cecal Bacteroidetes/Firmicutes ratio as well as a loss in cecal community diversity (278). 

As Islam et al. observed, these changes are similar that which occur under a high fat diet 

(278, 279). Perhaps environments with high bile acid concentrations tend to also be 

associated with more accessible lipids for bacterial consumption due to the detergent like 

nature of bile acids. The opposite shift (i.e., a high Bacteroidetes/Firmicutes ratio) is 

observed in fecal communities of cirrhotic individuals, who tend to have much lower total 

bile acid concentrations (280). Another explanation is that these two community 

populations are spatially segregated, and our sampling method is unable to distinguish 

between mucosal- and luminal-associated communities. However, while sampling 

different spaces in the gut may explain some of the short-term variation we observe, 

previous work characterizing the microbiota of the upper gut has shown mixed results 

regarding the spatial organization of the small intestine, with some suggesting higher 
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Bacteroidetes abundance near the mucosa and some showing little difference (90, 211-

213). 

Based on our results, we see little bile acid metabolism in the upper gut. As bile 

acids travel the course of the gut, they are transformed from almost entirely conjugated 

bile acids with a relatively even mixture of primary and secondary bile, the latter having 

been recycled through enterohepatic circulation, to entirely unconjugated secondary 

forms. The geography of these transitions has not been well characterized until recently. 

In mice, bile acid modification occurs largely in the cecum and colon (281, 282). However, 

coprophagy can lead to higher bacterial abundance and bile acid metabolism in the small 

intestine (283, 284). This mirrors small intestinal bacterial overgrowth in the human gut 

and the resulting increased rate of deconjugation by microbes growing there (285, 286). 

Previous work in healthy humans has suggested that deconjugation occurs in the distal 

small intestine (e.g., ileum) and that 7α-dehydroxylation may not occur until the distal 

colon (287, 288). Our results build off this data to show that deconjugation does not occur 

until after the distal jejunum leaving conjugated bile acids intact for most of the small 

intestine. Together, these data suggest that metabolism requires a critical density of 

microbes that does not occur until later in the gut. 

Bacteria entering the small intestine will encounter these high concentrations of 

conjugated bile acids. In the context of C. difficile colonization, conjugated bile acids (e.g., 

taurocholate) are key signals for its transition from dormant spore to actively growing cell. 

As has previously been suggested in murine models, our data provide the first evidence 

in humans that the bile acids present in the small intestine facilitate C. difficile spore 

germination (86, 289). Further research is required to understand the role germinating in 
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the small intestine plays in C. difficile infection and why C. difficile-associated disease is 

not observed in the small intestine, despite the possibility that it may be actively growing. 

Despite the opportunity provided by our method to characterize the microbiota 

across the GI tract, our study has some lingering questions. Movement by the subject 

during the study can result in movement of each sampling port, particularly between the 

distal stomach and antrum. This may explain the inconsistent pH values and severe 

fluctuations of the microbiota observed in the stomach. Similarly, the shorter length of the 

sampling device, as compared to a naso-ileal catheter, prevented reliable collection of 

fluid from the distal small intestine, limiting our sampling to the proximal region. While we 

detected bile acids in the stomach, it is unclear what their physiological role is in this 

organ. It is also unclear whether the observed concentrations in the stomach are due to 

normal biological processes or due to the catheter holding the pyloric sphincter open 

during the sampling process. We also were limited to three concurrent fecal samples, 

each of which was low in Bacteroidetes, a profile generally observed in individuals on low 

fat-high fiber, non-Western diets (290). Due to an insufficient N, we were unable to 

ascertain whether this fecal microbiota composition was typical of our study population. 

The use of a novel catheter allowed us to assess the microbiota across several 

proximal GI sites overtime, representing a powerful clinical and/or investigative tool for 

studying the small intestinal microbiota. Future studies on the upper GI microbiota should 

collect concurrent oral swab/sputum and fecal samples to strengthen the ability to “track” 

microbial populations across the GI tract, potentiating our ability to correlate the 

microbiota from fecal sampling, a more convenient method to study the microbiota, to 

other sites of the GI tract.  
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2.5 Supplemental Figures 

 

Supplemental Figure 2.1: Fluctuations in prevalent OTUs observed within subject M046 across the 
proximal GI tract over the course of three visits 
Boxplots of A) the percentage of OTUs detected in a given sample out of all OTUs detected (all OTUs 
possible for that individual), B) the percentage of OTUs that were consistently detected at a subject-site out 
of the total OTUs detected in a given sample at a subject-site, and C) percent relative abundance explained 
by prevalent OTUs at a subject-site in the duodenum or stomach. The left-hand panel shows the data when 
the subject is treated as three separate admissions; the righthand panel shows the data when the subject 
is treated as the same individual across the board (example: a prevalent OTU would have to be present in 
all duodenal samples across all three visits to be considered a prevalent OTU in B). Statistical analysis: 
Kruskal-Wallis test.  



 60 

 

 

 

 

 

Supplemental Figure 2.2: Longitudinal compositional dynamics, mesalamine levels, and pH in the 
stomach 
Streamplots of genus-level composition over time in the stomach of six individuals (%, left y-axis; genera 
coded in legend). White lines indicate pH measurements (black y-axis labels on right) and red lines indicate 
mesalamine concentration (red y-axis labels on right).  
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Supplemental Figure 2.3: Longitudinal compositional dynamics, mesalamine levels, and pH in the 
duodenum and jejunum of subject M046 
Streamplots of genus-level composition over time in the duodenum (upper panels) and jejunum (lower 
panels) of one individual across three different visits (%, left y-axis; genera coded in legend). White lines 
indicate pH measurements (black y-axis labels on right) and red lines indicate mesalamine concentration 
(red y-axis labels on right).  
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Supplemental Figure 2.4: Relative abundance of bile acids across the upper gut 
Relative bile acid concentrations from all ibuprofen subjects plotted by upper gut site. Individual bile acids 
are colored in shades of their corresponding class (green = unconjugated, blue/purple = conjugated 
primary, orange = conjugated secondary). 
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Supplemental Figure 2.5: Bile acid ratios at initial time points across the upper gut 
The log10-transformed ratios of bile acids that are “metabolic pairs” in each section of the upper gut. Bile 
salt hydrolases deconjugate the A & D) taurine or B & E) glycine from primary bile acids. 7α-dehydroxylases 
can modify unconjugated primary bile acids into secondary forms, such as C) cholic acid into deoxycholic 
acid and F) chenodeoxycholic acid into lithocholic acid. Statistical test: Kruskal-Wallis (all comparisons are 
not significant).  
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Supplemental Figure 2.6: Associations between microbial phyla and both bile acids and ibuprofen 
The three most abundant bacterial phyla (Firmicutes, Bacteroidetes, and Actinobacteria) were compared 
to A) total bile acid and C) ibuprofen concentrations. Associations from fed and fasted individuals are plotted 
side by side. Firmicutes (p < 0.05) and Bacteroidetes (p < 0.05) associated with the total bile acid 
concentrations but not Actinobacteria (p = 0.92). None were associated with ibuprofen concentrations. B) 
Shannon diversity index is compared to total bile acid concentrations (statistical analysis: mixed effect 
model, p < 0.05). 
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Chapter 3: Dietary Xanthan Gum Alters Antibiotic Efficacy Against the Murine 

Gut Microbiota and Attenuates Clostridioides difficile Colonization 

 

A version of this chapter was published as: 
 
Schnizlein MK, Vendrov KC, Edwards SJ, Martens EC, Young VB. Dietary Xanthan Gum 
Alters Antibiotic Efficacy against the Murine Gut Microbiota and Attenuates Clostridioides 
difficile Colonization. mSphere. 2020;5(1). doi: 10.1128/mSphere.00708-19. 
 

3.1 Introduction 

The microbiota plays an integral role in gut health by aiding in digestion and 

regulating colonic physiology (291, 292). Manipulating the microbiota to improve human 

health by either administering live bacteria (i.e., probiotics) or adding nondigestible, 

microbiota-accessible ingredients to the host’s diet (i.e., prebiotics) has become a 

prominent area of biomedical research. While probiotics rely on exogenously added 

microbes for their effect, diet modification uses indigenous microbes already present in 

the gut to generate the beneficial effects described above. While the community as a 

whole may remain intact, diet modification can affect subsets of the community that are 

better suited to utilize the altered nutrient composition (293). This effect is most prominent 

in hunter-forager societies where seasonal dietary changes modulate the microbiota 

(290). In Western diets, a great emphasis has been placed on the types and abundance 

of host indigestible fiber polysaccharides that are only accessible by the microbiota, such 

as resistant starch, inulin or the fibers naturally present in fruits, vegetables and whole 

grains. 
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Dietary fiber promotes microbial short-chain fatty acid (SCFA) production. While 

SCFA profiles are unique from individual to individual, they provide a variety of benefits 

including increased colonic barrier integrity and decreased inflammation (294-299). 

Depending on the structure of the fiber backbone and side chains, polysaccharides select 

for unique taxa and as a result, unique fermentation profiles (300). Several key species 

may be responsible for degrading the fiber’s carbohydrate structure, the byproducts of 

which go on to be metabolized by a number of additional taxa (134). Butyrate, a short 

chain fatty acid and product of fiber degradation, has been linked to increased gut barrier 

integrity and decreased inflammation (301-303). Fiber degradation and SCFA production 

are also associated with clearance of Clostridioides difficile, formerly known as 

Clostridium difficile, following fecal microbiota transfer (FMT) (170). Switching mice to a 

high fiber diet while colonized with C. difficile increased SCFA concentrations and also 

cleared the infection (31). Since C. difficile infection represents a significant healthcare 

burden, characterizing how these polysaccharides shape the gut environment and impact 

C. difficile’s ability to colonize will provide insight into how they might be used to improve 

patient outcomes. 

Some polysaccharides included in food are added to alter texture rather than for 

nutritional benefit. Xanthan gum, synthesized by the bacteria Xanthamonas campestris, 

is a common food additive used as a thickener, particularly in gluten free foods, where 

industrial production is worth approximately $0.4 billion each year. Xanthan gum structure 

consists of (1→4)-linked β-D-glucose with trisaccharide chains containing two mannose 

and one glucuronic acid residues linked to every other glucose molecule in the backbone, 

with possible acetylation on the first branching mannose and 3,6-pyruvylation on the 
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terminal mannose (304). These negatively charged side chains give xanthan gum its 

viscous, gel-like properties. Although not specifically included in foods for its potential 

prebiotic activity, bacteria can degrade xanthan gum to increase fecal SCFA 

concentrations (305, 306). However, little is known about what bacterial taxa are involved 

in these transformations. 

This study investigated the effect of xanthan gum on the bacterial composition of 

specific pathogen-free C57Bl/6 mice and its effect during an antibiotic model of C. difficile 

infection. Our goal for this paper was to (i) characterize the effects of xanthan gum on the 

mouse microbiota and (ii) characterize the effects of xanthan gum on C. difficile 

colonization. Surprisingly, we found that xanthan gum administration alters mouse 

susceptibility to C. difficile colonization by maintaining the microbiota during antibiotic 

treatment. 

 

3.2 Methods 

3.2.1 Ethics statement 

The University Committee on Use and Care of Animals of the University of 

Michigan, Ann Arbor, approved all animal protocols used in the present study 

(PRO00008114). These guidelines comply with those set by the Public Health Service 

policy on Humane Care and Use of Laboratory Animals. 

 

3.2.2 Animals and housing 

We obtained five- to eight-week old, male and female mice from an established 

breeding colony at the University of Michigan. These mice were originally sourced from 
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Jackson Labs. We housed mice in specific pathogen-free and biohazard AALAC-

accredited facilities maintained with 12 h light/dark cycles at an ambient temperature of 

22 ±2oC. All bedding and water were autoclaved. Mice received gamma-irradiated food 

(LabSupply 5L0D PicoLab Rodent Diet, a gamma-irradiated version of LabSupply 5001 

Rodent LabDiet) or an equivalent diet with 5% xanthan gum added (95% LabSupply 5001 

Rodent LabDiet, 5% xanthan gum [Sigma]; gamma-irradiated by manufacturer). We 

housed mice in groups of two to five animals per cage, with multiple cages per treatment 

group. 

All cage changes, infection procedures, and sample collections were conducted in 

a biological safety cabinet (BSC) using appropriate sterile personal protective equipment 

between cage contacts. The BSC was sterilized with Perisept (Triple S, Billerica, MA) 

between treatment groups. Gloves were thoroughly sprayed with Perisept between each 

cage and completely changed between groups. A description of the metadata for the 

mouse experiments including cage number and treatment group can be found in Table 

S1. 

 

3.2.3 Xanthan gum-cefoperazone mouse model 

To investigate the effect of xanthan gum on cefoperazone treated mice, we 

switched mice to a diet containing 5% xanthan gum on day zero. Two days later, we gave 

mice 0.5 mg/mL cefoperazone (MP Biomedicals, Solon, OH) in the drinking water for 10 

days as previously described to render the mice susceptible to C. difficile colonization 

(173, 307). We changed the antibiotic-water preparation every 2 days. Following 10 days 

of cefoperazone, we switched mice to Gibco distilled water. We orally gavaged mice with 
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between 102 and 104 C. difficile 630g spores or vehicle control (sterile water) 2 days after 

removing the mice from antibiotics. Spores were prepared as previously described and 

then suspended in 200 uL of Gibco distilled water and heat-shocked (173). Viable spores 

were quantified immediately after gavage using taurocholate cycloserine cefoxitin 

fructose agar (TCCFA) as previously described (173). To monitor infection severity, mice 

were weighed over the course of the model. 

 

3.2.4 Xanthan gum-antibiotic cocktail mouse model 

To investigate the effect of xanthan gum on an alternative antibiotic model 

(antibiotic cocktail with clindamycin), we switched mice to a 5% xanthan gum diet on day 

zero and then put on an antibiotic cocktail (0.4 mg/mL kanamycin, 0.035 mg/mL 

gentamicin, 850 U/mL colistin, 0.215 mg/mL metronidazole, and 0.045 mg/mL 

vancomycin; Sigma-Aldritch) for 3 days in their drinking water as previously described 

(308, 309). On day 5, we removed mice from oral antibiotic administration and returned 

them to regular drinking water. On day 7, mice were given an intraperitoneal (IP) injection 

of clindamycin hydrochloride (10 mg/kg). 1 day following the ip injection, we orally 

gavaged mice with between 102 and 104 C. difficile 630g spores and weighed mice as 

described above. 

 

3.2.5 Quantitative culture 

We suspended fresh fecal pellets in sterile, pre-reduced Gibco PBS 

(ThermoFisher) using a ratio of 1 part feces to 9 parts Gibco PBS, wt/vol (ThermoFisher, 
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Waltham, MA). We serially diluted these suspensions, plated them on TCCFA, and 

incubated the plates anaerobically at 37oC for 18-24 hrs before counting colonies. 

 

3.2.6 Fecal cefoperazone activity assay 

We used fecal supernatant obtained from mice six days following the beginning of 

cefoperazone treatment (Day 8). The fecal content was diluted by a factor of 10 in PBS 

to test its activity on a lawn of Escherichia coli str. ECOR2, which is susceptible to 

cefoperazone. 10 uL of supernatant was added to a 0.7-cm diameter autoclaved 

Whatman filter paper (Sigma-Aldrich) disk and laid in duplicate onto an LB agar plate (BD 

Difco, Miller) streaked for lawn growth of E. coli. After incubating plates anaerobically at 

37oC for 24 hrs, we measured zones of inhibition (ZOI) and then confirmed after another 

24 hrs of anaerobic growth. ZOI from samples were compared to those of fecal 

supernatant from mice not on antibiotics and PBS controls. 

 

3.2.7 Lipocalin-2 ELISA 

Fecal supernatants were diluted by 100-fold in PBS + 0.1% Tween 20 (USB Corp., 

Cleveland, OH) and then tested using the standard protocol for DuoSet ELISA kit for 

Mouse Lipocalin-2/NGAL (R&D Systems, Minneapolis, MN). Sample concentrations were 

normalized to g of feces and analyzed in duplicate. 

 

3.2.8 E. coli growth curve with cefoperazone 

We grew Escherichia coli str. ECOR2 overnight in LB broth (Difco LB Broth, 

Lennox; BD), pelleted the culture and then resuspended it in fresh LB. We back-diluted 
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this bacterial suspension into LB or LB containing 0.25% xanthan gum. Finally, we added 

cefoperazone to the growth medium before placing the cultures in a Sunrise microplate 

reader (Tecan, Switzerland) and monitoring growth for 48 hrs. OD600 measurements 

were automatically taken every 15 minutes with 60 seconds of shaking immediately prior 

to measurement. 

 

3.2.9 16S rRNA-gene qPCR 

We suspended fecal pellets in PBS as described above and centrifuged them at 

6,000 rpm for 1 minute. 100-400 uL of supernatant was removed for metabolite analysis. 

Using the sedimented fecal content, we performed DNA extractions using the DNeasy 

PowerSoil Kit (Qiagen, Germantown, MD), according to the manufacturer’s protocol. We 

immediately stored extracted DNA at -20°C until further use. We then performed qPCR 

on a LightCycler® 96 thermocylcer (Roche, Basel, Switzerland) using the PrimeTime® 

Gene Expression Master Mix (IDT, Coralville, IA) and a set of broad range 16S rRNA 

gene primers (310). All fecal DNA was amplified in triplicate with Escherichia coli genomic 

DNA standards in duplicate and negative controls in triplicate. The LightCycler reaction 

conditions were as follows: 95°C for 3 minutes, followed by 45 cycles of 2-step 

amplification at 60°C for 60 s and 95°C for 15 s. Cq values for each reaction were 

determined using the LightCycler® 96 software, and fecal DNA concentrations were 

determined by comparing Cq values to the standards in each plate and normalizing to 

each individual sample’s fecal mass. We used Welch’s 2-Sample T-Test to test for 

significance. 
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3.2.10 Short-chain fatty acid analysis 

100 uL of fecal supernatants were filtered at 4oC using 0.22 micron 96-well filter 

plates and stored at -80oC until analysis. We transferred the filtrate to 1.5 mL screw cap 

vials with 100 uL inserts for high performance liquid chromatography analysis (HPLC) and 

then randomized them. We quantified acetate, propionate, and butyrate concentrations 

using a refractive index detector as part of a Shimadzu HPLC system (Shimadzu 

Scientific Instruments, Columbia, MD) as previously described (297). Briefly, we used a 

0.01 N H2SO4 mobile phase through an Aminex HPX87H column (Bio-Rad Laboratories, 

Hercules, CA). Sample areas under the curve were compared to volatile fatty acid 

standards with concentrations of 40, 20, 10, 5, 2.5, 1, 0.5, 0.25, and 0.1 mM. Through 

blinded curation, we assessed baseline and peak quality and excluded poor quality data 

if necessary. 

 

3.2.11 DNA Extraction and Illumina MiSeq sequencing 

The detailed protocol for DNA extraction and Illumina MiSeq sequencing was 

followed as described in previous publications with modifications (173). Briefly, 200-300 

uL of 10x diluted fecal pellet was submitted for DNA isolation using the MagAttract 

PowerMicrobiome DNA isolation kit (Qiagen, Germantown, MD). Samples were 

randomized into each extraction plate. To amplify the DNA, we used barcoded dual-index 

primers specific to the V4 region of the 16S rRNA-gene (233). Negative and positive 

controls were run in each sequencing plate. Libraries were prepared and sequenced 

using the 500-cycle MiSeq V2 reagent kit (Illumina, San Diego, CA). Raw FASTQ files, 
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including the appropriate controls, were deposited in the Sequence Read Archive (SRA) 

database (accession numbers SRX6897486 to SRX6897789). 

 

3.2.12 Data processing and microbiota analysis 

16S rRNA-gene sequencing was performed as previously described using the V4 

variable region and analyzed using mothur. Detailed methods, processed read data, and 

data analysis code are described on GitHub 

(https://github.com/mschnizlein/xg_microbiota). Briefly, after assembly and quality 

control, such as filtering and trimming, we aligned contigs to the Silva v.128 16S rRNA 

database. We removed chimeras using UCHIME and excluded samples with less than 

5000 sequences. We binned contigs by 97% percent similarity (OTU) using Opticlust and 

then used the Silva rRNA sequence database to classify those sequences. Alpha and 

beta diversity metrics were calculated from unfiltered OTU samples. We used LEfSe to 

identify OTUs that significantly associated with changes across diets and antibiotic 

treatments (311). We performed all statistical analyses in R (v.3.5.2). 

 

3.2.13 Availability of data 

Raw FASTQ files are available on the SRA. Code and detailed processing 

information, as well as raw data are available on GitHub 

(https://github.com/mschnizlein/xg_microbiota). 

 

https://github.com/mschnizlein/xg_microbiota
https://github.com/mschnizlein/xg_microbiota
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3.3 Results 

3.3.1 Xanthan gum maintains the abundance of microbial taxa during cefoperazone 

treatment 

Using C57Bl/6 mice, we tested the effects of xanthan gum on the microbiota using 

mouse models designed to study the effects of antibiotic perturbation. Since our initial 

goal was to study the effects of xanthan gum on C. difficile infection in mice, these models 

entailed multiple days of antibiotic treatment necessary to make the microbiota 

susceptible to C. difficile (Fig. 3.1A & Fig. S3.1A). Some mice were kept on a standard 

mouse chow diet; the rest were put on an equivalent diet supplemented with 5% xanthan 

gum. 

In the cefoperazone mouse model, 16S rRNA-gene analysis of mouse fecal 

samples revealed a baseline microbiota dominated by Bacteroidetes (~45%) and 

Firmicutes (~35%), with the remainder of the community composed of Actinobacteria, 

Proteobacteria and Verrucomicrobia (Fig. 3.1B-C). Following cefoperazone treatment of 

mice on standard chow, Lactobacillaceae predominated a fluctuating community, as 

evidenced by increased mean Bray-Curtis distances between timepoints. While we also 

observed higher dissimilarity in the xanthan gum chow group following antibiotics, 

microbial communities were significantly more similar in the xanthan gum chow group 

compared to the standard chow group, as measured by Bray-Curtis distances. These 

data also indicated that by day 23 the microbial community in the standard chow group 

had not returned to the pre-antibiotic baseline (Mean Bray-Curtis day 2-day 23: 0.86) 

compared to the xanthan gum chow group (Mean Bray-Curtis day 2-day 23: 0.52). 
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Figure 3.1: Fecal bacterial diversity and abundance during xanthan gum and cefoperazone 
administration 
A) Timecourse of the experimental model for the mice on standard and xanthan gum chows. Mice were 
challenged with C. difficile on day 14. B) Microbiota mean relative abundance in mice on standard chow (N 
= 5). C) Microbiota mean relative abundance in mice on xanthan gum chow (N=6). Bray-Curtis dissimilarity 
index is shown comparing each timepoint. D) Mean Shannon diversity index of the bacterial communities 
shown in B. and C. (error bars indicate 1 std dev.). Statistical testing with Welch’s Two-Sample T-test. E) 
Bacterial absolute abundance indicated by qPCR using “universal” primers for the 16S rRNA-gene 
(normalized to g of feces; error bars indicate 1 std. dev.). Statistical analysis: Mann-Whitney for β-diversity 
and 16S qPCR as well as Welch’s Two-Sample T-test for Shannon Diversity (* indicates p < 0.05; ** p < 
0.01, *** p < 0.001, **** p < 0.0001).  
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However, the relative abundance of bacterial taxa remained similar after cefoperazone 

treatment in mice fed 5% xanthan gum (Fig. 3.1C). These protective effects are reflected 

in a significantly higher Shannon Diversity and absolute abundance of fecal bacteria in 

xanthan gum-fed mice following cefoperazone treatment compared to those on standard 

chow (Fig. 3.1D-E). We also observed similar antimicrobial activity against an Escherichia 

coli strain ECOR2 lawn from fecal extracts obtained during antibiotic administration 

between diet groups and no inhibitory activity in fecal extracts from non-antibiotic treated 

control mice (Fig. S3.5B). These data suggest that high concentrations of xanthan gum 

prevent cefoperazone-mediated alterations to the mouse microbiota. To see if xanthan 

gum had a similar protective effect for other antibiotics, we also used an oral antibiotic 

cocktail model coupled with intraperitoneal clindamycin, which has also been shown to 

render mice susceptible to C. difficile colonization (308, 309). However, the microbiota 

differences between chow groups were less pronounced (Fig. S3.1B-C). Taken together, 

our results show that xanthan gum administration maintains both diversity and overall 

abundance of microbes in the gut during cefoperazone treatment. 

Using the linear discriminant analysis algorithm LEfSe, we identified 35 OTUs that 

were significantly increased two days following the switch from standard to xanthan gum 

chow (Fig. S3.3). We also observed a shift in bacterial metabolism marked by significantly 

higher butyrate and propionate concentrations in mice on xanthan gum chow compared 

to those on standard chow (Fig. S3.4). No OTU abundances were identified as being 

significantly different when comparing the same timepoints in the standard chow group. 

Following cefoperazone treatment, 4 OTUs were increased and 80 OTUs were decreased 

in the xanthan gum group (Fig. S3.4). In the standard chow group, only 1 OTU 
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(Lactobacillus) significantly increased following cefoperazone treatment (Fig. S3.6). 

Unsurprisingly, 48 of the 112 OTUs that were negatively correlated with cefoperazone 

treatment in the standard chow group were also negatively correlated in the xanthan gum 

group. 

 

3.3.2 Xanthan gum-mediated microbiota protection limits C. difficile colonization 

Two days after the mice were removed from cefoperazone, they were challenged 

with C. difficile strain 630g spores administered by oral gavage. By monitoring feces for 

colony-forming units (both vegetative cells and spores), we observed approximately 

1x106 CFU/g feces C. difficile in mice on standard chow 1 day post-gavage (Day 15), 

which rose to 1x107 for the duration of the experiment (Fig. 3.2). However, when on 

xanthan gum, only a small number of CFU was observed 1 day post-gavage but by day 

4 (Day 19) all mice had cleared C. difficile (Fig. 3.2). In the antibiotic cocktail model, C. 

difficile colonized mice on both standard and xanthan gum chow similarly until 7 days 

post-gavage (Day 15) when C. difficile colonization levels were significantly lower in the 

mice on xanthan gum chow (Fig. S3.7). 

 

3.4 Discussion 

The use of dietary polysaccharides for their beneficial health effects, either directly 

on the host or indirectly through the microbiota, has been widely demonstrated (303, 305). 

In the context of C. difficile, diet may play a role in pathogen evolution, such as with 

trehalose, or influence colonization resistance, such as with dietary fiber and zinc 
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Figure 3.2: C. difficile colonization in mice on standard and xanthan gum chows 
C. difficile colony-forming units (CFUs) in cefoperazone treated mice were normalized to fecal mass. Lines 
indicate mean CFU levels (error bars indicate 1 std dev). Data shown are from both experiments 1 and 2. 
Statistical testing was performed using Welch’s 2 Sample T-Test (* indicates p < 0.05; ** p < 0.01). 
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(31, 199, 200, 312). Dietary alteration may shape the intestinal environment by altering 

the nutrients available or by modulating the concentrations of compounds toxic to C. 

difficile, such as secondary bile salts. As a common food additive, xanthan gum’s 

physicochemical properties are well known (304). However, its impacts on the gut 

microbiota are poorly understood. Although we were not able to test whether xanthan 

gum enriches for fiber-degrading bacteria to increase colonization resistance, we did 

observe that xanthan gum interferes with the activity of orally administered antibiotics to 

protect mice from C. difficile colonization. These protective effects vary by type of 

antibiotic. While xanthan gum may have enriched for taxa capable of degrading it, these 

changes were minor compared to the much larger differences observed between diet 

groups during antibiotic treatment. 

As a third-generation cephalosporin, cefoperazone has broad-spectrum efficacy 

(313, 314). As a result, it is not surprising that, in the standard chow group, it had a 

significant impact on microbiota community structure. These results agree with previously 

published work on cefoperazone’s ability to disrupt the murine gut microbiota and cause 

lasting alterations even 6 weeks following cessation of treatment (232, 315). As 

demonstrated in this study, diet can affect antibiotic efficacy in unexpected ways. While 

both bacterial diversity and abundance were maintained in mice on xanthan gum, the 

similarities in OTUs identified by LEfSe between the two groups indicates that 

cefoperazone affected the microbiota in both groups but was attenuated in the xanthan 

gum chow group. Since we observed similar antimicrobial activity in feces from each diet 

group, our data suggests that cefoperazone is still active in the feces from these mice. 

We also demonstrated that xanthan gum chow itself did not have any inhibitory effect 
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directly on C. difficile (data not shown). These data indicate that cefoperazone retained 

antibiotic activity in the presence of xanthan gum, but its effect on the microbiota in vivo 

was somehow interfered with. This decreased antibiotic activity in the gut of xanthan gum-

fed mice allowed the bacterial community to recover faster than in animals on standard 

chow. 

By at least partially protecting the microbiota from the effects of cefoperazone, 

xanthan gum administration preserved colonization resistance to C. difficile. Colonization 

resistance comprises a variety of mechanisms including the metabolism of bile salts and 

competition for nutrients (316). Microbially-modified secondary bile salts inhibit C. difficile 

outgrowth much more than their primary precursors (79). Microbial metabolism mediates 

a variety of modifications to primary bile salts, including deconjugation by Lactobacillus 

and Bifidobacterium sp. as well as 7α-dehydroxylation by Clostridium sp. (317-320). The 

lack of secondary metabolites produced by these taxa has been correlated with a lack of 

colonization resistance (79, 80, 160, 321). The indigenous microbiota also prevents C. 

difficile from establishing itself within the colonic environment by limiting the nutrients 

available for growth (186, 322). A number of taxa, including the Lachnospiraceae, have 

been shown to provide resistance to C. difficile colonization, which may occur through 

niche competition (323, 324). Despite increased SCFA concentrations immediately 

following xanthan gum administration, direct alterations of the microbiota by xanthan gum 

did not appear to affect colonization resistance on the day of C. difficile gavage since 

SCFA concentrations had returned to baseline levels. By protecting the microbiota during 

antibiotic treatment, xanthan gum likely maintained these metabolic mechanisms to 
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exclude C. difficile from the gut. This suggested that while the community was altered, 

enough bacterial taxa remained to exclude C. difficile. 

While we did not demonstrate a mechanism for xanthan gum’s effect, its gel-like 

nature may interrupt the activity of antibiotics by altering their pharmacokinetics. Several 

large polysaccharides with negatively charged or polar sidechains, such as 

hydroxypropylmethyl cellulose, mannan oligosaccharides and guar gum, increase the 

excretion of cholesterol and bile salts in feces by limiting their absorption (325-331). While 

not previously reported, xanthan gum may also interact with these compounds. 

Similarities between the chemical structures of these sterol ring-containing compounds 

and of cefoperazone may result in interactions between xanthan gum and the antibiotic. 

The greater efficacy of the antibiotic cocktail plus clindamycin model against the 

microbiota is likely due to varied interactions with the five antibiotics in addition to the 

effect of the intraperitoneal injection of clindamycin. While potential alterations to the bile 

salt pool by xanthan gum may have limited C. difficile germination, we observed more 

fecal CFUs 1 day post-gavage (day 15) than what we used to inoculate the mice on day 

14, suggesting that any disruptions to enterohepatic circulation did not prevent 

germination as there was some vegetative cell outgrowth. Furthermore, we have 

previously observed that few spores (i.e., <100) are sufficient to infect antibiotic-treated 

mice, suggesting that even if only a few spores germinated the mice would still become 

infected given that the vegetative cells can outgrow (unpublished data). 

Polysaccharide-drug interactions are frequently explored as means to delay drug 

release in vivo. When mice consume xanthan gum in their chow, orally administered 

antibiotics may become trapped inside the gel formed by hydrated xanthan gum. Previous 
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research has shown that xanthan gum would provide time-dependent release that occurs 

at a slower rate than other large, polar polysaccharides. For example, 

hydroxypropylmethyl cellulose requires three times the concentration to achieve similar 

drug binding levels as xanthan gum (332, 333). The binding affinity of xanthan gum is pH-

dependent, where higher pH limits drug release due to increased integrity of the polymer 

structure (333). Furthermore, environments with higher ionic strength as well as the 

presence of other polysaccharides increases xanthan gum’s drug retaining efficiency 

(334, 335). Thus, the colonic environment would be conducive for high xanthan gum 

affinity for binding compounds such as cefoperazone due to its relatively higher pH. 

In our study, dietary xanthan gum administration protected the microbiota during 

antibiotic treatment leading to the exclusion of C. difficile from the gut. While our study 

suggests that a common dietary polysaccharide interacts with the effects of antibiotics, 

there are several limitations that merit future research. Since few individuals will consume 

xanthan gum at the concentrations we used, titering in lower doses of xanthan gum to get 

closer to physiological levels would elucidate the effects of xanthan gum in a normal 

human diet. Future research should also characterize how polar polysaccharides such as 

xanthan gum interact with compounds in the gut. This would be important for 

understanding drug pharmacokinetics as well as the impact of xanthan gum on bile salts 

and enterohepatic circulation. Further work characterizing this common food additive 

would provide a greater understanding not only of how it is degraded in the gut it but also 

the potential positive effects of its fermentative byproducts. 
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3.5 Supplemental Figures 

 

Supplemental Figure 3.1: Fecal (Days 0-15) and cecal (Day 22) bacterial diversity and relative 
abundance during xanthan gum and antibiotic cocktail administration 
A) Time course of the experimental model for the mice on standard and xanthan gum chows. Mice were 
challenged with C. difficile on day 14. B) Microbiota mean relative abundance in mice on standard chow (N 
= 5). C) Microbiota mean relative abundance in mice on xanthan gum chow (N=7). Bray-Curtis dissimilarity 
index is shown comparing each timepoint. D) Mean Shannon diversity index of the bacterial communities 
shown in B. and C. (error bars indicate 1 std dev.). Statistical analyses: Mann-Whitney for β-diversity as 
well as Welch’s Two-Sample T-test for Shannon Diversity (* indicates p < 0.05; ** p < 0.01, *** p < 0.001, 
**** p < 0.0001).  
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Supplemental Figure 3.2: LEfSe analysis of the microbiota of mice before and after the start of 
xanthan gum administration 
Bacterial taxa that were A) increased or B) decreased following the switch to xanthan gum. The numbers 
in parentheses indicate the number of OTUs that fall under that particular taxonomic classification. 
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Supplemental Figure 3.3: Short chain fatty acid analysis 
SCFA analysis (acetate, propionate, and butyrate) of mouse fecal content from the cefoperazone model. 
Time points show before (Day 0) and after diet change (Day 2) as well as after antibiotic treatment (Days 
13 and 14). Statistics were performed using Welch’s Two-Sample T-test. (** indicates p < 0.01). 
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Supplemental Figure 3.4: LEfSe analysis of the microbiota in mice on xanthan gum (A. & B.) and 
standard chows (C. & D.) during cefoperazone treatment 
Bacterial taxa that were A & C) increased or B & D) decreased following cefoperazone treatment. The 
numbers in parentheses indicate the number of OTUs that fall under that particular taxonomic classification. 
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Supplemental Figure 3.5: Investigating the effect of xanthan gum in the C. difficile mouse model 
A) Escherichia coli str. ECOR2 was grown in LB medium with concentrations of cefoperazone and low 
levels of xanthan gum. Line represents the average of three technical replicates and two biological 
replicates. B) Fecal cefoperazone activity was measured from fecal supernatants at day 8. The diameters 
of the zones of inhibition are plotted versus the dietary group. Supernatants from cefoperazone-treated 
mice on standard chow and xanthan gum chow were compared with healthy mouse fecal supernatant not 
on cefoperazone. Statistical analysis: Welsh’s Two-Sample T-test (n.s. = not significant). Each dot 
represents the average of two technical replicates. C-D) Fecal lipocalin-2 was measured from fecal 
supernatants from mice in both the C) cefoperazone and D) antibiotic cocktail models. Each dot represents 
the average of two technical replicates. E-F) Mouse body weight was measured and is presented as a 
percentage of body weight on the day of C. difficile gavage in the E) cefoperazone and F) antibiotic cocktail 
models.  
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Supplemental Figure 3.6: C. difficile CFU in mice in the antibiotic cocktail model 
C. difficile colony-forming units (CFUs) in antibiotic cocktail treated mice were normalized to fecal mass. 
Lines indicate mean CFU levels (error bars indicate 1 std dev). Data shown are from both experiments 3 
and 4. Statistical testing was performed using Welch’s 2 Sample T-Test (* indicates p < 0.05). 
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Chapter 4: Differences in Gut Microbiota Assembly Alter Its Ability to Metabolize 

Dietary Polysaccharides and Resist Clostridioides difficile Colonization 

 

4.1 Introduction 

The mammalian gut contains a complex ecosystem with a variety of fungal, 

bacterial, archaeal and viral organisms that exist in a network of metabolic interactions. 

These vast arrays of interactions regulate microbial competition and impact the host. 

External stability otherwise known as colonization resistance, is a complex phenomenon 

in which resident taxa prevent the invasion of foreign ones by occupying niches in an 

environment. For example, probiotic organisms fail to exist long-term in the gut because 

resident microbes are better able to compete for niche space (90). These interactions 

have also been observed to prevent colonization of pathogenic organisms such as 

Escherichia coli, Salmonella Typhimurium, and Clostridioides difficile (60-62).  

In studying colonization resistance, several models have been used to ascertain 

characteristics of a resistant environment, including humans, mice, enteroids and 

bioreactors (336-343). Each of these models supports a unique level of complexity that 

may consider host-microbe interactions, microbe-microbe, and microbe-environment. 

Bioreactors have been used extensively to study the microbiota of the gut environment, 

particularly the dynamics of microbe-mediated colonization resistance. This is due in part 

to the controlled way nutrients flow in and out of the system. In the context of resistance 

to C. difficile, healthy human stool established in these reactors prevents or limits 
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colonization (344, 345). However, alterations to the resident microbiota can reduce the 

ecosystem’s ability to do so (4, 345-348). 

Since much of colonization resistance revolves around microbial metabolism, host 

dietary inputs play an important role in modulating this phenotype. As previous studies 

have demonstrated, both macronutrients (e.g., proteins and polysaccharides) and 

cofactors (e.g., vitamins and minerals) can modulate C. difficile colonization resistance 

by affecting the resident microbiota and host immune system (31, 184, 349). Much like 

“macroorganisms” adapt to the food available to them, microbes alter their metabolism to 

capitalize on the nutrient sources in their surroundings. These metabolic shifts lead to 

different downstream products with which other organisms in the ecosystem interact. 

While previous work has characterized forced effects (e.g., antibiotic use) on 

microbiota post-establishment, limited work has characterized the stochastic processes 

of community establishment in the context of C. difficile colonization resistance (344, 350, 

351). To manipulate the microbiota to treat infections, a fuller grasp of the ecological rules 

underlying community physiology is needed. Specifically, further work is required to 

accurately describe how random and specific effects alter community establishment and 

ability to resist the colonization of non-indigenous microbes. Here we describe how 

stochastic effects, as induced by community dilution, and directed effects, as induced by 

supplementation with additional carbohydrates, influence the establishment of a microbial 

community. We also characterize how the functional effects of this variation alter 

metabolic output and colonization resistance to Clostridioides difficile. 
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4.2 Methods 

4.2.1 Stool collection 

This study was approved by the University of Michigan’s Institutional Review Board 

(IRB: HUM00141992). We recruited individuals over the age of 18 and who had no history 

of gastrointestinal disease, including IBD, IBS, Crohn’s Disease and cancer. Individuals 

also had no history of antibiotic use or intestinal infection (bacterial or viral) in the previous 

six months. Exclusion criteria included immunocompromised status and 

immunosuppressant use. Following informed consent, we provided enrolled subjects with 

a commode specimen collection hat and conical tubes for collection. We then instructed 

them to store their stool sample at -20oC after collection. Upon receipt of each sample, 

we compensated subjects, and stored the sample at -80oC until use. For the experiments 

in this manuscript, we recruited two male individuals, aged 29 and 32. 

 

4.2.2 Bioreactor set-up and operation 

Minibioreactor array operation has been previously described (344). Briefly, we 

submitted designs for bioreactors to be constructed through stereolithography by 

ProtoLabs, Inc. (Maple Plain, MN). Bioreactors were composed a thermostable resin per 

designs shared with us through a collaboration with Robert Britton (Baylor University, 

Houston, TX) (344). We filled reactors with 15 mL of bioreactor media (BRM) prepared 

as previously described except that we sterilized bovine bile (Sigma, St. Louis, MO) by 

filtering at 0.22 µm. Throughout the experiments, we used a reactor volume of 15 mL 

BRM. Once we established continuous flow, multichannel Watson Marlow peristaltic 
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pumps (Falmouth, UK) individually maintained media flow to each reactor (1 rpm, 0.89 

mm bore tubing) at a rate of 0.13 mL/hr. 

 

4.2.3 Bioreactor dilution experiment 

To prepare the fecal inoculum, we suspended fecal content from Subject A in 

sterile, pre-reduced phosphate-buffered saline (PBS; Thermo Fisher) at a ratio of 1:2. 

Feces were serially diluted by 10-fold to 10-3, 10-5, 10-7, and 10-9 in sterile, pre-reduced 

PBS and established in reactors in sextuplicate (N = 4 for 10-3). After 24 hrs of static 

culture, we initiated continuous flow and allowed to grow for 6 days before challenging 

with vegetative Clostridioides difficile str. 630 (Fig. 4.1A). Immediately before C. difficile 

challenge, we screened all reactors for possible contamination by plating on cycloserine-

cefoxitin-fructose agar containing 0.1% taurocholate (TCCFA), which we prepared as 

previously described (173). To prepare C. difficile for challenge, we streaked spores onto 

agar plates containing taurocholate. After 1 day of anaerobic incubation at 37oC, we 

inoculated C. difficile into 10 mL of sterile, pre-reduced BRM. After approximately 16 hrs, 

we back-diluted 1 mL of the culture in BRM by 10-fold and monitored to ensure C. difficile 

was in a log-phase of growth. Upon reaching OD 0.1, we again back-diluted the C. difficile 

culture in BRM and then inoculated into each reactor. We took 1 mL samples from the 

reactors at days 0 (i.e., the start of flow), 2, 3, 6, 7, 9 and 10. We immediately pelleted 

cells, and transferred the supernatant to be stored separately at -80oC. To assess C. 

difficile colonization, we enumerated colony-forming units (CFU) by serial dilution and 

plating on TCCFA. 
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4.2.4 Bioreactor carbohydrate experiment 

To prepare the fecal inoculum, we suspended fecal content from Subject B in PBS 

as described above and then serially diluted to 10-3, 10-4, 10-5 and 10-6. We established 

fecal dilutions into the bioreactors in triplicate. After 24 hrs of static culture, we established 

continuous flow using BRM (Fig. 4.4A). After 48 hrs of continuous flow, we switched 

source media for the reactors in each dilution group to BRM containing 10-fold higher 

inulin than standard BRM, increasing inulin concentrations from the 0.02% present in 

basal media to 0.2%. We gave reactor communities 5 days under these conditions before 

challenging with C. difficile on day 7 as described above. We took 1 mL samples at days 

0, 2, 5, 6, 7, 8, 10 and 11. During sampling, we pelleted cells and transferred the 

supernatant to store at -80oC. We then resuspended the pellet in RNAprotect Bacteria 

Reagent (Qiagen, Germantown, MD). We measured pH on day 10 of the experiment 

using MColorpHast pH test strips (Sigma). 

 

4.2.5 DNA extraction and 16S rRNA-gene sequencing 

We followed a detailed protocol for DNA extraction and Illumina MiSeq sequencing 

as previously described in previous publications with modifications (173). For the dilution 

bioreactor experiment, we pelleted cells and froze them at -80oC. In preparation for 

sequencing, cells were bead beaten in molecular grade water using 0.1 mm silica beads 

for 2 minutes. We then submitted cell extracts to the University of Michigan Microbiome 

Core for sequencing. For the carbohydrate bioreactor experiment, we pelleted cells and 

resuspended in Qiagen RNAProtect Bacteria Reagent before storing at -80oC. In 

preparation for sequencing, we submitted samples to the University of Michigan 
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Microbiome Core for extraction using the Qiagen MagAttract PowerMicrobiome 

DNA/RNA Isolation Kit. For both experiments, we randomized samples into each 

extraction plate. To amplify the DNA, we used barcoded dual-index primers specific to 

the V4 region of the 16S rRNA-gene, and ran negative and positive controls in each 

sequencing plate (233). We prepared and sequenced libraries using the 500-cycle MiSeq 

V2 reagent kit (Illumina, San Diego, CA). Contact the author for raw FASTQ files, 

including the appropriate controls. 

 

4.2.6 Data processing and microbiota analysis 

We performed 16S rRNA-gene sequencing as previously described using the V4 

variable region and analyzed using mothur (234). Detailed methods, processed read data 

and the data analysis are described on GitHub 

(https://github.com/mschnizlein/cdiff_foundereffects). Briefly, after initial steps, such as 

assembly and quality control, we aligned contigs to the Silva v. 138 16S rRNA database 

(235). We removed chimeras using UCHIME and excluded samples with less than 1000 

sequences (236). We binned contigs into operational taxonomic units (OTUs) by 97% 

percent similarity using Opticlust and used the Silva rRNA sequence database to classify 

those sequences (235, 237). Alpha and beta diversity metrics were calculated from 

unfiltered OTU samples. After subsampling to 2000 sequences, we used Dirichlet 

Multinomial Modelling (DMM) to identify bacterial enterotypes based on genus-level 

classification and then used LEfSe to identify taxa that significantly associate with each 

of these community types (311, 352). We performed all statistical analyses in R (v. 4.1.1) 

https://github.com/mschnizlein/cdiff_foundereffects
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using the following packages: ggplot2, reshape2, plyr, tidyverse, ComplexHeatmap, and 

scales (240-243, 353, 354). 

 

4.2.7 16S rRNA-gene qPCR 

Using dilutions of Escherichia coli ECOR2 genomic DNA as standards, we 

performed qPCR using PrimeTime gene expression master mix (IDT, Coralville, IA) and 

a set of broad-range 16S rRNA gene primers on a Thermo Fisher QuantStudio 3 (310). 

The DNA samples, standards, and negative controls were all amplified in triplicate. The 

qPCR reaction conditions were as follows: 95°C for 3 min, followed by 40 cycles of two-

step amplification at 95°C for 15 s and 60°C for 60 s. The quantification cycle (Cq) values 

for each reaction were determined by using the Thermo Fisher Cloud software, and 

sample DNA concentrations were determined by comparing Cq values to the standards 

in each plate. 

 

4.2.8 C. difficile growth curves 

We isolated C. difficile strain 630g from a spore stock by growing overnight on BHI 

agar (BD) supplemented with 0.01% L-cysteine hydrochloride monohydrate (BHI; Sigma) 

and 0.1% taurocholate (Sigma). Growth curves were conducted with two biological 

replicates grown from two unique colonies. After growing overnight in BHI, we back-

diluted cultures in fresh BHI with the overnight sample, and optical density was monitored 

to ensure cultures were in log-phase growth. Prior to the growth assay, we pelleted the 

culture, and then resuspended it in fresh 2x concentration BHI. We mixed this bacterial 

suspension into sodium butyrate solutions buffered at pH 7 with PBS ranging from 160mM 
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to 2.5mM (2x final concentrations). The cultures were then placed in a 96-well plate optical 

density reader (Tecan, Switzerland) and monitored for 24 hours. All conditions were run 

with three technical replicates. Optical density measurements at 600 nm were 

automatically taken every 15 min, with 60 s of shaking immediately prior to measurement. 

We repeated this protocol in a follow-up experiment but substituted BHI for BRM in all 

steps following C. difficile colony isolation.  

 

4.2.9 Short-chain fatty acid analysis 

100 uL of fecal supernatants were filtered using 0.22 micron 96-well filter plates 

and stored at -20oC until analysis. We transferred the filtrate to 1.5 mL screw cap vials 

with 100 uL inserts for high performance liquid chromatography (HPLC) analysis and then 

randomized them. We quantified acetate, propionate, and butyrate concentrations using 

a refractive index detector as part of a Shimadzu HPLC system (Shimadzu Scientific 

Instruments, Columbia, MD) as previously described (297). Briefly, we used a 0.01 N 

H2SO4 mobile phase in filtered, Milli-Q water through an Aminex HPX87H column (Bio-

Rad Laboratories, Hercules, CA). Sample areas under the curve were compared to 

volatile fatty acid standards with concentrations of 40, 20, 10, 5, 2.5, 1, 0.5, 0.25, and 0.1 

mM. Through blinded curation, we assessed baseline and peak quality and excluded poor 

quality data if necessary. 
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4.3 Results 

4.3.1 Dilution of starting inoculum alters establishment dynamics of continuous 

flow cultures 

Using a bioreactor system initially developed by Auchtung et al., we extended 

studies on how dilution impacts the membership and variability of microbial communities 

(344, 351). We established communities in bioreactors from serially diluted stool samples 

taken from a healthy human donor (10-3, N=4; 10-5, 10-7, and 10-9, N=6). Following 

inoculation of the reactors, communities were given one day to equilibrate in static culture 

before initiating continuous flow. The subsequent 6 days in continuous flow allowed 

communities time to adjust before testing their external stability with a model invasive 

bacterium, C. difficile (Fig. 4.1A). 

Dilution increased the variability of communities and lowered the number of taxa 

that became established. By day 6, 16S rRNA-gene sequencing analysis showed that 

93±6 and 60±15 operational taxonomic units (OTUs) became established in those 

communities diluted 10-3 and 10-5, respectively (Fig. 4.1B & Fig. S4.1A). Communities 

from these stool dilutions consisted mainly of Bacteroidota and Bacillota (Fig. 4.1D-E). 

Reactors established with more diluted fecal inocula had fewer OTUs established by day 

6 (i.e., 10-7 and 10-9 dilutions had 45±20 and 40±23 OTUs, respectively) and also more 

varied phyla abundance, with some being dominated by Actinomycetota and others by 

Pseudomonadota (Fig. 4.1B & Fig. 4.1F-G). More diluted inocula established in 

individualized community structures in each reactor replicate (Fig. S4.1C-F). Dissimilarity 

between replicate reactors in each group increased as the dilution factor increased, as 
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Figure 4.1: Establishment dynamics of diluted microbial communities 
A) Experimental timeline of the bioreactor dilution experiment. B) Observed species (SOBS) is plotted by 
dilution from day 0 to the day of C. difficile challenge. C) Principal coordinate analysis of all timepoints in 
each community dilution (ellipses represent the 95% confidence interval of a multivariate t-distribution for 
datapoints in each dilution). D-G) Averaged relative abundance at each indicated timepoint for the 
communities diluted D) 10-3, E) 10-5, F) 10-7, and G) 10-9. Taxa are color coded and ordered by phylum 
(Bacteroidota = green, Bacillota = blue/purple, Actinomycetota = orange, Pseudomonadota = red and 
Verrucomicrobiota = yellow. Other phyla, low abundance taxa and unclassified bacteria are colored as 
grey).  
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measured by Bray-Curtis and Jaccard Dissimilarity Indexes, which capture the 

abundance and the presence/absence of taxa, respectively (Fig. 4.2A-B). This variability 

trend was also observed when comparing multiple timepoints within each individual 

reactor (Fig. S4.2A-B). This variability is also captured by principal coordinate analysis, 

which shows that dilution altered the dynamics of each community’s establishment so that 

they cluster separately (Fig. 4.1C). While dilution greatly reduced the initial biomass of 

microbes, after 6 days of growing in continuous culture, communities had reached similar 

levels of abundance as measured by qPCR of the 16S rRNA-gene (Fig. S4.1B). 

 

4.3.2 Dilution decreases resistance to a model invasive organism 

C. difficile is a model organism that can generally not invade communities unless 

they have been perturbed. Since dilution increased community variability, which is a 

marker of external stability, we hypothesized that this would result in reduced ability to 

prevent C. difficile colonization. 7 days after establishment of bioreactor communities, 

they were challenged with 104 vegetative C. difficile cells. As measured by colony-forming 

units (CFU), communities possessed varying capabilities to resist colonization with C. 

difficile (Fig. 4.3A). 3 of 4 communities diluted 10-3 cleared C. difficile colonization within 

24 hrs while communities diluted 10-9 showed colonization levels around 107 CFU/mL in 

all six replicates. The largest intra-group variation in colonization was observed in the 

10-5, where all six reactors had intermediate levels of colonization, and 10-7 dilutions, 

which had three reactors colonize at 107 and three fully resist. Since C. difficile colonizes 

at 107 CFU/mL when it grows by itself in a reactor (data not shown), our data suggest that  

  



 100 

 

 

 

 

 

 

 

 

 

Figure 4.2: Intra-group community variability by dilution 
Intra-group β-diversity was compared across samples for each of the four community dilution groups using 
the A) Bray-Curtis Dissimilarity Index and the B) Jaccard Dissimilarity Index (statistical analysis: one-way 
ANOVA).  
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Figure 4.3: Associations between C. difficile colonization and microbiota community type 
A) C. difficile colonization on each day following challenge measured in CFU/mL. B) All samples were 
categorized into three unique community types by Dirichlet Multinomial Modelling (DMM). Their relative 
abundance in each dilution group is plotted with the total number of samples in each dilution listed on the 
x-axis (statistical analysis: Fisher’s Exact Test). C) C. difficile abundance in each sample is compared to 
that samples associated community type (statistical analysis: Wilcoxon Rank Sum Test, * indicates p < 
0.01). D) Average relative abundance of bacterial taxa in each community type (Peptostreptococcales is 
abbreviated as Peptostr.; Bacteroidota = green, Bacillota = blue/purple, Actinomycetota = orange, 
Pseudomonadota = red, Verrucomicrobiota = yellow and Desulfovibrio = grey. Other phyla, low abundance 
taxa and unclassified bacteria are colored as black).  
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reactor communities that reached this level had no colonization resistance. Furthermore, 

24 hrs after C. difficile challenge, those communities experienced a loss of resident taxa 

(37±21 on day 6 to 14±4 on day 7; Wilcoxon Rank Sum Test, p < 0.01), demonstrating 

that these microbial communities had both no ability to resist a non-indigenous microbe 

or remain intact (Fig. S4.3A-C). 

Using Dirichlet Multinomial Modelling (DMM), we identified 3 community types 

across the established communities, which associated with dilution (Fig. 4.3B). Of these, 

type 3 supported significantly lower colonization than enterotypes 1 and 2, with type 1 

supporting a middle level of colonization (Fig. 4.3C). Through LEfSe, we identified 19 taxa 

associated with the more resistant enterotypes (i.e., enterotypes 1 & 3; Fig. S4.3D) and 

five associated with enterotype 2 (Fig. S4.3E). We noted several commonly associated 

with metabolic functions known to increase resistance to C. difficile, such as short-chain 

fatty acid (SCFA) production. These taxa included Bifidobacterium, Bacteroides, Blautia, 

Faecalibacterium, Unclassified Lachnospiraceae and Clostridium (sensu stricto) (Fig. 

4.3D & Fig. S4.3D-E). 

 

4.3.3 Diluted communities respond uniquely to a change in carbohydrate 

concentrations 

The dilution experiments above indicated that colonization resistance against C. 

difficile was associated with the presence of taxa that could degrade dietary 

polysaccharides and produce SCFAs (31, 170). Other work has indicated that SCFAs are 

able to limit the growth of C. difficile (31). Therefore, we characterized how a change to 

higher carbohydrate concentrations affected the formation of communities and their ability 
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to resist C. difficile colonization following a bottleneck event. We chose to increase the 

availability of the carbohydrate inulin due to its ability to induce the production of SCFAs 

by the gut microbiota (355-357). We also chose this polysaccharide due to the association 

of microbes with inulin catabolic potential and colonization resistance in the dilution 

experiment. Using a second fecal donor, we established reactor communities using feces 

diluted 10-3, 10-4, 10-5 and 10-6. Based on our work above we hypothesized that these 

dilutions would result in communities that might support moderate levels of C. difficile 

colonization. After growing communities for two days on standard BRM, which contains 

0.02% inulin, we increased inulin concentrations to 0.2% (Fig. 4.4A). Despite the narrower 

range of dilution, communities established in these reactors again differed in the number 

of OTUs that became established, with less diluted communities having a significantly 

higher number of resident OTUs (Fig. 4.4B). While we observed a shift in the Bray-Curtis 

distance relative to baseline in the community diluted 10-3 when comparing days 2 and 5, 

we did not observe a statistically significant change in the number of OTUs (Fig. 4.4B & 

Fig. S4.4A). There was no shift in ecologic distance in the other dilution groups. Despite 

the minimal changes in community structure, there was a significant shift in metabolic 

activity of these communities in terms of carbohydrate metabolism with a drop in acetate 

and a 3-fold increase in butyrate concentrations (Fig. 4.4C). There was no change in 

propionate concentrations (Fig. 4.4C). Interestingly, butyrate production prior to the shift 

in inulin (i.e., day 2) was predictive of concentrations afterward (i.e., day 7), with only 

communities diluted 10-3 and 10-4 responding to higher inulin (Fig. 4.4D & Fig. S4.4C). 

Despite this variation in metabolic output, pH did not differ across dilutions when 
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Figure 4.4: Effect of inulin on microbial community function 
A) Experimental timeline of the bioreactor carbohydrate experiment. B) Observed species (SOBS) over 
time colored by dilution group (statistical analysis: Kruskal-Wallis Test comparing SOBS at all timepoints 
with dilution group, p < 0.01; Wilcoxon Rank Sum Test comparing OTUs in each group at day 2 and day 5, 
p = not significant). C) Short chain fatty acid concentrations in the 0.2% inulin group as measured by HPLC 
from day 2 (pre-media switch) and day 7 (5 days post-media switch; Ac = acetate, Pr = propionate, Bu = 
butyrate; statistical analysis: Wilcoxon Rank Sum Test, * indicates p < 0.01 and a indicates p = 0.033). D) 
Butyrate response 3 and 5 days following the shift to higher inulin, with communities being colored by 
dilution (statistical analysis: at day 7, 10-3 and 10-4 compared to 10-5 and 10-6 using the Wilcoxon Rank Sum 
Test, * indicates p < 0.01). E) C. difficile colonization in the reactors treated with 0.2% inulin, colored by 
community dilution.  
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measured at day 10 (Fig. S4.4B). Our data suggest that in our bioreactor system a 10-

fold inulin increase altered the functional output of the community with minimal effect on 

its composition, with more diluted communities not responding to that change. Four days 

after challenging with 105 vegetative C. difficile cells, reactors colonized to an average 

density of 106 CFU/mL C. difficile in the 10-5 and 10-6 groups (Fig. 4.4E). While all reactors 

had low initial levels of C. difficile colonization, only the communities in the 10-3 and 10-4 

groups were able to ultimately prevent C. difficile invasion, suggesting that communities 

still able to respond to inulin also had the metabolic functions required to mediate 

colonization resistance (Fig. 4.4E). While we observed a correlation between butyrate 

concentrations at day 0 and C. difficile colonization at day 4, butyrate did not affect C. 

difficile at the concentrations measured in our reactors in in vitro curves at pH 7 (Fig. 

S4.4D-F). 

 

4.4 Discussion 

The ability of an ecosystem to resist invasion by a non-indigenous species is tied 

to the diversity and temporal variability of community membership, an observation noted 

throughout the animal kingdom (358-360). Whether at the “macro” or “micro” levels of 

biology, environments provide a given set of nutrients to resident organisms, creating 

multi-dimensional niches comprised of biotic (e.g., nutrients, predators, etc.) and abiotic 

(eg., space, gas gradients, etc.) factors (139, 142, 143, 361-363). The diversity and 

variability of a resident community determines how efficiently niches in the surrounding 

environment are utilized (363). In our study, we demonstrated that dilution of a community 

increases the variability of the established community, and those shifts are associated 
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with C. difficile colonization resistance. However, this variability is only a marker of 

underlying metabolic interactions of colonization resistance as evidenced by an increase 

in resistance when we altered nutrient inputs into that environment. 

These metabolic interactions manifest externally through greater competition with 

invaders as well as internally through limits placed on opportunistic taxa already present 

in that environment. Thus, we observed dilution having a two-fold disruptive effect on 

establishing communities, each tied to niche availability. First, while diversity is not strictly 

a metric of external stability, greater diversity allows for higher numbers of unique 

interactions, both mutualistic and antagonistic, among community members (358, 364). 

These interactions increase the likelihood that spaces within a given niche become 

occupied through stronger cross-feeding interactions between resident members, which 

limits the invasion of foreign microbes (365, 366). By removing rarer taxa, the stochastic 

nature of dilution weakened these interactions by destabilizing how the remaining 

microbes co-adapted to their new environment. The resulting changes decreased niche 

coverage by the resident microbiota (365). The resulting gaps reward microbes like C. 

difficile, which can adapt to use distinct niches depending on what is available in an 

environment (186). Additionally, networks of mutualistic and antagonistic interactions 

between microbes increase the likelihood of a microbial community’s long-term survival 

(367). As observed in the communities that fully colonized with C. difficile, invasion by a 

foreign microbe triggered a collapse in the networks between resident organisms, 

resulting in their extinction (367). 

Second, in addition to removing rarer taxa, dilution decreased the biomass of 

microbes starting off in each reactor. Since microbial abundance had recovered by the 
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time of C. difficile challenge, we do not think that low microbial density played a direct role 

in the niches available to C. difficile. However, low microbial density left large open niches 

at the outset, which altered the early dynamics of community establishment. Microbes 

arrived in an environment absent of the competitors that previously had limited their 

expansion. This founder effect allowed opportunistic taxa within the resident community 

to take on outsized proportions due to their ability to use surrounding resources more 

efficiently (368, 369). Since the density of a seeding community regulates how they 

establish, it is inherently tied to how environmental niches become occupied (370). For 

example, broad-spectrum antibiotic treatment induces significant gaps in niche coverage 

by reducing microbial abundance (19, 371). The downstream effects of these 

perturbations can linger for years, particularly if the event occurs early in the stages of 

microbial community development (e.g., in human infancy) (372). While perturbations that 

occur after a community reaches “maturity” have persistent effects, microbial 

communities tend to be impacted to a lesser extent (373, 374). 

In our study, we also investigated the role of carbohydrates and microbial short-

chain fatty acid metabolism in revealing the nature of altered community assembly 

affected by founder effects. While the metabolic nature of colonization resistance is 

multifactorial, several studies have characterized the role of SCFAs in limiting C. difficile 

establishment in the gut by altering the physiology of both microbe and host (30, 170, 

375). While all SCFAs we measured can be products of inulin degradation, butyrate is 

relevant due to its toxicity to C. difficile as well as its ability to limit toxin-associated 

damage on the colonic epithelium (30, 31). While higher inulin concentrations induced an 

increase in butyrate, C. difficile tolerated those butyrate concentrations as measured by 
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in vitro growth curves. Previous work suggests that SCFAs affect bacterial cells in a pH-

dependent mechanism, with higher toxicity at lower pH due to the protonated acid form 

passing more easily through cellular membranes (169, 376). Our in vitro assays were 

balanced at pH 7, which limited toxicity that might be present in areas of the gut with lower 

pH and higher fermentative metabolic activity (142). Further research could disentangle 

the effects of butyrate on C. difficile physiology at unique pH levels (142). 

Several studies have observed the presence of butyrogenic pathways in C. difficile, 

which may use butyrate as a terminal electron acceptor in the absence of other options, 

such as Stickland amino acids (197, 377, 378). Due to unique toxicity patterns among the 

types of media used in our study as well as a previous study, we hypothesize that butyrate 

may have unique effects on C. difficile depending on which metabolic pathways are in 

use at the time of exposure (31, 379). This may be due in part to pressure from a build-

up of downstream metabolic by-products as has been observed in E. coli’s response to 

high concentrations of acetate and formate (380). Further work is required to characterize 

the specific effects of SCFAs on C. difficile physiology and potential impacts on virulence 

(169). In summary, if butyrate is one of the mediators of increased colonization resistance 

in the inulin-treated communities, our data suggest that it is acting in concert with other 

unknown mechanisms. 

Understanding the establishment of microbes in a new environment is essential as 

we seek to develop defined consortia to treat microbiota-related gut conditions, such as 

C. difficile infection. Some of the limited success of certain consortia may be due in part 

to low seeding densities as well as the inadequacy of smaller consortia to cover the 
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appropriate niche spaces. Keeping these ecological dynamics in mind will assist in 

creating reliable treatments with broader efficacy across a population. 
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4.5 Supplemental Figures 

 

Supplemental Figure 4.1: Individualized establishment dynamics of diluted microbial communities 
A) Observed species (SOBS) from all timepoints are plotted by community dilution. B) 16S rRNA-gene 
copies on days 0 and 6 are plotted by dilution. C-F) Relative abundance of 16S rRNA gene sequences is 
plotted for each individual reactor in the communities diluted C) 10-3, D) 10-5, E) 10-7, and F) 10-9 
(Bacteroidota = green, Bacillota = blue/purple, Actinomycetota = orange, Pseudomonadota = red and 
Verrucomicrobiota = yellow. Other phyla, low abundance taxa and unclassified bacteria are colored as 
grey).  
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Supplemental Figure 4.2: Intra-reactor community variability by dilution 
Intra-reactor β-diversity was compared across samples within each reactor for the four community dilution 
groups using the A) Bray-Curtis Dissimilarity Index and the B) Jaccard Dissimilarity Index (statistical 
analysis: one-way ANOVA).  
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Supplemental Figure 4.3: Associations between C. difficile and resident microbes 
A) Observed species (SOBS) in each community dilution following C. difficile challenge. C. difficile 
abundance compared to the SOBS on B) day 6 and C) day 7 (statistical analysis: linear regression). LEfSe 
analysis comparing bacterial taxa in community types 1 & 3 with those in type 2. Certain taxa were more 
abundant in D) types 1 & 3 and others in E) type 2.  
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Supplemental Figure 4.4: Effects of inulin on microbial community function 
A) Bray-Curtis Dissimilarity index of communities in the 0.2% inulin treated reactor groups colored by 
dilution. Each point represents the distance of each reactor community relative to its baseline at day 0 
(statistical analysis: Wilcoxon Rank Sum Test comparing distance to baseline at day 2 and day 5; for 10-3, 
p = 0.016; for 10-4, 10-5 and 10-6, p = not significant). B) pH of each reactor by dilution group at day 10. C) 
Butyrate concentrations at day 2 (pre-inulin shift) compared to concentrations at day 7 (statistical analysis: 
linear regression). D) Butyrate concentrations at day 7 compared to C. difficile colonization on day 11. C. 
difficile growth curves in assessing butyrate toxicity in E) BHI and F) BRM, each buffered at pH 7.



 115 

Chapter 5: Discussion 

 

A portion of this chapter was published as: 
 
Schnizlein MK & Young VB. Capturing the environment of the Clostridioides difficile 
infection cycle. Nature Reviews: Gastroenterology & Hepatology. 2022. Accepted. 
 

5.1 Introduction 

The work described in this dissertation tested the central hypothesis that the gut 

environment plays an integral role in affecting C. difficile’s ability to successfully colonize 

the mammalian gastrointestinal tract. The major findings from these chapters are as 

follows: 1) gut regions differently affect C. difficile physiology, with the small intestine 

facilitating the transition from dormant spore to actively growing vegetative cell; 2) dietary 

nutrients play an integral role in shaping the physiology of microbes residing in the gut 

and the nature of their interactions with non-indigenous microbes; 3) a critical microbial 

mass is required to maintain external stability (i.e., resistance to invasive microbes), which 

is closely tied to a microbial community’s ability to utilize nutrients. This chapter includes 

a summary discussion of this dissertation’s main findings as well as next steps to 

understand how ecological dynamics of the mammalian gut can be leveraged to treat C. 

difficile infection. 
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5.2 Exploring microbiota-environment interactions in the small intestine and their 

effects on C. difficile germination. 

In chapter 2, I characterized microbiota dynamics in the human upper gut using a 

novel catheter design that allowed me to sample multiple gut sites simultaneously over a 

short period of time (i.e., <7 hrs). Since these samples were collected in conjunction with 

two studies investigating the pharmacokinetics of mesalamine and ibuprofen, part of this 

study characterized how drug administration affected microbial taxa. While I observed a 

limited effect by these drugs on the dynamic microbial community that resides in the small 

intestine, I observed much larger associations between those microbes and 

environmental variables, such as pH and bile acid concentrations. 

This work is the first to characterize the microbiota of several upper gut regions 

over time simultaneously. Previous work has characterized the upper gut microbiota over 

time using ileostoma effluent or across multiple regions but at singular timepoints (90, 

211-221). Similarities between the microbiota of the upper gut and the oral cavity suggest 

that the latter plays a prominent role in shaping the community of the former. For example, 

recent research shows that characteristics of the oral microbiota associate with diseased 

states in the stomach and small intestine (381). Due to the toxic acidity the stomach and 

limitations of sequencing all DNA (i.e., not just that from live microbes), more research is 

required to understand how microbes from the mouth tolerate transit of the stomach (382). 

While culture-dependent approaches provide a picture of organisms that are capable of 

growing outside the gut, previous research has demonstrated that many organisms are 

either dead at the point of sampling or have difficulty growing under in vitro conditions 
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(383, 384). Future work should use a synergy of sequencing- and culture-dependent 

approaches to accurately characterize the upper gut microbiota (382). 

Due to the importance of bile acids in C. difficile physiology, one of the interests in 

looking at bile acid concentrations is to characterize how the human small intestine affects 

the germination of C. difficile spores. Bile acids are one of several signals required for C. 

difficile to germinate into vegetative cells, which can produce disease-causing toxins. 

Therefore, understanding how the environmental conditions of early gut regions affect 

spores in healthy individuals is important for understanding how deviations from a healthy 

state might lead to disease. This knowledge could also be leveraged for targeted 

treatments. For example, studies have characterized how inhibitors of germination, 

usually bile acid analogues, prevent C. difficile-associated disease in murine and hamster 

models (26, 385, 386). Several other studies have characterized C. difficile germination 

in the upper gut, but these are limited to murine models (86, 289). Thus, this work is the 

first to characterize C. difficile germination in gut fluid taken from the human small 

intestinal tract. I demonstrate that, due to minimal bile acid metabolism by the resident 

microbiota, those bile acids are mostly conjugated forms that tend to promote 

germination. Furthermore, using in vitro germination assays, those spores can germinate 

in response to bile acids present in healthy individuals. These data, combined with 

knowledge that most healthy individuals will resist colonization, suggest that a failure to 

colonize is not likely due to limiting germination, but rather may be due instead to 

preventing the establishment of a vegetative cell population. Since lower propagule size 

(i.e., infectious dose) can limit a microbe’s ability to colonize an environment, more 

research is required to understand whether germination inhibitors would sufficiently lower 
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the infectious dose to a level that would prevent colonization in individuals that have a 

microbiota that is permissive of C. difficile establishment (364, 387). 

 

5.3 Exploring the impact of diet on the maintenance of colonization resistance 

The association of microbial short-chain fatty acid production with resistance to C. 

difficile infection is indicative of its role in microbiota community integrity. In chapter 3, I 

discussed my findings on the effect of the dietary polysaccharide xanthan gum on the 

murine microbiota using a murine antibiotic model of C. difficile colonization. Changes in 

the microbiota and its production of SCFAs were observed within 48 hours of starting 

xanthan gum administration. While mice with 5% xanthan gum in their diet were protected 

from C. difficile colonization, xanthan gum also affected the ability of antibiotics to target 

the resident microbiota, limiting the reduction of colonization resistance through an 

alternative mechanism. 

Diet as a microbiota-modulating mechanism has been widely explored, especially 

as probiotics only generally only provide benefits for as long as they are taken (90, 388-

390). Thus, providing prebiotic nutrients that can alter the behavior of resident microbes 

already established in the gut is advantageous (391). Dietary components introduced into 

human diets alter microbial functions, particularly as processed foods expose microbes 

to novel energy sources. For example, the dietary additive trehalose may play a role in 

regulating C. difficile fitness in the gut (199-201). Other dietary components, such as zinc, 

iron and calcium, also can modulate the microbiota and play roles in regulating aspects 

of C. difficile physiology (181-185). Given the prevalence of xanthan gum-degrading taxa 

in humans, microbes find ways to utilize compounds presented to them (392). As dietary 
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components are evaluated for incorporation into human diet, research should be 

extended to understand not only the direct effects on human physiology but also possible 

indirect outcomes, such as modulating the microbiota, in both health and disease. 

 

5.4 Exploring the dynamics of microbiota establishment and formation of 

colonization resistance following a bottleneck  

In chapter 4, I leverage a bioreactor model to study the formation of microbial 

colonization resistance following a bottleneck event. The resulting founder effects 

increased the variability of each established community and in turn altered their ability to 

resist invasion by the non-indigenous microbe C. difficile. While community variability is 

an indicator of colonization resistance, it only broadly characterizes the possible 

metabolic interactions capable of its members (393). For example, a community that is 

less variable will have more stable metabolic interactions that fill environmental niches 

(365, 366). In turn, a more variable, less diverse community will have more difficulty 

successfully using surrounding resources efficiently enough to prevent non-indigenous 

microbes from invading (365, 366). This was evident when bioreactors were treated with 

higher inulin. Reactor communities that resisted C. difficile also retained the ability to 

respond to the additional carbohydrates by producing more SCFAs. However, those that 

had been diluted more lost the ability to produce additional SCFAs and prevent C. difficile 

from becoming established. 

Understanding these ecological dynamics are important for developing microbe-

based treatments to restore colonization resistance. If the goal is to provide sufficient 

metabolic competition, microbe-based treatments need to not only fulfill specific functions 
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but provide a broader metabolic support network to limit generalist organisms, such as C. 

difficile, from circumventing resistance to find available niche space. 

 

5.5 Conclusions 

As a prominent human pathogen, C. difficile has developed diverse means to 

successfully colonize the gut. The advances described in this thesis have detailed how 

the microbiota and host work together to prevent C. difficile colonization in otherwise 

healthy individuals. The resulting intersection between clinical and environmental 

sciences has opened new doors for systems biology approaches as researchers 

incorporate multiple dimensions of biology to answer research questions. 

In this dissertation, I used a synergy of human, murine and in vitro models to 

understand unique aspects of the biology of C. difficile infection. By using a human study, 

I was able to examine the microbiota in its native environment, giving a better picture of 

how these dynamics play out in the host of interest. While this provides important detail 

on human physiology, it is difficult to modify the environment for controlled experimental 

questions. This is where the strengths of the murine and in vitro models become valuable. 

Murine models provide a parallel system for studying the gut as it contains both host and 

microbial variables. Due to the homogeneity of mouse colonies, scientific questions can 

be asked in a more controlled environment. I used this model to characterize the 

microbiota in the context of C. difficile-associated disease. However, the differences in 

physiology between the murine and human guts (e.g. nutrient profile, bile acid 

metabolism, etc.) can limit the translatability of findings from research done in mice back 

into humans. Due to the complex interactions between host and microbes in the gut, it 
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can be difficult to understand relationships among microbes themselves. Therefore, using 

in vitro models, such as bioreactors, improves one’s ability to investigate the physiology 

of gut microbes without host dynamics at play. In this dissertation, I leveraged bioreactors 

to study community-level metabolism or ecological dynamics. Since each model has their 

own particular value, using them in concert provides unique insight into the multilayered 

system of the gut environment. 

The gut environment contains a wide variety of mechanisms that alter C. difficile 

physiology. Future treatment options should leverage methods of gut defense already in 

use by the host (Table 5.1). Furthermore, shifts in microbiota-related research from 

identifying bacterial community membership to characterizing community function will 

result in the development of more effective treatment options that incorporate 

interindividual variability into personalized medicine. 
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Table 5.1 Leveraging the environment for C. difficile treatment 
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