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CHAPTER VI 

Cell-Mediated Matrix Stiffening Accompanies Capillary Morphogenesis In Ultra-Soft 

Amorphous Hydrogels 

© 2019 Elsevier Ltd. All rights reserved 

6.1 ABSTRACT 

There is a critical need for biomaterials that support robust neovascularization for a wide-

range of clinical applications. Here we report how cells alter tissue-level mechanical properties 

during capillary morphogenesis using a model of endothelial-stromal cell co-culture within 

poly(ethylene glycol) (PEG) based hydrogels. After a week of culture, we observed substantial 

stiffening in hydrogels with very soft initial properties. Endothelial cells or stromal cells alone, 

however, failed to induce hydrogel stiffening. This stiffening tightly correlated with degree of 

vessel formation but not with hydrogel compaction or cellular proliferation. Despite a lack of 

fibrillar architecture within the PEG hydrogels, cell-generated contractile forces were essential 

for hydrogel stiffening. Upregulation of alpha smooth muscle actin and collagen-1 was also 

correlated with enhanced vessel formation and hydrogel stiffening. Blocking cell-mediated 

hydrogel degradation abolished stiffening, demonstrating that matrix metalloproteinase (MMP)-

mediated remodeling is required for stiffening to occur. These results highlight the dynamic 

reciprocity between cells and their mechanical microenvironment during capillary 

morphogenesis and provide important insights for the rational design of materials for 

vasculogenic applications.  

6.2 INTRODUCTION 
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Biomaterials that support capillary formation are critical for wide ranging regenerative 

medicine applications (1, 246). To date, most studies of 3D capillary morphogenesis have used 

biologically-derived extracellular matrix (ECM) hydrogels such as fibrin, collagen and Matrigel 

(93). Synthetic, proteolytically degradable poly(ethylene glycol) (PEG) hydrogel ECMs also 

have attracted interest because of their biocompatibility and versatile macromer chemistry (94). 

However, the extent of capillary morphogenesis is significantly restricted in PEG hydrogels 

compared with biologically-derived ECMs (114, 231, 247). To overcome this limitation, a range 

of strategies have emerged to modulate initial hydrogel properties (221, 248) and to incorporate 

proangiogenic biological cues into PEG hydrogels to enhance their angiogenic potential (133, 

225, 247, 249). Despite this interest, relatively few studies have investigated how cellular 

remodeling of these minimalist PEG matrices accompanies microvascular morphogenesis (221). 

Biophysical and biochemical cues in the ECM guide cellular remodeling, which in turn, 

alters the mechanical and biochemical microenvironment (250). This dynamic and reciprocal 

relationship between cells and their ECM occurs throughout capillary morphogenesis. While 

many biochemical cues have been established (2), the relationship between microvascular cells 

and their mechanical microenvironment also plays a critical role. In fibrillar ECMs, mechanical 

tension helps guide endothelial migration and sprouting (6, 68) and fiber recruitment plays an 

important role in this process both in 2D (66) and 3D (64). Stiffening of initially soft fibrillar 

hydrogels occurs both locally and globally as capillary morphogenesis proceeds (64, 251). 

However, whether soft or stiff fibrillar ECMs best support vessel formation depends on the 

model system used (13).  

In PEG hydrogels, the pericellular microenvironment has an amorphous nano-scale 

architecture that is distinct from fibrillar ECMs (219) which alters how force transmission 
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occurs. In contrast to conflicting reports regarding stiffness effects in fibrillar ECMs, in PEG 

hydrogels capillary morphogenesis is inversely related to initial modulus (114, 133, 221, 230). 

Though differences in matrix degradability (91) and diffusion (114) likely contribute to these 

effects, whether cell-mediated mechanical cues contribute to enhanced capillary morphogenesis 

in these soft amorphous matrices, which lack the fibrous architecture needed to support long-

range force propagation, remains poorly understood. Moreover, whether cell-mediated matrix 

stiffening occurs in amorphous PEG hydrogels and associates with capillary morphogenesis is 

unknown.  

To address these questions, we generated PEG hydrogels with a range of initial moduli 

and measured how the extent of capillary morphogenesis and bulk stiffening correlated. Using 

this model, we then interrogated the relative contributions of cell generated traction, ECM 

deposition, and cell-mediated remodeling on stiffening behavior to better understand the 

mechanisms underpinning cell-mediated changes to hydrogel mechanics and enhanced capillary 

morphogenesis in soft amorphous hydrogels. 

6.3 MATERIALS AND METHODS 

6.3.1 Cell culture 

All reagents were obtained from Thermo Fisher Scientific (Waltham, MA) unless 

specified. Endothelial and stromal cell sources in this study were chosen to provide continuity 

with our prior work (231). Human umbilical vein endothelial cells (ECs) were harvested from 

fresh umbilical cords (obtained from the University of Michigan’s Mott’s Children’s Hospital via 

an IRB-exempt process, without any identifying information provided to the researchers) and 

cultured in fully supplemented Vasculife VEGF Endothelial Medium (Lifeline Cell Technology 

LLC, Frederick, MD) as previously described (172). ECs were used between passages 2-4. 
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Normal human dermal fibroblasts (DFs, Lonza, Walkersville, MD) were cultured in Dulbecco’s 

modified Eagle medium (DMEM, Life Technologies, Grand Island, NY) supplemented with 

10% fetal bovine serum (FBS, Life Technologies) and 1% penicillin streptomycin (Life 

Technologies) and were used up to passage 15. Both cell types were cultured at 37 °C and 5% 

CO2 with thrice weekly medium exchanges. Cells were harvested below 80% confluence using 

0.05% trypsin-EDTA (Life Technologies).  

6.3.2 PEG-VS hydrogel formation. 

Hydrogels were formed from 4-arm poly(ethylene glycol) vinyl sulfone (PEG-VS; 20 

kDa, Jenkem USA, Allen TX) and a combination of a thiol containing adhesive peptide and a 

protease-sensitive crosslinking peptide adapted from published protocols (114, 127). Hydrogels 

were functionalized with CGRGDS peptide (“RGD”, Genscript, Piscataway, NJ) and crosslinked 

with Ac-GCRDVPMS↓MRGGDRCG-NH2 (“VPMS”, Genscript, cleavage site indicated by ↓), 

which contains an N-terminal acetylation and a C-terminal amidation. These peptides were 

chosen to provide continuity with our previous work (231). All reagents were prepared in 

batches of single-use aliquots. Peptides, dissolved in 25 mM acetic acid, and PEG-VS, dissolved 

in ultrapure water, were 0.22 µm filtered, lyophilized, and stored desiccated at -20 °C. Precise 

thiol content of each batch of peptide aliquots was determined using Ellman’s reagent. 

Immediately before use, all reagents were dissolved in HEPES (100 mM, pH 8.4) to achieve 

final desired concentrations. RGD was reacted with the PEG-VS for 30 min to achieve a constant 

final concentration of 400 µM for all gel formulations. After RGD conjugation, VPMS was 

added to the PEG-VS solution, gently mixed, and 50 μl samples were dispensed into sterile 1 mL 

syringes with the needle end cut off. Hydrogels polymerized for 1 h at 37 °C in a sealed 50 mL 

conical tube. Polymerized hydrogels were punched into phosphate buffered saline (PBS). An 
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optimal thiol:vinyl sulfone ratio (typically 0.8-0.9), achieved by varying crosslinker 

concentration to yield the maximum hydrogel shear modulus for acellular hydrogels, was 

determined for each batch and used for subsequent vasculogenesis assays.  

6.3.3 Vasculogenesis assays and drug inhibitor studies 

A 3D co-culture model of vasculogenesis, in which endothelial and stromal cells 

distributed in a hydrogel matrix self-assemble into a vascular network, was used as previously 

described (231). Briefly, hydrogels were formed as above except that a cell pellet was 

resuspended just before adding the crosslinking peptide to achieve a final cell seeding density of 

2×106 cells/mL of each cell type (1×105 ECs and/or 1×105 DFs per 50 μl gel). Hydrogels were 

formed with 27, 32, and 40 mg/mL PEG-VS corresponding to 2.7%, 3.2%, and 4% (w/v PEG-

VS). For quantification of gel compaction, a solution of Fluoresbrite Polychromatic Red 

microspheres (2.1 ± 0.018 μm diameter, 2.6% solids, Polysciences Inc, Warrington, PA) was 

additionally incorporated into hydrogels by substituting a 5% volume of HEPES for microsphere 

solution. Samples of the resulting suspension were dispensed and polymerized as above. Each 

hydrogel was cultured in 2 mL Vasculife VEGF medium in a 12-well plate for 7 d. For most 

conditions, medium was exchanged on days 1, 3, and 5. Blebbistatin (Calbiochem) and GM6001 

(Calbiochem) were delivered in a 500x dilution of DMSO vehicle. Blebbistatin was delivered at 

a final concentration of 30 µM for all conditions and GM6001 was delivered to achieve the 

indicated final concentrations. 24-hour exposure to blebbistatin was achieved by spiking it into 

the culture media on day 6 of culture. Daily exposures to blebbistatin and GM6001 were 

achieved by exchanging culture media and inhibitors daily to maintain vehicle concentrations 

and inhibitor activities. All inhibitor conditions were compared to their appropriate vehicle 

controls. Experiments with 24-hour exposure to blebbistatin were performed with both 27 
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mg/mL and 32 mg/mL PEG hydrogels. Experiments in which blebbistatin and GM6001 were 

included throughout culture were performed with 32 mg/mL PEG hydrogels. 

6.3.4 Mechanical characterization of PEG-VS hydrogels 

Hydrogel shear moduli were obtained for all conditions on day 1 after allowing for 

hydrogel swelling and on day 7. Hydrogels were mounted on an AR-G2 rheometer (TA 

Instruments, New Castle, DE) between an 8-mm measurement head and a Peltier stage, each 

covered with P800 sandpaper. Shear storage modulus (G’) was determined at 0.05 N normal 

force, 5% strain amplitude, and 1 rad/sec frequency and averaged over a 1-minute time sweep.  

6.3.5 Fluorescent image quantification methods 

On day 7, co-cultures were fixed with Z-fix (Anatech, Battle Creek, MI). All PEG-VS 

hydrogels were cut longitudinally down the cylinder midline prior to staining, yielding two 

halves. For quantification of vessel and nuclei density and cell spreading, samples were stained 

with rhodamine-conjugated lectin from Ulex europaeus (UEA, Vector Laboratories, Burlingame, 

CA, specific for endothelial cells, 1:200), 4’, 6-diamidino-2-phenylindol (DAPI, 1 μg/mL, 

Sigma), and AlexaFluor 488 phalloidin (1:200). PEG-hydrogels were imaged on the cut side to 

ensure images were representative of cellular behavior within the hydrogels. Images were 

acquired using an Olympus IX81 microscope equipped with a disk scanning unit (DSU, 

Olympus America, Center Valley, PA) and Metamorph Premier software (Molecular Devices, 

Sunnyvale, CA). For all analyses, confocal z-stacks were acquired using the DSU. Z-series were 

collapsed into maximum intensity projections prior to analyses. Quantifications of vessel and 

nuclei densities were performed on 300 µm stacks (30 µm/slice) imaged at 4x (2.16 x 1.65 mm). 

Total vessel length per region of interest (ROI) was quantified from UEA images using the 

Angiogenesis Tube Formation module in Metamorph and reported as vessel length per volume 
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of ROI. Total nuclei per ROI were quantified from DAPI images using a custom ImageJ script as 

previously described (231), and reported as counts per volume. A custom ImageJ script (script 

and example included in supplement) was used to determine the fraction of UEA-negative 

nuclei. Briefly, binary DAPI projections were masked with their associated binary UEA 

projections and the fraction of DAPI stained area excluded from UEA-stained regions was 

calculated. Cell body circularity and projected cell area per volume of ROI were quantified from 

30 µm thick stacks (3 µm/slice) of phalloidin images acquired at 10x (0.86 x 0.65 mm) and 

processed with a custom ImageJ script (included in supplement). Microbead density, as a 

measure of gel compaction, was calculated from 10 µm thick stacks (1 µm/slice) imaged at 20x 

(0.44 x 0.34 mm). Bead densities on day 0 were acquired before gel swelling. For each 

independent experiment, a value for each metric was determined by averaging multiple ROIs (4 

for vessel and nuclei density, 6 for cell coverage and circularity, and 12 for bead densities). Only 

the final value of each parameter from each independent experiment (N=3-7) was subsequently 

analyzed in our statistical analysis. 

6.3.6 Immunofluorescent staining and imaging 

 Following tissue construct fixation and bisection, hydrogels were permeabilized with 

0.5% v/v TritonX-100 in tris-buffered saline (TBS) for 30 minutes then blocked overnight at 4°C 

in TBS with 2% w/v bovine serum albumin (BSA, Sigma-Aldrich) and 0.1% v/v Tween 20. 

Primary antibodies for alpha smooth muscle actin (Abcam, mouse IgG2b isotype, 1:200 dilution),  

collagen-1 (Santa Cruz Biotech, mouse IgG1 isotype, 1:200 dilution), fibronectin (Santa Cruz 

Biotech, mouse IgG2b isotype, 1:200 dilution), collagen-IV (Invitrogen, mouse IgG1 isotype, 

1:500 dilution), or laminin beta-1 (Invitrogen, rabbit IgG, 1:500 dilution) were incubated with 

samples overnight at 4°C. Samples were then washed several times and incubated overnight at 
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4°C with appropriate secondary antibodies (Invitrogen, either AlexaFluor 488 goat-anti-mouse 

IgGH+Lor goat-anti-rabbit IgGH+L, 1:200 dilutions). Samples were again washed then stained with 

DAPI and either UEA or AlexaFluor 568 phalloidin as indicated and stored in TBS. 

Representative images were acquired at 10x and 20x magnification using the DSU and presented 

as maximum intensity projections of 30 µm thick stacks (3 µm/slice). 

6.3.7 Gene expression analysis 

Hydrogels (2-3 per experimental replicate, pooled) were rinsed in PBS, cut into 4 pieces 

per gel, and incubated under constant gentle rotation in Collagenase IV (200 U/mL) at 37 ºC for 

30-40 min until gels were dissociated. The suspension was centrifuged at 500 × g for 3 min. The 

resulting cell pellet was lysed and RNA purified using an RNeasy Mini Kit (Qiagen, Venlo, 

Netherlands). RNA was reverse transcribed to cDNA using a High Capacity cDNA Reverse 

Transcription Kit (Applied Biosystems, Thermo Fisher Scientific). PCR amplifications were 

performed on a 7500 Fast Real-Time PCR System (Applied Biosystems) using Taqman Gene 

Expression reagents (20 ng cDNA per PCR reaction). The primer probe sets for the following 

genes were utilized (Taqman Assay ID indicated): GAPDH (Glyceraldehyde 3-phosphate 

dehydrogenase, Hs04420566_g1); TGFB1 (transforming growth factor β1, Hs00998133); 

PDGFRB (platelet derived growth factor receptor-β, Hs01019589_m1); PDGFB (platelet derived 

growth factor-β, Hs00966522_m1); ANTXR2 (capillary morphogenesis gene 2 protein, 

Hs00292467_m1); KDR (vascular endothelial growth factor receptor 2, Hs00911700_m1); 

ACTA2 (α-smooth muscle actin, Hs00426835_g1); COL1A1 (Collagen I, alpha 1 chain, 

Hs00164004_m1); LAMB1 (Laminin, Beta 1 chain, Hs01055960_m1); FN1 (Fibronectin 1, 

Hs01549976_m1); COL4A1 (Collagen IV, alpha 1 chain, Hs00266237_m1); MMP2 (matrix 

metalloproteinase 2, Hs01548724_m1); MMP9 (matrix metalloproteinase 9, Hs00957562_m1); 
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MMP14 (membrane type 1 matrix metalloproteinase, Hs01037009_g1). The ΔΔCt method was 

used to determine relative gene expression with GAPDH as the internal control.  

6.3.8 Statistics 

Statistical analysis was performed using GraphPAD Prism (La Jolla, CA). Unless noted, 

data are represented as mean ± standard deviation of at least 3 independent experiments. Data 

were analyzed using one- or two-way ANOVA with Tukey post-hoc testing with matching when 

possible and pre-specified comparisons between conditions on a given day and between days for 

a given condition. Correlations were determined by linear regression and R2 and p value for the 

correlation coefficient reported. Statistics for gene expression data was performed in the Ct 

domain. A value of α < 0.05 was considered significant.  

6.4 RESULTS 

6.4.1  Vessel density and hydrogel stiffening both depend on initial PEG composition and are 

tightly correlated 

We first confirmed that initial PEG composition affects cellular morphogenetic processes 

including vessel formation, changes in cell density, and cell spreading consistent with previous 

work with EC-DF co-cultures (231). We then characterized the expression of pro-angiogenic 

genes and the evolution of tissue-level physical properties including stiffening and compaction 

depending on PEG composition. Lower PEG concentration at gel polymerization supported 

increased vessel density at 7 d (Figure 6.1A and 6.1D), with a 2-fold higher vessel density in 27 

mg/mL gels compared with 40 mg/mL (p < 0.001). The baseline shear moduli of hydrogels 

formed from 27, 32, and 40 mg/mL PEG were 59 ± 27 pa, 114 ± 27 pa, and 209 ± 50 pa, 

respectively (Figure 6.1B), confirming that changes in PEG composition led to differences in 
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bulk shear storage moduli on day 1 (after swelling). These PEG densities were empirically  

chosen to interrogate the softest formulation which would consistently gel (27 mg/mL), the 

softest formulation which did not exhibit any stiffening behavior (40 mg/mL), and an 

intermediate formulation (32 mg/mL). Despite significant differences in vessel formation, we did 

not observe composition dependent differences in gene expression for a panel of angiogenesis-

associated genes (Supplemental, Figure 6.9 A-E). After 7 d, 27 mg/mL hydrogels stiffened 2.7-

fold (p < 0.01) and 32 mg/mL hydrogels stiffened 1.5-fold (NS), while the shear moduli of 40 

mg/mL gels remained unchanged. Cell density did not vary with PEG composition at 1 d or 7 d, 

though there was a modest ~1.4-fold increase in total cell density for all gel compositions over 

Figure 6.1: Lower concentration of PEGVS at the time of crosslinking results in higher vessel 
density at 7 d and induces gel stiffening without altering cell density. A) Hydrogel constructs were 
formed with a range of concentrations of PEGVS and cultured for 7 d. Vessel density in the bulk of 
the constructs was estimated as described in the methods. B) The shear storage modulus (G’) of 
constructs was determined after overnight culture (Day 1) and at 7 d. C) Cell density in the constructs 
after 1 d and 7 d was quantified from DAPI stained images. Two-way ANOVA: time p < 0.001, PEG 
p > 0.99, interaction p = 0.60. D) Representative images of maximum intensity projections of confocal 
sections (z height = 300 µm) for ECs stained with UEA at 7 d from constructs with a range of PEGVS 
compositions. #: p < 0.05, relative to 40 mg/mL PEGVS (same day); *: p < 0.05, relative to 32 mg/mL 
PEGVS (same day); &: p < 0.05 relative to day 1 (same PEGVS composition), N=4-7. 
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the 7 d culture (Figure 6.1C & Supplemental, Figure 6.10), Two-way ANOVA: time p < 

0.001, PEG p > 0.99, interaction p = 0.60). Cell density after 1 d was ~1.4×106 cell/mL 

(compared with 4×106 cell/mL at seeding), reflecting swelling of the gels after casting. There 

was a strong inverse correlation of the shear storage modulus at 1 d with vessel density at 7 d 

(Supplemental, Figure 6.11A, R2 = 0.762, p < 0.0001), but no correlation with cell density 

(Supplemental, Figure 6.11B, R2 = 0.002, p =0.956). We noted a positive correlation between 

the degree of stiffening observed in each experiment and the ultimate vessel density at 7 d 

(Supplemental, Figure 6.11C, R2 = 0.480, p = 0.0087).  

We also assessed spreading of all cells using both individual cell circularity and projected 

area covered by all cells in phalloidin stained samples. No differences in circularity or spreading 

were noted 1 d after seeding (Supplemental, Figure 6.12). After 7 d, average circularity 

decreased in all gels (Supplemental, Figure 6.12A, p < 0.0001) and area coverage increased 

(Supplemental, Figure 6.12B, p < 0.005), but this effect was most pronounced in 27 mg/mL 

gels (p = 0.033 relative to 40 mg/mL).  

In contrast to co-culture experiments, ECs cultured in the absence of DFs did not undergo 

capillary morphogenesis (Figure 6.2A). The shear moduli of EC or DF mono-cultures in 27 

mg/mL hydrogels were statistically unchanged after 7 d, similar to controls (Figure 6.2B). EC 

mono-culture cell densities significantly decreased 2.7-fold (Figure 6.2C, p < 0.01) and cell 

bodies remained rounded (Fig 6.2D), whereas DF mono-culture cell densities significantly 

increased 1.6-fold (Figure 6.2C, p < 0.01) and cell bodies appeared well spread (Figure 6.2E). 

In addition to stiffening accompanying capillary morphogenesis, we observed that soft 

hydrogel constructs changed shape macroscopically, suggesting possible gel compaction 

(Supplemental, Figure 6.13). To investigate whether compaction could account for the apparent 
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changes in modulus and vessel density, we entrapped 2 μm beads within the hydrogel network as  

fiduciary markers, allowing us to infer changes in hydrogel density from changes in bead density 

specifically in the centers of the gels were capillary density was measured. Incorporation of 

beads did not substantially alter initial hydrogel mechanical properties nor stiffening behavior 

(Supplemental, Figure 6.14A). As expected, after overnight swelling we observed a decrease in 

bead density to 34 ± 6 % of reference gels (Supplemental, Figure 6.14B), where density was 

quantified immediately after gelation. This result corresponded closely with the observed 

Figure 6.2: Co-culture of ECs with DFs is necessary for capillary morphogenesis and hydrogel 
stiffening. A) ECs cultured in the absence of DFs in 27 mg/mL PEGVS did not develop capillary 
networks. B) The shear storage modulus (G’) of 27 mg/mL constructs which were acellular or 
contained mono-cultures of either DFs or ECs did not show any significant differences between 
conditions on a given day or between days for a given condition. C) Mono-cultures of ECs in 27 
mg/mL hydrogels demonstrated a significant decrease in nuclei density over a 7 d culture period and 
cell bodies remained rounded as visualized with UEA for cell bodies and DAPI for nuclei (D). Mono-
cultures of DFs in 27 mg/mL hydrogels demonstrated a significant increase in nuclei density over a 7 
d culture period (C) and cell bodies appeared well spread as visualized with phalloidin staining for cell 
bodies and DAPI for nuclei (E). *: p < 0.05, relative to Day 1 (same cellular condition). #: p < 0.05, 
relative to DF mono (same day); . Y-axes were scaled to match Fig. 1 
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changes in cell density after gel swelling and confirmed the validity of the technique. Despite the 

suggestion of hydrogel compaction from macroscopic images for 27 mg/mL hydrogels, no 

significant differences in bead density (measured locally inside of the gels) were observed as a 

function of gel composition during the 7 d culture (Supplemental, Figure 6.14B), though a 

weak inverse correlation was noted between initial gel modulus and change in bead density from 

1 d to 7 d (Supplemental, Figure 6.14C, R2 = 0.3935, p = 0.016).  

6.4.2 Active cellular contraction significantly contributes to hydrogel stiffening 

To investigate the contribution of cell-generated forces to hydrogel stiffening, we blocked 

cell-mediated contractility with the myosin II inhibitor, blebbistatin. Only 27 and 32 mg/mL 

hydrogels were assessed because 40 mg/mL hydrogels did not stiffen. Gels were incubated with 

30 µM blebbistatin for the final 24 h of a 7 d culture period to inhibit traction forces (252) and 

minimize confounding effects from changes in vessel density, nuclei density, and cell spreading 

that occur with long-term blebbistatin treatment (171, 253). This treatment caused a significant 

decrease in measured modulus of 36 ± 6% and 30 ± 11% for 27 and 32 mg/mL hydrogels, 

respectively (p < 0.030, Figure 6.3A). Interestingly, the 32 mg/mL hydrogels relaxed back to 

their initial shear moduli whereas the 27 mg/mL hydrogels did not (Figures 6.1B, 6.3A), 

suggesting our softest gels may incur some degree of permanent remodeling. 24-hour treatment 

with blebbistatin did not cause any changes in vessel density (Figure 6.3B), nuclei density 

(Figure 6.3C), or cell-spread coverage (Figure 6.3D), but did cause a modest increase in 

circularity in 27 mg/mL hydrogels (p = 0.015, Figure 6.3E), suggesting some retraction of 

cellular protrusions occurred without significantly altering average cell size. 24-hour blebbistatin 

treatment did not affect gel density as assessed by microbead density (Figure 6.3F). In contrast, 

supplementing blebbistatin daily over the entire 7d culture period resulted in the dissolution of 
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27 mg/mL gels and significant softening for 32 mg/mL gels (p = 0.0015, Supplemental, Figure  

6.15A), as well as significantly reduced vessel density and cell density (p ≤ 0.017, 

Supplemental, Figure 6.15B-D).  

 To investigate if initial matrix stiffness alters cell phenotypes associated with increased 

cellular contractility (254), we measured ACTA2 (α-smooth muscle actin, αSMA) gene 

expression. The expression of αSMA was significantly upregulated in all constructs during 

culture, but the increase was most significant for the 27 mg/mL gels (p = 0.017 relative to 40 

mg/mL, Figure 6.4A). Immunofluorescent staining showed that αSMA was expressed 

exclusively in UEA negative fibroblasts, which were often present in the perivascular space 

(Figure 6.4B) and appeared in all gel formulations (Supplemental, Figure 6.16). The pooled 

Figure 6.3: Cell contractility partly contributes to construct stiffening. Hydrogel constructs with 
either 27 or 32 mg/mL PEGVS were cultured for 6 d and then were incubated with 30 µM blebbistatin 
or vehicle during the final 24 h of culture. The shear storage modulus (G’) at 7 d was measured in 
each condition (A). Average stiffness at 1 d is shown in red on each graph for reference. 24 h 
treatment with blebbistatin did not affect vessel density (B), the cell density (C), or cell area covered 
(D). Blebbistatin induced a slight increase in cell circularity in 27 mg/mL PEGVS constructs (E). 
Blebbistatin did not alter the density of microbeads (F). *: p < 0.05, relative to vehicle control, N=3. 
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RNA contained transcripts from both cell types but αSMA is only expressed in fibroblasts.  

Therefore, the measured increase in αSMA expression could either represent an increase in 

αSMA per fibroblast or a higher proportion of fibroblasts contributing to the RNA pool. To 

differentiate these possibilities, we estimated the proportion of fibroblasts in our samples by 

Figure 6.4: Smooth muscle actin is upregulated by fibroblasts in soft hydrogels. A) Expression of 
α smooth muscle actin (αSMA, gene: ACTA2) was measured from RNA collected from constructs 
after 1 d or 7 d using real time RT-PCR. Expression levels were normalized to GAPDH in each 
sample and then to expression in 27 mg/mL PEGVS at 1 d (ΔΔCt method). *: p < 0.05, relative to 40 
mg/mL PEGVS, N=3. B) Only fibroblasts display significant α-smooth muscle actin protein 
expression. Representative image in an intermediate stiffness construct showing immunofluorescent 
staining for (αSMA), counterstained with UEA to highlight endothelium, and DAPI. Note the tight 
association of αSMA+ fibroblasts with UEA+ microvessels (solid arrowheads) but lack of αSMA 
staining in UEA+ microvessels themselves (open arrowhead). Scale bar = 100 μm. C) The proportion 
of UEA(-) nuclei (representing fibroblasts) in stiff constructs after 7 d was quantified as described in 
the supplemental methods. 
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quantifying the number of nuclei excluded from UEA stained regions. There was not an 

increased proportion of fibroblasts in soft hydrogel formulations (Figure 6.4C), demonstrating 

that soft hydrogels supported higher levels of αSMA expression in fibroblasts.  

6.4.3 Enhanced deposition of collagen I and downregulation of MMP expression associates 

with hydrogel stiffening in ultra-soft hydrogels 

The observation that blebbistatin inhibition of cell-mediated contractility did not result in 

a return to initial mechanical properties in 27 mg/mL gels suggested deposition of new matrix 

may contribute to stiffening. To assess this possibility, we quantified mRNA levels of collagen I 

alpha 1 chain (COL1A1), fibronectin (FN1), laminin beta 1 chain (LAMB1), and collagen IV 

alpha 1 chain (COL4A1) in pooled RNA collected from both cell populations in the gels. No 

differences in expression level were detected between hydrogels on day 1 (Figure 6.5). 

However, after 7 d of culture, we observed a 1.8-fold increase in collagen I expression in 27 

mg/mL hydrogels compared with 40 mg/mL hydrogels (p = 0.0007, Figure 6.5). We also 

observed fibronectin expression in all gels was increased from 1 d to 7 d (Two-way ANOVA: 

time p = 0.0002, PEG p = 0.11, interaction p = 0.0094) but was most strongly upregulated in 40 

mg/mL at day 7 (p ≤ 0.0009). Expression of transcripts for the basement membrane component 

laminin beta 1 chain was unchanged during culture for the 27 mg/mL gels but was modestly 

upregulated 1.3-fold in 40 mg/mL gels (p ≤ 0.0021). Collagen IV alpha 1 was upregulated after 7 

d but did not depend on PEG composition.  

We further analyzed the deposition of proteins encoded by these transcripts using 

immunostaining. Collagen I and fibronectin were deposited around both UEA negative 

fibroblasts and UEA positive vessels (Figure 6.6 & Supplemental, Figure 6.17A). Compared 
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with 27 mg/mL gels, we noted a qualitative decrease in Collagen I deposition in 40 mg/mL  

hydrogels, consistent with the expression analysis. Fibronectin deposition was observed not only 

around vessel like structures but also surrounding rounded cells which did not spread. In contrast 

to deposition of collagen I and fibronectin, the basement membrane proteins laminin (beta 1 

chain) and collagen IV (which reacts with both alpha 1 and alpha 2 chains) were tightly 

associated with UEA+ vessel-like structures and were less prominently expressed in UEA 

negative fibroblasts (Supplemental, Figure 6.17B, C). To assess the spatial distribution of ECM 

protein deposition relative to the encapsulated cells, we co-stained phalloidin with collagen I or 

Figure 6.5: Collagen I alpha 1 chain expression is upregulated in soft hydrogels. RNA was 
collected from constructs after 1 d and 7 d, purified, and expression determined using real time RT-
PCR. Expression of collagen I α1 chain (COL1A1, A), fibronectin (FN1, B), laminin β1 chain 
(LAMB1, C), and collagen IV α1 chain (COL4A1, D) was measured. Expression levels were 
normalized to glyceraldehyde 3-phosphate dehydrogenase (GAPDH) in each sample and then to 
expression in 27 mg/mL PEGVS at 1 d (ΔΔCt method). *: p < 0.05, relative to 40 mg/mL PEGVS 
same day, N=3. 
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fibronectin. In 27 mg/mL gels we observed very little ECM protein deposition in the hydrogel  

bulk distant from cells, with nearly all ECM deposited within ~30 μm of cells (Supplemental, 

Figure 6.18). We also noted areas of extensive ECM deposition devoid of actin but adjacent to 

nearby cells, suggesting active cellular remodeling in these regions followed by migration 

(Supplemental, Figure 6.18, arrowheads). Fibronectin expression surrounding poorly spread 

cells never extended more than a few microns from the nuclei. 

Concurrent with our observation of enhanced matrix deposition in ultra-soft hydrogel 

formulations, we also observed downregulation of MT1-MMP and MMP2 in 27 mg/mL 

hydrogels compared to 40 mg/mL hydrogels on day 7 (Figure 6.7A, B, p ≤ 0.014). However, 

Figure 6.6: Collagen I deposition around vessels is more robust in soft hydrogels. 27 mg/mL (A) 
or 40 mg/mL (B) PEGVS constructs were fixed at 7d and stained for collagen I and counterstained 
with UEA and DAPI. There was a clear increase in collagen I deposition in 27 mg/mL constructs 
compared with 40 mg/mL. 
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there was no significant change in MMP9 expression over time regardless of formulation 

(Figure 6.7C). 

6.4.4 Inhibition of MMP-mediated proteolysis reduces hydrogel stiffening and correlates 

with decreased cell spreading but not changes in cell number 

We have previously shown that inhibition of MMPs with the broad-spectrum MMP 

inhibitor GM6001 severely restricts capillary morphogenesis in VPMS crosslinked hydrogels 

(231). Given that our results to this point suggested stiffening behavior was due to cell 

contractility and pericellular matrix remodeling, we reasoned that blocking cell-mediated 

hydrogel degradation, needed for cell spreading and endothelial tube assembly, would also 

abolish gel stiffening. Closely mirroring the decrease in vessel density with GM6001 which we 

previously reported (231), we observed a robust and dose-dependent loss of gel stiffening with 

GM6001 (Figure 6.8A) in comparatively soft 32 mg/mL hydrogels (30 ± 8 Pa on day 1). 

Notably, GM6001 did not significantly alter cell density in the gels, indicating changes in 

Figure 6.7: MMP expression is downregulated in ultra-soft hydrogel formulations. RNA was 
collected from constructs after 1 d and 7 d, purified, and expression determined using real time RT-
PCR. Expression of matrix type-1 MMP (MT1-MMP, A), MMP2 (B) and MMP9 (C) was measured. 
Expression levels were normalized to glyceraldehyde 3-phosphate dehydrogenase (GAPDH) in each 
sample and then to expression in 27 mg/mL PEGVS at 1 d (ΔΔCt method). *: p < 0.05, relative to 27 
mg/mL (same day); &: p < 0.05 relative to day 1 (same composition). N=3. 
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stiffening were not due to reduced cell density over time (Figure 6.8B). We measured a  

significant rise in circularity with increasing doses of GM6001 (ANOVA: p < 0.0001, Figure 

6.8C) and a non-significant trend toward lower cell coverage (Figure 6.8D), both suggesting 

reduced cell spreading with GM6001.  

 

6.5 DISCUSSION 

While the effects of stiffness on capillary morphogenesis have been studied extensively 

(13), how cells, in turn, alter the mechanical properties of their surrounding ECM during this 

Figure 6.8. Inhibition of MMP-mediated matrix degradation abolishes gel stiffening and blocks 
cell spreading. 32 mg/mL PEGVS constructs were incubated with the broad-spectrum MMP 
inhibitor GM6001 for 7 d. The shear storage modulus (G’) at 7 d was measured in each condition (A, 
*: p < 0.05, relative to vehicle 7 d). There was a modest trend toward lower cell density with 
increasing GM6001 concentration but did not reach statistical significance (B, ANOVA: p = 0.0734). 
Average cell circularity, a measure of cell spreading, increased with GM6001 concentration (C, #: p < 
0.01, relative to 10 μM GM6001; &: p < 0.05, relative to 1 μM GM6001, lower values of circularity 
reflect greater irregularly shaped spreading). Projected cell area covered also decreased with GM6001 
concentration but did not reach statistical significance (D, ANOVA: p = 0.1417). N=3. 
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process has received less attention (251). A clear understanding of the dynamic and reciprocal 

relationship between cells and their mechanical microenvironment is critical to engineer 

synthetic materials for regenerative medicine applications because these mechanical changes 

may in turn affect the differentiation and function of co-encapsulated functional cell types (250). 

Protease-susceptible PEG hydrogels are prototypical synthetic materials and have been widely 

utilized for their ability to support and control populations of single cells in 3D (255, 256). 

However, the impact of their amorphous structure, which is distinct from native fibrillar ECMs, 

on complex multicellular morphogenetic processes remains less understood. Consistent with 

several previous reports in other synthetic hydrogels, including protein-synthetic hybrid systems 

(202, 229) and polysaccharide-synthetic systems (89, 230), we observed enhanced vessel 

formation with reduced PEG crosslinking density (91, 114, 133, 221). Interestingly, this 

enhanced vessel formation in softer gel formulations was not correlated with differential 

expression of pro-angiogenic genes. However, the more surprising observation was that ultra-

soft amorphous gels significantly stiffened over time as capillary morphogenesis occurred. We 

then used a combination of inhibitor studies and molecular expression analyses to provide 

evidence that both cell-mediated contractility and ECM deposition, but not hydrogel compaction, 

contribute to this stiffening. We then demonstrated that inhibition of cell-mediated degradation 

inhibited cellular spreading and severely attenuated gel stiffening.  

We recently reported that fibrin matrices stiffen on both the microscale and the 

macroscale as capillary morphogenesis occurs (251), but it was not clear if this phenomenon 

required a fibrillar matrix to transduce cell-generated forces and thereby alter the mechanical 

microenvironment. The strain stiffening properties of fibrous materials such as fibrin and 

collagen allow cell-mediated tension to transmit mechanical forces over long distances, perhaps 
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serving as a cue to guide network organization (6, 68, 257). However, the nanoscale, amorphous 

architecture of PEG hydrogels is distinctly different from fibrin or collagen (219). Such synthetic 

hydrogels generally display linear elastic deformation (257), which limits the distance 

mechanical forces can propagate relative to strain-stiffening fibrous materials.  

To our knowledge, stiffening behavior in a purely synthetic matrix material during 

capillary morphogenesis has not been previously reported. Cell-mediated changes to hydrogel 

mechanics have, however, been more extensively studied in the context of fibrosis and wound 

healing, and engineering of load bearing tissues such as cartilage and bone (258). Fibroblast-

mediated stiffening of fibrous materials is well documented in fibrin (251) and collagen (259), is 

dependent on cellular contractility, and results in hydrogel compaction (260). Dermal fibroblasts 

have also been shown to stiffen and compact PEG-fibrinogen composites (261). However, we 

did not observe a significant change in marker bead density over time depending on gel 

formulation, suggesting that gel compaction was not necessarily associated with stiffening in our 

system. These observations suggest the bulk of PEG gels are not significantly reorganized, 

unlike collagen or fibrin which restructure into more compact fibrous architectures (175). 

Distinct from fibrillar ECM or PEG-fibrinogen composite hydrogels, we also observed that 

stiffening depended on the co-culture of ECs with DFs. In the absence of capillary 

morphogenesis, DFs failed to stiffen ultra-soft hydrogel formulations. In contrast, others have 

reported that fibroblasts in unmodified alginate (262) and endothelial colony forming cells in 

RGD modified hyaluronan crosslinked with MMP degradable peptides (263) soften over time. 

These differences in the evolution of hydrogel mechanics depending on cell culture system 

demonstrate a complex interplay between cell types and ECM identity in dictating changes to 

hydrogel mechanics over time.   



122 
 

The cellular networks that formed throughout the bulk of the hydrogel may themselves be 

mediating the stiffening effects via cell-mediated contractility. To test this hypothesis, we 

included a saturating dose of blebbistatin, which inhibits the action of myosin II (264), in our 

culture medium for the final 24 hours of culture. This treatment reversed about half of the 

observed stiffening in the 27 mg/mL and all the stiffening seen in the 32 mg/mL gels, 

implicating cytoskeletal tension as a major contributor to the observed stiffening behavior. We 

previously demonstrated that long term inhibition of cell-mediated contractility severely 

attenuated endothelial sprouting in fibrin (171). Likewise, we observed that exposure to 

blebbistatin throughout the 7 d culture period not only reduced capillary morphogenesis, but 

resulted in gel softening over time. Matrix stiffness itself may also directly impact the degree of 

cellular contractility. Mabry et al. observed that valvular interstitial cells exhibited a more 

contractile phenotype in soft materials and that this phenotype could be reversed by changing 

matrix mechanics in situ (265). Likewise, we observed an increase in the expression of α-smooth 

muscle actin in fibroblasts within our soft hydrogel constructs during capillary morphogenesis.  

Since 24-hour exposure to blebbistatin did not fully reverse stiffening in the softest gels, 

the contributions of matrix deposition to the observed stiffening behavior were also assessed. We 

observed that collagen I alpha 1 chain was upregulated in pooled RNA samples from the soft 

hydrogels. Collagen I alpha chain is one of the key secreted proteins from fibroblasts that induce 

capillary morphogenesis in coculture with endothelial cells and its deposition contributes to 

progressive stiffening of fibrin (52). Deposition of ECM proteins by chondrocytes in alginate has 

similarly been correlated with progressive hydrogel stiffening (266). We noted collagen I near 

both vessels and fibroblasts but not within the bulk of the PEG hydrogels, suggesting deposition 

was highly localized. Fibronectin was also upregulated in all gel formulations and was deposited 



123 
 

in a clear pericellular distribution around cells, similar to that of collagen I, as has been reported 

previously (221). We also observed decreased expression of MT1-MMP and MMP2 in ultra-soft 

hydrogels which would shift ECM dynamics toward deposition over degradation. 

Combined, the tight association of ECM proteins with invading cells, lack of change in the bulk 

hydrogel density, and the dependence of stiffening on cell contractility suggested a model in 

which networks of cells deposit an interconnected fibrillar architecture in soft hydrogels. Such a 

network also provides a mechanism for long-range force transmission that may help to facilitate 

network organization in the otherwise amorphous material. This network could result in a 

composite with properties increasingly dominated by a relatively stiff network of cells and their 

pericellular ECM rather than the adjacent soft amorphous hydrogel material. Cell-mediated 

tension may contribute to hydrogel mechanics by propagating through this newly deposited ECM 

and possibly through endothelial tubules themselves, which has been suggested in fibrin 

hydrogels (253). This suggests that co-culture of ECs and DFs in PEG may be necessary to 

induce formation of a sufficiently interconnected network through which traction forces can 

propagate.  

In support of our hypothesis that cellular network formation is necessary to allow 

hydrogel stiffening, we also observed a profound loss of stiffening behavior in co-cultures 

containing the MMP inhibitor GM6001, which inhibits MMP-mediated proteolysis necessary for 

cell spreading. Cell-mediated matrix degradation is required for an interconnected network of 

cells to form and deposit ECM. MMPs are required for capillary morphogenesis in natural ECMs 

(5, 55) and MMP-degradable PEG hydrogels (114, 231), but our findings here show they are also 

required for stiffening in a synthetic hydrogel. This effect may be MMP-specific because 

inhibition of plasmin-mediated degradation in PEG-fibrinogen hydrogels was necessary to 
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permit stiffening (261). Moreover, our results suggest that cellular growth and deposition of new 

ECM outpaces global proteolytic hydrogel degradation in this model tissue.  

Reciprocal crosstalk between ECM stiffness and cell-mediated remodeling to adjust the 

cellular microenvironment has been suggested in the progression of tumors (250)  and may also 

partially regulate the process of neovascularization. Here we demonstrate a correlation between 

gel stiffening and capillary morphogenesis, suggesting that localized cellular remodeling around 

networks of fibroblasts and ECs is necessary for both processes to occur. Therefore, these data 

suggest that the initial mechanical properties of the cellular microenvironment may not directly 

dictate capillary morphogenesis per se, but instead create a permissive environment that can be 

readily remodeled by the cells themselves. This hypothesis is supported by observations by Sokic 

et al. that capillary morphogenesis is significantly enhanced in PEG hydrogels with similar initial 

mechanical properties but with MMP degradability controlled by crosslinking peptide sequence 

(91). Counterintuitively, this suggests that enhancing MMP degradability may also result in 

enhanced hydrogel stiffening. 

  In summary, this study highlights the critical importance of cell-mediated remodeling on 

the evolution of tissue-level mechanical properties during the complex multicellular process of 

capillary morphogenesis in 3D. ECM mechanics affect the differentiation and function of many 

target cell types in engineered tissues beyond ECs and fibroblasts, such as osteoblasts, neurons, 

hepatocytes, and renal epithelium (162, 267). Thus, dynamic changes in matrix properties are a 

particularly important consideration in the design of functional vascularized tissues formed from 

multiple cell types to ensure the mechanical environment is permissive both for the 

morphogenesis of vascular structures and for tissue function. Characterizing cell-mediated 

changes to hydrogel mechanics provides an essential framework for understanding, and 
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ultimately controlling, the evolution of tissue mechanics when applied for regenerative medicine 

applications.   

 

6.6 SUPPLEMENTAL FIGURES  

 

 
 
Figure 6.9: Hydrogel formulation does not affect pro-angiogenic gene expression. RNA was 
collected from constructs after 1 d and 7 d, purified, and expression determined using real time 
RT-PCR. Expression of transforming growth factor β1 (TGFB1, A), platelet derived growth 
factor-β (PDGFB, B), platelet derived growth factor receptor-β (PDGFRB, C), capillary 
morphogenesis gene 2 protein (CMG2, D), and vascular endothelial growth factor receptor 2 
(VEGFR2, E) was measured. Expression levels were normalized to glyceraldehyde 3-phosphate 
dehydrogenase (GAPDH) in each sample and then to expression in 27 mg/mL PEGVS at 1 d 
(ΔΔCt method). *: p < 0.05, relative to day 1, N=3. 
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Figure 6.10: Representative images of constructs with various PEGVS compositions 
showing similar overall cell density in each construct. Maximum intensity projections from 
confocal sections are shown (z height = 300 µm) for ECs stained with UEA and all cellular 
nuclei stained with DAPI. 
 
 
 

 
 
Figure 6.11: Scatter plots showing the correlations between vessel densities, cell densities 
and hydrogel moduli (shown as linear regression ± 95% confidence interval) for A) vessel 
density at 7 d vs G’ at 1 d (R2 = 0.762, p < 0.0001), B) cell density at 7 d vs G’ at 1 d (R2 = 
0.0002, p = 0.9562), C) vessel density vs relative G’ (defined as G’ at 7 d divided by G’ at 1 d, 
R2 = 0.480, p = 0.0087)). Each independent experiment is plotted separately, with the color and 
shape used to show PEGVS composition.   
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Figure 6.12: Soft hydrogels facilitate cell spreading. Average cell circularity (A) and area 
covered (B) after 1 d and 7 d of culture for various PEGVS compositions. Measurements were 
made as described in the Materials and Methods.  #: p < 0.05, relative to Day 1 (same 
composition); *: p < 0.05, relative to 40 mg/mL PEGVS (same day). N=3-7. 
 
 
 
 
 

 
 
Figure 6.13: Soft hydrogels change shape during culture. Representative wide field images 
(reconstructed from tiled 4X images) of constructs of various compositions at 1 d and 7 d. 
Samples cut along the cylinder diameter, stained with DAPI, and imaged on the cut face 
(shown).  
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Figure 6.14: Measurement of hydrogel compaction depending on hydrogel formulation. A) 
Microbead incorporation into constructs does not alter stiffening behavior. The shear storage 
modulus of constructs was determined after 1 d and at 7 d. Note the pattern is similar to that 
shown in Figure 1. *: p < 0.05, relative to Day 1 (same composition); #: p < 0.05, relative to 40 
mg/mL PEGVS (same day), N=4-5. B) Microbead density does not significantly change during 
culture depending on PEGVS composition. Relative bead density was determined immediately 
after casting hydrogels and after 1 d or 7 d of culture. Relative bead density < 1 reflects hydrogel 
swelling after casting. N=3-4. C) Scatter plots showing the correlation between ratio of 
microbeads at 7 d to 1 d and the initial shear storage modulus (G’0), shown as linear regression 
(± 95% confidence interval, R2 = 0.394, p = 0.0163). A ratio > 1 indicated relative compaction of 
bead density (above red line); a ratio < 1 indicates swelling (below red line). Each independent 
experiment is plotted separately with the color and shape used to show PEGVS composition. 
PEGVS composition was not taken into account for linear regression analysis. 
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Figure 6.15: Prolonged culture with blebbistatin abolishes stiffening, reduces capillary 
morphogenesis, and results in decreased cell density. Hydrogel constructs with 32 mg/mL 
PEGVS were cultured with 30 µM blebbistatin for all 7 d of culture. Data from Figure 3 are 
replicated for comparison.  The vehicle control was cultured with vehicle for 24 h.  Shear storage 
modulus (G’, A), vessel density (B), and cell density (C) were measured at 7 d. A representative 
maximum intensity projection of a UEA stained sample incubated with blebbistatin for 7 d is 
shown (D). #: p < 0.05 relative to vehicle, N=3-6. 
 

 
Figure 6.16: Smooth muscle actin is expressed by fibroblasts in all PEGVS constructs. 
Representative images of constructs showing immunofluorescent staining for (αSMA), 
counterstained with phalloidin and DAPI.  
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Figure 6.17: Deposition of all assessed ECM components occurred around UEA+ vessels. 
27 mg/mL PEGVS constructs were fixed at 7d and stained for fibronectin (A), laminin β1 chain 
(B), and collagen IV (C) and counterstained with UEA and DAPI. The basement membrane 
components collagen IV and laminin β1 chain were deposited tightly around UEA+ vessels. 
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Figure 6.18: Collagen I and fibronectin are deposited predominantly in focal areas near 
cells. 27 mg/mL PEGVS constructs were fixed at 7 d and stained for collagen I and fibronectin 
and counterstained with phalloidin (to mark cell bodies) and DAPI. There are multiple clearly 
defined areas of collagen I and fibronectin deposition without superimposed nearby phalloidin 
staining (arrowheads).  
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CHAPTER VII 

Dermal Fibroblasts Support Enhanced Vessel Formation and Increased Hydrogel 

Stiffening Compared to Mesenchymal Stem Cells in Fibrin and PEG Hydrogels 

 

7.1 ABSTRACT 

 Formation of an extensive microvascular network within engineered tissue constructs is 

essential for numerous tissue engineering applications. Combination of endothelial cells (ECs) 

and appropriate stromal cells is a convenient means of encouraging neovascularization through 

angiogenic or vasculogenic network formation. Although multiple stromal cell types are capable 

of supporting neovascular network formation, there is little consensus as to the relative benefits 

depending on choice of stromal cell type. Within this chapter, morphogenetic behavior in the 

presence of either dermal fibroblasts (DFs) or bone marrow derived mesenchymal stem cells 

(MSCs) was compared in fibrin- and PEG-based models of microvascular network formation. 

Rheological properties of hydrogels were tracked over time as an easily obtainable surrogate 

metric indicative of matrix remodeling. DF supported cultures consistently supported more 

extensive network formation and increased hydrogel stiffening in both fibrin and PEG hydrogels 

compared to MSCs. Increased stiffening in the presence of DFs may be indicative of enhanced 

extracellular matrix (ECM) deposition or enhanced cellular contractility. DF and MSC co-

cultures both upregulated alpha smooth muscle actin (αSMA) over time in fibrin and PEG 

hydrogels, with more αSMA positive cells tending to associate with vessels in PEG hydrogels 

than in fibrin, but there were no noticeable differences between stromal cell type. The data 
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presented in this chapter is intended to help generate hypotheses regarding differences in ECM 

remodeling depending on stromal cell type that facilitate neovascularization. 

7.2 INTRODUCTION 

A major hurdle for many tissue engineering applications is the formation of an extensive 

microvascular network in tissue constructs to support their long-term viability and function. 

Although larger scale vessels can be fabricated (116), and arteriole scale conduits can be printed 

into a tissue scaffold (112, 268), techniques to induce the formation of a microvascular capillary 

bed rely on either angiogenic or vasculogenic morphogenesis of endothelial cells (ECs) (16, 87). 

Extensive endothelial capillary morphogenesis typically relies on co-culture with a supportive 

stromal cell such as mesenchymal stem cells (MSCs) (56, 99, 100), adipose derived cells (10, 

101, 102), various fibroblasts (11, 52, 103, 104), or smooth muscle cells (53, 91, 105). Despite 

numerous studies demonstrating the capacity of various stromal cells to support capillary 

morphogenesis, there are relatively few studies directly comparing morphogenetic behavior 

between potential stromal cell choices. Direct comparative studies of morphogenetic behavior 

depending on stromal cell choice can provide valuable insights for their judicious selection to 

elicit preferred morphogenetic outcomes. 

Our lab has previously demonstrated that fibroblasts stimulate more rapid vessel 

formation compared to MSCs, but MSCs promote improved barrier function both in vitro (10) 

and in vivo (11) and are more capable of acting as pericytes (7) in fibrin hydrogels. Differences 

in proteolytic matrix remodeling was proposed as a possible explanation for the difference in 

rate, and possibly quality, of observed vessel formation. In this chapter, measurement of cell-

mediated changes to matrix mechanics depending on stromal cell choice is used as surrogate 

metric for assessing differences in extracellular matrix (ECM) remodeling. Cellular remodeling 
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processes that affect the dynamics of hydrogel mechanics include proteolytic degradation (231), 

deposition of ECM proteins (52, 266), and active cellular contractility (175, 238), however, the 

relative contribution of each process was not deconvoluted in this work. As such, the preliminary 

data presented in this chapter showing differences in hydrogel stiffening depending on stromal 

cell type during capillary morphogenesis in fibrin and poly(ethylene glycol) (PEG) hydrogels is 

intended to be hypothesis generating for future work.  

7.3 MATERIALS AND METHODS 

7.3.1 Cell culture 

All reagents were obtained from Thermo Fisher Scientific (Waltham, MA) unless 

specified. Human umbilical vein endothelial cells (ECs) were harvested from fresh umbilical 

cords and cultured in fully supplemented EGM2 (Lonza, Walkersville, MD) or Vasculife VEGF 

Endothelial Medium (Lifeline Cell Technology LLC, Frederick, MD) as previously described 

(172). ECs were used between passages 2-4. Normal human dermal fibroblasts (DFs, Lonza) 

were cultured in Dulbecco’s modified eagle medium (DMEM) supplemented with 10% fetal 

bovine serum (FBS) and 1% penicillin streptomycin and were used up to passage 15. Bone 

marrow mesenchymal stem cells (MSCs, RoosterBio, Frederick, MD) were cultured in 

RoosterNourish-MSC medium (RoosterBio) and used up to passage 5. All cells were cultured at 

37 oC and 5% CO2 with thrice weekly medium exchange.  

7.3.2 Fibrin-based angiogenic sprouting assay 

A three-dimensional cell culture model of capillary morphogenesis was assembled 

following adapted protocols as previously described (92, 172, 176). Briefly, EC-coated 

microbeads were embedded in 2.5 mg/mL fibrin gels with DFs or MSCs either embedded or 

overlaid on the gel as a monolayer. For a more detailed description of the procedure please refer 
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to Chapter 3. For conditions in which the stromal cells were embedded within the fibrin gel 

(“embedded”) a suspension of DFs or MSCs was added to the fibrinogen at a final concentration 

of 2.5x104 cells/mL; for the other conditions, an equal volume of EGM2 was added instead. 

Microbeads were added to the solution at 50 beads/mL. After gelation, 2 mL of EGM2 per 1 mL 

of fibrin gel was overlaid for all gels. For conditions in which the stromal fibroblasts were 

cultured on top of the gel (“overlay”), DFs or MSCs were introduced in the overlaid EGM2 at a 

concentration of 2.5x104 cells/mL of fibrin gel to achieve equal stromal cell numbers per gel for 

both overlay and embedded conditions. For the presented experiment, 6 gels were cast for each 

time point (3 gels for rheology, 3 gels for image analysis). Gel constructs (0.5 mL total volume) 

were fabricated in 24-well tissue culture plates (Corning Inc). 

7.3.3 Fibrin-based vasculogenesis assay 

A 3D model of capillary morphogenesis was adapted from our previously described 

protocol (77) as follows. ECs (3x105 cells/mL) and either DFs or MSCs (3x105 cells/mL) were 

distributed in 0.5 mL fibrin hydrogels formed in a 24-well culture plate from 2.5 mg/mL of 0.22 

µm filtered bovine fibrinogen (Sigma-Aldrich, St Louis, MO) dissolved in serum free DMEM 

and polymerized with 1 U/mL bovine thrombin (Sigma). After gelation, 1 mL of Vasculife 

VEGF Endothelial Medium (Lifeline Cell Technology LLC, Frederick, MD) was added to the 

hydrogel. 

7.3.4 PEG-based vasculogenesis assay 

Hydrogels were formed from 4-arm poly(ethylene glycol) vinyl sulfone (PEG-VS; 20 

kDa, Jenkem USA, Allen TX) and a combination of thiol containing adhesive and protease-

sensitive peptides adapted from published protocols (114, 127) and covered in detail in Chapter 

4 and Chapter 6. Immediately before use, PEG-VS was dissolved in HEPES (100 mM, pH 8.4) 
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and CGRGDS peptide (RGD, Genscript, Piscataway, NJ) was reacted with the PEG-VS for 30 

min at a final concentration of 500 µM. All hydrogels contained a 1:1 ratio of ECs to stromal 

cells. In rapid succession, a cell pellet was resuspended in the dithiol peptide solution to achieve 

the indicted final cell density (either 3x106 cells/mL or 5x106 cells/mL of each cell type), this 

solution was then added to the PEG-VS solution, gently mixed, and 50 μl was dispensed into a 

sterile 1 mL syringe with the needle end cut off, and allowed to polymerize for 1 h at 37 oC in a 

sealed 50 mL conical tube. Crosslinking peptides included: Ac-GCRDVPMS↓MRGGDRCG-

NH2 (“VPMS”) and Ac-GCRDVPMS↓MRGGVPMS↓MRGGDRCG-NH2 (“2xVPMS”) each 

containing an N-terminal acetylation and a C-terminal amidation (Genscript, cleavage sites 

indicated by ↓). Polymerized hydrogels were punched into 2 mL of Vasculife VEGF medium in 

a 24-well plate. Media was exchanged on day 1 then on alternate days thereafter up to 7 or 14 

days. At the end of the experiment, hydrogels were fixed with Z-fix (Anatech, Battle Creek, MI) 

for 1 hr, rinsed 4x in PBS, and then stored at 4 °C. 

7.3.4 Mechanical characterization of fibrin and PEG hydrogels 

The bulk mechanical properties of fibrin and PEG hydrogels were measured via parallel 

plate shear rheology using an AR-G2 rheometer (TA Instruments, New Castle, DE) equipped 

with an 8 mm diameter measurement head and a Peltier stage maintained at 37 °C. A detailed 

description of rheological assessment of fibrin hydrogels is available in Chapter 3, but briefly, 

oscillatory shear measurements of 6% strain amplitude and a frequency of 1 rad/sec were 

performed on the specified days directly in multi-well tissue culture. Cell culture media was 

aspirated before measurements, with a small volume left to ensure the gel remained wet. A 

protocol was developed whereby the top platen was lowered until it made initial contact with the 

hydrogel, followed by measurements of shear modulus (G’) taken at 200 µm intervals while 
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closing the gap between platen and stage. Gels exhibited a plateau in G’ as the gap was 

progressively decreased after making contact, the peak G’ measured of 3 gap heights after 

contacting the gel was used as our reported value for the given hydrogel. 

Free floating PEG hydrogels were removed from their culture plate, mounted on the AR-

G2 rheometer between an 8-mm measurement head and a Peltier stage, each covered with P800 

sandpaper. Shear storage modulus (G’) was determined at 0.05 N normal force, 5% strain 

amplitude, and 1 Hz frequency and averaged over a 1-minute time sweep.  

7.3.5 Fluorescent image quantification methods 

On the indicated days, hydrogels were fixed with Z-fix (Anatech, Battle Creek, MI). All 

PEG-VS hydrogels were cut longitudinally down the cylinder midline prior to staining, yielding 

two halves. For quantification of vessel and nuclei density and to visualize cell spreading, 

samples were stained with rhodamine-conjugated lectin from Ulex europaeus (UEA, Vector 

Laboratories, Burlingame, CA, specific for endothelial cells, 1:200), 4’, 6-diamidino-2-

phenylindol (DAPI, 1 μg/mL, Sigma), and AlexaFluor 488 phalloidin (1:200). PEG-hydrogels 

were imaged on the cut side to ensure images were representative of cellular behavior within the 

hydrogels. Images were acquired using an Olympus IX81 microscope equipped with a disk 

scanning unit (DSU, Olympus America, Center Valley, PA) and Metamorph Premier software 

(Molecular Devices, Sunnyvale, CA). For all analyses, confocal z-stacks were acquired using the 

DSU. Z-series were collapsed into maximum intensity projections prior to analyses.  

Quantifications of network length per bead for the angiogenesis assay was performed as 

detailed in Chapter 3. Quantification of nuclei density for the angiogenesis assay was performed 

on stacks spanning the full thickness of the hydrogel imaged at 4x (2.16 x 1.65 mm). The full 

thickness of the gel was imaged to allow comparison of nuclei densities between overlay and 



138 
 

embedded conditions. Stacks used to quantify nuclei densities were taken in regions that did not 

include any endothelial cells and thus solely represent stromal cell densities. 

Quantification of vessel densities for the fibrin and PEG based vasculogenesis assays 

were performed on 200 µm stacks (50 µm/slice) imaged at 4x (2.16 x 1.65 mm). Total vessel 

length per region of interest (ROI) was quantified from UEA images using the Angiogenesis 

Tube Formation module in Metamorph and reported as vessel length per volume of ROI. Total 

nuclei per ROI were quantified from DAPI images using a custom ImageJ script as previously 

described (231), and reported as counts per volume.  

7.3.6 Immunofluorescent staining and imaging of α-smooth muscle actin in fibrin and PEG 

based vasculogenesis assays 

 Following tissue construct fixation (and bisection for PEG hydrogels), hydrogels were 

permeabilized with 0.5% v/v TritonX-100 in tris-buffered saline (TBS) for 30 minutes then 

blocked overnight at 4°C in TBS with 2% w/v bovine serum albumin (BSA, Sigma-Aldrich) and 

0.1% v/v Tween 20. Primary antibodies for alpha smooth muscle actin (αSMA, Abcam, mouse 

IgG2b isotype, 1:200 dilution) were incubated with samples overnight at 4°C. Samples were then 

washed several times and incubated overnight at 4°C with the appropriate secondary antibody. 

Samples were again washed then stained with DAPI and UEA and stored in TBS. Representative 

images were acquired at 10x magnification using the DSU and presented as maximum intensity 

projections of 50 µm thick stacks (5 µm/slice). 

7.3.7 Gene expression analysis of α-smooth muscle actin in fibrin and PEG based 

vasculogenesis assays 

At the indicated time points, hydrogels were washed with PBS and then disrupted to 

allow recovery of encapsulated cells. Fibrin hydrogels were dislodged from their well using a 
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small spatula and then dissolved using 500 μL of Nattokinase (1000 U/mL, Japan Bio Science 

Laboratory Co., Osaka City, Japan) and incubated at 37 °C for 45 min. PEG hydrogels were cut 

into small pieces with surgical scissors, and incubated under constant gentle rotation in 500 μL 

Collagenase IV (200 U/mL) at 37 ºC for 30-40 min until gels were dissociated. Solutions were 

pooled from 2 hydrogels, and the dissociated hydrogel suspensions were centrifuged at 500 × g 

for 3 min. The resulting cell pellet was lysed and RNA purified using an RNeasy Mini Kit 

(Qiagen, Venlo, Netherlands). RNA was reverse transcribed to cDNA using a High Capacity 

cDNA Reverse Transcription Kit (Applied Biosystems, Thermo Fisher Scientific). PCR 

amplifications were performed on a 7500 Fast Real-Time PCR System (Applied Biosystems) 

using Taqman Gene Expression reagents (20 ng cDNA per PCR reaction). The primer probe sets 

for the following genes were utilized (Taqman Assay ID indicated): GAPDH (Glyceraldehyde 3-

phosphate dehydrogenase, Hs04420566_g1); ACTA2 (α-smooth muscle actin, Hs00426835_g1); 

The ΔΔCt method was used to determine relative gene expression with GAPDH as the internal 

control.  

7.3.8 Western blot analysis of α-smooth muscle actin in vasculogenesis assays 

Cell pellets were recovered on day 7 as described for gene expression analysis. Cell 

pellets were lysed and protein concentrations were determined using a Pierce BCA protein assay 

kit. Western blot analysis for αSMA was then conducted on the purified protein solutions. After 

boiling samples, equal amounts of protein (5 μg) from each respective sample was 

electrophoresed in a 10% Tris glycine gel (Invitrogen) under reducing conditions and transferred 

to a PVDF membrane. The PVDF membrane was then probed in a 5% BSA blocking solution 

with primary antibodies for alpha smooth muscle actin (αSMA, Abcam, mouse IgG2b isotype, 

1:200 dilution). The PVDF membrane was placed inside a 50 mL conical tube with the transfer 
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side facing inward and incubated for 1.5 hours at room temperature with 5 mL of primary 

antibody solution on a rotary rack and subsequently washed 6× with TBS-T for 5 min. After 

washing, the membrane was incubated in TBS-T with horseradish peroxidase (HRP)-conjugated 

anti-mouse secondary antibody (1:10,000, Pierce Biotechnology) and pre-conjugated GAPDH 

HRP (1:2000, Santa Cruz Biotechnologies, Santa Cruz, CA). Protein expression was visualized 

using an enhanced chemiluminescence detection system. Bands were identified by comparing to 

a molecular mass ladder (Pierce Biotechnology). 

7.3.8 Statistics 

 Statistical analysis was performed using GraphPAD Prism (La Jolla, CA) for 

vasculogenesis assays performed in PEG hydrogels for which 3-4 replicates were collected. Data 

are represented as mean ± standard deviation. Data were analyzed using two-way ANOVA with 

Tukey post-hoc testing. A value of α < 0.05 was considered significant. Statistical analysis was 

not performed for the fibrin-based angiogenesis and vasculogenesis assays because only 1 

replicate was collected. Errors bars represent the standard deviation between 3 identical 

hydrogels cast from the same stock of reagents, representing the intra-experimental variability.  

7.4 RESULTS 

7.4.1 DFs appear more proliferative and induce more hydrogel stiffening than MSCs in a 

fibrin-based model of angiogenic sprouting.  

 This preliminary study compared endothelial sprouting from an EC-coated microcarrier 

bead embedded in fibrin either in the presence of DFs or MSCs. DFs and MSCs were either 

overlaid on the hydrogel as a monolayer or embedded in the hydrogel (Fig 7.1A). Both stromal 

cell types supported a similar average network length per bead when the supportive stromal cell 

was overlaid on top of the matrix (Fig 7.1B). In this overlay model, stromal cells are spatially 
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isolated from the sprouting ECs. When stromal cells were embedded in the matrix, however, DFs 

appeared to support more extensive network formation than MSCs (Fig 7.1C).  

 In the overlay condition, pronounced hydrogel stiffening was observed for both DF and 

MSC supported cultures. DFs appeared to promote enhanced hydrogel stiffening compared to 

MSCs, with apparent differences as early as day 4 (Fig 7.2A). DFs similarly appeared to promote 

enhanced hydrogel stiffening in the embedded condition, with a noticeable difference compared 

to MSCs only on day 14 (Fig 7.2B). Enhanced hydrogel stiffening in DF supported cultures was 

Figure 7.1: DFs support more extensive network formation than MSCs when embedded, but 
not overlaid, in a fibrin-based angiogenic sprouting model. The “Overlay” condition involves 
culturing DFs or MSCs on top of the fibrin gel, whereas they are distributed throughout the fibrin 
gel in the “Embedded” condition. A) Representative images from each condition on day 14. UEA 
and DAPI staining indicate ECs and total cell nuclei, respectively. Scale bars = 500 µm. 
Quantified average network length per bead is shown in the presence of either DFs (orange) or 
MSCs (blue) for both Overlay (B) and Embedded (C) conditions. 8-40 beads per hydrogel were 
quantified, error bars represent the standard deviation of average network length per bead between 
3 hydrogels cast from the same precursor solutions for MSC conditions, representing the intra-
experimental variability. DF data is reproduced from figure 3.1 and error bars represent 
interexperimental variability (n = 3) 
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accompanied by pronounced increases in DF nuclei density compared to MSC in both the 

overlay (Fig 7.2C) and embedded (Fig 7.2D) conditions. Plots of hydrogel modulus versus 

progressive nuclei densities on days 1, 4, 7, and 14 suggest that although DFs induce more 

aggregate hydrogel stiffening, MSCs may mediate more hydrogel stiffening per cell in both the 

overlay (Fig 7.2E) and embedded (Fig 7.2F) conditions.  

7.4.2 DFs support enhanced vessel formation and induce increased hydrogel stiffening 

compared to MSCs when co-cultured with ECs in a fibrin-based model of vasculogenesis.  

Figure 7.2: DFs induce increased hydrogel stiffening and increased nuclei densities compared to 
MSCs in a fibrin-based model of angiogenic sprouting. Bulk rheology on days 1,4, 7, and 14 is 
shown in the presence of either DFs or MSCs for both Overlay (A) and Embedded (B) conditions. The 
nuclei density, quantified from maximum intensity projections of DAPI stained images, is shown for 
DFs and MSCs for the Overlay (C) and Embedded (D) conditions on days 1,4, 7, and 14. Multiple 
maximum intensity projections were taken per hydrogel in regions without EC vessels, such that the 
quantification solely represents stromal cell nuclei. Overlay and embedded conditions were both 
seeded with 1.25x104 total stromal cells per hydrogel. The hydrogel modulus is plotted against the 
stromal cell density on progressive days (1,4, 7, 14) for the Overlay (E) and Embedded (F) conditions. 
Data from (A) and (C) is plotted in (E), whereas data from (B) and (D) is plotted in (F). These graphs 
help illustrate the change in modulus relative to change in nuclei density.  Error bars on all graphs 
represent intra-experimental variability between 3 hydrogels cast from the same stock of reagents. 
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 This preliminary study compared capillary network self-assembly and hydrogel stiffening 

in a fibrin-based vasculogenesis model containing EC monocultures, EC/DF co-cultures, and 

EC/MSC co-cultures. All culture conditions resulted in some degree of vessel-like network 

formation after 7 days (Fig 7.3A). Although substantial hydrogel volume remained unoccupied 

in EC monocultures, DFs and MSCs both spread to occupy the majority of hydrogel volume in 

co-culture conditions (Fig 7.3B). Quantification of vessel densities on day 7 for each condition 

shows that co-culture improves vessel formation compared to monoculture, and DFs support 

more extensive vessel formation than MSCs (Fig 7.4A). The total nuclei densities for all 

conditions on day 1 is higher than expected (EC: 1086 ± 35, EC/MSC: 1441 ± 174, EC/DF: 1808 

± 149) given the total cell seeding densities of 3x105 cells/mL for EC monocultures and 6x105 

cells/mL for co-cultures, suggesting hydrogel compaction during the first day of culture (Fig 

Figure 7.3: Representative images of capillary network formation and overall cell spreading in 
a vasculogenic model of capillary self-assembly in 2.5 mg/mL fibrin. A) Representative images of 
for ECs stained with UEA at 7 d from constructs containing an EC mono-culture (3x105 cells/mL 
seeded), EC/DF co-culture or EC/MSC co-culture (co-cultures seeded with 3x105 cells/mL of each 
cell type). B) Representative images of each culture condition shown stained with UEA (red), 
phalloidin (green) and DAPI (cyan) Stromal cells in the co-culture conditions are phalloidin positive 
but UEA negative. Maximum intensity projections of confocal sections (z height = 200 µm). 
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7.4B). In the absence of stromal cells there was no a noticeable change in EC nuclei densities 

over time. However, both EC/MSC and EC/DF cocultures exhibited increases in total nuclei 

densities, suggesting either further hydrogel compaction or cellular proliferation (Fig 7.4B). Day 

1 hydrogel mechanics were noticeably higher in this vasculogenic model (Fig 7.4C) than in the 

angiogenesis model with embedded stromal cells (Fig 7.2B), but this is consistent with the 

observation that hydrogel shear modulus on day 1 for an embedded mono-culture of DFs 

increased with increasing cell seeding density (Supplemental, Fig S1). Hydrogel shear modulus 

increased from day 1 to day 7 for all 3 culture conditions but had the largest increase for EC/DF 

co-cultures (Fig 7.4C). 

 Nuclei densities and hydrogel shear moduli for monocultures of DFs and MSCs were also 

collected. Representative images of DFs and MSCs after 7 days in culture are shown in Fig 

7.5A. Both DFs and MSCs had similar nuclei densities on day 1 (MSC: 978 ± 54, DF: 926 ± 

Figure 7.4: EC/DF co-cultures support increased vessel densities, nuclei densities, and hydrogel 
stiffening compared to EC mono-cultures and EC/MSC co-cultures in 2.5 mg/mL fibrin. Vessel 
density (A), total nuclei density (B), and shear modulus (G’)(C) were quantified for EC mono-
cultures, EC/MSC co-cultures, and EC/DF co-cultures on days 1 and 7 as described in the methods. 
All cultures were seeded with 3x105 ECs/mL, co-cultures contained an additional 3x105 stromal 
cells/mL. Vessel density (A) and nuclei density (B) were quantified from confocal stacks (z height = 
200 μm). Error bars for all metrics represent intra-experimental variability between the average values 
obtained from 3 hydrogels. 
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109) (Fig 7.5B), higher than expected based on the seeding densities of 3x105 cells/mL, 

suggesting hydrogel compaction for both cell types during the first day of culture. However, on 

day 7 DF cultures had higher nuclei densities than MSC cultures (Fig 7.5B). As opposed to co-

cultures, monocultures of DFs and MSCs in fibrin appeared to stiffen a similar amount over 7 

days (Fig 7.5C). These results suggest there may be a cooperative contribution to hydrogel 

stiffening between ECs and stromal cells. Whereas hydrogel mechanics in the angiogenic bead 

assay are dominated by the contribution from the embedded stromal cell (Fig 3.3A, B), 

Figure 7.5: DF monocultures had increased nuclei densities compared to MSC monocultures on 
day 7 in fibrin, but both cell types showed a similar degree of hydrogel stiffening.  A) 
Representative maximum intensity projections of confocal sections (z height = 200 µm) of DFs and 
MSCs stained with DAPI (cyan) and phalloidin (green) on day 7 from constructs seeded with 3x105 
stromal cells/mL. B) Nuclei densities were quantified from maximum intensity projections, both 
conditions had similar nuclei densities on day 1, but DF cultures had higher nuclei densities on day 7. 
C) Both cell types demonstrated a similar increase in shear modulus (G’) from day 1 to day 7. Error 
bars for both metrics represent intra-experimental variability between the average values obtained 
from 3 hydrogels. 
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distribution of ECs throughout the matrix in a vasculogenesis model with DFs resulted in 

increased hydrogel stiffening compared to the angiogenesis assay (Supplemental, Fig S2), 

supporting the idea of cooperative interaction with ECs.  

7.4.3 DFs support enhanced vessel formation compared to MSCs and induce significant 

hydrogel stiffening when co-cultured with ECs in a PEG-based model of vasculogenesis.   

This replicated study compared capillary network self-assembly and hydrogel stiffening 

in EC/DF and EC/MSC co-cultures in a vasculogenesis model in MMP-degradable PEG 

hydrogels. PEG hydrogels were crosslinked with either VPMS or with the more highly 

degradable 2xVPMS peptides, previously compared in Chapter 5. In PEG-VPMS, EC/DF and 

EC/MSC co-cultures both exhibited significant vessel formation over time (Fig 7.6A, B) with 

EC/DF co-cultures having significantly higher vessel densities than EC/MSC co-cultures on days 

7 (p = 0.006) and days 14 (p = 0.0007). Neither EC/DF nor EC/MSC co-cultures exhibited any 

significant changes in total nuclei densities over time (Fig 7.6C). EC/DF co-cultures 

significantly stiffened from day 1 to day 14 (p = 0.021) and had significantly higher shear moduli 

than EC/MSC co-cultures on day 14 (p = 0.018), whereas EC/MSC cultures exhibited 

insignificant softening from day 1 (129 ± 12 pa) to day 14 (116 ± 57 pa) (Fig 7.6D). 

Hydrogels formed with 2xVPMS crosslinking peptides promote accelerated vessel 

formation and increased hydrogel stiffening compared to VPMS hydrogels (Fig 5.2) in EC/DF 

cocultures. Comparison of EC/DF to EC/MSC co-cultures in 2xVPMS hydrogels helps 

accentuate differences in morphogenetic behavior. In PEG-2xVPMS, EC/DF and EC/MSC co-

cultures both exhibited significant vessel formation over time (Fig 7.7A, B) with EC/DF co-

cultures having significantly higher vessel densities than EC/MSC co-cultures on day 14 (p =  
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Figure 7.6: DFs support enhanced vessel formation compared to MSCs and induce significant 
hydrogel stiffening when co-cultured with ECs in PEG-VPMS. A) Representative images of 
maximum intensity projections of confocal sections (z height = 200 µm) for ECs stained with UEA on 
days 1, 7, & 14 from constructs seeded with 5x106 ECs/mL and 5x106 stromal cells/mL. Images were 
chosen with near average vessel densities between multiple replicates, quantification of vessel density 
for the specific image shown is indicated. B) Vessel density in the bulk of the constructs was 
estimated as described in the methods (Two-way ANOVA: time p = 0.008, cell p = 0.002, interaction 
p = 0.001). C) Cell density in the constructs was quantified from DAPI stained images (Two-way 
ANOVA: time p = 0.607, cell p = 0.001, interaction p = 0.143). D) Measurement of the shear storage 
modulus (G’) of constructs on progressive days demonstrates that EC/DF hydrogels stiffen but not 
EC/MSC hydrogels (Two-way ANOVA: time p = 0.084, cell p = 0.083, interaction p = 0.024). For all 
graphs: #: p < 0.05, EC/DF relative to EC/DF D7; &: p < 0.05 EC/DF relative to EC/DF day 14; @: p 
< 0.05 EC/MSC relative to EC/MSC D14; *: p < 0.05, EC/DF relative to EC/MSC (same day). N=3. 
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Figure 7.7: DFs support enhanced vessel formation compared to MSCs and induce significant 
hydrogel stiffening when co-cultured with ECs in PEG-2xVPMS. A) Representative images of 
maximum intensity projections of confocal sections (z height = 200 µm) for ECs stained with UEA on 
days 1, 7, & 14 from constructs seeded with 5x106 ECs/mL and 5x106 stromal cells/mL. Images were 
chosen with near average vessel densities between multiple replicates, quantification of vessel density 
for the specific image shown is indicated. B) Vessel density in the bulk of the constructs was 
estimated as described in the methods (Two-way ANOVA: time p = 0.008, cell p = 0.002, interaction 
p = 0.001). C) Cell density in the constructs was quantified from DAPI stained images (Two-way 
ANOVA: time p = 0.607, cell p = 0.001, interaction p = 0.143). D) Measurement of the shear storage 
modulus (G’) of constructs on progressive days demonstrates that EC/DF hydrogels stiffen but not 
EC/MSC hydrogels (Two-way ANOVA: time p = 0.084, cell p = 0.083, interaction p = 0.024). For all 
graphs: #: p < 0.05, EC/DF relative to EC/DF D7; &: p < 0.05 EC/DF relative to EC/DF day 14; $: p 
< 0.05 EC/MSC relative to EC/MSC D7; @: p < 0.05 EC/MSC relative to EC/MSC D14; *: p < 0.05, 
EC/DF relative to EC/MSC (same day). N=4. 
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0.021). EC/DF co-cultures exhibited a significant increase in nuclei density from day 1 to day 14 

(p = 0.045) and significantly higher nuclei densities on day 14 than EC/MSC co-cultures (p = 

0.038), whereas nuclei densities for EC/MSC co-cultures remained statistically unchanged from 

day 1 to day 14 (Fig 7.7C). EC/DF co-cultures significantly stiffened from day 1 to day 7 (p = 

0.40), further stiffened from day 7 to day 14 (p = 0.0002), had significantly higher shear moduli 

than EC/MSC co-cultures on day 14 (p < 0.0001), whereas EC/MSC cultures exhibited 

insignificant stiffening from day 1 (131 ± 17 pa) to day 14 (209 ± 93 pa) (Fig 7.7D). 

7.4.4 Alpha smooth muscle actin (αSMA) is upregulated overtime for EC/DF and EC/MSC 

co-cultures in fibrin and PEG hydrogels. 

 Expression and regulation of αSMA was compared between EC/DF and EC/MSC co-

cultures in 2.5 mg/mL fibrin and 32 mg/mL PEG-VPMS hydrogels in this preliminary study. 

Cells were seeded at 3x105 cells/mL for fibrin and 3x106 cells/mL for PEG of each cell type (co-

cultures were seeded with 6x105 and 6x106 cells/mL whereas monocultures were seeded at 3x105 

and 3x106 cells/mL total, respectively). Hydrogel compaction in fibrin (Fig 7.4B) and hydrogel 

swelling in PEG (Fig 6.14B) from initial casting to day 1, however, resulted in roughly similar 

total nuclei densities between fibrin and PEG on day 1 (Data not shown). Immunofluorescent 

staining in co-cultures showed that αSMA was expressed by DFs and MSCs in both fibrin and 

PEG hydrogels on day 7 (Fig 7.8A). Qualitatively, αSMA expressing DFs and MSCs appeared 

more tightly associated with EC vessels in PEG than in fibrin, but noticeable morphologic 

differences between DFs and MSCs were not apparent. Gene expression analysis of ACTA2 

(αSMA) on days 1 and 7 suggested that αSMA gene expression increases over time for both 

EC/MSC and EC/DF co-cultures in fibrin and PEG, but upregulation is more pronounced with 

MSCs (Fig 7.8B). Western blotting for αSMA suggested similar protein expression between DFs  
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and MSCs whether in monoculture or co-culture with ECs in both fibrin and PEG hydrogels on 

day 7 (Fig 7.8C). 

7.5 DISCUSSION 

This chapter provides a characterization of differences in cell-mediated changes to 

hydrogel mechanics between DF and MSC supported EC cultures in three models of capillary 

morphogenesis. A variety of fibroblasts and MSCs have been used to support capillary 

morphogenesis for tissue engineering applications (7, 101, 155, 231), however, there are limited 

studies directly comparing the effect of stromal cell type on EC phenotype (7, 10, 11, 72, 101, 

Figure 7.8: Alpha smooth muscle actin (αSMA) is upregulated overtime for EC/DF and 
EC/MSC co-cultures in fibrin and PEG hydrogels. (A) Representative images of maximum 
intensity projections of confocal sections (z height = 50 µm) for hydrogels fixed on day 7, stained for 
α-smooth muscle actin (αSMA), and counterstained with UEA and DAPI. (B) RNA was collected 
from constructs on day 1 and 7, purified, and expression of ACTA2 was determined using 
real time RT-PCR. Expression levels were normalized to glyceraldehyde 3-phosphate 
dehydrogenase (GAPDH) in each sample and then to expression in EC/MSC cultures in PEG 
on day 1 (ΔΔCt method). (C) Western blot image for protein expression of αSMA and 
GAPDH on day 7 for monocultures and co-cultures in fibrin and PEG. ECs in fibrin were 
included as a negative control and did not exhibit αSMA expression. 
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231). In this chapter accelerated vessel formation in the presence of DFs was observed, 

consistent with previous observations that both lung and dermal fibroblasts accelerate the rate of 

vessel formation compared to MSCs (7, 10, 231). Differences in proteolytic matrix remodeling 

has been suggested to contribute to accelerated vessel formation in the presence of fibroblasts 

(7), however, additional remodeling processes may also contribute. Measurements of cell-

mediated changes to hydrogel mechanics during in vitro culture are easily obtainable and help 

provide insight into additional differences in ECM-remodeling depending on supportive stromal 

cell type which may contribute to differences in microvascular network formation. 

Previous work has demonstrated multiple cellular remodeling processes that contribute to 

changes in hydrogel mechanics over time. Cellular traction has been shown to contribute to 

micro and macroscale changes in hydrogel mechanics. MSCs in collagen have been shown to 

locally stiffening their pericellular microenvironment, dependent on cellular contractility (205). 

Similarly, traction forces are necessary for EC sprouting in fibrin, and correlate with pericellular 

hydrogel stiffening (64). Force generation from fibroblasts has also been shown to result in 

hydrogel stiffening and compaction (175, 259, 261, 269), which plays a central role in wound 

healing (150). Hydrogel mechanics can also increase due to ECM deposition from encapsulated 

cells during various in vitro morphogenetic processes (258) including fibroblast mediated 

angiogenic sprouting (52), and contributes to progressive tissue stiffening in fibrotic pathologies 

(270). Incubation of hydrogels with appropriate proteases decreases their mechanical properties 

over time (231), however, proteolytic degradation of hydrogels is also necessary for 

morphogenetic processes to proceed that result in hydrogel stiffening (205, 238). Moreover, the 

contribution of cell-mediated protease secretion and hydrogel degradation may be too low to 
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detect with bulk rheology, as no changes were detected when fibroblasts were plated on a 

transwell insert spatially isolated from a fibrin hydrogel (251).  

 Although previous work has demonstrated differences in pro-angiogenic cytokine and 

protease expression (7) between fibroblasts and MSCs, which are likely to contribute to 

differences in the rate of vessel formation, the work presented in this chapter demonstrates that 

the dynamics of hydrogel mechanics also depend on stromal cell identity, suggesting differences 

in ECM remodeling may also contribute. Preliminary studies in fibrin suggest that EC/DF co-

cultures stiffen hydrogels more than EC/MSC co-cultures in both angiogenic and vasculogenic 

models of capillary morphogenesis. This increased stiffening was associated with increased 

vessel formation for-EC-DF co-cultures in the vasculogenic model and in the angiogenesis 

model when the stromal cells were embedded in the hydrogel matrix allowing close cellular 

association, but not in the overlay condition. This may suggest that the cellular remodeling 

process that results in hydrogel stiffening may only contribute to enhanced vessel formation 

when close-cellular association between ECs and stromal cells is allowed. In PEG hydrogels, 

DFs similarly supported enhanced vessel formation, however the difference in hydrogel 

stiffening was much more pronounced between DF and MSC supported cultures than in fibrin. 

DF supported cultures had significantly higher vessel densities than MSC cultures, and promoted 

significant hydrogel stiffening, whereas the mechanics of MSC cultures remained statistically 

unchanged. The lack of change in hydrogel mechanics for EC/MSC co-cultures despite extensive 

network formation suggests that hydrogel stiffening is not an inherent result of cellular 

morphogenesis, but rather the result of a remodeling process that is particularly enhanced during 

capillary morphogenesis in the presence of fibroblasts. Moreover, we have previously shown that 

PEG hydrogel stiffening depends on co-culture of DFs and ECs, demonstrating that cooperative 
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interaction between the two cell types is necessary and DFs alone do not mediate this effect in 

PEG (238). 

 Potential differences in αSMA were also assessed depending on stromal cell type in 

fibrin and PEG hydrogels. Expression of αSMA is often associated with contractile phenotypes 

(271, 272) and we have previously shown that increased αSMA expression in PEG hydrogels 

correlated with increased hydrogel stiffening in EC-DF co-cultures (238). Pericytes also express 

αSMA but are not necessarily actively contractile (25, 44). There was a qualitative difference 

between fibrin and PEG hydrogels with αSMA positive DFs and MSCs more tightly associated 

with EC vessels in PEG than in fibrin. However, there were no clear differences in αSMA 

regulation or expression between DF and MSC cultures, with αSMA being upregulated in both 

fibrin and PEG hydrogels containing cultures with either cell-type. Whether αSMA upregulation 

was indicative of a pericyte-like or highly contractile myofibroblastic phenotype for either 

stromal cell type would need to be more closely investigated.  

 Taken together, the data presented in this chapter suggests that DFs and MSCs may 

differentially regulate EC morphogenesis in part by their innate differences in contractility and/or 

matrix deposition. However, previous work has shown that although ECM deposition may 

contribute to PEG hydrogel stiffening in EC/DF co-cultures, the contribution to hydrogel 

stiffening was largely dependent on active cellular contractility (238).  Tractional stress applied 

on the ECM has been shown to provide a means of cell-cell communication through fibrillar 

matrices (257) and mechanical strain has been shown to promote and direct angiogenesis (67, 68, 

273). Fibroblasts are well known for being highly contractile (150, 175, 274, 275) suggesting the 

potential hypothesis in which they enhance angiogenesis through increased mechanical strain on 

their local microenvironment. This interpretation would make sense in the context of wound 
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healing in which cellular traction helps contract wounds and rapid blood vessel formation is 

necessary (174).  

 
7.6 SUPPLEMENTAL FIGURES 

 

 
 

Figure 7.9: DF monoculture stiffening of fibrin hydrogels from initial casting to day 1 is 
proportional to cell seeding density.  DFs were seeded in 2.5mg/mL fibrin hydrogels at 0, 25k, 
100k, 250k, and 750k cells per mL and hydrogel shear modulus (G’) and cell densities were 
quantified immediately after casting (Day 0) or after overnight culture (Day 1). Cell densities 
were calculated from confocal stacks through the full thickness of the hydrogel to compare cell 
densities between days without the confounding effect of hydrogel compaction. Error bars for 
both metrics represent intra-experimental variability between the average values obtained from 3 
hydrogels. 
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Figure 7.10: ECs contribute to fibrin hydrogel stiffening. In both conditions, DFs were 
seeded in the hydrogel at 1.25x104 cells/mL. ECs were also seeded in the hydrogel at 1.25x104 
cells/mL for the vasculogenesis assay, whereas they were delivered on microcarrier beads 
embedded in the matrix for the angiogenic bead assay. Hydrogels for both conditions stiffened 
from day 1 to day 14, but stiffening was more pronounced when ECs were distributed throughout 
the matrix rather than localized to microcarrier beads.   
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CHAPTER VIII  

Conclusions and Future Directions 

8.1 Summary of findings 

The findings presented in this dissertation provide important insights on cellular 

remodeling processes accompanying capillary morphogenesis in engineered tissue constructs. A 

fundamental understanding of these processes is essential for the rational design of engineered 

tissues that promote extensive capillary network formation. Poly (ethylene glycol)-based 

hydrogels, in which proteolytic susceptibility could be modulated independent of other material 

properties, were used to investigate the relative contributions of plasmin- and matrix 

metalloproteinase (MMP)-mediated matrix degradation to capillary morphogenesis. Although 

pharmacological protease inhibitor studies suggested a role for plasmin in regulating vessel 

formation in fibrin for dermal fibroblast (DF) and lung fibroblast (LF) supported co-cultures with 

endothelial cells (ECs), neither co-culture exhibited a plasmin-dependent contribution to 

capillary morphogenesis in PEG hydrogels. Increasing MMP degradability by decreasing 

hydrogel density or by increasing the susceptibility of crosslinks to MMPs, without altering other 

material properties, however, did result in increased network formation for EC-DF co-cultures. 

Interestingly, EC-DF co-cultures in PEG hydrogels with enhanced susceptibility to cellular 

remodeling exhibited increased network formation concomitant with pronounced hydrogel 

stiffening overtime. 

PEG hydrogel stiffening of low-density hydrogels (~50 Pa shear modulus) was dependent 

on active cellular contractility and correlated with upregulation of alpha smooth muscle actin 
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(αSMA) as well as upregulation and increased deposition of collagen-1 compared to high-density 

hydrogels (~200 Pa shear modulus) for EC-DF co-cultures. Increasing hydrogel degradability by 

using a crosslinker with increased susceptibility to MMP-mediated degradation similarly resulted 

in enhanced vessel formation concomitant with increased hydrogel stiffening for EC-DF co-

cultures but not for EC co-cultures with mesenchymal stem cells (MSCs). Regardless of MMP-

degradable crosslinker used, EC-MSC co-cultures in PEG hydrogels resulted in reduced vessel 

formation compared to EC-DF co-cultures and did not exhibit pronounced changes in hydrogel 

mechanics over time. The relative contributions of ECs and DFs to the dynamics of macro and 

micro-rheological properties of fibrin gels over time in a model of angiogenic sprouting was also 

investigated. Like PEG, bulk fibrin hydrogel stiffening was observed and both ECs and DFs 

demonstrated microscale pericellular hydrogel stiffening. Preliminary studies in fibrin between 

EC-DF and EC-MSC co-cultures further suggest enhanced vessel formation and hydrogel 

stiffening in the presence of DFs compared to MSCs.  

8.2 Significance and impact 

Although co-delivery of ECs and supportive stromal cells in engineered tissues is a 

promising strategy to promote neovascular network assembly, there is little consensus on the 

ideal choice of cells to deliver and ECM design parameters to incorporate to promote desired 

morphogenetic outcomes. Our lab has previously demonstrated functional differences in 

neovasculature depending on the choice of stromal cells used to support vessel formation (10, 

11) in fibrin hydrogels. This discrepancy in function was concomitant with differences in the rate 

at which vessels form, mechanism of proteolytic degradation to allow vessel invasion, and 

differences in pericyte association with the vessels (7).  
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Based on these previous findings, work presented in this dissertation addresses the 

dependence of capillary morphogenesis on the proteolytic susceptibility of engineered ECM 

hydrogels. Although the use of knock-out cells and animals is traditionally used to decipher the 

roles of specific proteolytic pathways (12, 56), redundancies in proteolytic ECM degradation can 

complicate interpretations from knock-outs. To complement these more commonly used 

molecular genetics approaches, we used engineered hydrogels (114) with selective degradability 

to MMPs or plasmin to investigate their relative importance during capillary morphogenesis. 

Potential plasmin-mediated contributions to angiogenesis include direct fibrin degradation (220), 

activation of MMP proenzymes into their active form (9, 222) and induction of cellular 

migration (63). Although studies have implicated plasmin as a potential regulator of capillary 

morphogenesis (7, 59, 62, 63), we did not observe promotion of vessel formation in plasmin-

susceptible matrices, nor restriction of vessel formation with plasmin inhibition in MMP-

selective matrices. These findings do not necessarily contradict findings in fibrin, however, as 

fibrin interacts with numerous EC integrins and receptors including αIIbβ3, αvβ1, αMβ2, αvβ3, αxβ2 

αvβ1 and α5β1 (74, 276), ICAM-1 and VE-cadherin (277), modulating cell behavior and 

signaling. PEG-hydrogels are solely functionalized with RGD adhesive peptide, and although 

RGD is capable of binding numerous integrins (74), it does not fully reconstitute the cell-ECM 

interactions present in fibrin and has even been shown to block plasmin-induced EC migration 

(63). Although differences between fibrin and PEG hydrogels were not fully addressed, this 

work does provide strong evidence for the critical dependence of capillary morphogenesis in 

synthetic matrices on MMP degradability.  

Enhancement of PEG-hydrogels to MMP-mediated degradation increased vessel 

formation. Similar results have been shown in a spheroid outgrowth model (91) and EC invasion 
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assays (89), and incorporation of additional hydrolytic susceptibility into MMP-degradable 

hydrogels has also been demonstrated to facilitate endothelial invasiveness (278). Unlike native 

settings in which barrier function and angiogenic induction are typically anti-correlated (20, 54), 

our results in PEG hydrogels showing upregulation of αSMA and increased collagen-1 

deposition in easily remodeled hydrogels suggest that enhanced matrix degradability of synthetic 

hydrogels may also potentially promote vessel maturation by facilitating cellular remodeling and 

mural cell recruitment. Although excessive hydrogel degradation may negatively impact long-

term hydrogel integrity, within the conditions tested we observed the opposite effect with 

increased hydrogel stiffening in more easily remodeled matrices. 

PEG-hydrogel stiffening was critically dependent on active cellular contractility and 

correlated with enhanced collagen-1 upregulation and deposition. Although there was a 

correlation between degree of vessel formation and hydrogel stiffening in EC-DF co-cultures, 

EC-MSC co-cultures did not exhibit hydrogel stiffening regardless of degree of vessel formation. 

Moreover, EC-DF co-cultures exhibited enhanced vessel formation and hydrogel stiffening in 

both PEG- and fibrin- based hydrogels compared to EC-MSC co-cultures. The correlation 

between enhanced vessel formation and increased hydrogel stiffening, and dependence of 

hydrogel stiffening on cellular contractility, suggests increased vessel formation in the presence 

of DFs may partially be mediated by differences in cellular contractility. Tensile forces have 

been shown to contribute to capillary network formation (6, 68, 253) and fibroblasts are highly 

contractile (150, 175, 274, 275). Moreover, strain stiffening of fibrillar matrices due to cell 

traction can provide a means for cell-cell communication (257), and incorporation of nano fibers 

in a synthetic matrix has been shown to increase angiogenic ingrowth (279). Together these 

results suggest that in addition to increasing hydrogel proteolytic susceptibility to promote 
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capillary morphogenesis, incorporation of a nanofibrous architecture in synthetic hydrogels may 

be an important design consideration for achieving similar degrees of vessel formation in 

synthetic hydrogels as is observed in natural matrices. In addition to providing insights for the 

rational design of synthetic hydrogel matrices, characterization of progressive hydrogel 

stiffening in natural and synthetic matrices depending on encapsulated cell types is an important 

design consideration for regenerative medicine applications in which tissue-level mechanical 

changes may affect the differentiation and function of co-encapsulated functional cell types (250, 

265, 280). 

These findings also help illustrate the important dynamic and potentially reciprocal 

relationship between tissue scaffold design parameters and micro-environmental remodeling 

processes that contribute to vascular morphogenesis. Some of the key hydrogel properties and 

Figure 8.1: Summary of findings. The results presented in this dissertation demonstrate the effect of 
hydrogel material properties on neovascular morphogenesis and the reciprocal effect of cellular 
remodeling during morphogenesis on hydrogel properties. These results suggest a dynamic and 
reciprocal relationship during neovascular morphogenesis in engineered tissues. 
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morphogenetic processes investigated in this dissertation are summarized in Figure 8.1. Broadly, 

the choice of tissue scaffold hydrogel material properties controls the progression of vascular 

morphogenesis by dictating cellular remodeling processes and protein expression. Cellular 

remodeling processes such as cellular traction forces, ECM deposition, and proteolytic 

degradation, however in turn progressively alter hydrogel mechanics, and replace the provisional 

matrix with cell secreted ECM.  This results in a dynamic and reciprocal relationship in certain 

circumstances (250), but it has yet to be documented during vascular morphogenesis. Results 

presented in this dissertation, however, suggest that a reciprocal relationship is likely to exist 

during hydrogel neovascularization. A deeper understanding of this dynamic will ultimately 

provide important insights to improve the design of engineered tissues for regenerative medicine 

applications.    

 
8.3 Future directions 

This section proposes additional studies which could enhance the significance and impact 

of the work presented in this dissertation. 

8.3.1 Assess the effect of hydrogel degradability and rate of vessel formation on vessel 

maturity in PEG hydrogels in vitro. 

Additional work should be done to assess whether accelerating the rate of capillary 

morphogenesis by enhancing tissue scaffold degradability changes the ultimate vessel density 

achieved and to investigate the impact of hydrogel degradability on vessel function over time. 

The studies presented within this thesis were only carried out through 2 weeks, characterization 

of additional vessel formation for both VPMS and 2xVPMS for longer time points should be 

investigated to assess whether changes in matrix degradability affect the ultimate vessel densities 

achieved as well as the rate of vessel formation. Studies in vitro should investigate differences in 
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regulation and expression of molecular markers associated with capillary maturity for paired 

time points with different degrees of vessel formation, as well as for paired degrees of vessel 

formation at different time points. Commonly used molecular markers of vessel maturity which 

could be assayed by qPCR, western blotting, and immunofluorescent staining include deposition 

of basement membrane proteins, expression of VE- and N-cadherins, and pericyte markers. 

Vessel maturation is associated with enhanced deposition of fibronectin, laminins, nidogens, and 

collagen-4 (44, 79).  Homo- and hetero-typic intercellular junctions mediated by VE- and N-

cadherins are important regulators of EC barrier function (70, 72). Well-known pericyte markers 

include neural-glial antigen-2 (NG2), α-smooth muscle actin (α-SMA), desmin, and platelet 

derived growth factor receptor-β (PDGFRβ) (84–86). Lesser-used pericyte markers can also be 

assayed including calponin, (7) non-muscle myosin, tropomyosin, nestin, aminopeptidase A, 

aminopeptidase N (CD13), and sulfatide (80). However, many of these markers are shared with 

other cell types including smooth muscle cells, and quantification of αSMA positive cells with 

UEA vessels could provide an additional convenient metric for assessing capillary maturity. This 

quantification could be easily achieved using a similar masking protocol developed in Chapter 6 

for assessing the proportion of UEA associated nuclei. Moreover, these analyses should be 

carried out between multiple candidate stromal support cell types, to assess the generalizability 

of the findings. 

8.3.2 Assess the effect of hydrogel degradability and rate of vessel formation on vessel 

maturity in PEG hydrogels in vivo. 

Additional in vivo work is needed to assess the effect of hydrogel degradability on the 

rate and quality of vessel formation in the subcutaneous implant model, and differences in 

inosculation with the host vascular system. Although preliminary studies suggested a difference 
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in cell spreading between VPMS and 2xVPMS hydrogels, replicated studies are needed to 

confirm this observation, and additional experimental conditions should be investigated to 

achieve inosculation. The severe restriction of vessel formation in vivo compared to in vitro in 

intact hydrogel implants, and possible fibrous capsule formation, suggests in situ gelation of 

hydrogels should be considered to facilitate interstitial integration between implant and host 

tissue. Gelation of PEG hydrogels is extremely sensitive to impurities and small perturbations in 

stoichiometric ratio between thiol and vinyl-sulfone groups, however, suggesting great care 

should be taken to ensure the mechanics of hydrogels formed in situ are consistent to allow 

faithful comparisons between crosslinkers. Rheological characterization of excised hydrogels 

one day after in situ gelation would be necessary to assess potential variability in gelation. If 

future studies were performed using intact hydrogel implants, longer time points should be 

considered to allow for inosculation with the host. Angiogenic ingrowth into similar intact 

hydrogel implants has been observed at 2 and 4 weeks (121). Implantation of intact hydrogels 

after 1-week in vitro culture could also be considered to allow for the formation of a 

microvascular networks beforehand, still allowing for assessment of differences in inosculation 

depending on hydrogel formulation.  

If intact hydrogels implantation is necessary for accurate control of hydrogel mechanics 

but sufficient vascularization and inosculation is not achieved in the subcutaneous space, then 

alternative implant sites could be considered. Implantation of intact acellular VEGF-secreting 

PEG-VPMS hydrogels in the epidydimal fat pad and in the small bowel mesentery has provided 

significant improvements in vascular ingrowth compared to implantation in the subcutaneous 

space (121). 
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In conditions in which inosculation is achieved, additional studies can be performed to 

assess functional differences in endothelial barrier function depending on hydrogel degradability 

such as extravasation of a fluorescent dextran (11) or labeled albumin (281, 282). Comparison of 

measured vessel permeability coefficients for individual vessels could be determined from 

cryosections (11) as has previously been done from confocal sections of in vitro hydrogels (72, 

283). Alternatively, one could measure an average permeability coefficient for a given section as 

proposed in Fig 8.2.  

Figure 8.2: Approximation of average vessel permeability within a region of interest from a 
confocal or histological cross-section containing multiple vessels. Assumptions are put forward for 
approximating the average permeability between multiple vessels from the extravasation of a 
fluorescent marker either from confocal sections from in vitro confocal microscopy sections or from 
in vivo cryosections for a given region of interest. The generalized equation for the permeability 
coefficient of a single vessel is provided for a 2D simplification. One must work with a marker for 
which signal intensity is linearly proportional to its concentration and the solution can be solved using 
arbitrary intensity units rather than converting to concentration. Provided that the concentration of the 
marker within vessels remains significantly higher than the concentration of marker outside of the 
vessels one can also make the simplifying assumption that the concentration outside the vessel is 
negligible and the difference in concentration is simply proportional to the vessel intensity. The 
additional assumptions can be used to substitute into the general equation, an example is provided for 
3 vessels within the ROI. The total flux of the solute in the region can be determined from the average 
intensity within the region multiplied by the area of the ROI subtracting the intensity within vessels. 
This flux is through the total surface area of vessels within the region.    
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In addition to functional assays of neovessel barrier function, immunohistochemical 

analysis for markers of vessel maturity could similarly be used in vivo as in vitro for additional 

qualitative assessment. Quantifying the co-localized deposition of basement membrane proteins 

such as fibronectin, laminins, nidogens, and collagen-4 (44, 79) as well as αSMA-positive cells 

in histological sections with neovessels would provide additional metrics for vessel quality 

depending on hydrogel formulation.   

8.3.3 Assess the effect of stromal cell contractility on rate of vessel formation and vessel 

maturity in fibrin and PEG hydrogels 

Additional work could be performed to assess whether differences in cellular contractility 

between DFs and MSCs contribute to differences in degree of vessel formation. Traction force 

measurement of isolated cells in 2D or 3D culture on or in elastic substrates can be achieved with 

traction force microscopy (TFM) (284). Tracking matrix deformations over time during complex 

morphogenetic processes is more difficult but has been previously achieved in our lab using 

spatio-temporal image correlation spectroscopy (STICS) on 3D cultures in fibrin. STICS could 

be used to assess whether differences in stromal cell type correlate with differences in local 

matrix deformations during angiogenic sprouting (64). However, this may only be achievable at 

early timepoints for our model of angiogenic sprouting in which stromal cells are embedded 

because the characteristic fibrillar architecture of fibrin, visualizable by confocal reflectance 

microscopy, is quickly replaced by a diffuse specular pattern without individual fibers visible 

(251). Alternatively, STICS could also be used to track the displacement of fluorescent fiduciary 

markers embedded within either PEG or fibrin hydrogels. PEG hydrogels are typically kept in 

floating culture to facilitate nutrient diffusion, however, thiolation of glass culture wells (285) 

could be used to adhere PEG-hydrogel drops to the surface and achieve a comparable ratio of 
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media to hydrogel size as in free-floating cultures. Constitutive RhoA-active mutants 

demonstrate increased cellular contractility (64, 286–288). Constitutive RhoA-active and 

dominant-negative fibroblast and MSC mutants could be used to assess the effect of stromal cell 

acto-myosin contractility on rates of vessel formation for either stromal cell type. Such studies 

would help further illuminate potential differences between mechanisms of angiogenic induction 

depending on supportive stromal cells used. 

In addition to investigating potential changes in rate of vessel formation, stromal and 

endothelial cell RhoA mutant populations could be used to investigate whether cellular hyper- or 

hypo-contractility impacts vessel function. The Rho-ROCK signaling pathway and associated 

acto-myosin contractility is implicated in metastatic invasiveness for a number of cancers (289). 

As such, this system could also be used as a model to investigate a potential connection between 

cellular contractility and poor vessel quality observed in tumors (82, 290). Functional assays of 

vessel leakiness and biomolecular assays for markers of vessel maturity, as outlined above, could 

be performed with this model both in vitro and in vivo to assess morphological changes 

dependent on cellular contractility. Moreover, the relative effect of individual cell populations 

could be investigated by selectively altering expression profiles in either the endothelial or the 

stromal cell populations. Furthermore, an inducible promoter system (291) could be used to 

investigate whether any phenotypic changes compared to wild type cultures would be reversible. 

Such studies could provide important mechanistic insights into a potential role of cell-mediated 

mechanical forces on the manifestation of pathological phenotypes in oncogenic conditions.   
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APPENDICES 

Appendix A: Unfreezing cells 
Adapted from Jonathan Bezenah protocol 

Materials 
• Cryo-gloves 
• Face shield 
• Cryo-preserved cell vials 
• Culture media 
• Culture flasks 
• 15ml and/or 50 ml sterile centrifuge tubes 
• 70% ethanol in spray bottle 

 
Procedure 

1. Warm up media in water bath 37 °C. 
2. Open hood sash. Open hood until set at appropriate level (alarm should stop sounding) 
3. Turn on vacuum pump 
4. Once airflow indicator light turns green on hood control panel, spray down and wipe 

down work surface with ethanol 
5. Put necessary supplies into hood by first spraying with 70% ethanol and wiping down 

with paper towel 
   * ANYTHING that enters hood needs to be sprayed with 70% ethanol* 

6. Once media has warmed up, transfer media bottle to hood. Spray with 70% ethanol first 
before placing in hood 

7. Press indicator light/button on liquid nitrogen tank lid and then remove lid. Let it hang 
from the side handle of the tank 

8. Put on cryo gloves and face shield, remove respective rack where cells are stored from 
tank. Let all liquid nitrogen drain into tank before completely removing 

9. Find cell vial in the respective box and remove from box 
10. Place rack back in liquid nitrogen, close lid, and re-press indicator light/button. 
11. Place vial of cells in a foam float and thaw in water bath at 37 °C 
12. Immediately once cells are thawed (~ 2 minutes), transfer vial to cell culture hood 
13. Using micropipetter, transfer the content of the vial to a 15 ml or 50 ml centrifuge tube. 
14. Add 1 mL of respective media, using a micropipetter, to the empty vial to ensure all cells 

are removed from the vial and add to the centrifuge tube. 
15. Add an additional 8 mL of media to the centrifuge tube bringing the total to 10 ml 
16. Spin cells down at 200 X G for 5 mins. Make sure appropriate counterweight is used in 

centrifuge to balance machine 
17. After centrifugation is complete, aspirate off supernatant. 
18. Flick apart cell pellet and add 10 ml of fresh media to the centrifuge tube 
19. Add the cell solution to a respective flask or well plate at the desired seeding density 
20. Label flask or plate with initials, cell type/lineage, cell passage number, # of cells plated, 

and date 
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21. Change media the day after and every day thereafter until cells are confluent: 
*5 mL for T-25, 10mL for T-75, 30 mL for T-225* 
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Appendix B: Passaging Cells 
Adapted from Jonathan Bezenah procedure 

 
Materials 

• Sterile PBS 
• 0.05% Trypsin EDTA 
• Trypsin Quenching media (typically DMEM + 10% FBS) 
• 15 ml and/or 50 ml sterile centrifuge tube 
• Culture flasks 
• 70% ethanol in spray bottle 

 
Procedure 

1. Warm up media and PBS and thaw trypsin and FBS in water bath 
2.  Prep hood by spraying with ethanol and bringing in needed supplies. 
3. Aspirate off old media from culture flask 
4. Rinse with equal volume of PBS to media 
5. Aspirate off PBS 
6. Add appropriate amount of trypsin to each flask 
*T-25 – 2 mL, T-75 – 4 mL, T-225 – 12 mL 
7. Incubate for 5 mins at 37 °C 
8. Verify cells are detached from plate using microscope. If not enough cells are detached, 

gently tap sides of plate to detach remaining cells. If cells still seem adherent, incubate 
for a few more minutes 

9. Once cells are detached, add quenching media to cells to neutralize trypsin such that the 
total volume of liquid equals amount used for culture (i.e. T75: 4ml trypsin + 6ml quench 
for 10 ml total) 

10. Collect cells with serological pipette and add to centrifuge tube 
11. Mix well and take 2 aliquots of 10ul from each cell suspension to use cell 

hematocytometer to do cell counts while spinning down to determine total cells 
recovered. 
a. Count cells in 4 – 4x4 corners 
b. Divide by 4 
c. Times number by 10000, this is your cells per mL 
d. Multiply by number of mLs used to resuspend cells  

12. Spin down cells at 200 X G for 5 minutes 
13. Once cells are pelleted, aspirate off supernatant 
14. Flick pellet of cells to break pellet apart. 
15. Resuspend cells in appropriate amount of media to achieve desired cell concentration. 

Ensure cells are properly resuspend by pipetting 
16. Cell suspension is ready for re-plating to passage cells, to be frozen down, or to be used 

for vascular assays.  
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Appendix C: Freezing Cells 
Adapted from Jonathan Bezenah Protocol 

Materials 
• Mr. Frosty 
• Cell suspension to be frozen 
• Cell media 
• FBS 
• Sterile DMSO 
• Cryopreservation vials 

Notes 
• Cryopreservation media is 70% respective media, 20% FBS, 10% DMSO 
• Aliquots of FBS should not be freeze thawed more than 3x times 

Protocol 
1. Prepare cell solution at desired concentration per the cell passaging protocol. Account for 

0.7x dilution from FBS and DMSO, and determine the number of cells you want frozen 
per vial (typically 1 ml solution per vial) 

2. Once you have determined the number of vials needed, obtain the respective number of 
cryopreservation vials and label them with date, initials, cell type, passage, and cell 
number. * Note if cells are coming from a P2 flask label them as P3.  

3. Add the appropriate amount of FBS and then DMSO such that the final solution is 70% 
respective cell media, 20% FBS, 10% DMSO. Flux gently to mix well, DMSO 
permeabilizes the cell membrane so excessive fluxing is bad for cell viability because it 
shears the cells 

4. After adding DMSO to cells, work to aliquot out and freeze down the cells as quickly as 
possible because DMSO negatively affects cell viability 

5. Once all vials are filled, place vials in a Mr. Frosty 
6. Place Mr. Frosty in -80 °C freezer overnight 
7. Within a week, move the vials from the Mr. Frosty to a box in liquid nitrogen for long 

term storage 
8. Record the number of times the isopropanol in the Mr. Frosty has been used, replaced 

every 5 freezes, and top off as necessary 
9. Record in lab cell log vials added to boxes in the liquid nitrogen tank 

 
 
 
 
 
 
 
 
 
 
 
 

 
 



192 
 

Appendix D: Coating Cytodex microcarrier beads with HUVEC protocol 
Adapted from Cyrus Ghajar protocol 

Materials: 
• Cytodex microcarrier beads (Sigma C3275) 
• PBS 
• Scintillation vials (Fischer Sci 03-337-7) 
• Endothelial cell suspension (at least 4M total cells) 
• T-25 culture flasks 
• Endothelial cell culture media 
• Sterile 1.5 ml microcentrifuge tube 

 
Overview 
This protocol is needed for the angiogenesis bead assay. You will also need the passaging cells 
protocol. See the casting fibrin hydrogels protocols to complete the assay. 
 
Protocol 

1. Preparing dextran beads 
a) Measure ~75 mg of powdered Cytodex dextran beads (~ 0.1 g is 200K beads) 
b) Suspend beads in 10-15 mL of 1x – PBS in autoclavable scintillation vial 
c) Ensure solution is well mixed then quickly, before beads begin to settle, pipette out     

    multiple isolated 10 ul dots of bead solution onto a glass slide. 
d) Count the number of beads per dot on the microscope to determine the bead   

      concentration, and note on the cap 
2. Autoclave beads with cap loosened to sterilize beads for cell culture use, store parafilmed 

at 4C, good for many months. 
3. Check your cell flasks on the microscope to assess whether you have enough cells to 

perform the assay (~80-90% confluent T75 should yield at least 4 M endothelial cells) 
4. Prepare the endothelial cell suspension (per the cell passaging protocol). Resuspend at 

1M cells/ml.  
5. Mix beads well then pipette 10k beads (based on concertation calculated) and add to a 

microcentrifuge tube 
6. Let beads settle by gravity 
7. Aspirate off supernatant 
8. Add 1 mL of endothelial media to beads 
9. Repeat steps 6-8 for a total of 3 times to ensure beads are well washed 
10. Add 4 M cells to a T-25 in upright position (with the neck of the flask facing up and the 

flask balanced on its small side, this is opposed to standard culture position in which the 
neck of the flask is pointing to the side and the flask is resting on its large side). 
*at all points during coating the flask remains upright* 

11. Bring total volume in flask to 5ml by adding the 1 ml of washed bead solution (make sure 
to flux the bead solution well to ensure you recover all the beads) 

12.  Gently swish the flask side to side while holding upright for 1 minute, try not to get to 
many beads stuck up the side of the flask because they will not coat. 

13. Place in incubator at 37 °C in upright position 
14. Shake the flask again after 5 minutes and then at 20 minutes, and then every 30 minutes 

thereafter until 4 hours 
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15. After 4 hours of intermittent shaking, take beads/cell solution and add to a new T-25 
16. Add 5 mL of fresh EGM-2 
17. Incubate overnight in standard culture position 
18. Check that beads appear well coated on the light microscope, you may also want to take a 

small aliquot of beads and DAPI stain to look on confocal microscope to assess bead 
coating. It is essential that beads are all well coated to reduce bead to bead variability in 
angiogenic potential. If beads do not appear well coated, increase the number of ECs 
added to coat the beads. 

19. Transfer beads and culture media to a 15 ml centrifuge tube and allow to settle by 
gravity. Aspirate media 

20. Resuspend beads in 1 ml of serum free DMEM, and transfer to a sterile 1.5ml 
microcentrifuge tube. 
*While resuspending make sure to flux gently, shearing the beads will dislodge the 
endothelial cells 

21. Allow beads to settle, and wash once more: aspirate and resuspend in serum free DMEM. 
*Washing beads help remove non-adherent endothelial cells. 

22. Beads are now ready angiogenesis assay. Make sure to cast gels quickly after washing, 
beads can start to clump if left settled for longer than 30 minutes.  
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Appendix E: Casting fibrin hydrogels for vasculogenesis and/or bead assays 
Adapted from Jonathan Bezenah protocol 

Materials: 
• Fibrinogen (Sigma F8630) 
• Thrombin (50 U/ml, Sigma T4648-1KU) 
• Serum Free DMEM 
• Syringes and needles (usually 10 - 20ml and 20g x 1.5”) 
• Millex PES membrane, 33mm diameter, 0.22 um filter 
• 50 ml centrifuge tubes 
• Culture media 
• Appropriate cell solutions or coated Cytodex beads, resuspended in serum free DMEM. 

-often more convenient to have in 50 ml tube to make pipetting easier 
 
Notes: 

• Hydrogels are typically 500 ul total, cast in 24-well plates, at a final concentration of 2.5 
mg/ml clottable protein. If other well-plate sizes are desired, scale the hydrogel volume 
accordingly. 

• Protocols from most previous students cast fibrin hydrogels with EGM2 and spike in FBS 
immediately before casting. I have found that gels cast in DMEM without any FBS added 
at initial casting support a similar degree of vessel formation so I simply cast my gels in 
DMEM 

• I typically cast hydrogels with the following proportions per 500 ul gel: 
-390 ul of fibrinogen solution (concentration accounting for % clottable and dilution) 
-50 ul endothelial cell suspension or EC coated beads (accounting for 10x dilution) 
-50 ul of stromal cell suspension (or media if plating stromal monolayer overlaid) 
-10u of thrombin 
*scale your total volume by number of gels to cast and include extra so you don’t run out. 

 
Protocol 

1. Prepare fibrinogen solution 
a) Take fibrinogen out of freezer and warm up to room temperature 
b) To determine amount of fibrinogen needed, calculate how many gels you are making, 
plan to make enough for 1-2 extra gels, account for dilution from cell solution and 
thrombin, and account for percent clottable to achieve final desired concentration of 
clottable fibrinogen. 
*Percent clottable can be found on the certificate of analysis for a particular lot of 
fibrinogen 
c) Measure out calculated fibrinogen and add to 50 mL centrifuge tube 
d) In cell culture hood, add serum-free DMEM to achieve desired fibrinogen 
concentration 

2. Place fibrinogen solution in water bath for ~5 minutes to dissolve fibrinogen, ok to vortex 
on medium and spin down if needed to help dissolve 

3. Once fibrinogen solution has dissolved, using a needle and syringe, pull solution into 
syringe 

4. Using a 0.22 μL filter, filter fibrinogen solution into a clean centrifuge tube 
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Note: filter slowly to help prevent the filter from getting clogged, you will need another 
filter if it gets clogged. Filters typically clog after filtering ~15ml of fibrinogen solution. 

5. Prepare cell solutions and/or wash coated microcarrier beads per passaging cells protocol 
and/or coating Cytodex microcarrier beads protocol. 

6. Add cell solutions and/or Cytodex beads and fibrinogen solution to make a master 
solution containing enough fibrinogen solution and cells for all the gels needed. 
-It is usually best to target 20 beads per gel if performing the angiogenesis assay. 
-Getting a consistent number of beads per gel is the difficult part. Make sure they are well 
mixed when adding to the master solution. 

7. Label well plates for timepoints/conditions, keep in mind that each time point will require 
separate plates 

8. Add 10 μL of thrombin to the bottom of each for which a gel will be cast 
9. Pipette 490 μL of the fibrinogen/cell solution (using P1000) to each well. 

*if performing the bead assay keep in mind that beads settle quickly, to resuspend 
accurately I tend to tilt to just under 90 degrees then swirl every over hydrogel and 
pipette from the middle/bottom of the solution because off the top will have the fewest 
beads. 
*Pipette solution straight into thrombin droplet and flux once to mix, do not fully expel 
solution because you will trap air bubbles that are difficult to get out of your gels 
*work quickly to pipette all gels before solution starts to gel in the tip of your pipette. 

10. Allow gels to polymerize undisturbed in the hood for 5 mins 
11. Gently transfer gels to incubator for another 25 minutes at 37 °C to complete 

polymerization 
12. Add 1 mL of media to the top of each gel after polymerization is complete 

*if plating a monolayer of cells over the hydrogel, seed cells at the desired concentration 
at this step 

13. Change media on day 1 and every other day thereafter. 
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Appendix F: Lyophilizing peptide and PEG aliquots 
Adapted from Jeffery Beamish protocol 

Materials: 
• Stock peptides to be aliquoted 
• Sterile 0.5 ml and 1.5 ml microcentrifuge tubes 
• Syringes and needles (typically 1 ml and 20g x 1” but other sizes are fine) 
• 25 mM acetic acid 
• Millex PES membrane 13mm diameter, 0.22 μm filter 
• 28g insulin syringe 
• 50 ml centrifuge tubes 
• Kimwipes 
• Rubber bands 
• Covered container for -80° freezer (typically the broken cylindrical desi-vac) 
• Lyophilizer 
• Parafilm 

 
Notes 

• Aliquots and stock peptides should be stored in a desi-vac container with fresh dessicants 
in the -20c freezer. whenever removing peg or peptides from desi-vac container, allow 
desi-vac to warm to room temperature until condensation stops forming on the outside 
before opening to prevent getting condensation inside.  

 
• Peptides and peg should never be lyophilized at the same time because peptides are 

dissolved in acidic solution that may volatize and react with vs-groups 
 
Protocol for peptide aliquots: 
 
1. Plan out the needed aliquots for upcoming experiments.  RGD is typically aliquoted in 1 mg 

per aliquot samples. Also, typically best if crosslinker aliquots are all identical to facilitate 
consistent hydrogel properties between batches 

2. Make sure you have enough sterile 0.5 and 1.5 ml tubes to filter and aliquot in to 
3. Prepare 1x 1.5 ml STERILE microcentrifuge tube per 1 ml of each type of peptide to 

aliquoted and 1x 0.5 ml STERILE microcentrifuge tube per peptide aliquot 
4. Include in all batches at least 2 - 3x 1 mg aliquots for Ellman’s testing for each aliquot batch  
5. In the culture hood: Pre-label 0.5 ml STERILE microcentrifuge tubes.  Use all tubes of the 

same color for a particular peptide batch because it will be very helpful finding them later in 
the aliquot box.  I write the peptide abbreviation and the mg in the aliquot on the top (e.g. 
“VPMS 5” for 5 mg of VPMS peptide) and on the side write the mass out fully (e.g. “5 mg”) 
and the date. 

6. UV sterilize the outside of the tubes after labeling.   Spray off a set of tweezers and set in 
hood as well (out of the way so they stay sterile) 

7. Make fresh 25 mM acetic acid (37ul of glacial acetic acid per 25 ml Millipore water) 
8. Remove stock peptide from storage (after allowing to warm to room temperature).  Store 

stocks back a 4C immediately. 
9. Weigh out appropriate amount of stock peptide, or preferably, if stock is less than 100mg just 

aliquot entire stock at the same time. 
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10. Add 25 mM acetic acid solution to the peptide to achieve 50 mg/ml (i.e 500 ul for a 25 mg 
stock vial).  Vortex vigorously until dissolved (about 0.5-2 min). *50 mg/ml is arbitrary but 
convenient for aliquoting 1-15 mg aliquots* 

11. If dissolving multiple vials of identical peptide, thoroughly exchange solution between all 
containers to ensure a uniform and complete dissolution for all aliquots. 

12. In the culture hood:  
o Use a 1 ml syringe (or larger if needed) and a 1” needle (20-22 g) to draw up all 

the solution for a particular peptide. 
o Remove needle and replace with 13 mm 0.22 um filter, then filter into the sterile 

1.5 ml microcentrifuge tube 
o Using sterile tips dispense the appropriate volume of the solution to each of the 

0.5 ml tubes (at this stage I use the best calibrated pipettes available.  It is 
important at this stage that you have very careful pipette technique.  I ALWAYS 
pipette up one sample then back to the stock before dispensing into the vials to 
coat the inside of the tip first and I always ensure that I eject the full volume of 
material into each tube.  IT IS ESSENTIAL THAT THIS STEP IS DONE 
PRECISELY! (but accuracy is less important because we can adjust for that later 
provided all the aliquots are exactly the same). 

▪ For 5 mg/tube – 100 ul 
▪ For 3.5 mg/tube – 70 ul 
▪ For 1 mg/tube – 20 ul (use 20 ul pipette) 

o Close all the lids 
13. Spin all the tubes down briefly to collect all the liquid in the bottom the well.  At this 

point be very careful with the tubes so the liquid does not splash up onto the side again.  
All the liquid must stay in the bottom of the tube. 

14. Move the tubes to the main lab area. Wipe off the top of each tube with an alcohol wipe. 
Ignite a Bunson burner.  Heat the needle of a 28 g insulin needle red hot then quickly 
puncture a small hole in each of the 0.5 ml tubes containing the aliquots.  You will need 
to reheat the needle between every tube.  This hole will allow the sample to be 
lyophilized but will keep the contents relatively clean/sterile. 

15. Back in the hood: 
o Use the sterile tweezers to place all the tubes in 50 ml falcon tubes as carefully as 

possible to prevent the aliquot from splashing onto the sides of the 
microcentrifuge tubes.  If packed well, you can place 12x 0.5 ul tubes per 50 ml 
tube 

o Cover the top of the tubes with a chemwipe folded over on itself so there are 8 
plys 

o Secure with rubber band. 
16. Move all the covered 50 ml tubes to a covered container (typically the broken desi-vac) 

and place at -80C for at least 6 hr (or overnight).  The maximum number of 50 ml 
tubes that can be done per vacuum flask at a time is 4. Generally best to lyophilize 
at most 2 flasks at a time (i.e. 8x 50ml tubes, for a total of 96 individual aliquots) 
*Do not seal the broken desi-vac by vacuum because the release is faulty and it will 
be very difficult to open- I use this mainly as a container with a lid. 

17. Remove the labels from the peptide vials and stick on a white paper with any notes.  
Take a photo for records. 
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18. PAUSE POINT 
19. The next day prep the lyophilizer per instructions on it (or see protocol below) so it is 

ready to accept samples 
20. Retrieve the lyophilizer flask (BE CAREFUL THESE ARE VERY EXPENSIVE 

DESPITE THEIR SIMPLE APPEARANCE!) and the rubber cover and prepare for quick 
transfer from freezer to flask. 

21. Very quickly: remove the tubes from -80 C, place in the lyophilization flask, cover with 
rubber cover, place on lyopilizer and turn to vacuum.  Maximum time to do this is about 
30 s.   

22. Cover flask with foil to protect peptides from light. 
23. Lyophilize for at least 24 hr and ideally 48 hr, ok up to 72 hr. 
24. Place a sign on the lyophilize that no other samples should be added while the 

peptides are on the machine.  They are very sensitive to melting if the lyophilizer fails 
and will be ruined. 

 
25. PAUSE POINT 
26. After LYOPHILIZATION: 

o Get the aliquot storage box out at least 30 min prior to removing samples from 
lyophilizer so it will be ready to add samples to.   

o Prepare ~1 cm wide strips of parafilm 
o Remove samples from lyophilizer 
o Quickly move to culture hood.  In hood cover each vial with parafilm.  I start by 

covering the top (and the hole), then go around the edge of the tube then back 
across the top in a figure 8.  Make sure hole on the top and the sides of the tube 
are well sealed. 

o Place aliquots in the aliquot storage Desi-vac box 
o Take a picture of the current set of aliquotes 
o Re-evacuate Desi-vac box and return to -20C freezer for storage 

27. Make a note file (see example below) for this aliquot batch which contains the details of 
the peptide, the number and amounts of aliquots, the photo of where the aliquots were 
placed 

28. Update the peptide aliquot log 
Protocol for PEG aliquots 
*IT IS ESSENTIAL THAT PEPTIDES AND PEG ARE NOT LYOPHILIZED AT THE 
SAME TIME* 
 
The procedure is essentially the same as peptide lyophilization EXCEPT: 
 
1) Dissolve the PEG in pure water at 60 mg/ml, PEG takes more time to dissolve before 
filtering than peptide (this concentration is arbitrary but convenient for 10 - 60 mg aliquots) 
2) protect from light as much as possible at all steps 
3) place aliquots in 1.5 ml (not 0.5 ml) tubes 
4) it is even more essential that you move very quickly to move samples from -80C to 
lyophilizer (15 s max!  PEG will melt very quickly) 
5) samples need to be lyophilized for at least 48h, covered with aluminum foil to protect 
from light   
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Appendix G: SOP for operation of Lyophillizer (Thermo Micro Modulyo) 
Adapted from Rahul Singh protocol 

Materials: 
 

• Vacuum flask with cover 
• Tinfoil if samples need to be protected from light 
• Samples in a container that allows them to be stood upright and exposed to vacuum 

 
Notes: 

• DO NOT attach cracked or damaged glassware to this unit 
• DO NOT dry organics, acids, bases or volatile compounds! Only use this unit to remove 

water 
• DO NOT operate this unit continuously, it is designed to run for 2-3 days before the 

cooling coil needs to thaw and the pump needs to cool  
• DO NOT operate this unit without a load. This includes ‘idling’ the unit without any 

samples (though a couple hours is ok to let it cool before loading samples). 
• DO NOT allow this unit to draw air for more than a few seconds. Atmospheric water will 

readily clog the Micro Modulyo and overwhelm the pump. 
• DO NOT use this unit to dry more than 200 ml of water. The efficiency of drying 

drastically decreases as the unit fills with ice and more than 200 ml will clog the ports 
 
Protocol for preparing the Micro Modulyo 

1. Check that the vacuum pump has an appropriate amount of oil, refill if necessary. 
2. Turn the drain valve fully counter clockwise to open the valve and to remove any water 

left at the bottom of the condenser chamber. If you are comfortable doing so, you can tip 
the chamber to help pour out remaining liquid. Dry the condenser chamber with a 
kimwipe and/or airhose 

3. Make sure that the Micro Modulyo is clean, and that the accessory flange is clear of 
debris. The accessory flange should have a thin layer of vacuum grease. 
* If  grease is dirt or missing, DO NOT operate the Micro Modulyo. In this case 
thoroughly clean the flange by wiping with a dry kimwipe and then reapply a thin, 
uniform layer of vacuum grease. You can use a gloved hand to spread it evenly. 

4. In stall the baffle tube by placing it inside the manifold stem (the extra tinfoil and taped 
end of the baffle goes inside the 8-port manifold stem, the extra padding was added so it 
would fit more snugly). The baffle should extend into the Micro Modulyo and the cutouts 
should face towards the drain. 
* The baffle helps distribute water vapor and prevents ice from clogging the drain 

5. Place the 8-port manifold on top of the condensing chamber. Carefully seat the manifold 
so that it is centered and the rubber sealing ring is uniform around the base. No 
mechanical fastening is required. DO NOT pound, twist, or shake the manifold to attach. 
* The sealing ring should have a thin layer of vacuum grease on both sides of it. If the 
ring appears to be dry, cracked, or damges, DO NOT operate the Micro Modulyo before 
replacing the ring. 

Protocol for turning on the Micro Modulyo 
6. All ports on the manifold should be turned to ‘Vent’ and no vacuum flasks should be 

attached. 
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7. Close the drain valve snuggly by turning it clockwise. 
8. Turn ‘ON’ the switch on the face of the Micro Modulyo, a soft humming noise indicates 

that the unit is cooling to -50°C. Once the unit has cooled, a green light will turn on 
indicating it is ready for use. This usually takes ~15 minutes. 

9. Turn the high-vacuum pump on. It may initially make a soft gurgling noise that becomes 
lower to a buzz within a minute. If the Pump continues to gurgle, there is a leak and air is 
entering the pump. Switch off the pump and check for leaks: 
* Ensure the drain valve is closed 
* Ensure the manifold ports are all turned to ‘Vent’ 
*Ensure that the rubber sealing ring is not damaged 
*Ensure that the high-vacuum tubing is not loose or damaged 
*Ensure that all fittings are snug and lightly greased 

10. Check to make sure the green light is still on. If not wait for the unit to cool back down. 
11. Place your sample in a vacuum flask and attach it to a steel port on the manifold. 
12. Slowly and carefully turn the associated port from ‘Vent’ to ‘Vac’. A soft hissing can be 

heard as air is evacuated from the flask. 
*Wait 5 minutes between attaching additional flasks. Make sure the green light is still on 
before loading each flask. This prevents overheating and prevents overloading the high 
vacuum flask 

13.  Dry the samples for as long as needed (typically 1-2 days)  
 
Protocol for shutting down the Micro Modulyo 

14. Recover the vacuum flask by slowly and carefully turning the manifold valve from ‘Vac’ 
to ‘Vent’; air can be heard entering the flask. Wait ~20 seconds to ensure the flask is re-
pressurized. 

15. Carefully detach the flask from the steel manifold stem, some twisting may be necessary. 
16. Re-pressurize the Micro Modulyo by slowly turning the drain valve counter closkwise to 

open it. Air will be heard entering the unit and the pump may start to gurgle. Once the 
valve is fully open, immediately SHUT OFF THE PUMP. 
* High vacuum pumps will readily overheat is air is drawn through them for too long 
*Conversely, the high vacuum pump can also be damaged if the Micro Modulyo is not 
re-pressurized before shutting off because air will flow backwards through the system. 

17. Turn ‘OFF’ the Micro Modulyo using the switch on the condensing chamber 
18. Gently detach the 8-port manifold and place it upside-down on the table (the rubber 

gasket should face the ceiling). Remove the baffle and place on the table. 
19. Open the drain valve and place a bucket underneath to collect water from melting ice. 
20. After the ice has melted (next day) spritz down the cooling chamber with DI water to 

rinse then use kim wipes/air hose and air dry. 
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Appendix H: Ellman’s test Protocol 
Adapted from Jeffery Beamish protocol 

Materials: 
• Phosphate buffer: 0.1 M sodium phosphate with 1 mM EDTA, titrated to pH 8.0 
• Ellman’s Reagent: (5,5’-Dithio-Bis(2-Nitrobenzoic acid), DTNB, MW 396.3) 
• Recently dissolved peptide solution 
• 1.5 ml microcentrifuge tubes 
• 15 ml centrifuge tubes 
• Spectrophotometer 
• Lyophilized 1 mg cysteine aliquots (L-Cysteine hydrochloride monohydrate) 

 
Overview 
Ellman’s reagent is a highly reactive disulfide compound. When Ellman’s reagent is added to a 
sample that contains thiol, the disulfide bonds are rapidly cleaved by free thiol groups to yield a 
cleavage product. The cleavage product absorbs light at 412 nm and thus can be used to quantify 
free thiol groups because the stoichiometric ratio between the cleavage product and the thiol 
group is 1:1. 
 
Notes 

• The extinction coefficient for the Ellman’s reagent cleavage product at 412 nm in the 
phosphate buffer is 14.15 mM-1cm-1 

 
Predicted absorbance = [Thiol] (mM) * Dilution * 1 cm * 14.15 mM-1cm-1 

Purity (mg active/ mg gross) = measured absorbance/ predicted absorbance 
  

• Dilutions were empirically chosen to achieve an absorbance of ~0.5-1.5, which is the 
range over which the spectrophotometer is most accurate. This corresponds to a final 
thiol concentration of 0.035 – 0.106 mM. In the example of the 48mM cysteine standard 
the dilution of 5ul/310ul and then sub dilution of 100ul/1000ul results in a final thiol 
concentration of 0.0704 mM corresponding to an absorbance of 1 

• The Ellman’s test is typically very reproduceable and has a good linear response, as a 
such a linear curve is generally not needed for every test. However, generating a linear 
curve and extracting the extinction coefficient is generally good practice well 
familiarizing oneself with this assay 

• Thiol groups of peptides oxidize quickly after dissolved, best if the ellman’s test is 
performed within 5 minutes of dissolving the peptide for best results, so prepare 
everything before dissolving peptide aliquots to be tested. 

• The Ellman’s test is essential for initial characterization of new batches of peptide 
aliquots, and important for determining active RGD concentrations for consistent 
conjugation between batched of aliquots, but the empirical rheological characterization 
when titrating the crosslinker to test crosslinking depending on the ratio of SH/VS groups 
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is the much more important characterization for determining how a peptide crosslinker 
aliquot will behave. 

• When testing a new peptide, and you don’t know the appropriate dilution just assume it is 
100% pure and target 48mM thiol concentration (i.e. 24 mM peptide concentration for 
dithiol peptides) 

 
Procedure 

1. Prepare large stock of identical 1 mg cysteine aliquots per the peptide lyophilization 
protocol. *store stock cysteine at room temp under argon to prevent oxidation over time* 

2. Retrieve a cysteine aliquot from desi-vac box prior to starting protocol and leave in 4C 
fridge until ready to resuspend 

3. Prepare Ellman’s reagent stock (4mg/ml) 
a) retrieve 1.5 ml tube and Ellman’s reagent 
b) pre-tare the 1.5 ml tube 
c) use the antistatic gun on the tube and on the Ellman’s reagent 
d) carefully weigh out 10-15 mg of Ellman’s reagent (Ellman’s reagent sticks to the 
spatula and makes a mess) and record mass 
e) in a 15 ml tube add the appropriate volume of phosphate buffer to dilute the Ellman’s 
reagent to 4 mg/ml solution 
f) use a 1 ml pipette to carefully transfer 1 ml of phosphate buffer from the 15 ml tube to 
the weighed out Ellman’s reagent, vortex to resuspend. The Ellman’s reagent will not 
fully resuspend at this point. 
g) transfer the suspension back to the 15 ml tube, flux to rinse reagent out of the pipette 
tip, then using the same tip to repeat steps f and g until all of the Ellman’s reagent is 
dissolved in the dilution 
h) vortex the falcon tube 
i) wrap tube in tin foil to protect from light, this Ellman’s stock is good for at least 2 
weeks if stored at 4C. 

4. Prepare Ellman’s working reagent by pipetting 200 ul of Ellman’s stock into 10 ml of 
phosphate buffer. You will need 1 ml of working reagent for a blank, for each sample, for 
each standard you are testing, and a little extra to make sure you don’t run out. 

5. Add 1 ml of working reagent to disposable cuvettes (one for each blank, sample, 
standard, to be tested) in an empty cuvette box so that it can be covered and protected 
from light. Take note of which cuvette will be for each sample. 

6. Label microcentrifuge tubes as receptacles for primary dilution, and add 305 ul of 
phosphate buffer to each tube 

7. Dissolve cysteine stock in phosphate buffer to achieve 48mM solution as the standard 
8. Dissolve peptide aliquots to be tested in phosphate buffer 

* ok if dissolved in HEPES buffer from making gels, will not affect absorbance because 
it gets diluted, but keep in mind if you do the Ellman’s test a while after dissolving the 
peptides you will get a lower purity than expected.  

9. To make primary dilutions add 5 ul of each sample to the labeled microcentrifuge tubes 
containing 305ul of phosphate buffer (not necessary for blank). 
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10. Vortex to mix well 
11. Immediately transfer 100ul of primary dilution to the appropriate cuvette containing the 

pre-aliquoted 1000ul of working reagent and flux well to mix, the blank will be 100ul of 
phosphate buffer transferred to 1000ul of working reagent. 

12. Keep samples covered to protect from light and wait at least 1-2 minutes to read samples 
to allow reaction to come to completion, but no longer than 15 minutes. 

13. Turn on the spectrophotometer and make sure the wavelength of light is set to 412 nm 
14. Place the blank sample in the spectrophotometer (the arrow on the cuvette should be 

pointed to the left or right when the cuvette is in place) and press the “cal” button to 
calibrate 

15. Place each of the samples in the spectrophotometer and determine the absorbance (it is 
typical for their to be some drift in the measurement, I typically watch the value drift for 
~15 seconds and take the highest value, if it keeps going up you probably didn’t mix 
quite well enough, just wait for it to plateau. 
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Appendix I: Casting PEG hydrogels: 
Adapted from Jeffery Beamish protocol 

 
Materials: 

• Sterile filtered 100 mM HEPES Buffer (MW 238.3 ; 23.83 g/L) titrated to pH 8.4 with 
10N NaOH 

• Sterile gloves (either self-autoclaved or purchased) 
• Autoclaved razor/scraper assembly in pouch with pipette tip box with aluminum foil tent 

cover to cut syringes in: 

 
• Autoclaved spatulas 
• Autoclaved tweezers 
• RGD aliquot (s) 
• PEG aliquot (s) 
• Crosslinker aliquot (s) 
• Sterile BD slip tip 1ml syringes (Cat. No. 14-823-434) for 50 ul hydrogel pucks 
• Labeled 50 ml centrifuge tubes 
• Sterile 1.5 ml microcentrifuge tubes 
• Cell passaging materials if casting cellular hydrogels (0.05% Trypsin EDTA, PBS, 

DMEM+ 10% FBS or other quenching buffer) 
• Very well calibrated micro-pipettes! 

 
Notes: 

• This protocol is for the formation of PEG-hydrogels via a Michael-type addition reaction 
between cysteines on peptides and vinyl-sulfone groups on 4-arm PEG molecules. The 
general idea is to first conjugate RGD to PEG to functionalize the hydrogels for cellular 
adhesion. The hydrogels are then crosslinked with a proteolytically labile dithiol 
containing peptide to form a hydrogel. In principal there should be a 1:1 ratio of total SH 
to VS groups. As such, in theory, the concentration (in mM) of [crosslinker] = (4*[PEG]-
[RGD])/2. In practice, however, the ratio of crosslinker SH to free VS after RGD 
conjugation is typically slightly less than 1 (~0.8-0.9) to yield maximum mechanical 
properties.  

• See the excel work book “Example PEG Recipe book, ellman's, stoich comparison” to 
help with calculations and for a guide to casting gels for stoichiometric characterization 

• It is very important that you have accurately calibrated pipettes.  This is especially 
important for volumes < 20 ul where the error to pipetting can be quite large and results 
in significant changes in gel properties.  I generally check the pipette calibration myself 
and include a correction in my calculations if it’s off by more than 2%. 
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• Many of the suggestions in this protocol are intended for the purpose of forming 
hydrogels with very consistent mechanical properties between batches of aliquots and 
between sets, initial mechanical properties have a strong effect on cellular behavior, so it 
is important that they are well controlled and documented. These tips are also important 
if you are trying to form very soft hydrogels ~50pa, because small variations in the 
SH/VS ratio due to pipetting errors may result in failed gelation.  

 
Protocol 

1. Cutting the syringes (best to do day before for convenience) 
a) Prepare 50 ml tubes for the syringes by labeling for each condition (you can fit up to 3 
syringes per 50 ml tube).  Spray with ethanol then place in hood.  After ethanol dries, 
remove all caps and place face up in the hood out of the way.   
b) Place a sterile drape in the hood.  Sterile fashion, drop the pipette tip box cover and the 
scraper/razor on the drape.  Open and then drop the number of needed syringes out of 
their wrapping on to the drape in sterile fashion.   
c) Don the sterile gloves (don’t touch anything at this point that is not on the drape).  You 
can put the gloves on outside of the hood as long as you don’t touch anything. 
d) Each gel will need a 1 cc syringe.  Pull back each syringe to the ~0.2 cc mark then cut 
at the 0.1 cc below this.  We use a razor blade in a scraper type hold to do this using an 
old pipette box cover as a cutting board with aluminum foil tented on one side to help 
catch the pipette tips as they fly off with cutting.   
e) Group the syringes as appropriate then drop them (the entire group at the same time) 
into the 50 ml tubes. 
f) UV with the lids open for at least an hour, ok to leave over night. 
g) Recap and can be left outside the hood until needed 
2. Retrieve needed aliquots from Desi-Vac making sure to let Desi-Vac warm to room 

temperature before opening, leave aliquots in the fridge or on ice protected from light 
until needed 

3. If forming cellular hydrogels, get trypsin, PBS, and quenching media warming  
4. Retrieve bucket of crushed ice and place microcentrifuge tube holder in it 
5. Reconstitute PEG 

a) determine the concentration of PEG desired (on excel sheet initially reconstituted at 
60 mg/ml but if high concentration PEG gels are needed, will need to be higher) 
b) protect from light as much as possible while reconstituting 
c) Add the appropriate amount of HEPES to the PEG aliquot 
d) Vortex vigorously for 1-2 minutes until fully dissolved 
e) briefly spin at high speed to collect at the bottom of the tube 

6. Reconstitute RGD in HEPES to achieve appropriate concentration 
7. Add the appropriate amount of RGD to the PEG aliquot  

* I usually conjugate the entire aliquot of PEG if all gels that I will be forming have 
the same [PEG-VS]. If you are doing multiple formulations with different [PEG-VS], 
each concentration will need to be conjugated separately. When varying the 
stoichiometric ratio, keep in mind that the [PEG-VS] is constant, it is the [peptide] 
that is titrated. 
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8. Allow RGD to conjugate to PEG for 30 minutes at room temperature protected from 
light. If you need longer than 30 minutes, place in fridge or on ice until you are ready 
to cast gels, do not wait longer than ~1.5 hours. 

9. While RGD is conjugating, if you are making cellular hydrogels, use this time to 
dissociate cells from culture flasks.  
a) Rinse cells with PBS, trypsinize, quench, centrifuge, then resuspend at the final 
desired concentrations.  
b) aliquot cell suspensions into sterile 1.5 ml microcentrifuge tubes for each condition 
(i.e. if you are forming 10 identical gels with 5M/ml ECs and 5M/ml DF seeding 
densities you would need 520ul of hydrogel precursor solution, then add 520ul of 
5M/ml EC solution and 520ul of 5M/ml DF solution to the microcentrifuge tube) 
c) it is best to do all of your cell suspension aliquots at the same time so that it is more 
accurate (i.e. if you are doing 2 peptides and 2 stromal cell types for 4 conditions, 
make sure your cell suspensions are well mixed then quickly aliquot them out into the 
4 microcentrifuge tubes, one for each condition. 
d) If very precise mechanical properties are required for your experiment, resuspend 
your cells in HEPES. If doing this, working quickly is very important to minimize 
time cells are in HEPES which can negatively affect viability if cells are left in it too 
long. 
e) pellet each cell suspension aliquot right before casting gels at 300x g for 5 minutes 
using the microcentrifuge, if cells are left in pellets too long before casting hydrogels 
they may get clumpy and not resuspend homogenously. 
f) very carefully aspirate pellet, use a 200ul non-filter tip on the glass pipette to 
minimize the aperture for aspirating. Aspirate as much media/HEPES as possible 
without disrupting pellet, then flick pellet to loosen.  

10. For casting gels it is convenient to have 2 P200s: one for pipetting peptide and PEG 
solutions, and the other just set at 50ul for casting the gels. 

11. Once PEG is conjugated and cells are pelleted, spray down centrifuge tubes 
containing syringes, bring into the hood and loosen caps to be ready to cast gels in. 

12. Reconstitute the crosslinking peptide at the appropriate concentration then quickly add 
the appropriate amount of solution to the cell pellet. 
* The most important part of forming consistent gels between sets is to cast the gels 
very quickly after reconstituting the crosslinking peptide. 
*add the peptide to the side of the tube containing the pellets, expelling slowly and 
completely to ensure all solution but do not flux, fluxing can suck up cell pellet that 
gets stuck on the inside of the pipette tip  
*if doing multiple sets of gels from the same aliquot of peptide, parafilm the peptide 
and keep on ice until ready to cast next set to minimize oxidation 

13. Vortex the pellet with the crosslinking solution on medium low, at just high enough of 
a setting that the pellet mixes but that the solution stays at the bottom at the centrifuge 
tube. If you lose solution up the side of the tube you can quickly spin it back down 

14. Add the PEG-RGD solution to the cell suspension in crosslinking peptide solution. 
*PEG is highly viscous so it is important to pay close attention so that you expel it all 
precisely. Fully expel the PEG, then go back to the stopper position to let the PEG 
collect again at the end of the tip, then fully expel again directly into the cell 
suspension 
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*at this point it is ok to quickly but gently flux 4-5 times to mix the solution instead of 
vortexing because if precursor gets stuck on the inside of the tip it is ok because it is 
not affecting the final ratios 

15. Quickly switch to the 200P pipette preset to 50ul and transfer 50 ul of mixture in to 
the syringes in the 50 ml tubes.  DO NOT depress the pipette plunger beyond the first 
stop as this will make bubbles. 
* press the pipette tip gently against the syringe stopper while expelling to make sure 
that you are filling the syringe from the bottom up, this helps avoid air bubbles getting 
trapped under the gel 

16. After pipetting all gels in the set, check all the gels to make sure there are no trapped 
air bubbles.  If there are bubbles, gently try to remove them with your pipette tip 

17. Tightly cap the 50 ul tubes and move to the incubator for 60 min 
18. Note the time you started for each set of gels 
19. Punch the gels out directly into media. When punching out gels, they will tend to stick 

to the end of the plunger.  They can be removed with a sterile spatula (typical lab 
type) but it is CRITICAL that you wet the spatula with media before trying to remove 
the gels or they will stick to the spatula and get destroyed (especially if the gels are 
very soft).   

20. When changing media, take the top off and place face down in the culture hood, prop 
up one side of the well plate on the well top so that it is on a slant. Use a sterile 
spatula to hold the gel to side when aspirating off the media. 
*be very careful it is easy to accidently suck up you hydrogel* 
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Appendix J: PEG and fibrin hydrogel fixing and standard fluorescent staining 
Adapted from Jonathan Bezenah protocol 

Materials: 
• Cellular hydrogels 
• Phosphate buffered saline solution (PBS) 
• Z-fix (Anatech) 
• Ulex Europaeus Agglutinin I (UEA-I), Rhodamine (Vector labs) 
• 4′,6-diamidino-2-phenylindole (DAPI, 500 ug/ml stock solution) 
• Alexa Fluor 488 phalloidin (Invitrogen) 

 
Overview: 
This protocol is for fixing hydrogels and staining with standard non-immunofluorescent stain. 
UEA is commonly used for identifying endothelial cells, DAPI stains all cell nuclei, and 
phalloidin stains filamental actin in all cell bodies. Phalloidin is useful for identifying cell bodies 
and tends to stain stromal cells more strongly than endothelial cells. Additional step are required 
for antibody staining, and are detailed in the immunofluorescent staining protocol. Red 
phalloidin and green UEA are also available but not typically used. 
 
Fixation Protocol: 

1. Aspirate off culture media in cell culture hood 
2. Add PBS to all wells (~2 ml per well, washes better with more) 
3. Allow to rinse for 3-5 minutes at RT to wash 
4. Aspirate off PBS using vacuum pump 
5. Repeat wash 2x more 
6. Add 1 ml Z-fix to each well in fume hood, make sure PEG hydrogels are fully 

submerged. 
7. Let fix for 30-45 mins at room temp in hood. 
8. Remove z-fix with and dispose of in appropriate waste container 

*I typically tape a 1 ml pipette tip onto the end of a 25 ml serological pipette to remove z-
fix to easily do many wells 

9. Add at least 1 ml PBS to each well, more is better for more thorough washing 
10. Allow to rinse for 3-5 minutes at RT 
11. Remove PBS with serological pipette and dispose of in z-fix waste container for the first 

2 washes 
12. Repeat washes for a total of 4 washes, the 3rd and 4th washes can be aspirated with the 

vacuum pump in the common lab space 
13. Gels are ready for storage, staining, or immunofluorescent staining. 

*If storing, wrap with parafilm around the edges and store in the 4C fridge. Samples can 
be stored up to ~ 1 month before staining without noticeable detriment.  

 
Standard staining procedure for UEA, DAPI, and phalloidin 

1. PEG hydrogels should be cut in half using a razor blade to accurately cut the gel in half:, 
Fill a petri dish with enough PBS that it barely covers the bottom of the dish. Put a single 
PEG hydrogel into the dish with one its flat sides down, push down with a razor blade 
precisely bisecting  the gel and then use a scalpel while holding the razorblade down to 
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finish bisecting the gel cleanly. PEG hydrogels can be further cut into quarters if needed 
for multiple different stains on the same gel, but halves are easier to orient for imaging  

2. Prepare solution with desired stains, UEA and phalloidin are best at 100x dilutions, and 
DAPI at 500x dilution.  

3. Make sure all remaining PBS is removed from hydrogel wells. 
4. Add staining solution to hydrogels. For a 500 ul fibrin hydrogel I will typically stain with 

750ul of solution, both halves of a PEG hydrogel can be stained in a 24-well plate with 
600 ul of solution. A single half of PEG hydrogel can be stained in a 48-well plate in 
400ul of solution. *Make sure PEG hydrogels are fully submerged* 

5. Cover well plates in foil to protect from light, samples should always be protected from 
light from here on to reduce photo-bleaching 

6. For best signal to noise, I typically stain over night in the 4C fridge, but 4 hours is 
sufficient. 

7. After staining, wash 4x with fresh PBS 
8. For best signal to noise I usually allow another rinse over night, and then another wash 

the next day. 
9. Samples are ready for imaging. 
10. Samples should be imaged within 2 weeks for best results. 
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Appendix K: Immuno-fluorescent staining of hydrogels 
Materials: 

• 10x Tris buffered Saline (TBS): 44 g NaCl, 15.75 g Tris (base), 500 ml of ddH2O, adjust 
pH to 7.4 

• TBS-TritonX: 50 mL of 10x TBS, 2.5 ml of TritonX-100, add ddH2O to 500ml final 
volume, adjust pH to 7.6  

• TBS-Tween20: 50 mL of 10x TBS, 0.5 ml of Tween-20, add ddH20 to 500ml final 
volume, adjust pH to 7.6 

• Antibody dilution buffer (Abdil): 2% (2g/100mL) of bovine serum albumin (BSA) in 
TBS-Tween solution 

• Appropriate primary and secondary antibodies 
• Fixed hydrogel samples 

 
Notes: 

• Before starting procedure, check the online data sheets for your primary and secondary 
antibodies by checking their catalog numbers. Take note of their species specific 
reactivity, host/reactivity, suggested secondary antibody, and recommended dilution.  
*If samples are recommended to be stored at -20C, it is best to aliquot into 
microcentrifuge tubes to avoid multiple freeze thaws. I tended to aliquot 5-10 μl of 
antibody stock per tube 

• Some procedures recommend performing all steps with TBS-TritonX100, however, 
TritonX is a very strong detergent and I found that prolonged periods of time in TBS-
TritonX100 solutions caused gel degradation, hence the use of TBS-Tween20 for most 
steps: Tween20 is a milder detergent. 

• Although most immuno-fluorescent staining procedures for cells in 2D culture only 
require ~1 hour per staining/washing steps, the large size of antibodies restricts diffusion 
into hydrogels, as such, all steps are performed overnight to allow complete diffusion 
in/out of hydrogels for optimal staining. 

• Unlike DAPI, UEA, or Phalloidin staining, which are good for many weeks, antibody 
staining tends to fade in under a week, make sure your schedule is permissive for imaging 
right after staining for best results. 

Protocol: 
1. Make 10x TBS solution: See components above. This solution generally does not need to 

be sterile filtered and is ok to store at room temp for multiple months. If significant 
precipitate starts to form and does not re-dissolve with mixing, then remake this stock 
solution. 

2. Make TBS-TritonX100 solution (permeabilization buffer). See components above. This 
solution is 0.5% TritonX100 in TBS.  
a) Pipette 50 ml of 10x TBS into a 1L graduated lab bottle.  
b) Add ~200 ml of ddH20 to the 10xTBS to start dilution.  
c) Put in a clean stir bar and start stirring on medium-low speed.  
*TritonX100 is very viscous and difficult to pipette*  
d) Use a 5 ml serological pipette to slowly draw up 2.5ml of TritonX100, only put the tip 
of the pipette in to avoid coating the outside of the pipette with too much TritonX100. e) 
Expel the TritonX100 into the partially diluted TBS under constant stirring. Try to avoid 
expelling air, because it will create excessive bubbles.  
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f) Wait for TritonX100 to recollect at the pipette tip then expel again 
g) Repeat step (f) until significant TritonX100 stops collecting in pipette tip. 
h) slowly draw up 5-6 ml TBS solution into the pipette tip to rinse pipette and then expel 
into the solution. Repeat this step multiple times until there is no longer TritonX100 
visibly coating the inside of the pipette tip. Again, try to avoid expelling air to prevent 
excessive bubble formation. 
i) Make up to full 500ml with ddH2O 
j) Sterile filter this solution into an autoclaved bottle for long term storage. The solution 
does not necessarily need to be used/stored with proper sterile technique, but it is 
important to store it cleanly and use ‘pseudo-sterile’ technique with it for it to last 
multiple months. TBS-TritonX100, and TBS-Tween solutions are permissive for 
microbial growth, so if solutions become cloudy make a fresh stock. 

3. Make TBS-Tween20 solution (rinse buffer) following an analogous procedure as outlined 
above for TBS-TritonX100. 

4. Make enough Abdil solution as needed for the day. It is best to make Abdil solution fresh 
as needed. (1 ml per well for blocking in 48-well plates, 2 ml per well for blocking in 24-
well plates) 

5. Permeabilize your samples if needed, by incubating gel in TBS-TritonX100 solution at 
room temp for 1 hour. 
*Samples need to be permeabilized to stain for intracellular proteins. 
* Use 1 ml for 24-well plate, 0.5 ml for 48 well plate. Make sure free-floating PEG 
hydrogels are fully submerged. 

6. Rinse samples 4 times with TBS-Tween20 solution, waiting 3-5 minutes between rinses. 
7. Block samples overnight in Abdil solution 
8. Aspirate off Abdil solution. 

*For PEG hydrogels I tend to hold gels out of the well with a micro lab spoon while 
aspirating 

9. Stain with primary antibody overnight in Abdil solution at recommended dilution. 
10. Rinse 3x with TBS-T, 5 minutes each, then rinse overnight. 
11. The following day rinse 1x with TBS-T for 5 minutes 
12. Stain with appropriate secondary antibody at recommended dilution overnight 

*Make sure to choose your secondary antibody to match the host/isotype of the primary, 
and that the fluorophore is the appropriate wavelength, so it doesn’t overlap with any 
intended counter stains (i.e. DAPI, UEA, Phalloidin) 
* Protect from light as much as possible moving forward 

13. Aspirate off secondary antibody solution. 
14. If counter staining, no rinses are necessary. Follow standard staining procedure for DAPI, 

UEA, and/or phalloidin for an overnight stain. 
*Make sure there are no fluorophores with overlapping wavelengths* 

15. Rinse 4x with TBS-T. 
16. Rinse overnight with TBS-T 
17. Samples can be stored in either TBS-T or PBS at 4C  
18. Image samples as soon as possible. 
19. If you are making qualitative comparisons between samples, make sure to image them on 

the same day with the same imaging settings to avoid signal deterioration. 
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Appendix L: Epifluorescent and confocal microscopy protocols 
Adapted from Jonathan Bezenah protocols 

 
General Microscope Set-Up 

1. Turn on the microscope computer 
2. Login to PutnamOlympus. Password: rhoa 
3. Take the cover off the microscope 
4. Turn on microscope (Olympus 1x2), mercury lamp, camera controller (Hamamatsu), and 

slide controller (Prior) 
5. Record mercury lamp “ON” hr on data sheet next to microscope 
6. Open Metamorph premier on computer 
7. Once open, on top tool bar, go to “AQUIRE”. On the drop down menu, click “AQUIRE” 

*This opens a window which controls exposure, binning, gamma, and scaling 
8. In the acquire dialogue box, the buttons do the following: 

a) AQUIRE – takes a picture of current field of view 
b) SAVE IMAGE – takes a picture of the current field of view and saves to a specified 
location 
c) SET SAVE – specify location to which save image button will save 
d) SAVE W/ SEQUENCE – automatically increment next image save file after you take 
an image using the save image button 
e) AUTO EXPOSE- determines optimal exposure for sample you are imaging (DO NOT 
USE) 
f) IMAGE GAMMA- increase or decreases the gamma 
g) IMAGE SCALING – set which band of light the camera will display (this can be 
changed after imaging if needed) 
h) AUTO SCALING – automatically sets the best exposure limits (max and min) for 
image 

9. Click the show live button. This will open up a new window showing you your sample 
live 

10. The buttons on the left screen do the following: 
   a) BINOCULARS – look through the microscope eye piece 

b) CAMERA – will look through the standard microscope camera 
c) CIRCLE/DOT – will use the disc spinning unit 
d) RED - for mCherry/Red filter (580 μm) 
e) GREEN – is for GFP/Green filter (480-560 μm) 
f) BLUE – is for DAPI/blue filter (405-420 μm) 
g) GREY – brightfield (standard lamp) 

11. Set filter to desired filter and camera 
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Epifluorescent (AKA widefield) and brightfield imaging: 
 
Notes:  

• Epifluorescent imaging is a mode of fluorescent imaging where the sample is illuminated 
with unfocused light. This mode requires shorter exposure times than confocal imaging 
but yields poorer signal to noise. Illumination and imaging are both from below the 
sample 

• Brightfield imaging is the simplest form of microscopy: The sample is illuminated from 
above with bright light and imaged from below. Contrast in the image is caused by 
differences in sample density and/or features that scatter the light. 
• Typical Exposure times for 4x imaging: 
10-20 for brightfield 
100-200 for DAPI/BLUE 
200-300 for mCHERRY/RED 
300-400 for GFP/GREEN 

• On the show live screen window, on the left side there are 5 buttons. Look at the button 
that looks like a balance 
-The number next to the balance icon should say 12 to get best images 
-If it doesn’t, increase exposure time 
-On acquire window, look at black box with green bars, this is a histogram of the image 
exposure, the best images will have histogram bars peaking near the middle (Adjust 
exposure to do so) 

• All conditions within an experimental replicate should be imaged with the same exposure 
parameters for consistent quantification, but it is ok to change exposure settings between 
replicates if needed 

• Epifluorescent and brightfield imaging are best for single plane images rather than z-
stacks and maximum intensity projections 

• I quantified the bead assay with single plane epifluorescent images, the sprouting from 
the beads tend to be in a single plane along the bottom of the dish so confocal imaging is 
not necessary, however, confocal imaging will always provide more accurate images and 
potential 3D reconstructions. However, confocal imaging takes at least 20 times longer 
because of the longer exposure times and multiple planes per image . 

 
Protocol: 

1. Move stage using stage controller to desired location of sample (Press “live” in 
acquisition window to view streaming video) 

2. Focus using the microscope dials to get the image in focus and obtain the best focal plane 
for analysis. 

3. Check that your exposure parameters for your channels of interest are appropriate per the 
notes above. 

4. Press “Save Image” to save your live image. Label image with all appropriate details, I 
usually include: Label for experiment, condition, gel #, bead #, channel color 
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5. For the bead assay I manually raster through the gel, keeping track of beads and imaging 
all beads that meet the inclusion criteria. For late time points in which networks are very 
extensive, the Scan Slide application may be necessary to stitch multiple images together 
to capture all sprouts from a single bead (see separate Scan Slide protocol below). 
* See Jonathan Bezenah’s protocol for “Multi-dimensional Acquisition” if you wish to 
keep track of the positions for each beads location 

6. Before moving the stage, take images in all channels of interest. To adjust for the 
chromatic offset between different channels you may choose to adjust the Z-position a 
few microns to bring different channels into their sharpest focus. 

7. It is usually best to image all conditions on the same day to account for differences in 
washing. This is especially important if you decide to image the day after staining 
because the signal to noise continues to improve for ~ 2 days with additional de-staining 
time.  

8. Once complete, turn off all microscope components 
*NOTE: Mercury lamp needs to be on for 1 hr after turning it on before turning off again. 
IF it hasn’t been 1 hr wait to turn lamp until 1 hr has passed from turning it off 
*NOTE: Mercury lamp needs to cool down for 1 hr after turning off. If someone else is 
going to use the microscope within an hour, leave the lamp on 

9. On record sheet, write down lamp off hours, time turned off and your name 
10. Turn of computer 
11. Put microscope cover back on 

 
Disk spinning (confocal) microscopy imaging 
 
Notes: 
 

• In practice, spinning disk confocal microscopy significantly reduces out of focus sample 
illumination compared to epifluorescent imaging, resulting in reduced background and 
higher resolution images. However, much longer exposure times are required.  

• Imaging with the disk spinning unit (DSU) is highly recommended for accurate 
quantification of the vasculogenesis assay, otherwise background noise adds substantial 
quantification artifacts. 

• Generating maximum intensity projections from Z-stacks of images is also recommended 
to capture cellular features that may be in different Z-planes. 

• Typical exposure times: 
DAPI: 2000 ms for 4x imaging, 1000 ms for 10x imaging, 500 ms for 20x imaging 
UEA-rhodamine: 6000 ms for all magnifications 
Phalloidin: 8000 ms for all magnifications 
Immunofluorescent stains: 8000+ ms 
* The primary drawback for spinning disk microscopy is the trade off between time spent 
imaging (proportional to exposure time) and image quality. The exposure times I chose 
were to balance the need for high enough throughput with sufficient image quality for 
quantification. Although the DAPI signal is strong enough to provide near optimized 
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intensity histograms at acceptable exposure times regardless of magnification, UEA, 
phalloidin and immunofluorescent stains tended only to provide optimized intensity 
histograms at 20x magnification unless excessive exposure times were chosen.  
*Higher magnifications require shorter exposure times because the light is more focused. 
*To overcome this limitation for 4x image analysis, images are post processed to remove 
background and enhance contrast (see protocols for ImageJ scripts) 

• Typical Z-stacks: 
4x images: 200-300 micron thick stacks with 30-50 micron slices. You should optimize 
for your purposes but I would recommend 200 micron thick with 50 micron slices for 
optimal time efficiency for vessel density quantification 
20x images: 30-50 micron thick stacks with 3-5 micron slices. You should optimize for 
your purposes, the higher the cell density the thinner you want your stack to be to avoid 
many overlapping features. The thinner the slice, the higher resolution your images will 
be, but also the longer it will take to image.  

• FOR VISUALIZATION OF LUMENS: You must image in a MatTek or similar glass 
bottom plate or on a microscope slide. If you image in a well-plate there will be too much 
background even with DSU to resolve cell lumens. 
* Fibrin gels will need to be cultured in glass bottom plates, but PEG gels can be 
transferred over after culture. 
*This is also necessary to image at 40x magnification or higher 

• For 20x objective, make sure the objective collar is set to image through the appropriate 
thickness: 0.17 for cover glass, 2 for well plate, otherwise you will not get a crisp image. 

• The shutter for the brightfield has been sticking on occasion, resulting in dim BF images 
for the first couple slices. If you encounter this problem, and you want BF images to 
complement your fluorescent images, you will need to have BF imaging live before 
starting the journal so the shutter is already open. 

 
Protocol 
 

1. Get the microscope set up following the General Microscope Set-Up procedure 
2. Put samples of interest on sample stage. 
3. If imaging free floating PEG hydrogels it is important to orient the gel with its cut side 

face down. 
*If there is too much buffer in the well with the gel then the gel with diffuse around while 
imaging yielding blurry images. However, if there is not enough liquid in the well then 
the light will diffract at the gel air interface creating excessive background and image 
artifact. As such, the buffer height should be exactly the same as the top of the hydrogel. 
You can gently push down on the gel to try to get the cut side flush with the bottom of the 
gel. It is also usually best to have the gel up against the side of the well to help stabilize. 

4. Load or edit an existing Journal with your desired parameters for your DSU Z-stack. 
a) Go to Journal -> Edit Journal to pull up a journal tab 
b) If you are starting fresh it is easiest to edit a preexisting journal. 
c) The following tab will appear after selecting a journal to edit: 
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d) The journal will progress in sequential order, performing the function on each line. 
You can double click on each line to change its specific function. 
e) First choose your desired magnification by double clicking on the Magnification line 
f) All of the “Run Journal” commands in these DSU-Stack Journals are running 
embedded pre-established Journals for loading particular filters. Important Journals are 
labeled: 
Brightfield camera: “BF_Camera”  
Green DSU channel: “GFP_DSU” 
Red DSU channel: “mCherry_DSU” 
Blue DSU channel: “DAPI_DSU” 
Green widefield channel: “GFP_WF” 
Red widefield channel: “mCherry_WF” 
Blue widefield channel: “DAPI_WF” 
g) In order, the Journal will load the proper objective, then load the proper channel, load 
the selected acquisition settings (exposure and thresholding), then image with the 
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indicated settings for the Z-stack. These Journals are set up for 4 rounds of imaging, then 
set to open a live acquisition window with desired acquisition settings. 

5. Determine the appropriate exposure times for each of your DSU imaging channels (and 
BF imaging if needed) 
a) Go to Show Live in the Acquisition window, leaving your Edit Journal window open. 
To determine an appropriate exposure time for DSU z-stacks first locate a region of 
interest with well-defined features using the wide-field fluorescence channel.  
b) Then switch to the DSU channel and check that the DSU provides an appropriate 
signal to noise in the image: first adjust the Image Scaling to be able to see features, then 
use your mouse to scroll through the image to get an idea for the background (similar to 
process used for deciding threshold for Angiogenesis tube formation module. The 
coordinates for the mouse cursor over an image, and the intensity at the cursor, are shown 
at the bottom of the window: (x,y) -> Instensity. 
c) You want there to be at least ~10% increase for signal to noise for features you intend 
to quantify. For instance, if the average background has an intensity of  ~225 and your 
average vessel has an intensity of ~255 then you have ~13.3% increase in signal over 
noise which is sufficient for quantification. Increasing concentration and duration of 
staining, increasing washes, and overnight washing, and increasing exposure can all help 
with improving signal to noise.  
d) You can estimate signal to noise on a live image while deciding exposure times.  
e) The image scaling can be manually adjusted after imaging, but is convenient to set 
now, and you will need to adjust it to see stained cells. For DSU images there is usually a 
relatively narrow range selected. 
f) After you have picked your exposure time and set your image scaling, save your image 
setting by clicking “Save As”. It is best if you save your own individual image settings 
for your journals, so others don’t switch them around. 
g) repeat this to check/define the image settings for each DSU channel you intend to 
image. 
h) In your Journal Window, under each “Run Journal” command, double click the 
“Acquire- Load Setting” to select the appropriate acquisition settings you just 
determined. 

6. Set your Z-stack settings 
a) Double click on each “Acquire Z Series” command and set your desired parameters. 
The following tab will appear: 
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b) Indicate your number of planes to image and the um(s) distance between slices. In this 
example, there are 5 slices 50um apart, for a 200um thick stack. Keep in mind that the 
first slice is at the origin (by default). *If you want to make a 3D reconstruction, your 
steps should be smaller than the recommended step size, but for quantification of 4x max 
intensity projections, it is ok to be up to 50 microns without losing features* 
c) Press OK to save settings 
d) CHECK THAT ALL ACQUIRE Z SERIES SETTINGS COMMANDS IN YOUR 
JOURNAL ARE IDENTICAL! 

7. Choose the Run Journal and acquisition settings for the live window that will pop up after 
the journal has progressed through each Z-stack 
* I usually choose Red so it is easy to pick another ROI with good vessels, but if another 
channel is your primary interest (i.e. for immunofluorescent imaging) then you may 
choose green instead. 

8. Disable any channels that you are not interested in imaging. Make sure to disable all 3 
steps for that channel: 1) Channel 2) acquisition settings 3) Z-stack settings 

9. MAKE SURE TO SAVE AS A NEW JOURNAL 
a) If you press “Save” it will overwrite the pre-existing journal* 
b) Go to File -> Save As  
c) include pertinent details in the file name 
d) if your only change is disabling/enabling steps then no need to save as a new journal 

10. Your Journal is now ready to run. Leave the Edit Journal window open to run the Journal 
when ready. 

11. Open your live acquisition in Wide Field to find a ROI you want to image. 
12. At your ROI of interest, adjust the Z-position on the microscope to the bottom of the Z-

stack. For each ROI you will need to set the Origin in the Z direction (X,Y setting does 
not matter for the journal however). The default Z-stack setting is to image in the positive 
Z-direction for progressive slices. 
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a) Resetting the origin for each ROI is especially important for PEG hydrogels where the 
cut side is not necessarily perfectly smooth. 
b) You want your zero height to be the lowest plane in which vessels are in focus 
throughout the entire ROI. If vessels are in focus only in half your image for your first 
slice, then you will bias your quantification towards lower density than actual. 
c) Also ensure that for each ROI, vessels remain in focus throughout the full thickness of 
the Z-stack. You will also bias your imaging if you accidently focus over the top of your 
hydrogel for your last slice(s). 
d) to set your origin: Devices-> Stage -> Move Stage to Absolute Position-> Set Origin 
e) CHECK/SET YOUR ORIGIN FOR EVERY ROI! 

13. Once your ROI and origin is set, press “Run Journal” on your Journal editor page to 
acquire your DSU Z-stack. 

14. Save each stack with relevant information to identify: Experiment, condition, gel #, 
ROI#, channel, etc… 

 
 
Generating 3D reconstructions and/or Maximum intensity projections in Metamorph 

1. You can make 3D reconstructions that you can rotate or maximum intensity 
projections in Metamorph if preferred to ImageJ. I will sometimes do this to quickly 
check the Max intensity projection instead of running the ImageJ scripts. 

2. Click Stack -> 3D Reconstruction. 
The following tab will open: 

 
3. For a Maximum intensity projection, select: 

Angle for Single View = 0 
Predefined Angle = Single 
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Orientation = Vertical 
Reconstruction Type = Maximum 
Use Z-distance calibration 

4. For a 3D reconstruction choose full circle and define the angles to view from. The 
other settings will be the same as for Maximum intensity projection. 

Acquisition of a tiled (stitched) multi-panel image in Metamorph: 
1. Go to Apps -> Scan Slide. The Scan Slide command window will open. 
2. Main tab: define the name of your Scan slide and directory to save in. 
3. Acquisition tab: Define the camera binning. Higher binning reduces the file size and 

resolution of image, typically best to leave at 1. Also indicate the number of 
wavelengths to image, 4 wavelengths if you want BF and all 3 fluorescent channels. 
Within each acquisition tab you can define the filter channel with the Illumination tab 
and exposure. You can auto expose to automatically define the exposure, but I tend to 
prefer choosing exposure myself. I also tend not to auto-focus or include a Z-offset 
from previous wavelength. In the Acquisition -> Run Journal tab you can combine 
scan slides with time course imaging or Z-stacks, however, I have never done so. 

4. The Calibration automatically updates depending on magnification chosen 
5. Slide Area defines the area you are going to scan. Pan over to the upper left corner for 

the area you would like to scan then click “Set to Current” then Pan over to the lower 
right corner for the area you would like to scan then click “Set to Current” 

6. You are now ready to take your stitched image: Press “Scan” 
7. At the end a preview will pop up at low resolution 
8. To load the high resolution scan, go to the Data Review tab: Load your scan at 100%. 
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Appendix M: ImageJ scripts used for image analysis: 
Notes: 

• These scripts are to be used with ImageJ (you can download for free at 
https://imagej.nih.gov/ij/) 

• To run the script for a macro in ImageJ, first create a text document (.txt) file containing 
the particular script of interest. 

• Each script is written to be used to perform a function on an entire folder of either raw 
images, raw z-stacks, or on maximum intensity projections as indicated. 

• Notes for each script are included below 
 

General protocol for running ImageJ macros: 
1. Make a text document for the script by copy and pasting from this word document 
2. Save all macros to a folder that is convenient to access 
3. Download ImageJ if needed 
4. Open ImageJ 
5. To run a macro go to “Plugins” > “Macros” > “Run” 
6. Find the text document file for the particular macro you want to run 
7. This will prompt you to select the folder you want to analyze 
8. Once you specify the folder the macro will automatically analyze each file within the 

folder and create a sub folder within the user-specified folder with the analysis. 
 
Automatic generation of maximum intensity projections with enhanced contrast: 
 
Notes: 

• This macro creates maximum intensity projections of all z stacks in the user-specified 
folder and automatically contrast enhances them.  

• Each maximum intensity projection is processed and saved to a folder created within the 
user-specified folder. 

• Disabling the line “run( “Z Project…”, “Max Intensity”)” will result in this script 
enhancing contrast for a single plane image 

• This script enhances contrast by normalizing the dynamic range to fill the entire range of 
intensities. This effectively normalizes between technical replicates because if one 
replicate is stained more brightly than another, they will all be similarly normalized. This 
is convenient for always applying the same thresholding parameters for automatic image 
quantification. However, this is not appropriate for qualitative comparison for 
immunofluorescent staining for assessing differential expression of target proteins 
because all images will have the same average brightnesses. 

 
Script: 
 
dir = getDirectory("Choose a Directory"); 
newdir = dir + "/Recon/" 
File.makeDirectory(newdir); 
list = getFileList(dir); 
 
for(i=0; i<list.length; i++) { 

https://imagej.nih.gov/ij/
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 if (endsWith(list[i], ".tif")){ 
  open(dir+list[i]); 
  imgName=getTitle(); 
  run("Z Project...", "Max Intensity"); 
  run("Enhance Contrast", "saturated=0.1 normalize process_all use"); 
  run("Subtract Background...","rolling=50"); 
  run("Despeckle"); 
  run("Smooth"); 
  saveAs("Tiff", newdir + "Recon " + imgName); 
  while (nImages>0) {  
             selectImage(nImages);  
             close();  
        }  
 } 
}  
 
Quantification of DAPI nuclei density from 4x images: 
 
Notes: 

• This macro automatically takes a folder of single plane images or maximum intensity 
projections, converts to a binary image, and quantifies particle metrics (i.e. particle 
number per image, average particle size, individual particle cirularities, etc). 

• It is typically used for assessing nuclei per mm2 for a single plane image or nuclei per 
mm3 for Z stacks (normalized to volume of Z-stack). 

• This script works best when nuceli densities are low enough or Z-stacks are thin enough 
that there aren’t many overlapping nuclei (there is some subjectivity to acceptable 
degrees of overlap). 

• If there is a large degree of overlap such that binary images look like large globs instead 
of individual nuclei, and the watershed function is not satisfactorily dividing nuclei, you 
can compare total area covered with particles between conditions, normalizing to the 
average particle (nuclei) size for a condition with lower cell densities (such as d1 if there 
is a lot of proliferation over the course of the experiment), this is the approach I took for 
my high cell density PEG hydrogels.  

• Best to run this script on a folder with only DAPI images for ease of data organization 
 
Script: 
 
dir = getDirectory("Choose a Directory"); 
newdir = dir + "/dapi counted/" 
File.makeDirectory(newdir); 
list = getFileList(dir); 
 
for(i=0; i<list.length; i++) { 
 if (endsWith(list[i], ".tif")){ 
  open(dir+list[i]); 
  imgName=getTitle(); 
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  //run("Enhance Contrast", "saturated=0.1 normalize process_all use"); 
  //run("Subtract Background...", "rolling=50"); 
  //run("Despeckle"); 
  //run("Smooth"); 
  run("8-bit"); 
  setAutoThreshold("Otsu dark"); 
  run("Convert to Mask"); 
  run("Watershed"); 
  run("Analyze Particles...", "size=15-10000 circularity=0.00-1.00 show=Outlines 
display include summarize"); 
  saveAs("JPEG", newdir + imgName); 
  while (nImages>0) {  
             selectImage(nImages);  
           close();  
        }  
 } 
} 
 
selectWindow("Results"); 
saveAs("Measurements", newdir+"Results.xls"); 
run("Close"); 
 
selectWindow("Summary"); 
saveAs("Measurements", newdir+"Summary.xls"); 
run("Close"); 
 
Quantification of cell spreading using cell circularity and area coverage of 10x images: 
 
Notes: 

• This script is nearly identical to the DAPI count script except a different auto threshold 
function was chosen that gave the most accurate binary image of cell bodies, the range of 
particle sizes to include is different, and this script was not updated to automatically 
create a folder to save images in: instead you will need to run a batch macro (details 
below).  

• Best if used with maximum intensity projections at 10x magnification with 10 micron 
slices (or thinner) of total ~50 micron thick Z-stack. 

• The thickness of your Z-stack should be optimized for your intended purposes based on 
average cell densities: The thicker your slice the more cell bodies you will have to 
measure so your data will be stronger, but you want to ensure that cell bodies only very 
rarely overlap otherwise they will not be quantified as individual cells.  

• This type of quantification is most appropriate when there is large changes in cell 
spreading depending on condition. If changes are less pronounced, then cells need to be 
relatively well isolated to see subtle differences. 

• This is usually used for images of phalloidin stained cell bodies, but can also be used for 
other stains: I usually also run this script on corresponding DAPI and UEA images from 
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the same ROIs to ensure I get a similar trend as observed from 4x images to verify 
images are not accidentally biased (assess total area covered).  
 

Protocol 
1. Go to your folder containing your maximum intensity projections 
2. Analysis will be most convenient if you separate each channel into separate folders 
3. Within each folder create a sub folder for analyzed images, I usually label them 

something like “DAPI analyzed”  
4. Open ImageJ, go to Process > Batch > Macro to open the batch macro dialogue box 
5. Select the Input folder for images to analyze, and for the Output folder select the 

corresponding analyzed sub-folder that you just created. 
6. Copy and paste the script below into the macro dialogue box. 
7. I usually choose JPEG as the Output Format because the images are smaller and the 

images are just for qualitative assessment. 
8. Hit Process. 
9. Copy and paste data to an excel file 

 
Script: 
 
run("Subtract Background...", "rolling=50"); 
run("Enhance Contrast", "saturated=0.4 normalize process_all use"); 
run("Despeckle"); 
run("Smooth");run("16-bit"); 
setAutoThreshold("Default dark"); 
//run("Threshold..."); 
run("Analyze Particles...", "size=250-Infinity circularity=0.00-1.00 show=Outlines display 
include summarize");  
 
 
Quantifying fraction of UEA associated nuclei 
 
Notes: 

• This set of scripts is used to determine the percentage of DAPI stained area that is 
overlapped by UEA stained area, giving a fractional estimate of EC nuclei compared to 
total nuclei. 

• This is run as a combination batch macros that is input by the user (as described above 
for cell spreading analysis), and the masking macro. 

• The output will be images that only show DAPI nuclei that are within UEA stained area 
 
Protocol: 
 

1. Create a text document with the script for “Create UEA masked images of DAPI 
binaries” provided below and save to a convenient folder. 

2. Go to your folder containing DAPI maximum intensity projections and create a sub-
folder labeled something like “DAPI binaries” 
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3. Go to your folder containing UEA maximum intensity projections and create a sub-folder 
labeled something like “UEA binaries” 

4. Perform a batch macro with the input being your DAPI folder, the output being your 
DAPI binary folder and copy and paste the script below “Create binary directory of DAPI 
images”. Do the same for UEA images with the appropriate script (the scripts have 
different auto-thresholding options which were chosen to be most accurate given my 
standard confocal imaging technique) 

5. Create directory of masked DAPI images: go to Plugins > Macros > Run and select the 
text document for the script “Create UEA masked images of DAPI binaries” 

6. You will be prompted to select 3 directories, you need to pick them in order: 1) DAPI 
binaries 2) UEA binaries 3) select your whichever folder you want the masked images to 
be saved in (I usually pick the folder containing DAPI max projections) 

7. A folder will be created called “dapi masked” that contains images for each region of 
interest showing dapi thresholded areas that were within UEA thresholded areas. 

8. Run a batch macro for particle analysis provided below to determine the area of total 
nuclei and area of UEA masked nuclei for each ROI to quantify percentage of UEA 
associated nuclei. 

 
Create binary directory of DAPI images 
setAutoThreshold("Otsu dark"); 
//run("Threshold..."); 
setOption("BlackBackground", false); 
run("Convert to Mask"); 
 
Create binary directory of UEA images 
setAutoThreshold("Li dark"); 
//run("Threshold..."); 
setOption("BlackBackground", false); 
run("Convert to Mask"); 
 
Create UEA masked images of DAPI binaries 
// @File(label="source directory X",style="directory") dirX 
// @File(label="source directory Y",style="directory") dirY 
// @File(label="destination directory",style="directory")  
 
dirX = getDirectory("Choose a Directory"); 
dirY = getDirectory("Choose a Directory"); 
dirZ = getDirectory("Choose a Directory"); 
newdir = dirZ + "/dapi masked/" 
File.makeDirectory(newdir); 
 
// get a list of all files in the two folders 
listx = getFileList(dirX); 
listy = getFileList(dirY); 
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// stop the macro if the number of images is not the same 
if (listx.length != listy.length) { 
 exit("number of images is not equal"); 
} 
 
// set batch mode to not see the images when opened 
setBatchMode(true); 
 
// start a for loop to process all image pairs one by one 
for (i=0; i<listx.length; i++) { 
  
 // get the paths to an image pair 
 incomingx = dirX+File.separator+listx[i]; 
 incomingy = dirY+File.separator+listy[i]; 
 
 // open the image at list position i and rename them 
 open(incomingx); 
 imgName = getTitle(); 
  
 rename("XX"); 
 open(incomingy); 
 rename("Y"); 
  
 // add the images to each other 
 imageCalculator("And create", "XX", "Y"); 
 rename("result");      
 
 
    // save the image 
    selectWindow("result"); 
    saveAs("Tiff", newdir + imgName); 
  while (nImages>0) {  
             selectImage(nImages);  
           close();  
        }  
} 
    // close all open images 
    run("Close All"); 
 
Aanalyze total areas of DAPI binaries and UEA masked DAPI images 
run("Analyze Particles...", "size=5-infinity circularity=0.00-1.00 show=Outlines display include 
summarize"); 
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Figure A.1 Example analysis of UEA mask on DAPI image generation for 27mg/ml 
hydrogel on day 7. Masked images are generated from maximum intensity projections as 
described in the methods. UEA mask is shown in red. DAPI mask is shown in blue. Areas of 
overlap are shown in white. The analysis algorithm determines the ratio of white to blue area.  
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Appendix N: Metamorph vessel quantification 
Adapted from Jonathan Bezenah protocol 

 
Notes: 

• Needs to be performed on a single plane image or a maximum intensity projection of a Z-
stack 

• Vessel width typically; Minimum (6 microns), Maximum (60 microns). 
• For Epifluorescent imaging with optimal histogram of intensities, the intensity above 

background is usually 200-300 
• For analysis of z-stacks that have had contrast normalization and background subtraction 

the intensity above background is typically 4000. 
 
Protocol: 

1. Open Metamorph 
2. Open images you want to quantify. Either: 
*File -> Open and find your images 
*Drag and drop from your folder into Metamorph 
3. You will need to calibrate images if images have been processed in ImageJ at all (i.e. 

cropped to remove imaging artifacts or background subtracted and contrast enhanced) 
a) Click measure -> calibrate distances 
b) A new window will appear, select the magnification used for the image, then select 
apply to all images to calibrate your processed images. 

4. On the top tool bar, click “APPS” 
5. click “Angiogenesis Tube Formation”. A new window will appear 
6. On main computer desktop, go to start menu, and open up a new excel file. 

*Make sure no other excel files are open 
7. Once excel is open go back to Metamorph 
8. On the top tool bar, go to “Log” and click “Summary log” on the drop down menu 
9. A new window should appear. Click OK 
10. A second window will appear. On this window make sure Microsoft excel is selected 
11. In the same window, name the sheet you will write to (default is “raw”), and select the 

column and row you want to start writing to. 
12. In the “Angiogenesis Tube” window, click the top button which says source 
13. On the drop down menu, select image you want to quantify 
14. Check min, and max tube width values and make sure they are set to “6” and “60” 

respectively. *Or otherwise optimized values for your purposes 
*These values set the minimum and maximum width the program will consider a tube 
*You can adjust these if your vessels are smaller or wider 

15. Next, you need to set the threshold value for the intensity above local background. 
a) To determine the optimal threshold for your image, drag mouse cursor over the image. 
On the bottom of Metamorph, as you move the cursor, numbers will change. The first 2 
are position (x.y) and the third is intensity. 
b) Determine the intensity of the background (while moving the mouse over background 
take note of the average intensity value) 
c) Place mouse cursor over dimly stained vessels and record average intensity values 
d) The threshold you should use is intensity of vessel minus intensity of background 
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e) Threshold value should be adjusted by a bit (20 – 50 lower than calculated to account 
for fluctuations in sprout intensity) 
f) Do a couple practice quantifications for images from a few different conditions to 
make sure they all qualitatively look good 
g) ALWAYS APPLY THE SAME THRESHOLD TO ALL IMAGES FROM ALL 
CONDITIONS WITHIN A EXPERIMENTAL REPLICATE TO AVOID BIAS. 

16. For segment detection I indicate skeletonization, this typically provides a more 
conservative quantification of vessel density with reduced superfluous feathering 
compared to watershed. However, you should try both and decide which provides the 
best quantification for your purposes and then stay consistent.  

17. After the quantification parameters are set, click “start” 
18. The module will quantify the vessels and automatically import quantification metrics into 

the summary log. 
*If you close your excel file before you finish quantification you can open it back up and 
repeat steps 8-11 but make sure to indicate a row below anything that has been written to 
make sure you don’t overwrite data. 

19. Repeat with all the images you need to quantify. 
20. Save the excel file when you are finished and turn everything off. 
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Appendix O: PEG and fibrin rheology with AR-G2 rheometer 
Adapted from Yen Kong protocol 

Materials: 
• AR-G2 shear rheometer with Peltier stage attached for standard measurements 
• UV stage if performing in situ UV curing 
• 8 mm measurement head with adapter and longer spindle rod for in plate or precast PEG 

hydrogel characterization 
• 20mm measurement head for in situ gelation experiments to characterize kinetics 
• Glass plate to balance well plates (if measuring directly in well) 
• Double sided scotch tape 
• Course grit wet sandpaper (800 grit or lower is best) 
• 8mm biopsy punch and/or scalpel 
• Micro lab spoon (if measuring PEG hydrogels) 

 
Overview: 
The procedure described provides particular details for characterizing fibrin hydrogels cast in 24-
well plates or larger, and for PEG hydrogel punch outs, in a way that can be tracked over time. 
However, some additional details are included for using the UV stage. 
 
Notes: 

• Experiments tracking cell-mediated changes to matrix mechanics are done with the 8mm 
measurement head 

• Experiments for characterizing the gelation kinetics, and for the UV stage, are typically 
best performed with the 20mm measurement head. The greater surface area provides a 
more accurate measurement and reduces slippage for gels that are cast in situ 

• Getting a transducer initialization error has become more common over the last couple 
years. This error is most likely caused by a problem with the rotary optical encoder that 
keeps track of the displacement and velocity of the bearing spindle. If you receive this 
error quickly turn off the instrument because rotation of the spindle starts to accelerate 
out of control. Usually restarting the instrument and software a couple times will fix the 
problem. The error only occurs at start up. When simply restarting doesn’t work, I have 
had some success with starting the instrument with the measurement lowered to be in 
contact with the measurement plate to hold it in place, which seems to allow the encoder 
to register the spindle more easily. You will get a magnetic bearing instability warning 
however, at which point, raise the measurement head and restart the software, but not the 
instrument. 

• TA instruments suggestions for dealing with transducer initialization failure: Transducer 
initialization is reporting a problem with the rotary optical encoder that keeps track of the 
displacement and velocity of the bearing spindle. The rotary encoder is positioned at the 
top of the air bearing motor/transducer assembly. When it fails to report a position 
change the error will be posted. There could be some dust in and around the encoder, try 
blowing compressed air thru the opening where the draw rod sits.  If you are comfortable 
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taking things apart you could remove the cowl cover and top encoder cover to better 
inspect and blow out any dust.  If the error is persistent, I would recommend a service 
call. 

• To avoid initialization failure it is ok to leave the instrument running for long periods of 
time, however, it is important to turn off the cooling pump when not in use because the 
pump will overheat if left running over night, this is bad for the pump, and also heats the 
water bath, such that the Peltier stage can’t cool down to an appropriate temperature to 
perform experiments. Only leave the rheometer and air on. 

• Measurement parameters for PEG hydrogels are typically at 0.05N normal force, 5% 
strain, 1 rad/sec using the 8 mm measurement head. 

• Measurement parameters for collagen/fibrin are typically performed in a 24-well plate or 
larger, with the 8mm measurement head indented into the hydrogel ~300 um, 0 N normal 
force, 6% strain, 1 rad/sec. 
 

Procedure: 
1. Turn on compressed air at the main source. Then switch the ball valve (blue handle) to 

the ON position and check that the supplied air pressure is 30 psi. 
2. Power on the rheometer control system and water pump. Check water bath level for 

Peltier stage cooling pump and top off if necessary, exchange with fresh water if cleaning 
is needed. 

3. Watch for spindle lift and rotation. The remove the black shipping cover. 
4. If a stage swap is necessary between the UV and Peltier stage swap now by removing the 

cooling tubes and unplug the smart swap connector. Press the right most button on the 
rheometer front panel twice to release the stage. Attach the cooling tubes and re-plug the 
smart swap connector for the desired stage. 

5. Start “Instrument Control” (Icon on desktop). IF performing a UV experiment, at this 
point calibrate the UV irradiance with the radiometer and remote sensor (item 3). Wizard 
-> UV irradiance calibration. 

6. Perform the inertial calibration. Options -> Instrument -> Inertia Tab. 
7. Screw on the desired testing geometry components.  

*The 8mm diameter measurement head geometry needs an adapter and a longer spindle 
rod. 
*use double sided tape and biopsy punch or scalpel to apply sandpaper to the measuring 
face of the measurement head and cut to fit. Sandpaper is usually good for multiple days, 
replace when sand paper no longer seems well secured. Use a razor blade to remove. 

8. Load the appropriate geometry file. Invalidate all zero point and “NO” to map when 
asked. 

9. Calibrate geometry inertia. Settings tab -> geometry inertia calibrate 
10. Calibrate bearing friction. Options -> Instrument -> Miscellaneous. 

11. Zero the normal force . You may need to press the zero button several times for it 
to give a negligible value ( < 0.01 N) 

12. Prepare the stage for either PEG hydrogel or in-plate hydrogel measurement 
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a) Pre-cast PEG hydrogels will be measured directly on the Peltier stage, but require sand 
paper on the stage to prevent it from squeezing out from under the measurement head. 
Put double sided tape on the back of the sandpaper, cut out an 8mm punch if you are 
measuring a 50ul gel or less, then carefully center the sandpaper under the measurement 
head. 
b) If you are measuring hydrogels directly in the well plate (typically fibrin or collagen). 
Find the glass plate that is kept under the rheometer (~ 0.1 x 14 x 18 cm) and place on the 
Peltier stage. This keeps the plate level 
c) If you  are UV curing your hydrogels, make sure the UV stage is well cleaned. 

13. Zero the geometry gap . If you are doing in well measurements, make sure to zero 
into an empty well. Say “NO” to move head to back off distance, this moves the head all 
the way up and wastes time. 

14. Perform rotational mapping. Use ‘two’ iteration and ‘standard’ type. Instrument -> 
Rotational mapping. 

15. Load or create new test procedure. Procedure -> open, or, Procedure -> new.  
*Procedures are typically “oscillation” procedures. When you click new procedure it will 
open the default tab to input procedure steps and test parameters. New oscillation 
procedures will default to have 3 steps: 1) conditioning 2) frequency sweep 3) Post-
experiment. You can right click on a step to add another step to the procedure. You can 
uncheck the box to turn off a particular step. In addition to oscillation frequency sweep, 
we commonly perform an oscillation strain sweep for initial characterization of a 
hydrogel, then oscillation time sweeps as the primary measure for comparison between 
conditions for a particular type of hydrogel/material.  
*To input parameters for each step; click on the step in the procedure, then fill in the 
desired parameters for the step in the tabs that appear to the right. 
*to save a procedure go to File-> Save As 

16. For hydrogels and new materials  it is recommended to first perform an oscillation 
frequency sweep (0.1 -> 10 rad/sec, at least 5 points per decade) at low strain (0.5 – 1 % 
strain) to determine the viscoelastic limit. Then selecting an appropriate oscillation 
frequency based on this first test, perform a strain sweep (0.1 - 10%) to determine the 
strain stiffening limit. You should be ready to report these results as it is most common 
for materials to be characterized with frequency and strain parameters in their linear 
viscoelastic limit. 
*If you are UV curing you will need to do a time sweep first to determine how long to 
cure your gels before frequency and strain sweeps. Add an event step for switching on/off 
the UV leads to your procedure. 
* After determining parameters that are within the LVE range, we typically just perform 
a 30-60 second time sweep at the determined strain and frequency. 

17. Perform oscillation mapping. Mapping needs to be done with the appropriate geometry, 
at the approximate gap of the test, and needs to cover all the parameters you included in 
your procedure. Instrument -> Oscillatory mapping. 
*If the instrument is not well mapped you may get inertial artifacts in your measurement, 
such as negative values. 
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18. Sample loading. 
a) For Peg hydrogels, use a micro lab spoon to transfer the gel from the well plate and 
center on the sandpaper on the stage with a flat side face down. 
b) For in-well hydrogels make sure the well of the plate is well centered under the 
measurement head. If the head is off to the side it will give larger than expected 
measurement because of the extra contact area. 
c) for in situ gelation lower the head to the measurement height (typically 100 – 200 
microns). The approximate volume of the sample depends on the gap value and the 
geometry (should be using 20 mm or larger) and can be found at the Geometry-> settings 
tab -> dimensions tab. Mix the precursor solution then pipette the approx. volume + 10% 
into the gap, then seal around the outside with mineral oil so it doesn’t dry out 

19. Sample measurement. Before lowering the measurement head or pipetting in sample for 

in situ gelation STOP ROTATION of measurement head   to prevent shearing 
a) For PEG hydrogels: zero the normal force. Manually lower the head until the normal 
force reads ~0.05N. IF gels are very soft and this normal force is not reached, stop at 
1000 um, because you will destroy your gel if you the gap is too small. 
b) For hydrogels that have a large viscous component (unlike PEG hydrogels that are 
primarily elastic) the normal force will quickly dissipate after lowering the measurement 
head onto them, so measurement at a constant normal force is not feasible. To address 
this, it is common to perform measurements at a constant gap height (which is 
appropriate for in situ gelation) but cellular hydrogels contract over time so a constant 
gap height is also not appropriate. To overcome these limitations while tracking 
mechanics over time, each gel will require measurement at sequentially decreasing gap 
heights: Bring the measurement head into contact with the hydrogel, then input a gap 
height 100um lower to start indenting into the hydrogel. Perform a 20s time sweep with 
parameters determined to be within the linear elastic range. After the run has completed, 
lower the head and repeat, continue to sequentially lower until 2 gap heights give similar 
moduli (typically 300-400 microns indented). Include in the file name the specific gap 
height of the test. 
c) For in situ gelation work quickly to start measurement as soon as possible after mixing 
and pipetting in precursor solution. 

20. When you press the start measurement button  you will be prompted to but in run 
information, include all important information in the file name, and make sure the it is 
saving to the appropriate Directory to find the file. 

21. PEG hydrogels can be saved after measurement for IF staining/imaging because they are 
highly elastic and return to their initial shape. However, natural hydrogels become 
permanently compressed and are no longer suitable for accurate analysis after rheology. 

22. System shut down. 
a) if you are leaving the rheometer on, simply unplug the pump so it does not over heat, 
raise the spindle head up, put away the geometry head and loosely screw on the black 
shipping cover, close the software. 
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b) if you are turning off the rheometer, switch OFF the power supply and close both air 
valves. 

23. Data can be loaded from the TA data analysis program, then exported to excel for 
analysis. Average the values from a time sweep to get a single value for a particular 
hydrogel. 
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Appendix P: Degradation of fibrin gels using nattokinase for cell pellet collection 
Adapted from Jonathan Bezenah Protocol 

 
Materials: 

• Ethylenediaminetetraacetic acid (EDTA, 292.24 g/mol) 
• Phosphate buffered saline (PBS) 
• Nattoinase (NSK-SD, Japan Bio Science Laboratory Co. Ltd., 25 FU/mg)  
• Cellular hydrogels to degrade 
• Sterile spatulas (optional) 
• Sterile 1.5 ml microcentrifuge tubes (or 15 ml centrifuge tubes) 

 
Notes: 

• This procedure is intended to be used with the Cell lysis for RNA isolation procedure and 
the Cell lysis for protein harvest procedure. Immediately after cell pelleting you will need 
to move forward with biomolecular isolation, so you should also prepare for that before 
initiating this procedure. 

• To recover a decent pellet you will want at least 300k total cells per centrifuge tube 
(Closer to 500k is preferred). If there are not enough cells you will not be able to see your 
pellet to aspirate and you will get a poor yield. Keep this in mind when designing your 
experiments (i.e. cell seeding density and number of gels to pool together per replicate) 

• Our stock of nattokinase is from a free sample received many years before my time. Its 
activity may diminish over time. It is a good idea to do a practice degradation on acellular 
fibrin hydrogels to check if you need to increase its concentration for hydrogel 
degradation. HYDROGELS SHOULD DEGRADE IN 30-45 MINUTES. It is no longer 
available from this supplier except for very large bulk orders. Conserve what we have 
left, or order from a new supplier and reoptimize. Others have mentioned that nattokinase 
from other suppliers works but doesn’t completely dissolve, you may need to filter 
solution to remove particulates. 

• This procedure does not necessarily need to be done with proper sterile technique, but it’s 
good practice to perform as cleanly as possible. 

 
Protocol: 

1. Prepare nattokinase solution. It is best to prepare nattokinase solution fresh each time. 
a) Prepare/retrieve 1 mM of EDTA in PBS. Best if sterile filtered for long term storage 
b) Calculate the amount of nattokinase solution needed (500 ul per 500 ul hydrogel) 

 c) Prepare a solution of nattokinase at 50 FU/ml (FU = fibrin degrading unit) 
*FU/ mg varies by lot, our current lot is 25 FU/mg 

2. Warm up nattokinase solution in water bath to 37 °C 
*Do not leave in water bath longer than needed, it will start to lose activity if left for 
hours.  

3. Aspirate media from fibrin gels 
4. Rinse gels with PBS (PBS with 1 mM EDTA is best but not necessary) 
5. Aspirate off PBS 
6. Add nattokinase solution to gels. Volumes to add is equal to gel volume. 
7. Using a pipette tip, metal measuring spoon, or other small tool, gently move/disassociate 

gel away from edges of well and try to mangle the gel into smaller pieces. 
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*This will ensure uniform degradation of gel and speed up degradation 
8. Incubate gel in nattokinase solution at 37 °C until gel degrades. Typically, 30-45 mins, 

but could vary. Should not take more than 1 hr 
9. Once gel is degraded, spin down solution and cells at 500 X G for 5 minutes 
10. Aspirate off degraded fibrinogen from cells 

*Thorough aspiration is not essential, it is more important to ensure that your pellet 
remains undisturbed to maximize yield. 

11. Rinse cells in PBS and spin down at 500 X G for 5 minutes. 
12. *If your pellets are very faint, it is ok to skip the wash step to minimize the risk of losing 

them. 
13. Aspirate off PBS and proceed with experiment 

*Thorough aspiration is not essential, it is more important to ensure that your pellet 
remains undisturbed to maximize yield. 
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Appendix Q: Degradation of PEG gels using Collagenase IV for cell pellet collection 
 

Materials: 
• Collagenase IV from Clostridium histolyticum 
• Sterile phosphate buffered saline supplemented with 0.4 mM CaCl2 and 0.1 mM MgCl2 
• Hydrogels (2-3 per experimental replicate, pooled) 
• Sterile micro lab spoon 
• Sterile 1.5 ml microcentrifuge tubes 
• Sterile surgical scissors or scalpel 

 
Notes: 

• This procedure is intended to be used with the Cell lysis for RNA isolation procedure or 
the Cell lysis for protein harvest procedure. Immediately after cell pelleting you will need 
to move forward with biomolecular isolation, so you should also prepare for that before 
initiating this procedure. 

• To recover a decent pellet you will want at least 300k total cells per centrifuge tube 
(Closer to 500k is preferred). If there are not enough cells you will not be able to see your 
pellet to aspirate and you will get a poor yield. Keep this in mind when designing your 
experiments (i.e. cell seeding density and number of gels to pool together per replicate) 

• It is a good idea to do a practice degradation on acellular PEG hydrogels of the same 
[PEG] as your cellular gels to check if you need to increase collagenase IV concentration 
for hydrogel degradation. HYDROGELS SHOULD DEGRADE IN 30-45 MINUTES. If 
your gels do not fully degrade in this time period test higher concentrations of 
Collagenase IV. 

• This procedure does not necessarily need to be done with proper sterile technique, but it’s 
good practice to perform as cleanly as possible. 

 
Protocol 

1. Prepare Collagenase IV solution. It is best to prepare solution fresh each time. 
a) Prepare/retrieve 0.4 mM CaCl2 and 0.1 mM MgCl2 in PBS. Best if sterile filtered for 
long term storage 
b) Calculate the amount of Collagenase IV solution needed (400 ul per 50 ul hydrogel) 
c) Prepare a solution of Collagenase IV at 200 U/ml (U = digestion units) in PBS (0.4 
mM CaCl2 and 0.1 mM MgCl2) 
*U/ mg varies by lot, check the current lot. 

2. Warm up Collagenase solution in water bath to 37 °C 
*Do not leave in water bath longer than needed, it will start to lose activity if left for 
hours.  

3. Aspirate media from PEG gels 
4. Rinse gels with PBS (0.4 mM CaCl2 and 0.1 mM MgCl2). It is best to fill the wells to 

maximize the rinse. 
5. Aspirate off PBS 
6. In which ever way you find most convenient, cut up the hydrogels into quarters or 

smaller using surgical scissors or a scalpel, and transfer pieces to microcentrifuge tubes. 
*You will probably need 2 gels per tube to recover enough cells for a decent pellet. 
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*You may choose to transfer gels first then cut up in the microcentrifuge tube, if you find 
it more convenient this way. 

7. Add Collagenase solution to gels in microcentrifuge tubes. Volumes to add is 400 ul per 
gel. Despite hydrogel swelling, you should be able to add 800 ul of collagenase solution 
to 2 hydrogels (50 ul hydrogels swell to ~200 ul) 

8. Incubate gel in Collagenase solution at 37 °C until gel degrades. Typically, 30-45 mins, 
but could vary. Should not take more than 1 hr. 
* This step would ideally be done on a lab rotator to keep the centrifuge tube under 
constant spinning. If a lab rotator is not available, it is sufficient to flick/mix the gel by 
hand every 5-10 minutes.  

9. Once gel is degraded, spin down solution and cells at 500 X G for 5 minutes 
10. Aspirate off collagenase solution from cells 

*Thorough aspiration is not essential; it is more important to ensure that your pellet 
remains undisturbed to maximize yield. 

11. Rinse cells in PBS and spin down at 500 X G for 5 minutes. 
*If your pellets are very faint, it is ok to skip the wash step to minimize the risk of losing 
them. 

12. Aspirate off PBS and proceed with experiment 
*Again, thorough aspiration is not essential; it is more important to ensure that your 
pellet remains undisturbed to maximize yield. 
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Appendix R: Cell lysis and RNA Isolation Protocol 
Protocol adapted from Qiagen RNEasy Mini Kit [74104] 

 
Materials: 

• Cell Pellet from hydrogel degradation procedure (See RNEasy mini kit or Jonathan 
Bezenah protocol for adaptation for recovery from 2D plated cells) 

• RNase AWAY 
• QIAGEN QIAshredder Kit 
• RNEasy mini kit 
• RNase-free pipette tips (most boxes of sterile tips come RNase free, but make sure to use 

boxes that have been set aside and been carefully used to avoid contamination) 
• RNase free 1.5 ml microcentrifuge tubes (most bags of sterile tubes come RNase free, but 

make sure to use bags that have been set aside and been carefully used to avoid 
contamination) 

• Crushed ice in bucket 
 
Notes: 
 

• RNA is sensitive to RNases which are present on every surface. Take caution when 
isolating RNA and handling RNA sample to avoid contamination with RNase. 

• Make sure all disposables used for RNA isolation are RNase free and have only been 
handled with gloves 

 
Protocol: 

1. Prepare Working Area: 
a) Ready fume hood in main lab area 
b) Remove all contents from hood 
c) Spray with 70% ethanol and wipe down hood 
d) Place aluminum foil sheet down as a clean workspace within the hood and spray down 
with RNase away 

2. Spray RNAase away on your gloves and onto a large kim-wipe 
3. Wipe down necessary micro-pipettors, tube racks, micro-centrifuge tubes, markers, with 

RNase-away soaked kim wipe and place on foil. 
*If in doubt just spray it down. However, you do not need to spray down tubes that have 
been kept in an RNase free bag. 

4. Prepare buffer RLT for cell lysis: 
a) be carful to avoid RNase contamination, and spray down the outsides of containers as 
necessary. 
b) add 20 ul of β-mercaptoethanol to 1mL of Buffer RLT (from RNEasy mini kit) in a 
microcentrifuge tube. 
c) make enough for each of your samples. Cell pellets with under 5M cells will require 
350 ul of RLT buffer per pellet.  

5. Gently flux the RLT buffer briefly with the pellet to lyse the cells and resuspend, then 
transfer to a QIA shredder tube from the QIA shredder kit. 
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* For typical RNA isolations a QIA shredder tube is optional, however, they are very 
convenient for removing small chunks of hydrogel that may not have fully degraded and 
are highly recommended for RNA isolation from cells recovered from 3D hydrogels. 

6. Centrifuge for 2 minutes at the maximum speed. Remove and discard of the filter. If 
necessary, the procedure can be stopped here and the RNA can be stored at -80°C. 
*If the RNA is stored at this point make sure to label tubes for easy identification and 
then thaw on ice or in the fridge. 

7. Add 350 ul of 70% ethanol (provided in kit) to ~350 ul of flow through and mix well. 
Take this ~ 700 ul of solution and add to an RNeasy Mini spin column that’s in a 2 mL 
collection tube (provided in kit).  

8. Centrifuge for 12s at 10000 x g. Discard the flow-through (The RNA is adherent to 
column) 

9. Add 700 ul of Buffer RW1. Centrifuge for 15s at 10000 x g. Discard the flow through. 
10. Add 500 ul of Buffer RPE. Centrifuge for 15s at 10000 x g. Discard the flow through. 
11. Add 700 ul of Buffer RW1. Centrifuge for 2 minutes at 10000 x g. Discard the flow 

through. 
12. Replace bottom collection tube with new 2 mL collection centrifuge tube 
13. Spin down at max speed for 2 min to dry membrane 
14. Place spin column in new 1.5 microcentrifuge tube (provided in kit) 
15. Add 30 μl to 50 μl of RNase free water (provided in kit) to top of spin column (best to 

start at 30 μl unless you know you will have a lot of RNA) 
16. Spin down for 1 min at 10000 x g 
17. Place samples on ice 
18. Measure RNA Concentration: 

a) Go to nanodrop machine to measure concentration 
b) Start up Nanodrop Program 
c) Choose nucleic acid 
d) Add 1 μl of ddH2O (does not need to be RNase-free) to nanodrop sensor 
e) Blank machine 
f) Rinse off nanodrop sensor with DI water 
g) Dry sensor completely with Kimwipe 
h) Add 1 μL of sample to sensor 
i) Measure absorbance and record calculated RNA concentration 
j) Repeat for each sample 

19. Store RNA samples at -80 °C if not immediately proceeding to cDNA synthesis 
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Appendix S: Protocol for cDNA Synthesis via reverse transcription of isolated RNA 
Adapted from Invitrogen High-Capacity cDNA Reverse Transcription Kit [4368814] 

 
Overview: 
 
The High Capacity cDNA Reverse Transcription Kits contain all the reagents needed for reverse 
transcription (RT) of total RNA to single-stranded cDNA using a reaction size of 20 µL. Use the 
kit for converting up to 2 µg (for a 20-µL reaction) of total RNA to cDNA for quantitative PCR 
applications. 
 
Notes: 

• PCR assays require special laboratory practices to avoid false positive amplifications. 
The high throughput and repetition of these assays can lead to amplification of a single 
DNA molecule so careful handling of amplified PCR products is necessary. 

• Wear a clean disposable lab coat (not previously worn while handling amplified PCR 
products or used during sample preparation) and clean gloves when preparing samples for 
PCR amplification. Set aside a particular disposable lab coat you only wear for setting up 
PCR amplifications. 

• Maintain separate areas, dedicated equipment, and supplies for: 
– Sample preparation and PCR setup 
– PCR amplification and post-PCR analysis 

• Never bring amplified PCR products into the PCR setup area. 
• Open and close all sample tubes and reaction plates carefully. Do not splash or spray 

PCR samples. 
• Keep reactions and components sealed as much as possible. 
• Clean lab benches and equipment periodically with freshly diluted 10% chlorine bleach 

solution. 
• Make sure all disposable used with RNA are RNase free and have only been handle with 

gloves 
 

Materials: 
 

• Invitrogen High-Capacity cDNA Reverse Transcription Kit [4368814] 
-10x RT Buffer 
-10x RT random primers 
-25x dNTP mix (100 mM) 
-MultiScribe Reverse Transcriptase (50 U/ul) 

• Nuclease-free H20 
• RNase free microcentrifuge tube (0.6 or 1.5 ml depending on number of reactions) 
• PCR tubes. These tubes are small, thin, and specific to PCR. Do not confuse with small 

(0.6 mL) Eppendorf tubes 
• Example RT-PCR excel spread sheet to help with calculations 
• Crushed ice in bucket 
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Procedure: 
 

1. Thaw purified RNA on ice. 
2. Thaw components of Invitrogen High-Capacity cDNA Reverse Transcription Kit on ice 
3. Prepare the 2x Reverse transcription master mix on ice: 

To a RNase free microcentrifuge tube, add the following to make the RT Master Mix:  
a) 2 ul of 10x Reaction Buffer 
b) 2 ul of 10x Random Primers 
c) 0.8 ul 25x dNTP 
d) 4.20 ul Nuclease-free H20 
e) 1 ul of Miltiscribe RT 
* These volumes are for a single reaction and should be scaled up depending on the 
number of total samples plus 1 to make sure you don’t run out* 
*See example spread sheet for automatic calculations* 
*Good to prepare in the clean hood* 

4. Calculate amount of RNA to add for each sample. Use the example spread sheet to help 
with this calculation 
a) Each experimental condition has to be the same amount of RNA loaded or results will 
be skewed during PCR 
b) Depending on all concentrations of RNA, one will be limiting reagent for other 
conditions 
c) Maximizing the yield of cDNA is ideal 
d) The max amount of RNA to load is 2 ug per 10-ul reaction 
e) The limiting RNA sample will have no extra water added 

5. Get new, small clear PCR tubes, label, then put in a rack on ice. 
6. Add respective amount of H2O to each PCR tube. 
7. Add RNA to respective PCR tubes. Flux with water and carefully pipette to ensure all 

RNA is expelled 
8. Then, to each individual tube of RNA, add 10 ul of the RT Master Mix. Flux carefully to 

mix. 
9. Firmly cap each tube. 
10. Briefly centrifuge the tubes to spin down contents and eliminate any air bubbles 
11. Bring the tubes on ice to the thermocycler. 
12. Turn machine on (switch is in back) 
13. Choose run, and use the program named “JABRT”.  

Program set up for this experiment is the following: 
Step 1) 25 °C for 10 mins 
Step 2) 37 °C for 120 mins  
Step 3) 85 °C for 5 mins 
Step 4) 4 °C, hold 
Reaction volume: 20ul 

14. Place small PCR blocker into machine to prevent small tubes from breaking (looks like a 
rectangle with small pegs in corner. 
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15. Place PCR tubes into small holes in block. Larger holes are used for bigger PCR 
tubes/reactions/ 

16. Close lid 
17. Lock lid by turning until resistance is felt 
18. Give lid an extra ¼ turn to ensure lid is properly sealed 
19.  The program will run for approximately 2.5 hours. 
20. Once complete, use nanodrop to quantify DNA concentration and dilute with nuclease 

free water to 20ng per 9 ul. 
21. store cDNA at -20 °C for long term storage or at 4°C if intending to continue with qPCR 

within 24 hours. 
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Appendix T: Quantitative PCR (qPCR) Protocol 
Adapted from Jonathan Bezenah protocol and TaqMan® Universal Master Mix II protocol  

 
Materials: 
 

• 7500 Fast Real-Time PCR System (Applied Biosystems) 
• MicroAmp® Fast Optical 96-Well Reaction Plate with Barcode: (PN 4366932, PN 

4346906) 
• MicroAmp® Optical Adhesive Film (PN 4311971) 
• PCR Reagent Real-Time TaqMan Universal Master Mix II With UNG [4440038] 
• TaqMan Gene Expression Assay (FAM) [4331182] for appropriate gene (s) of interest 

and GAPDH or other appropriate internal control 
-FAM-MGB 20x 

• cDNA from RT-PCR 
• RNase free microcentrifuge tubes (0.6 ml)  

 
Overview: 
Real time quantitative PCR is used for differential gene expression. It is essential to normalize 
gene expression to accepted internal controls (such as GAPDH) to assess for differential 
expression. Target amplification using cDNA as the template is the second step after RT-PCR to 
generate cDNA from RNA. In this step, the DNA polymerase (from the TaqMan® Universal 
Master Mix II) amplifies target cDNA using sequence-specific primers and a TaqMan® probe. 
 
Notes: 

• Adhere to good PCR lab practices (outlined in rtPCR protocol) to avoid contamination 
• Store Master mix in 4 C fridge and do not use if expired. 
• Store TaqMan gene expression assays at -20C, protect from light,  and thaw on ice as 

needed . 
• For all sample reagents: Vortex briefly before use, and centrifuge to recollect. 
• This protocol indicates 20ng of cDNA per reaction, this value is somewhat arbitrary. If 

you are low on cDNA you can dilute all of your samples you wish to compare; This assay 
is technically capable of quantifying as low as 1 ng per reaction, but I would not 
recommend lower than 5 ng per reaction. 
 

Protocol: 
1. Primer Selection 
• Before qPCR, primers need to be selected for your gene of interest 
• TaqMan [Thermo Fisher] assay has primers specifically designed and fluorescently 

labeled for specific genes 
• No need to design primers 
• Purchase directly form Thermo Fisher Catalog 
• TaqMan is more specific than SYBR green PCR as fluorescent tags are associated with 

primers. SYBR green has fluorescent dye in reaction mix which integrates between all 
double strand nucleic acids 
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• If Thermo Fisher does not have primers, you will need to design you own for use with 
SYBR green 

• Protocol will work for both SYBR green and TaqMan 
2. Use the example RT-PCR excel book to organize your plates for PCR. 

-Plates are relatively expensive and not intended for multiple uses so try to maximize 
samples per plate. 
-Print off the plate set-up so it is easier to refer to while pipetting. 

3. Thaw cDNA, and primers on ice. Keep lid on ice bucket to protect primers from light 
4. Vortex cDNA and primers then briefly centrifuge to recollect 
5. Gently vortex master mix stock solution 
6. For each gene of interest (types of primers) label an RNase-free 0.6 ml microcentrifuge 

tube for the gene of interest 
7. Prepare the TaqMan primer + Master mix solution for each gene of interest. 

-The ratio is 1 ul of TaqMan Primer and 10ul of Master mix per sample to be measured. 
-Best if each sample is measured in duplicate to assess pipetting error 
-Make enough for all samples to be measured twice plus an extra 11 ul in case of 
pipetting error.  
-e.g. if you have 3 replicates from 4 conditions per gene you are measuring: you will be 
measuring a total of 3 x 4 x 2 = 24 samples per gene so make 11 x (24+1) = 275 ul of 
primer + master mix for each gene of interest 
-keep microcentrifuge tubes on ice while preparing 

8. Add 11 ul of the individual Master Mixes to their appropriate wells on Microamp 
reaction plate. Make sure to employ precise pipetting technique, it is essential that all 
wells receive precisely the same amount of master mix (accuracy is less important 
however). For each well, while pipetting, go to the first stop, then wait and let the master 
mix accumulate, then eject the rest.  

9. For each condition, take 9 ul of cDNA and add to the appropriate wells as indicated on 
the spread sheet. Make sure to again employ precise pipetting technique and use a 
different tip each time.  

10. Double check that all wells look like they have the same amount of liquid to assess if you 
forgot any conditions or made any mistakes. 

11. Once everything is added to the wells, seal the plate completely with MicroAmp Optical 
Adhesive Film 

12. Vortex the plate then take the well plate and put it in the giant centrifuge near the tissue 
culture hoods room and spin for 5 minutes at 5,000 rpm. You may need to swap the rotor 
attachment to spin the plates. 

13. Turn on PCR machine 
14. Use air or compressed duster can to remove any dirt/dust from bottom of PCR plate 
* Dust and debris can build up in PCR machine, leading to skewed results 
15. Place PCR plate into machine and close 
16. Run 7500 Software v 2.3 

*Ignore calibration and continue setup if prompted 
17. Go to advanced setup 
18. In the Experimental Properties tab: 

a) Indicate Experiment name with details 
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b) indicate 7500 Fast (96 Wells) 
c) indicate Quantification- Comparative CT (ΔΔCT) 
d) indicate TaqMan Reagents 
e) indicate standard ramp speed 

19. In the plate setup tab define your targets (genes) and samples (conditions) and then assign 
targets and samples to particular wells.  
-Reporter (FAM), Quencher (NFQ-MGB) if using recommended TaqMan assay for this 
protocol 

20. In Run Method tab, check that the appropriate reaction volume is indicated (20 ul) 
21. You are ready to Run qPCR 
22. Extend cycles if needed, but if gene has not amplified by cycle 40, most likely gene of 

interest is not amplifying 
*Possible problems could be primer, cDNA integrity, machine calibration, blocked PCR 
well in machine, old reagents and primers, etc. 
*Extend cycle can only be performed once. Once an extra amount of cycle is added, you 
cannot add more cycle beyond that 

23. Once machine runs all of its cycle, a Ct value will be given for each sample 
24. Screen shot the amplification plot and plate set up, and export data to an excel file which 

can then be saved. 
25. Remove plate from machine. Plate can be reused if necessary, by carefully cutting away 

sealant, but this is highly discouraged. Only use wells that you did not used in previous 
experiments. If you accidently spill amplified DNA into your workspace you may 
permanently contaminate it and jeopardize all future experiments. 

 
Calculating ΔΔCt 
  
*ΔΔCt is taking the difference between two different populations to determine relative 
expression of one gene to another: 
 
*ΔΔCt = [ (Experimental Gene of interest Ct value – experimental house keeping gene Ct) – 
(Control Sample gene of interest Ct – control house keeping gene Ct) ] 
-Your chosen control is arbitrary and you will get the same relative expressions no matter what 
you choose, each replicate must be normalized to same control however, to conserve scaling 
between replicates. 
-There are numerous house keeping genes (present is all cells) such as 18 s, GAPDH, and beta-
actin. You should research for your intended purpose which housekeeping gene may be most 
appropriate to choose 
-House keeping genes are generally consistently expressed at a similar level regardless of 
environmental condition. 
-Fold change in gene expression is 2^ ( - ΔΔCt). 
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Appendix U: In Vivo Subcutaneous PEG hydrogel implantation protocol 
 
Overview: 
 
This procedure is for the subcutaneous implantation of PEG hydrogel pucks on the dorsal flank 
in a murine model of hydrogel scaffold vascularization. Pre-forming hydrogels allows for 
mechanical characterization of parallel hydrogels, and direct comparison to in vitro controls. 
Implanting pre-formed hydrogels may, however, also elicit a fibrotic response and poor 
integration of the scaffold with host tissue, diminishing its capacity for inosculation with the 
host.  
 
Materials: 

• Puralube® Vet Ointment – Sterile ocular lubricant (Dechra, Overland Park, KS) 
• Small cotton-tipped applicators Cat. No. 23-400-115 (Fisher Scientific) 
• Sterile alcohol prep pads (Fisherbrand®) 
• Sterling nitrile sterile powder-free exam gloves. KC300 (Kimberly-clark, Roswell, GA) 
• Polylined sterile drape field. (18 in. x 26 in.) Ref No. 697 (Bosse, Hauppauge, NY) 
• Isoflurane 
• Carprofen 
• Sterile PBS 
• Sterile surgical scissors 
• Sterile scissors for blunt dissection 
• Sterile forceps (at least 2 pair) 
• Sterile lab spoon (not micro lab spoon) 
• 5-0 nylon suture and needle drivers 
• Additional materials: Cap, gown, mask, shoe covers, warming pad/blanket, heating lamp, 

nair hair removal, hair clipper, betadine antiseptic solution, 70% ethanol. 
Notes: 

• Recommended hydrogel properties to target are 100-150 pascals shear modulus to 
minimize hydrogel stiffness while still providing a robust enough construct to handle and 
implant. 

• 50 ul pucks cast in a 1ml syringe, per the standard protocol, can be easily implanted 
through a 1 cm incision on the back of 6-8 week old CB17 mice. If a larger construct is 
desired you may need to switch to a different mouse strain with larger adults. 

• Recommended cellular densities are 5M/ml each cell type. In a preliminary in vitro assay, 
cell density of 5M/ml of each cell type provided better vessel formation than either 
2M/ml or 10M/ml each cell type. There appeared to be nutrient limitation for 10M/ml 
with a substantial proportion of ECs remaining un-spread.  

• This procedure is much easier to perform with an assistant for the hydrogel implantation 
step 
 

Protocol: 
1. Keep in mind that mice must be left in their housing facility for 3 days to acclimate prior 

to surgery. Check on mice when they arrive. NOTE: Appropriate gown, gloves, face 
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mask, cap, and shoe covers must be worn prior to handling animals. Make sure to wear 
appropriate PPE before entering animal room. 

2. Follow the Casting PEG hydrogels protocol to generate hydrogels for implantation the 
day before surgery (or other predefined period of time for your purposes) 
• Ensure that hydrogel formulations are optimized for the generation of hydrogels with 

shear moduli greater than 100 pascals. I target ~130 pascal hydrogels because there is 
decent vessel formation at this modulus and given the typical fluctuations in PEG 
modulus due to pipetting error it is likely that most gels will be at least 100 pascals.  

• Make sure that all parallel controls are cast from the same batch of hydrogel precursor 
solutions from the same cell pellet. Small pipetting errors between batches can result 
is large differences in hydrogel mechanical properties and resulting cellular behavior. 
-For each animal timepoint, I would recommend generating a parallel control to 
measure mechanical properties and cell densities (from the same gel) on day 1 (day of 
surgery) and another for measuring vessel density on the day of recovery. If you are 
not implanting on the day after casting (i.e. to implant a preformed network) I would 
recommend also casting an additional gel for the day of implantation. To minimize 
total number of controls needed for multi-time point recoveries, I would recommend 
casting paired gels for each time point in vivo and in vitro so the same day 1 control 
can be used for each time point. 

• If you are comparing multiple hydrogel formulations (different crosslinker, different 
RGD concentration, different modulus) I would recommend casting paired hydrogels 
with identical cellular pellets. 

3. The day before surgery it is also a good idea to prep your surgical space.  
• Spray down and wipe the surgical bench with Clidox spray. Turn on the snorkel and 

leave running over night to reduce smell. 
• Spray down the surgical room cell culture hood with ethanol and leave UV light on 

for at least an hour to sterilize (ok to leave on overnight) 
• Check that you have enough oxygen. 
• Check that you have enough isoflurane in unit and/or a spare bottle on hand 
• Make sure you have enough/appropriate autoclaved tools to perform surgery 

4. On the day of implantation, before preparing for surgery, measure the mechanical 
properties of each of your paired d1 hydrogel controls. Make sure that paired conditions 
have similar mechanical properties. Hydrogel mechanics have a dominant effect on 
cellular behavior, if mechanics are not matched then you will not be able to draw any 
conclusions. Usually there is very little variability within a single batch, but there is often 
~20% variability between batches despite good pipetting practices. 
*If your hydrogels do not have acceptable properties it may be smart to scrap your 
experiment and try again instead of moving forward with surgery. 

5. Before retrieving mice, set up isoflurane machine 
a) Plug in active scavenging unit and turn on 
b) Ensure isoflurane tank has enough isoflurane in it. 
c) Attach Oxygen tube to Oxygen tank. 
d) Turn valves to flow through inoculation chamber (plastic box next to scavenging unit. 
e) Close valves going to nose cone 
f) Weigh charcoal filter and record. Replace if needed. Attach to scavenging machine. 
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g) Place a few paper towels in the inoculation chamber (mice tend to release excrement 
when under anesthesia) 
h)  Turn flow to 1 L/min 

6. Set up bead sterilizer to sterilize tools between animals. It is ok to re-use the same set of 
tools on up to 5 animals before needing to set aside for autoclaving. 

7. Set up warming pad. 
8. Lay down a non-fenestrated drape over the heating pad to define surgical area on bench. 

The nose cone should easily be able to reach. 
9. Retrieve mice from housing facility and an extra cage for recovery. Place both on the 

table away from the surgical area and obstruct the view between cages so mice can not 
see littermate recover. 

• Recovery cage needs heating pad underneath 
10. Block off the gap under the door in case a mouse escapes. 
11. Place a clean plastic waste container on mini scale on the table next to the mouse cage. 
12. Remove one mouse from the cage and place on scale. Record weight on the surgical 

records sheet.  
13. Carefully, put mouse into the inoculation chamber by inverting weight container 
14. Turn isoflurane to 5%. 
15. Wait until mouse stops moving and breathing is slowed (~2 minutes) 
16. Record time of surgery begin on the surgical sheet. 
17. Once mouse is anesthetized, move mouse to surgical area 
18. Put nose cone over the mouse’s face. 

*Metal bar in nose cone should be parallel to the table and positioned closest to the table. 
*Metal bar is to prop the mouse’s head up and allow for proper breathing 

19. Work quickly to turn valves closed going to inoculation chamber and open going to the 
nose cone to avoid mouse waking up 

20. Change isoflurane to 1.5% 
21. If mouse starts waking up during transfer wait a minute before proceeding. 
22. Using a cotton tip applicator, liberally apply Paralube Vet ointment to each eye to ensure 

the eyes do not dry out during surgery 
23. Prepare a 5 mg/ml solution of carprofen from stock in sterile PBS. Make enough for all 

surgeries for the day (assuming you will use less than 300ul per mouse). 
• Dosage of carprofen (5 mg /kg) results in injection in microliters equivalent to weight 

of mouse in grams (i.e. a 230 g mouse requires a 230 ul injection of 5 mg/ml 
carprofen) 

24. Using a 28G ½ needle (insulin syringe), inject the mouse with carprofen subcutaneously 
25. Once analgesia has been applied to mouse, shave the back of the mouse. It is best to 

shave the entire back of the mouse to ensure the hydrogel is implanted under a hairless 
region. Be careful not to abrade the skin. 

26. Apply Nair to the shaved area to remove remaining excess hair. 
27. Using PBS and ethanol, remove any excess Nair. The mice are sensitive to Nair and 

excess will lead to irritation and cause them to bite and scratch area around implant 
28. Apply a few drops of Betadine antiseptic solution to the surgery area and wipe away with 

an ethanol wipe 
• Repeat 3x to sterilize the surgical site 

29. Tape down feet and hands of mice with lab tape so that the mouse is spread out. 
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30. Put down fenestrated drape over the mouse  
31. Drop surgical scissors and forceps onto the sterile area. 
32. Have sterile PBS and sterile cotton swabs ready to wet surgical site if needed. 
33. Open sterile lab spoon in hood and leave on sterilization pouch for ease of use. 
34. Have assistant retrieve hydrogel(s) from incubator and put in hood while waiting to 

implant 
35. Remove gloves and put on sterling nitrile sterile powder-free exam gloves. 
36. Check depth of anesthesia by checking for slowed breathing rate and lack of withdrawal 

reflex from gently squeezing hind toes. 
37. Use forceps to tent up skin, separating the skin and the underlying musculoskeletal 

system, and use the surgical scissors to cut ~ 1 cm longitudinal incision along the tensor 
fascia latae muscle (along the groove where the leg joins the back in the lumbar region) 
on one side of the mouse. 
• It is best if this incision is done with a single cut so that it is straight and clean 

38. Blunt dissect along the dorsal flank of the mouse to create a sub cutaneous pocket to 
implant the hydrogel in. 
• You will need to blunt dissect a square pocket with proportions ~1 cm wide by ~2 cm 

deep. 
• Wet the incision with sterile PBS if it appears to dry at any point 

39. Tent the pocket up, and have your assistant carefully retrieve the hydrogel for 
implantation on a lab spoon and hold the spoon flush to the incision. 

40. Use a second pair of forceps to push the hydrogel into the subcutaneous pocket. 
• Be careful not to trap air in the pocket with the hydrogel. If air does become trapped, 

you can use your forceps to create a gap between the hydrogel and the implant to 
allow air to escape. 

• Make sure hydrogel is oriented with a flat side against the musculature 
41. Close the surgical site with simple interrupted sutures (3-4 sutures per incision). 
42. Repeat steps 36-40 on the other side if needed. Be careful to mirror your incision and 

blunt dissection as precisely as possible so that all implant sit in similar spots. 
43. Place mouse in recovery cage and turn isoflurane to zero  
44. Record time of surgery end 
45. Once mouse is ambulatory, record recovery time on surgery. 
46. Spray surgical tools with ethanol and sterilize with the bead sterilizer for ~1 minute. 

After sterilization place on sterile drape to cool down. 
47. Repeat procedure for all mice, a new fenestrated drape should be used for each mouse but 

the same non-fenestrated drape can be re-used if it remains in good condition. 
48. All cage mates should stay with the same cohort through out the experiment. Do not mix 

mice from different cages after surgical procedure. 
49. Return all mice to housing area in fresh cage, add enrichments to cage. 
50. Clean up surgical area 
51. Administer another dose of carprofen ~24 hours after surgery. 
52. Monitor mice each day for signs of distress or pain and note the appearance of the 

surgical site. 
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Appendix V: Implant retrieval and fixation protocol: 
Adapted from Jonathan Bezenah protocol. 

 
Overview 
This procedure is for the recovery of PEG hydrogels implanted in subcutaneous pockets. It is 
appropriate for histology as well as staining for whole mount imaging. 
 
Materials: 

• Z-fix 
• 20 ml glass scintillation vials 
• Surgical scissors 
• Forceps 
• PBS 

 
Protocol: 

1. At the appropriate time to harvest implants, place all mice for the particular time point 
into a single cage (up to 12 mice can be grouped for sacrifice).  
*group all mice together into a single cage in the hood in the animal room.  

2. Check the directions for animal sacrifice. Feed the hose from the CO2 tank into the cage 
and turn the valve to the small mammal indicator 

3. Monitor mice to ensure they are not in distress. 
4. Once mice stop breathing and fall still, one at a time, move mice to hood and place on 

paper towel. 
5. Using surgical scissors open the chest cavity to create a pneumothorax, and sever the 

descending aorta to ensure exsanguination.  
*Repeat for all mice to ensure euthanasia 

6. Bring mice upstairs to harvest implants 
7. Clean off mice by spraying with 70% EtOH  
8. Using scissors and forceps, create skin flaps cranially and caudally of implants to move 

excess skin out of the way for excision.  
9. Use surgical scissors to cut a circle in the skin around each implant. 

*It is best to keep skin adherent to implant and try not to disrupt the interface between the 
skin and implant. This will help with orienting the sample, and is important for assessing 
integration of the implant with host tissue and possible fibrous capsule formation. 

10. Try to cut under the sample to retrieve a thin layer of muscle adhered to the sample. 
*keeping tissue adherent to the sample on all sides will help reduce sample shrinking 
while dehydrating for paraffin embedding. 

11. Place each implant into 20 mL vials containing Z-fix formalin. 
*Allow samples to fix for 4 hours 

12. After 4 hours in Z-fix, pipette out Z-fix to proper hazardous waste disposal container and 
replace with 10x diluted Z-fix in PBS and leave in fridge overnight. 

13. Once implants are removed, wrap all mouse carcasses in paper towel and put into 
separate gloves. Tie off the gloves then place in another glove and tie off so each carcass 
is double gloved.  

14. Write Putnam on the gloves and write the date. 
15. Place in appropriate disposal area (typically fridge in surgery room) 
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16. After implants have been fixing in fridge for 24 hours, remove Z-fix and properly dispose 
17. Rinse implants with PBS (4 times) properly disposing of rinses 
18. In a petri dish trim off excess skin. 
19. Add 70% ethanol to 20 mL vials containing implant and store in fridge until tissue 

processing. 
20. If you wish to whole-mount image your construct: 

• Leave skin on to help with orientation while imaging 
• The skin will be very tough after fixation and difficult to cut with a scalpel, use a 

pair of surgical scissors to cut around the skin where you intend to bisect with the 
scalpel/razor. Try to cut superficially to avoid the hydrogel. I would recommend 
bisecting the implant to retrieve 2 identical halves. When viewed on the 
microscope one side of the hydrogel should be against skin and the other against 
muscle so you can qualitatively assess differences in vascularization/inosculation 

• At this point, proceed with the standard cutting and staining protocol outlined for 
PEG hydrogels.  
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Appendix W: PEG hydrogel explant dehydration and paraffin embedding 
Adapted from Nicole Friend protocol 

 
Materials: 

• Pink or white (large) embedding cassettes (UNISETTE cassette with lid, Simport, 
Canada) 

• 70% ethanol 
• 1L beaker 

 
Notes: 

• Paraffin embedding and sectioning of PEG hydrogels is notoriously difficult and subject 
to substantial processing artifact. Dehydration of PEG hydrogels results in substantial 
hydrogel collapse and hydrogels often fall out of tissue sections while sectioning. Be 
aware of these limitations and take them into consideration when optimizing your 
procedure and analyzing your results. Most groups opt for cryo-sectioning instead, 
however, cryo-sectioning has its own set of difficulties. Make sure to assess the pros and 
cons of each method and decide what is best for you. 
 

Procedure to dehydrate tissue explants 
 

1. Label one cassette per sample with sample information 
* use a pencil for labeling as embedding chemicals will remove ink and markers 
* pink cassettes can be used for most samples, but if samples are larger they may need a 
white cassette. DO NO SQUISH SAMPLE. If sample is squished it will collapse more, 
just use a white cassette. 

2. Fill a 1L beaker with enough 70% ethanol to submerge all cassettes. 
3. Use forceps to transfer samples from glass storage vials to cassettes 
4. As each sample is transferred to a cassette, place the cassette into the 70% ethanol so they 

do not dry out while transferring remaining samples.  
*You can process up to 20 samples at a time. 

5. Once all samples are ready to be dehydrated, prepare the Leica Tissue Processor 
*Wear a respirator (stored in drawer below) when working with the tissue processor 

6. Check solution levels by raising the plastic cover/top portion of the machine by pressing 
the up arrow ↑ button. Check the log to see if the solutions have been changed within the 
last month. If solutions look low, coordinate with the Coleman lab to refill. 

7. Move the grey arm (that will hold the basket) to position 4 by pressing the rotate button, 
which is a dashed circular arrow 
*This can only be done when the top component is raised 

8. Put samples in metal basket and place the basket on the grey arm connector 
9. Lower the top component, and basket into the first 70% ethanol bath by pressing the 

down ↓ arrow 
10. Press “start” 
11. Check the setting is program #1, P1, and if not then adjust using the + or – buttons 

*double check that this program is set to start in position 4 and spend 1 hour in each 
position (4-12) 
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12. Adjust the time if needed so the machine runs overnight (due to noise and chemical 
release) 
a) Hit the right arrow → to show the start time 
b) Timing can be adjusted by pressing the left and right arrows to select position and the 
+ and – buttons to adjust the numbers 
c) START: # - ##:## 
* the first # is the date (set to 0), the second ## is hour, the third ## is the minutes 
d) Program takes ~ 10 hours to finish so start at 10 pm (0-22:00) to finish by 8 am 

13. Press “start” again once desire time is set 
*you can press the clock button to confirm when the procedure will start, then press it 
again to see when the procedure will end 

14. Turn on oscillations with the button that has three up and down arrows with a top and 
bottom boarder 

15. Close plastic cover 
16. Leave over night 

 
Procedure for paraffin embedding 
 

1. Samples should now be in position 12 of the tissue processor, which is hot paraffin wax. 
2. Before removing samples, prepare an ice bucket with on top of the ice 
3. Turn on the cooling block of the embedding station by pressing the “cool” button 

*a red indicator light will turn on 
4. Clean the station of excess wax 
5. Wearing a respirator, raise the top of the machine with the up arrow button and remove 

the basket containing your samples, placing it on the counter next to the embedding 
station. Be careful to move it quickly as it will be hot to the touch 

6. Lower the to component of the machine with the down button, and stop the oscillations 
by pressing the oscillation button. Close the plastic cover. 

7. Transfer cassettes with samples in them to the paraffin bath on the right-hand side of the 
station. 

8. Select a sample to embed, and move it to the hot block under the paraffin dispenser 
a) If sample is in pink cassette already, remove and discard the top of the cassette. 
b) If sample is in white cassette, label a pink cassette with the sample information and 
discard the white cassette. 
*You must mount samples onto a pink cassette as the base because the microtome does 
not fit the white samples. 

9. Select a metal tray from the bath on the left hand side of the station that will fit your 
sample within the inset and move it to the hot block. 
* The PEG explants tended to need the deeper trays because of the large amount of skin 
associated. If there are not enough deep trays present, ask recent users of the embedding 
station if they haven’t punched their blocks out yet. 

10. Transfer the sample from the cassette to the metal tray 
11. Using forceps to push the lever behind the hot block, dispense enough wax to cover the 

sample 
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12. Position the sample in the center of the tray and adjust sample orientation. I oriented 
samples with the skin side down. What ever side is down here will be sectioned first by 
the microtome. 

13. Place the labeled pink cassette on top of the samples, being careful not to move the 
sample. The hand written label should be facing upwards. 

14. Add more wax to fill the cassette. Add wax adjacent to the sample instead of directly on 
it to help prevent it from moving. 
*wax should be added until there is a convex “bubble” of wax on the surface. 

15. Carefully move sample to the cooling block 
*While one sample is cooling you can start working on the next 

16. Once sample has mostly solidified, move sample from cooling block to the foil over ice 
17. Once all samples are on ice, cover the bucket with a lid and leave samples to finish 

solidifying for at least four hours, but preferably overnight, in the 4C fridge 
18. Add paraffin wax chips to the paraffin bath and paraffin reservoir at the top of the station 

if either is low. 
19. Turn of cooling block 
20. Clean any extra wax on the station using the scraper, clean wax out of the collecting 

trough.  
21. After paraffin blocks have hardened, they need to be prepared for sectioning 
22. Prepare a bucket of ice with some water 
23. Using a razor blade, remove the wax around the cassette and the metal tray until you can 

pop the cassette with the wax block (containing sample) out to the tray 
24. Place the samples in the prepared ice bath and put the metal trays back into the bath on 

the left-hand side of the embedding station. 
25. Trim the extra wax to make a square around the around the edges of implant. 

*Do not trim all the way down to the surface of the cassette top, it important that you 
leave a layer of wax so that the sample stays firmly attached to the cassette. 
*Leave about 1 mm of wax around the edges of the sample 
*It is always safer to leave too much wax 

26. Cut two corners of the block to make it more of a house shape. 
*You should cut the corners on the same side as the side of the cassette that is labeled. 
*These are just for orienting the samples, you do not want your block to be pointy. The 
side with the cuts should still have as much flat side as possible so there is maximum 
surface area to hold the ribbon together while sectioning. 
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Appendix X: Paraffin sectioning 
Adapted from Nicole Friend protocol 

 
Materials: 

• Pencil 
• Super frost microscope slides 
• Razor blade 
• Paper towels 
• Static gun 
• Spray bottle of 70% ethanol 
• 10% ethanol bath (in 1 ml pipette box with rack removed) 
• Samples in an ice bath 

 
Procedure: 

1. Make sure to reserve time on the microtome sign up sheet (usually 3-4 hour blocks at a 
time) 

2. Bring down all materials to the microtome bench. 
3. Turn on hot blocks (s). They should be set from 39-45 C 
4. Plug in and turn on the hot water bath. 

*The temperature nob should be set to the marked line 
* You can put the lid back on to speed up heating, but be careful because it may become 
too hot and disintegrate your initial samples 
*refill wter bath with MilliQ water if needed. 

5. Label slides then place labeled slides on plastic slid holder. (It is typical to need at least 
40 slides per sample) 

6. Retrieve microtome blade from the drawer under the hot blocks and place it into the slot 
on the microtome. 
a) unlock the blade holder by using the lever on the right side of the stage and slide the 
blade into the opening 
b) Adjust the blade and stage so that the sample will be cute with the left most portion of 
the blade, so as the blade dulls or chips you can progressively slide the blade over for a 
fresh blade surface. 
c) lock the blade in place using the same lever, then cover using the gold safety cover so 
you do not cut yourself. THE BLADE IS EXTREMELY SHARP. 

7. Move the head of the microtome all the way backwards away from you by turning the 
big, lower knob on the left side clockwise. 

8. Move the stage away from the head by unlocking it using the lever on the left of the stage 
and pulling the stage towards yourself. 

9. Dry the sample and place it into the slot on the head. 
*This is done by pulling the silver lever on the head towards yourself, inserting the 
sample (with labeled side down), and releasing the lever which will secure the sample in 
place. 

10. Unlock the large lever on the right side of the microtome by flipping the small, black 
lever below it up and move the sample to be centered with the blade. 

11. Move the stage close to the sample surface, roughly 0.5mm away, and lock into place 
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12. Line up the sample surface so that the surface plane of the sample is parallel with the 
plane of the blade. 
a) Remove the blade cover to make visualization easier, but be careful not to cut yourself 
b) Unlock the head positioning using the lever on the right side of the stage, then use the 
nobs on the left side of the head 
c) Lock back into place. 
d) Move the sample up and down using the large lever on the right side to evaluate that 
the planes of the sample’s face and blade look parallel.  
e) unlock, adjust, then relock and assess again if needed. 

13. Set your desired slice thickness using the small textured knobs on either side of the top of 
microtome. 
*5 micron thick slice are typical for most tissues, but the thinnest sections of PEG I found 
consistent to work with was 12 microns. 
*This thickness will drift over the course of sectioning so periodically check on it 
readjust as needed. 

14. Move the stage as close as possible to the sample without the surface touching the blade 
and then lock into place. 

15. Using the large lever on the right, start moving the sample toward the blade one rotation 
at a time. 
*it doesn’t matter which direction you rotate the large lever to make the sample move 
forward. 

16. If you have the lid on the water bath take it off at this point to let cool back down 
17. Once the sample contacts the blade it will start sectioning, it will slice off one section per 

rotation, with each subsequent sample adhering to the previous sample creating a ribbon. 
*Hold up the ribbon with a pair of forceps 

18. Once the ribbon is too long to hold, or tears, place it to the left of the microtome on the 
counter. 
a) it is generally most time efficient to generate multiple ribbons at a time, before moving 
onto the next step of transferring them to slides. 
b) Place them shiny side down, they will come off the microtome this orientation 
c) Place them in order to keep track, and be careful not to accidently touch the ribbons 
with your elbow or anything as you continue to section. 

19. Find where your sample starts in your sections, i.e. when there is a different texture in the 
center of the section. 
a) use some of your blank sections to test the heat of the water bath, if they disintegrate 
then the bath is too hot. You can add some MilliQ water to bring the temperature back 
down but leave knob set to mark. 
b) Once you are sure the water bath is at the appropriate temperature, you can discard 
your remaining blank sections. 

20. Using a razor blade cut your ribbons into strips of 4-5 sections. 
*keep in mind that all of these sections will be stained identically, if you want to do 
multiple different stains on a particular series of strips, cut into 2-3 section strips. 
* be careful when cutting strips to maintain order 

21. Using forceps, transfer one strip of sections of sections to the 10% EtOH bath, and gently 
try to flatten out the sections and remove air bubbles from under them. 
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* You will not be able to get them perfectly flat; the hot bath will help flatten them, but 
you need to remove air bubbles here by lifting the sections with the forceps. You will not 
be able to remove air bubbles once the samples are softened in the hot bath. 

22. Using the appropriate labeled slide, scoop under the section, making sure the whole 
section is on top of the slide, and transfer to the hot bath. 
*Do the transfer quickly so the sample doesn’t stick to the slide in the hot bath 
*Come into the hot bath at 45° so the sections float off 
* Be careful not to touch the bottom of the water bath as this will disrupt the bubbles and 
they will float up under your sample ruining it. 

23. Once the sample has flattened out, carefully collect it on the slide by positioning the slide 
underneath the sample and pulling up at an angle. 
*Be careful not to disrupt any air bubbles on the bottom of the bath 
*Timing is absolutely essential here to generate useable PEG sections. If you don’t give it 
enough time to flatten then your sample will dry crinkled, if you wait too long then the 
PEG implant will separate from the surrounding tissue. ~10-15 seconds is good, but this 
will take time to practice and attention to detail for each slide. 

24. Place slide on hot block and leave overnight for sample to dry and fully adhere to the 
slide. 

25. Repeat for all remaining sections.  
*periodically clean out wax fro hot water bath with a blank slide 

26. Periodically remove wax fragments on the stage/blade with paintbrushes. Always brush 
the blade upwards so you do not cut the bristle off and dull the blade. 

 
General sectioning tips: 

• You can leave white slide label overhanging on the edge of heating block allow for more 
slides to be processed at a time as this part does not need to be heated. 

• If paraffin starts tearing as you are sectioning, try the following: 
a) Tissue block can become too soft causing the paraffin to tear. Using a paper towel, 
spray the tissue block with 70% ethanol. Then Place and hold an ice cube on the tissue 
block for a minute 
b) Blade can get dull causing the paraffin to tear. Adjust the blade so a fresh section of 
the blade is cutting the tissue block. 
c) Avoid excess moisture around paraffin strips. Moisture will cause paraffin strips to 
stick resulting in loss of sections 

• If the weather is particularly dry, you may want to use the static gun to reduce the 
likelihood of the sections sticking to the razor, counter, forceps, hands, etc. 
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Appendix Y: Hematoxylin & eosin histology staining protocol 
Protocol adapted from Ana Y. Rioja protocol 

 
Materials: 

• Mayer’s Hematoxylin (Electron microscopy sciences 26252) 
• Eosin Y (Sigma HT 110132) 
• Xylene  
• 100% Ethanol 
• 95% Ethanol 
• 70% Ethanol 
• Separate stain container for each step 
• Paramount solution 

 
Notes: 

• The entire procedure takes about 1 hour 15 minutes to complete for one cassette. If you 
want to do more than one cassette wait until the first cassette is in the hematoxylin before 
starting the next. 

• Solutions can be reused for 4-5 cassettes, but make sure not to reuse the same solution for 
different steps. EACH STEP SHOULD HAVE ITS OWN WASH BATH AND NOT 
USED FOR ANY OTHER STEP. 

 
Protocol: 

1. Determine slides of interest for staining and place into slide cassette 
2. Prepare area in fume hood for staining by laying down paper towels and set up and fill all 

the various slide cassette baths with their appropriate solutions. 
*Pour xylene in hood and be careful not to spill 

3. Wash slides with Xylene 2X for 5 mins per wash 
4. Wash slides with 100% ethanol 2X for 3 mins per wash at RT 
5. Wash slides with 95% ethanol 2X for 3 mins per wash at RT 
6. Wash slides with 70% ethanol 1X for 3 mins per wash at RT 
7. Wash slides with DI water 1X for 3 mins at RT 
8. Incubate slide in hematoxylin solution for 15 mins at RT 

*At this point you can start the next set of slides if you are doing multiple sets 
9. Place slide cassette in tap water container 
10. Pour rinse down drain 
11. Add new tap water to container 
12. Mover slide cassette up and down to rinse slides 
13. Repeat 10 – 12 until waste solution is clear 
14. Add new tap water to container and rinse for 15 mins at RT 
15. Wash slides with 95% Ethanol 1X for 30 seconds at RT 
16. Stain slides with Eosin 1X for 1 min at RT 
17. Wash slides with 95% Ethanol 1X for 1 min at RT 
18. Wash slides with 100% Ethanol 2X for 1 min at RT 
19. Wash slides with Xylene 2X for 3 mins at RT 
20. Mounting coverslips on slides: 

a) Double glove 
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b) Remove cover slips from container and set upright leaning on wash containers for easy 
access (Xylene makes gloves slicky and will be hard to remove from container between 
slides) 
c) One at a time, remove sample slides from cassette. 
d) Add 3 to 4 small drops of Paramount solution using a cotton tip applicator onto 
coverslip and place it on top of the slides 
e) use a kimwipe to carefully remove xylenes and excess paramount from the bottom of 
the slide to prevent the slide from sticking to your drying surface 
f) Lay slides flat and let dry over night in the fume hood 

21. If excess paramount has accumulated on the bottom of the slide or on top of the coverslip 
it can distort your images. Once the coverslip has dried you can dip a cotton applicator in 
xylene and rub off the excess paramount. The dry the slide with a kimwipe. 
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