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ABSTRACT 

Metabolic compartmentalization contributes to the spatiotemporal modulation of biochemical 

reactions within eukaryotic and prokaryotic cells. Bacterial microcompartments (BMCs) are 

widespread, self-assembling proteinaceous organelles that function by physically sequestering key 

metabolic enzymes essential in carbon source utilization, microbial ecology, and pathogenesis. A 

well-studied anabolic BMC, called the carboxysome, serves as a critical carbon-fixing organelle 

in cyanobacteria and many chemoautotrophs. Carboxysomes play a central role in the CO2-

concentrating mechanism of these bacteria by compartmentalizing central photosynthetic 

enzymes, effectively increasing their efficiency, and preventing the occurrence of wasteful side 

reactions. The basic architecture of carboxysomes consists of multi-protein subunits that form a 

selectively permeable diffusion barrier, allowing gaseous and metabolic exchanges to take place. 

While eukaryotic organelles use cytoskeletal highways for their cellular organization, little is 

known about how bacteria spatially regulate their protein-based organelles for proper segregation, 

homeostasis, inheritance, and maintenance in a cell population.  

 Fully assembled, mature carboxysomes are aligned equidistantly along the cell length to 

ensure faithful inheritance. Previous studies have implicated an important ParA-like protein we 

termed Maintenance of carboxysome distribution A (McdA) as a critical component in equal 

spacing of carboxysomes. McdA forms oscillating protein gradients over the nucleoid in response 

to its carboxysome-localized partner protein, McdB. Prior to my work, the mechanism driving 

McdA oscillations and carboxysome positioning by the McdAB system was unknown. To address 

this gap in knowledge I first examined the biochemical interaction between the two-component 

McdAB system and the nucleoid. I then dissected how the McdA ATPase cycle mediates the 

protein’s dynamic oscillatory patterning and carboxysome positioning. Finally, I demonstrate how 

multi-generational live-cell imaging of S. elongatus can serve as an indispensable tool in studying 

the mechanistic workings of carboxysome dynamics and inheritance. Together, this thesis work 

provides the first steps towards an understanding of the ATP-driven molecular mechanisms 

governing organelle trafficking in bacteria. 
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CHAPTER I 

 

Introduction 

 

1.1 Bacterial Microcompartments 

1.1.1 Compartmentalization in bacteria 

Subcellular compartmentalization brings physiological order and efficiency to metabolic 

reactions in the crowded environment of a cell’s cytoplasm. The long-standing perception that 

bacterial cells are unstructured sacs containing homogenous suspensions of protein and DNA is 

no longer relevant [1] [2]. Analogous to the membrane-bound organelles of eukaryotes, bacteria 

have an array of protein-based intracellular compartments that allow for the spatiotemporal 

regulation of complex and dynamic cellular processes [3].  

A major form of compartmentalization in bacteria is through the use of self-assembling 

protein-based complexes known as bacterial microcompartments (BMCs).  Once considered a 

rarity, BMCs have now been bioinformatically identified across 29 bacterial phyla, through the 

identification of well-conserved BMC shell protein sequences [4]. BMCs are analogous to 

eukaryotic organelles; they sequester biochemical reactions in a semipermeable barrier to improve 

enzymatic efficacy, spatially separate toxic intermediate metabolites, and/or minimize wasteful 

side reactions. Unlike the phospholipid bilayers that form eukaryotic organelle membrane systems, 

BMC outer shells consist of homologous protein paralog subunits that self-assemble to form an 
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icosahedral structure ranging from 100 – 500 nm in size, reminiscent of viral capsids when 

visualized microscopically [5], [6].  To date, these prokaryotic organelles are implicated in eight 

catabolic and one anabolic processes [4], [7], [8]. Collectively, BMCs allow for the spatial 

sequestration of biochemical reactions that would be metabolically expensive or significantly less 

efficient without compartmentalization. 

 

1.1.2 BMCs are functionally diverse 

Despite being structurally similar and phylogenetically related, BMCs encapsulate a wide 

variety of enzymes and subsequently, possess diverse biological functions to enable their bacterial 

host survival in distinct ecological niches [7]. The first BMC to be identified and characterized is 

the anabolic carboxysome found in photoautotrophic cyanobacteria and many chemoautotrophs 

[9], [10]. Catabolic BMCs, also known as metabolosomes, are prevalent in pathogenic and 

commensal bacteria of the human gut. Metabolosomes act to sequester, degrade and detoxify 

harmful reactive aldehyde intermediates [11]–[13]. Alternative carbon sources that are oxidized 

by metabolosomes are ethanolamine [12], propanediol [14]–[16], 1-amino-2-propanol [17], [18], 

fucose and rhamnose [19], [20] and choline [21], [22]. The discovery of novel and uncharacterized 

BMCs is rapidly progressing as a result of expanding bacterial genome and metagenome databases 

over the past decade [4], [7], suggesting the indispensable and robust nature of BMCs in providing 

a biological advantage to pathogenic bacteria in niche environments [11]. Despite their ubiquity 

and central roles in bacterial metabolism, it is completely unknown how metabolosomes assemble 

and spatially organize in the cell. 
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1.2 The Carboxysome: a model for BMC biology 

1.2.1 The Carboxysome is a Carbon Concentrating Mechanism for Microbes 

The carboxysome is the only anabolic BMC identified so far and found across 

cyanobacteria and many chemoautotrophic bacteria [8], [10], [23]. Two key enzymes in 

photosynthesis, ribulose-1,5-bisphoshate carboxylase/oxygenase (Rubisco) and carbonic 

anhydrase (CA) are encapsulated in the carboxysomal lumen as a primary carbon concentrating 

mechanism (CCM) for these microbes (Fig. 1.1). Rubisco is the most abundant enzyme in nature 

[24], and when using CO2 as its substrate, Rubisco catalyzes the carbon-fixation step in the Calvin-

Benson-Bassham cycle.  

Figure 1.1: Carboxysomes play a central role in the carbon concentrating mechanism (CCM) 
of cyanobacteria. (Left) Schematic of localized enzymatic reactions occurring inside a 
carboxysome. HCO3-: bicarbonate ion; CO2: carbon dioxide; RuBP: ribulose-1,5-bisphosphate; 
PGA: 3-phosphoglycerate. (Right) Carboxysomes are present in cyanobacterial cytoplasmic 
region.  
 

However, Rubisco is an inefficient enzyme and has the ability to also bind O2. CA catalyzes 

the conversion of diffuse bicarbonate into CO2. The presence of CA in the vicinity of the 

kinetically inefficient bacterial Rubisco creates a CO2-rich microenvironment within 

carboxysomes that ensures carboxylation of Ribulose-1,5-bisphosphate is favored over the 



 4 

undesired side-reaction called photorespiration when O2 is used as the substrate [25]. With this 

CCM mechanism, carboxysomes are responsible for almost half of global carbon-fixation through 

atmospheric CO2 assimilation for photosynthesis and biomass production [26], [27]. Despite the 

importance of carboxysomes to the global carbon cycle, the mechanisms underlying their 

subcellular organization remain unclear.  

 

1.2.2 There are two structurally- and phyletically-distinct types of carboxysomes   

There are two phyletically distinct types of carboxysomes based on the type of Rubisco 

encapsulated; α-carboxysomes encapsulate Rubisco form 1A while β-carboxysomes possess 

Rubisco form 1B [28] [29].  Cyanobacteria can harbor either α- or β-carboxysomes, while carbon-

fixing proteobacteria and some actinobacteria contain α-carboxysomes exclusively. It is believed 

that α-carboxysomes in cyanobacteria were initially obtained from proteobacteria via horizontal 

gene transfer, resulting in two distinct lineages of α-cyanobacteria with α-carboxysomes and β-

cyanobacteria with β-carboxysomes [10].   

The two evolutionary divergent α- and β-carboxysomes share similar biological functions 

but distinct genomic and structural assemblies. The obligate photoautotroph Synechococcus 

elongatus PCC 7942 (henceforth, S. elongatus) is the long-standing model bacterium for 

understanding β-carboxysome biology and the chemoautotrophic proteobacterium 

Halothiobacillus neapolitanus c2 (hereafter, H. neapolitanus) is the model organism for studying 

α-carboxysomes. In both cases, the genes encoding for the encapsulated enzymes and 

carboxysome shell components are generally grouped together in a clustered operon [4]. In S. 

elongatus, the central ccm operon encodes the genes encoding carboxysome components CcmK2,  
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Figure 1.2: Genomic and structural components of α- and β-carboxysomes. A. Genomic 
arrangement of model α- and β-carboxysome operons. Dark gray: shell component; red, Rubisco-
related component: green, Rubisco aggregating component: purple, carbonic anhydrase: yellow: 
McdA; blue: McdB. B. (Left) Schematic depiction of the internal and (right) external shell 
components of the cyanobacterial β-carboxysome in S. elongatus. Panel A from [30] and B from 
[31] (for both: https://creativecommons.org/licenses/by/4.0/).  
 

CcmL, CcmM, CcmN and CcmO. This ccm operon is located upstream of the rbcL and rbcS genes 

encoding for the large and small units of Rubisco, respectively (Fig 1.2A). Four other distant loci 

encode for other shell proteins CcmK3, CcmK4, CcmP and the essential carboxysome enzyme 

carbonic anhydrase. β-carboxysomes have been shown to assemble from the inside-out – with the 

interior assembly initiated by CcmM-mediated aggregation of Rubisco and CA to form 

“procarboxysomes” [30], [31]. Next, CcmN interacts with CcmM and functions to recruit the 

hexameric shell protein CcmK2 to the procarboxysome cluster. CcmK2 forms the major facets of 

the carboxysome icosahedral shell (Fig. 1.2B) [32], [33]. CcmO has been thought to form flattened 

trimers arranged in tandem to form “zipperlike” structures interfacing with and sealing the edges 

of CcmK2 hexameric facets [32]. The pseudohexameric CcmP, along with heterohexamers 

CcmK3 and CcmK4, are postulated to function in facilitating metabolite movements between the 

A 

B 
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carboxysome lumen and the cyanobacterial cytoplasm, subsequently altering carboxysome 

permeability throughout the day [34]–[36]. Finally, the pentagonal pentameric CcmL caps the 

icosahedral vertices and facilitate budding of new carboxysomes [37]–[39].  

Like the β-carboxysome operon, the core α-carboxysome cso (CarboxySOme) operon is 

also arranged adjacent to the large (cbbL) and small (cbbS) subunits of Rubisco. The seven α-

carboxysome genes (csoS2, csoS3, csoS4A, csoS4B, csoS1A, csoS1B, csoS1C) are arranged in 

tandem in this core operon meanwhile two additional satellite genes (csoS1D and cbbQ) are 

located elsewhere in the genome (Fig 1.2A). In contrast to β-carboxysomes, the observation of 

partially assembled α-carboxysomes via electron cryotomography suggests that the encapsulated 

enzyme and shell proteins can be assembled concomitantly [40]. The shell protein CsoS2 is 

functionally analogous to CcmM and CcmN where it tethers encapsulated Rubisco and csoS3-

encoded carbonic anhydrase to the rest of the assembled α-carboxysome shell [41], [42]. The 

hexameric shell proteins CsoS1A, CsoS1B and CsoS1C assemble to form icosahedral facets that 

interact with CsoS2, akin to the roles played by CcmK2 in β-carboxysomes [42]–[44]. Lastly, 

Cso1D assembles into two trimer subunits that form gated pores, analogous to CcmP in β-

carboxysomes [45]. Overall, although phyletically distinct, both α- and β-carboxysomes share a 

high degree of similarity in their structural assembly and function, which is maximizing the carbon 

fixation rate of Rubisco through reaction encapsulation.  

 

1.2.3 S. elongatus is the model organism for the study of β-carboxysomes 

Cyanobacteria are the only group of prokaryotes capable of performing oxygenic 

photosynthesis and were proposed to be the main drivers of arguably the most pivotal biological 

occurrence in Earth’s history, the Great Oxidation Event, that took place around 2.4 billion years 
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ago [46]. Along with other biogeochemical processes, oxygenic photosynthesis led to the rapid 

increase in atmospheric and surface-ocean oxygen levels during this period, causing permanent 

biospheric changes that allowed for the emergence and evolution of complex life forms [47]–[49]. 

In present day, cyanobacteria are responsible for roughly a third of global oceanic carbon fixation 

[50]. 

The model cyanobacterium S. elongatus is a rod-shaped, freshwater-dwelling obligate 

photoautotroph that has been the extensively studied as a model organism for the processes of 

carbon fixation and photosynthesis, as well as prokaryotic circadian rhythm research. Due to its 

relatively large cellular size and its distinctive ordered positioning of carboxysomes in the cell, S. 

elongatus is an excellent subject for microscopic investigations into the subcellular organization 

of carboxysomes [51]–[53]. Its genetic tractability and natural competence for exogenous DNA 

uptake allow for relatively simple genomic manipulation and mutagenesis [54]. Finally, S. 

elongatus has the most comprehensive and well-established gene and protein information 

databases relative to other cyanobacteria, making it an attractive model organism for the study of 

carboxysomes.  

 

1.2.4 Carboxysomes for synthetic biology engineering and applications  

Due to its versatility, modularity, and catalytic efficiency, carboxysomes have inspired synthetic 

biologists to emulate their design for carbon assimilation bioengineering into faster-growing non-

photosynthetic bacteria and terrestrial plants. Successful reconstitution of H. neapolitanus carbon 

concentrating machinery and mechanism in E. coli signifies a breakthrough in the ongoing effort 

to introduce carboxysomes into tractable heterologous hosts [55]. Earlier attempts to introduce 
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similar synthetic carboxysome operons in the biotechnological workhorse Gram-positive 

Corynebacterium glutamicum resulted in functional but structurally altered carboxysomes [56].  

 As β-carboxysomes encapsulate Rubisco that is more biologically similar to the ones found 

in terrestrial plants, many groups have focused on introducing β-carboxysomes into plant 

chloroplasts to enhance crop yields [57]. Indeed, cyanobacterial Rubisco expressed in tobacco 

chloroplasts appear to be encapsulated in carboxysome-like structures and retained their high 

carbon-fixation activities [57]–[59]. But the engineered plants displayed severe growth 

deficiencies and a high carbon dioxide requirement. Intriguingly, electron micrographs found 

carboxysomes aggregated together in only a subset of chloroplasts, whereas in their original host, 

S. elongatus, carboxysomes are faithfully distributed down the cell length. This underscores the 

many challenges researchers are still overcoming to successfully employ cyanobacterial Rubisco 

to supercharge photosynthesis in crop plants [5].  

To maximize the functionality of heterologous carboxysomes introduced in terrestrial 

chloroplasts, one would have to design vectors that would express the multi-operon carboxysomal 

genes at the correct stoichiometry without compromising shell protein assembly and/or 

ultrastructure as well as Rubisco loading into the engineered carboxysome shells [60]. 

Additionally, faithful inheritance and maintenance of carboxysomes when expressed in 

heterologous hosts has not been achieved. To date, all heterologously expressed carboxysomes 

form aggregates or clusters in the stroma of chloroplasts, and therefore, are not distributed and 

inherited equally during plastid division. The key to overcoming these challenges in heterologous 

carboxysome engineering necessitate a more thorough understanding of carboxysome assembly, 

stoichiometry, trafficking and positioning within their native hosts.  
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1.3 Subcellular organization and positioning of carboxysomes 

In S. elongatus, β-carboxysomes are first assembled at the cell pole when shell proteins 

encapsulate a cluster of soluble Rubisco to form the procarboxysome [31]. Fully assembled, 

mature β-carboxysomes bud off this polar cluster and move down the cell length; an event that has 

been proposed to take place to ensure faithful inheritance of these organelles [10], [23], [52]. 

Depending on the maturity of a cyanobacterial cell, between 3-6 β-carboxysomes are aligned 

equidistant along the cell length (Fig. 1.3A, second panel). This spatial arrangement, as well as 

carboxysome size, composition, and cellular dynamics, is delicately modulated by variations in 

CO2 levels, environmental temperature, and light intensity and wavelength that a growing 

cyanobacterial cell is subjected to during growth [61]–[63]. The mechanism behind how these 

external cues regulate β-carboxysome homeostasis remains undetermined. In contrast to S. 

elongatus cells, H. neapolitanus cells harbor anywhere from 4 to 18 α-carboxysomes based on 

observations via electron microscopy [9], [10], [64]–[66]. Despite the amount of carboxysomes a 

small H. neapolitanus cell can carry in its cytoplasmic space, these α-carboxysomes are also found 

to distribute down the cell length (Fig. 1.3B) [40], [67], [68]. These observations suggest that these 

protein-based organelles are being actively positioned in the cell.  

 The uniform cellular distribution of carboxysomes is reminiscent of the reported 

arrangement bacterial plasmids assume when being actively partitioned by ParA family of 

ATPases [69]. A member of the protein family, termed Maintenance of carboxysome distribution 

protein A (McdA), has been implicated in spatially organizing both α- [67] and β-carboxysomes 

[51], [52].  ParA ATPases employ a deviant Walker A box motif as an ATP-binding pocket and 

have been extensively studied for their roles in segregating and positioning genetic cargos, such 

as bacterial chromosomes and plasmids [70], [71]. Additionally, ParA family members have been 



 10 

implicated in positioning functionally diverse protein assemblies, such as the divisome [72]–[74], 

flagella [75], [76] and chemotaxis cluster [77], [78]. Collectively, these ParA family ATPases play 

significant roles in the organization and maintenance of cellular components involved in various 

biological processes. Further investigations into how this newly identified ParA family ATPase 

member confer proper carboxysome positioning and distribution will provide a basis for 

mechanistic understanding on how metabolic processes are spatially regulated within a bacterial 

cell. 

Figure 1.3: α- and β-carboxysomes are distributed along the cell length. Fluorescent β-
carboxysomes (A) and α-carboxysomes (B) can be observed to be linearly arranged down the 
longitudinal axis of S. elongatus and H. neapolitanus cells, respectively. Scale bars in panel A: 5 
μm. Scale bars in panel B: 2 μm. Panel A from [31] and B from [68] (for both: 
https://creativecommons.org/licenses/by/4.0/). 
 

1.3.1 Par system 

To ensure faithful genetic inheritance, bacteria must properly segregate their genetic 

materials prior to cytokinesis. In prokaryotes, most chromosomes and low-copy plasmids are 

actively segregated by the ubiquitous Par (partition) system. Despite being the most prevalent and 

well-studied DNA segregation system in bacteria, the mechanism remains a much-debated topic.   

Partition systems consist of two proteins, one of which is a member of the ParA/MinD 

family of ATPases called ParA. ParA ATPases use ATP-hydrolysis to drive the segregation, 

transport, and positioning of replicated copies of chromosomes or low-copy plasmids to opposite 

cell halves, thus ensuring faithful inheritance of these genetic cargos after cell division [70], [71], 

[79]. Cytoplasmic ParA monomers bind ATP and form the ATP-sandwich dimer [80], [81]. The 

B RbcS-mTQ RbcS-mTQ 
Phase contrast 

A mNG-McdA 
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ParA dimer then undergoes an ATP-specific conformational change that licenses binding to 

nonspecific DNA (nsDNA) in vitro, which equates to binding the bacterial nucleoid in vivo [82]–

[84]. In its DNA-binding form, ParA can robustly interact with its partner protein, partition protein 

B (ParB) [85]. ParB dimers site-specifically load onto the plasmid, or chromosome, to be 

partitioned via specific binding to a centromere-like site, typically called parS [70], [79]. ParB 

dimers spread from parS onto flanking DNA to form a massive multimeric nucleoprotein complex 

[86], [87]. This ParB-parS complex can interact with ParA dimers and stimulate its ATPase 

activity, which is coupled to ParA release from the nucleoid [88]–[90]. The resulting ParA 

depletion zone that forms around the ParB-parS [85]complex also provides a ParA concentration 

gradient on the nucleoid. In this Brownian-ratchet mechanism, ParB-parS complexes on newly 

replicated chromosomes or plasmids are bidirectionally segregated to opposing cell-halves as they 

chase higher concentrations of ParA along the nucleoid in opposing directions [84], [91]. The 

emergent ParA oscillatory dynamics can be observed as plasmids are transported, or surf along the 

nucleoid towards the quarter regions of the cells.  

 Early reports of cellular ParA dynamics described the protein as a nucleoid-spanning 

cytoskeletal filament network where ATP-bound ParA filaments depolymerize upon contact with 

ParB-associated plasmid, causing the cargo to be “pulled” towards the bacterial cell pole [92]–

[96].  This model was mainly based on visual observations of fluorescently labeled ParA proteins 

and their tendency to form linear filaments in vitro. But mounting evidence from in vivo super 

resolution microscopy [97], [98], crystallography [81], in vitro reconstitution experiments [88], 

[99], [100] and mathematical modelling [97], [98], [101], [102] have challenged the filament-

based theory and provided data that supports the proposed Brownian-ratchet motion as the 

underlying mechanism for ParAB-driven DNA segregation.  
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Reconstitution of the F plasmid partition system as a proxy to study the molecular 

mechanism of ParA-based DNA segregation provided some of the strongest data for the Brownian-

ratchet, and against filament-based models. Vecchiarelli and colleagues [91], [99] introduced 

magnetic beads coated with sopC DNA (the “parS” of F plasmid), fluorescent SopA (or ParA) and 

SopB (or ParB), and ATP into a DNA-carpeted flow-cell, which acted as a nucleoid biomimetic. 

This cell-free setup was then visualized using Total Internal Reflection Fluorescent Microscopy 

(TIRFM). SopB coated the sopC-beads and SopA coated the non-specific DNA carpet; 

observations that are consistent with SopB forming large foci on F plasmid and SopA coating the 

nucleoid in vivo. Using a magnetic force applied perpendicular to the flow cell, the SopB-bound 

beads were pulled up and spatially confined to the DNA carpet. Intriguingly, SopA-depleted zones 

started to form on the DNA carpet in the vicinity of the magnetic beads. Strikingly, many beads 

were found within the SopA concentration gradient on the perimeter of a SopA depletion zone, 

and these beads moved in a directed and persistent manner. Importantly, there were no discernible 

SopA filaments observed. Instead, SopA was distributed homogenously across the DNA carpet.  

These observations led the researchers to the possibility that ParA-based plasmid 

segregation was mediated by self-organizing protein gradients [103]–[106]. This ParA-mediated 

plasmid segregation mechanism was termed the burnt-bridge Brownian ratchet, due to the inability 

of SopB-bound beads to retrace its course and move back into SopA depletion zones [107]. 

Collectively, these experiments demonstrated that the directed and persistent movement of genetic 

cargo can be mediated by an asymmetric ParA distribution on the nucleoid via a Brownian ratchet 

mechanism. A deep understanding of the Brownian ratchet-based model for segregation of genetic 

cargo by ParA family ATPases is pivotal in informing us whether a similar principle can be used 
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to explain the directed motion and intracellular positioning of large, mesoscale proteinaceous 

assemblies such as cyanobacterial carboxysomes.  

 

1.3.2 McdAB system 

 In 2010, a pivotal study used fluorescent carboxysomes to show that these protein 

assemblies are linearly arranged across the long axis of S. elongatus cells [52]. This equidistant 

positioning is believed to ensure an equal complement of carboxysomes is inherited to both 

daughter cells, which is important because carboxysome number correlates with cyanobacterial 

fitness under ambient CO2 [10], [23], [52]. Carboxysome distribution and inheritance was found 

to be dependent upon an oscillating ParA-type ATPase, we later termed McdA, which we have 

shown to be responsible for spatially positioning both α- and β-carboxysomes (Fig. 1.4A, Movie 

1.1) [51], [67]. Similar to ParA ATPases requiring ParB in fulfilling its role in positioning their 

cognate genetic cargos, we identified a small protein encoded downstream of mcdA in its operon 

called McdB [51], [67]. McdB proteins colocalize with β-carboxysomes in S. elongatus (Fig. 1.4B) 

and α-carboxysomes in H. neapolitanus (Fig. 1.4C), and both are essential for proper carboxysome 

positioning in their respective hosts.  

Prior to my work, the McdAB carboxysome positioning system was only studied in vivo 

[51]. Fluorescent McdA in S. elongatus was found to display pole-to-pole oscillatory dynamics 

along the nucleoid, and these dynamics were dependent on McdB and carboxysome copy number 

[51], [52]. In the absence of either McdA or McdB, β-carboxysomes were found to cluster together, 

either from their natural tendency to do so in the absence of an “anti-aggregation” system or from 

incomplete segregation following carboxysome biogenesis and/or budding [51]. When McdA was 
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Figure 1.4: The McdAB system is responsible for positioning carboxysomes in S. elongatus 
and H. neapolitanus. A. mNG-McdA waves oscillate predominantly along the central axis of the 
cell. Scale bar: 1 μm. Fluorescent signal for McdB in S. elongatus (B) and H. neapolitanus (C) 
colocalize with a fluorescent carboxysome marker. Scale bar in panel B: 5 μm. Scale bars in panel 
C: 2 μm. Panel A and B from [31] meanwhile Panel C is from [68]. (for both: 
https://creativecommons.org/licenses/by/4.0/). 
 
 

 overexpressed, carboxysomes assumed a more rounded phenotype with misshaped edges. When 

McdB was overexpressed carboxysomes grew larger, and often formed bar-shaped structures that 

extended up to half of the cell length. This was an unexpected finding for a system that uses a 

ParA-like ATPase. ParA-based DNA segregation systems only regulate segregation and 

positioning of its genetic cargo. But for protein-based cargos, the data suggests that ParA-type 

ATPases involved in bacterial organelle trafficking can potentially function in cargo size and 

ultrastructure regulation.  
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α- and β-carboxysome aggregation does not result in a high CO2-requiring phenotype [51], 

[67], suggesting that McdAB-based distribution of carboxysomes is not essential for 

cyanobacterial growth under the optimal growth conditions implemented in a lab setting. However, 

S. elongatus cells have recently been shown to display slower growth rates, asymmetric cell 

division, cell elongation, and increased cellular levels of Rubisco in the absence of the McdAB 

system [63]. Intriguingly, deletion of McdB resulted in more severe mutant phenotypes compared 

to that of the ∆mcdA strain, which suggests that McdB plays a key role in carbon fixation by 

carboxysomes, independent of its role in carboxysome positioning with its partner protein McdA.  

To date, the McdAB system has only been studied experimentally in S. elongatus and H. 

neapolitanus [51], [67]. However, bioinformatic analysis of more than 700 bacterial genomes have 

found that McdAB systems are widespread among β-cyanobacteria and α-carboxysome-containing 

proteobacteria [51], [67], [108]. The prevalence of this carboxysome positioning system across the 

bacterial world highlights the need for a mechanistic understanding of carboxysome trafficking 

and homeostasis. These findings will also have far-reaching implications in understanding ParA-

based organization of other mesoscale assemblies in prokaryotes as well as in utilizing these 

bacterial organelles for synthetic biology applications.  

 

1.4 Dissertation Goals 

The study of carboxysome self-assembly and spatial organization in the cell is still in its 

infancy. Most carboxysome researchers are largely focused on the biogenesis and synthetic 

application of this protein-based microcompartment. The goal of my dissertation is to elucidate 

the ATP-driven molecular mechanism governing the spatial organization of carboxysomes in 

bacterial cells. In Chapter II, I detail the biochemical underpinnings of the McdAB system in 
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positioning α- and β-carboxysomes. In Chapter III, I dissect the unique interactions between McdA 

and ATP by mapping out critical events in the ATPase cycle of McdA. In Chapter IV, I report a 

long-term imaging framework that I have established as a tool for the investigation of carboxysome 

trafficking and inheritance in growing and dividing cyanobacterial cells. My findings contribute 

new knowledge that narrows the current gap in utilizing carboxysomes for synthetic biology 

applications and for understanding BMC inheritance. More generally, my findings expand our 

understanding of organelle trafficking in bacteria. 
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CHAPTER II 

 

McdAB is an Essential Two-component System for Proper  

Carboxysome Positioning 

 

This chapter is based in part on the previously published articles listed below. J.L. Basalla 

performed the experiment and analysis in Fig 2.5B. I performed all other experiments and data 

analyses detailed in the Results subsection in this chapter. J.S. MacCready and A.G. Vecchiarelli 

performed the experiments and related analyses highlighted in the Introduction subsection. 

J.S. MacCready, P. Hakim, E.J. Young, L. Hu, J. Liu, K.W. Osteryoung, A.G. Vecchiarelli and 

D.C. Ducat, “Protein gradients on the nucleoid position the carbon-fixing organelles of 

cyanobacteria”. eLife, 7:e39723, 2018, doi: 10.7554/eLife.39723. 

J.S. MacCready, L. Tran, J.L. Basalla, P. Hakim and A.G. Vecchiarelli. “The McdAB system 

positions α-carboxysomes in proteobacteria”. Mol Micro, vol. 116, no.1, pp. 277-297, 2021, doi: 

10.1111/mmi.14708.  

 

2.1 Abstract 

Carboxysomes are essential proteinaceous bacterial organelles encapsulating critical enzymes of 

the Calvin-Benson-Bassham cycle. In the model β-cyanobacterium Synechococcus elongatus PCC 

7942, previous work has implicated a ParA-like protein (we have since termed McdA) as a key 

component responsible for spatially organizing β-carboxysomes along the long axis of the cell. It 
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was also previously found that McdA formed dynamic oscillations in the cell, which were 

interpreted as a dynamic cytoskeletal scaffold for carboxysome positioning. How self-organization 

of McdA emerges and contributes to carboxysome positioning is unknown. Here, I found that 

McdA does not form a cytoskeletal polymer to position carboxysomes, as subscribed by previous 

models. Instead, I show that McdA has ATP-dependent non-specific DNA binding activity in vitro, 

which translates to nucleoid binding in vivo. I also show that McdA has ATPase activity that is 

significantly higher than other classical ParA/MinD family ATPases. Finally, we identify the 

partner protein to McdA, we term McdB, a previously uncharacterized partner protein to McdA in 

carboxysome positioning. I find that McdB directly interacts with McdA, stimulating its ATPase 

activity and release from DNA. McdB also displays strong self-association activity and directly 

associates with several carboxysome shell components. Together, the data allows us to propose a 

diffusion-ratchet mechanism for carboxysome positioning, whereby McdB-bound carboxysomes 

generate dynamic gradients of McdA on the nucleoid. We recently found that the McdAB system 

is also present in α-carboxysome containing proteobacteria. In the model chemoautotrophic 

proteobacterium Halothiobacillus neapolitanus bearing α-carboxysomes, I find that α-McdB 

directly associates with α-McdA. Together, my findings provide the biochemical underpinnings of 

a positioning mechanism for structurally and phyletically distinct α- and β-carboxysomes.  

 

2.2 Introduction 

In the DNA partition process, ParA-type ATPases successively bind ATP, dimerize, and bind non-

specifically to DNA [83]–[85], [110]. In vivo, this mechanism establishes the nucleoid as the 

biological surface upon which directed DNA cargo motion occurs [84], [99], [111], [112]. In the 

model rod-shaped cyanobacterium S. elongatus, the ParA-like protein we call McdA 
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(Synpcc7942_1833; Maintenance of carboxysome distribution protein A) is required for 

positioning carboxysomes and has been shown to undergo remarkable pole-to-pole oscillations via 

an unknown mechanism [53]. The ParA/MinD family of ATPases have MinD-type members that 

form dynamic oscillations on the membrane to position the divisome at midcell and ParA-type 

members that oscillate on the bacterial chromosome to position plasmids and chromosomes. 

McdA, on the other hand, has been broadly hypothesized to form cytoskeletal filaments that 

position carboxysomes via an unknown mechanism. Therefore, it remained unclear if McdA uses 

a biological surface to self-organize in the cell or if it indeed formed a free-standing cytoskeletal 

network as previously proposed [53]. 

It has been largely speculated that McdA oscillations represent dynamic motions of 

cytoskeletal polymers that generate forces for distributing carboxysomes down the cell length. By 

directly visualizing the interaction between fluorescent McdA and a DNA-coated flowcell surface, 

we found that McdA uniformly binds a DNA carpet in an ATP-dependent manner with no evidence 

of polymer formation [31]. It is also worthwhile to note that no free-standing McdA filaments have 

been observed under any in vitro condition, nor in electron micrographs of S. elongatus strains 

overexpressing McdA. When imaged in DAPI-stained S. elongatus cells, the cell-traversing mNG-

McdA signal closely resembled that of the stained nucleoid, suggesting that the nucleoid is the 

surface upon which McdA dynamics are occurring (Fig. 2.1). But given that S. elongatus is 

polyploid and can harbor as many as a dozen copies of its chromosome, it remains difficult to 

spatially resolve the nucleoid and cytoplasmic regions of the cell. Therefore, it remains to be 

determined if McdA oscillations are indeed occurring on the nucleoid in vivo. 
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Figure 2.1: Oscillating mNG-McdA signal colocalized with DAPI-stained nucleoid. Oscillation 
of mNG-McdA colocalizes with DAPI staining of nucleoid DNA, which is also centrally localized 
and is excluded from peripheral thylakoid membranes. Scale bar: 1 μm. Figure from [31] 
(https://creativecommons.org/licenses/by/4.0/). 
 
 
 ParA/MinD family ATPases that have been shown to undergo dynamic oscillations in vivo 

require a partner protein to stimulate their ATPase activity and promote oscillatory dynamics. 

Using gene neighborhood analysis and deletion studies, we identified a gene downstream of mcdA 

that we termed maintenance of carboxysome distribution B (mcdB). We found that McdB protein 

is responsible for emergent McdA subcellular dynamics [9] and fluorescent McdB has been shown 

to colocalize with a fluorescent carboxysome reporter in vivo. But how McdB associates with the 

carboxysome remains unknown.  

The ParA/MinD family of ATPases are defined by the presence of two lysine residues 

within their deviant Walker-A motif (KGGXXGKT) required for dimerization, ATP-binding, and 

ATP hydrolysis [113], [114]. Interestingly, S. elongatus McdA lacks the defining amino terminal 

lysine residue of this protein family termed the “signature lysine” [113], suggesting that McdA 

might have an activity uncharacteristic of previously studied ParA/MinD ATPases. While other 

studies [53], [115] have shown that McdA is involved in proper positioning and inheritance of 

carboxysomes, the characterization of its ATPase activity remains unreported.  
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The McdAB carboxysome positioning system is not restricted to S. elongatus. We recently 

discovered that there are two distinct types of McdAB systems (Type 1 and Type 2) responsible 

for positioning β-carboxysomes in β-cyanobacteria [109].  Intriguingly, we also found that α-

carboxysome-containing α-cyanobacteria completely lack the McdAB system. This lack of 

McdAB systems in α-cyanobacteria suggested that α-carboxysome containing proteobacteria may 

also lack McdAB-based positioning [9] because α-carboxysomes are thought to have initially 

emerged in proteobacteria and subsequently horizontally transferred into what we now call α-

cyanobacteria. Surprisingly however, we have found that a distinct McdAB system functions to 

position α-carboxysomes in proteobacteria, using the model chemoautotroph Halothiobacillus 

neapolitanus c2 [68].  

 Here I explored the association between McdA, McdB and nsDNA in vitro for the first 

time. Specifically, I found that purified McdA has non-specific DNA binding activity only in the 

presence of ATP. I also found that McdA possess ATPase activity that is uncharacteristically high 

for ParA family members studied thus far. Additionally, I showed that McdB can directly interact 

with McdA to stimulate its ATPase activity and release it from DNA in vitro, which promotes 

McdA pole-to-pole oscillation in vivo [31]. I also discovered that α-McdA and α-McdB in H. 

neapolitanus interact, similar to their counterparts in the β-cyanobacterium S. elongatus. Taken 

together, the data in this chapter provide a biochemical basis for the mechanism responsible for 

distributing α- and β-carboxysomes in the cell.  
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2.3 Results 

2.3.1 nsDNA binding activity of McdA is ATP-dependent and inhibited by McdB 

In vivo mNG-McdA oscillations seemed to colocalize with the DAPI-stained nucleoid (Fig 2.1) 

[31]. However, given the polyploidy of S. elongatus [116] and the lack of cytoplasmic space, it is 

difficult to determine with certainty that McdA oscillations are occurring on the nucleoid. And if 

this is indeed the case, it is not known if this oscillatory patterning occurs via direct interactions 

with the bacterial chromosome or protein components of the nucleoid. To directly answer these 

questions, I purified McdA to assay its ability to interact with non-specific DNA. While I found 

that wild-type McdA and His-mNG-McdA were insoluble and prone to degradation, an N-terminal 

fusion of McdA to Maltose Binding Protein (MBP) (His-MBP-McdA) was highly soluble. I 

purified this McdA fusion and examined its capacity to bind DNA via an Electrophoretic Mobility 

Shift Assays (EMSA). I observed that His-MBP-McdA significantly shifted non-specific DNA 

(nsDNA) only in the presence of ATP, and showed no appreciable DNA shifts when ADP or the 

non-hydrolyzable ATP-analog ATP-γ-S were added, or in the absence of any nucleotide (Fig. 

2.2A). This result is consistent with our visualization of McdA-GFP-His uniformly binding the 

DNA carpet when infused into a flowcell with ATP [31].  

 Partner proteins to ParA-type ATPases are known to localize to the positioned cargo and 

locally stimulate the ATPase and displace it from the nucleoid [117]–[119]. I therefore assayed if 

McdB influenced McdA binding to a DNA substrate in the EMSA. As shown previously (Fig. 

2.2A), with ATP present, non-specific DNA fragments exhibit slowed mobility in the presence of 

increasing concentrations of purified His-MBP-McdA (Fig. 2.2B). Strikingly, when the 

experiment was conducted with a constant concentration of His-MBP-McdA (2.5 mM), the shift  
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Figure 2.2: McdA binds nsDNA when ATP is present. A and B. Purified His-MBP-McdA slows 
the migration of DNA in an ATP-dependent manner in an EMSA. C. Increasing concentrations of 
McdB-His resolves the gel shift provided by 2.5 µM of His-MBP-McdA and ATP. D. Titration of 
McdB-His alone (no McdA present) shows McdB does not directly bind nsDNA. 
 

in DNA mobility was reversed by addition of increasing amounts of McdB-His (Fig. 2.2C). The 

data suggest that McdB stimulates the release of McdA from DNA. McdB-His alone did not exhibit 

any DNA binding activity in the gel shift assay, which shows the inhibition of McdA binding to 

DNA is not the result of competition for binding the DNA substrate (Fig. 2.2D). Taken together, 

my results show that McdA has ATP-dependent non-specific DNA binding activity, and McdA 

interaction with McdB inhibits this activity. 

 

 

 

A 

B 

C 

D 
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2.3.2 McdA interacts with McdB and McdB associates with carboxysome via its shell-

proteins 

Given the functional association between McdA and McdB in the EMSAs, I sought to determine 

if McdA and McdB directly interact by performing a bacterial two-hybrid assay (B2H) between 

N- and C-terminally tagged McdA and McdB (Fig. 2.3A). McdA and McdB were able to self-

associate in the B2H analysis. Self-association of C-terminally tagged McdA proteins was faint 

but confirmed on X-gal plates (Fig. 2.3B). I also observed a reciprocal interaction between N-

terminally tagged McdA and N-terminally tagged McdB (Fig. 2.3A). However, C-terminally 

tagged McdB failed to show an interaction with McdA, while C-terminally tagged McdA 

association with McdB was dependent upon expression conditions. These results suggest that N- 

 

Figure 2.3: McdA interacts with McdB, but only McdB can interact with carboxysome shell 
proteins. A and B. Bacterial two-hybrid interactions between McdA and McdB tagged at their N-
termini (X-McdA, X-McdB) or C-termini (McdA-X, McdB-X) on a MacConkey agar plate (A) 
and X-gal supplemented LB plate (B). (C) Bacterial two-hybrid of McdA and McdB against 
carboxysome shell proteins. All images are representative of 3 independent trials. 
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terminally tagged McdA only interacts with N-terminally tagged McdB, while C-terminal fusions 

of either protein partially disrupts function. These B2H findings are consistent with our in vivo 

observations where mNG-McdA is fully functional in distributing carboxysomes, whereas McdA-

mNG is not. 

mNG-McdB colocalizes with carboxysomes in vivo, but how McdB associates is unknown. 

I therefore investigated if McdB interaction with the carboxysome is direct, and if so, what 

carboxysome components bind McdB. Carboxysome biogenesis occurs from the inside-out. 

Carboxysomes first form a core structure containing Rubisco and carbonic anhydrase, which are 

coordinated into an ordered array through interactions with CcmM [32], [33], [120], [121]. This 

core is thought to recruit outer shell proteins through the adaptor protein CcmN, thereby forming 

the carboxysome coat [122], [123] (Fig. 1.2B). CcmK2 is the dominant shell protein that composes 

the facets of the shell, and has been shown to directly interact with CcmN [122]. Along with 

CcmK2, proteins CcmO, CcmL, CcmK3, CcmK4, and CcmP are also recruited to complete 

compartmentalization (Fig. 1.2B) [34], [37], [124], [125], although the relative arrangement of 

these structural components of the shell remains uncertain. I explored if the outer shell proteins of 

the carboxysome could be involved in recruiting McdB through a bacterial two-hybrid screen. 

Using N-terminally tagged McdA or McdB as bait, the assay suggested N-terminally tagged McdB 

interacts with the shell proteins CcmK2, CcmK3, CcmK4, CcmL, and CcmO, but not CcmP (Fig. 

2.3C). In contrast, I did not find evidence for direct interaction between McdA and any 

carboxysome component (Fig. 2.3C, top row). Taken together, my findings further support a direct 

interaction between McdA and McdB, while McdB association with the carboxysome is mediated 

by multiple shell protein interactions.  
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2.3.3 McdA has ATPase activity that is stimulated by McdB and nsDNA 

The ParA/MinD family of ATPases are defined by the presence of two lysine residues within their 

deviant Walker-A motif (KGGXXGKT) required for dimerization, ATP-binding, and ATP 

hydrolysis [114]. Interestingly, S. elongatus McdA lacks the signature amino terminal lysine 

residue (Fig. 2.4A, top panel), suggesting that McdA might have an ATPase activity 

uncharacteristic of members from this family. Therefore, I first set out to determine if McdA had 

ATPase activity. His-MBP-McdA displayed strong ATPase activity alone, significantly higher 

(>200 fold) than that of traditional ParA family ATPases, such as SopA of F plasmid and ParA of 

P1 plasmid (Fig. 2.4A). Because the ATPase activity was uncharacteristically high, I confirmed 

that the measured ATPase activity co-eluted with His-MBP-McdA from a size exclusion 

chromatography column and could not be attributed to a contaminating ATPase (Fig. 2.4B). 

Relative to the constant specific activity of F SopA-His and P1 ParA with increasing protein 

concentrations (Fig. 2.4C), the specific ATPase activity of His-MBP-McdA declined at higher 

protein concentrations (Fig. 2.4D). This decrease in ATPase activity was not due to substrate 

limitation during the course of the in vitro assay, as ATP was provided in excess, but could be 

indicative of a regulatory mechanism or product inhibition that is not characteristic of traditional 

ParA family members. 

ParB partners stimulate the ATPase activity of their cognate ParA synergistically with 

nsDNA [117]–[119]. ParB stimulation is suggested to be coupled to ParA release from the nucleoid 

in the vicinity of ParB-bound cargo, as ADP does not support ParA binding to nsDNA [83]–[85], 

[110]. I tested whether McdB-His could stimulate McdA ATPase activity, analogously to 

traditional ParB members. When adding only nsDNA or McdB-His to the reactions, I observed 

very mild stimulation of His-MBP-McdA ATPase activity (Fig. 2.4E). When both nsDNA and  
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Figure 2.4: McdA has an uncharacteristically high ATPase activity that is stimulated by 
nsDNA and McdB. A. (Top) The deviant Walker A-box motif and specific activities of McdA, F 
SopA-His and P1 ParA with and without DNA. (Bottom) Comparison of the ATPase activities of 
His-MBP-McdA, F SopA-His, and P1 ParA in the presence (solid line, filled symbols) and absence 
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(dashed line, open symbols) of nsDNA. B. Coelution of ATPase activity with His-MBP-McdA 
concentration. Purified His-MBP-McdA was further purified over a Superdex 200 column. Protein 
concentration (bar) and ATPase activity (line) were measured for each fraction indicated. Inset 
shows an SDS-PAGE gel of the purified fractions. C. Comparison of ATPase-specific activity of 
P1 ParA and F SopA-His in the presence (solid line) and absence (dashed line) of nsDNA. D. 
Concentration dependency on the specific activity of His-MBP-McdA in the presence (solid line) 
and absence (dashed line) of nsDNA. E. ATPase activity assays of His-MBP-McdA reveals 
stimulatory roles of DNA and McdB-His. F. Comparison of the ATPase activity of His-MBP-
McdA in the presence of increasing McdB concentration with (solid line) or without (dashed line) 
nsDNA present. Error bars represent SD from at least three independent experiments. 
 

McdB-His were added simultaneously, the ATPase activity of His-MBP-McdA was further 

stimulated (Fig. 2.4E). Intriguingly, in comparison to classic examples within the ParA/ParB 

family, McdB stimulation of McdA ATPase activity is relatively mild (2–3 fold; Fig. 2.4F).  

Overall, the unusually high ATPase activity of McdA compared to more canonical ParA 

family members could be indicative of biochemical adaptations that are important in the trafficking 

of high-copy protein-based cargos, such as the carboxysome, as opposed to low-copy genetic 

cargos, such as a plasmid or chromosome. 

 

2.3.4 α-McdA self-associates and interacts with monomeric α-McdB 

Carboxysomes are categorized into two major groups; β-carboxysomes that are prevalent in 

cyanobacteria like S. elongatus and α-carboxysomes that are present in some chemoautotrophs 

such as H.  neapolitanus [10]. MacCready et al. suggested that many anoxygenic photosynthetic 

proteobacteria as well as chemoautotrophic bacteria also possess α-carboxysomes and potentially 

encode for McdA and McdB within their carboxysome operon [109]. We have recently identified 

a novel α-McdAB system responsible for positioning α-carboxysomes in H. neapolitanus which 

display some shared characteristics with the β-McdAB system in S. elongatus [68]. Similar to what 

I have done in S. elongatus, I sought to determine if α-McdA and α-McdB of H.  neapolitanus self-
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associate and directly interact with each other via B2H assays in E. coli. Consistent with ParA 

family members forming dimers [126], α-McdA was positive for self-association (Fig. 2.5). Also, 

like the β-McdAB system of S. elongatus, α-McdA directly interacts with α-McdB. Surprisingly, 

however, I found that H. neapolitanus α-McdB did not self-associate, whereas S. elongatus β- 

 
Figure 2.5: α-McdB interacts with α-McdA. A. Bacterial-Two Hybrid (B2H) analysis of α-McdA 
and α-McdB.  α-McdA was positive for self-association. α-McdA directly interacts with α-McdB. 
α-McdB did not self-associate. B2H image is representative of three independent trials. B. SEC-
MALS plot for a representative β- McdB Type 1 (S. elongatus McdB; monomer MW = 17 kDa), 
β- McdB Type 2 (Synechococcus sp. PCC 7002 McdB; monomer MW = 21 kDa), and α- McdB 
(H. neapolitanus McdB; monomer MW = 10 kDa). 
 

McdB strongly self-associates (Fig. 2.3A, B). It is difficult to draw firm conclusions on the lack 

of McdB self-interaction because the T18/T25 domains may sterically hinder the interaction, or 

influence protein stability. Therefore, we subsequently performed Size Exclusion 

Chromatography—Multiple Angle Laser Light Scattering (SEC-MALS) and found that purified 

H. neapolitanus α-McdB, indeed, remains a monomer in solution while β- McdB proteins can form 

higher-order oligomers (Fig. 2.5B). This difference in α- and β-McdB self-association has 

implications for understanding how McdB proteins are recruited to structurally distinct α- and β-  

carboxysomes as well as how McdBs interact with their cognate McdA ATPase on the nucleoid. 
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2.4 Discussion 

Carboxysomes are essential components of the photosynthetic metabolism of cyanobacteria, yet 

the mechanisms underlying their positioning within the cell has remained an outstanding question. 

Prior work in S. elongatus showed that a ParA-like protein (McdA) was required for maintaining 

carboxysome positioning [53]. Our model of self-organized carboxysome positioning is both 

informed by the ParA-based mechanisms used to segregate low-copy number plasmids, but also 

provides a novel platform to study the dynamics of self-organized protein segregation systems. 

Low-copy plasmids often contain DNA regions (e.g. parS) that are bound by ParB. The resulting 

nucleoprotein complex drives the directed and persistent movement of the plasmid or chromosome 

cargo by chasing increased concentrations of ParA on the nucleoid [85], [99]. In this way, it is 

proposed that ParA can provide a positional cue allowing genetic cargo to ‘surf’ along the larger 

bacterial chromosome without the use of a separate cytoskeletal system [127].  

Here, I observe activities for McdA that are consistent with other ParA family members, 

including ATP-dependent DNA binding (Fig. 2.2A-B), self-association (Fig. 2.3A-B), and ATPase 

activity stimulated by DNA and its partner protein (Fig. 2.4E). Taken together, these results 

suggest that McdA attaches to the nucleoid body at the center of the cell, using it as a scaffolding 

surface to support an ATP-driven oscillating wave from one end of the cell to the other [31]. In 

this chapter, I also provide evidence that carboxysomes are dynamically tethered to the nucleoid 

through interactions between carboxysome-associated McdB and nucleoid-bound McdA. These 

results provide our first insights into the molecular mechanism of carboxysome positioning by the 

McdAB system, and provide the first biochemical characterization in the literature of this unusual 

ParA-family member. 
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2.4.1 McdA is a ParA-like ATPase that utilizes the nucleoid to position McdB-bound 

carboxysomes 

While conceptual similarities exist between ParAB-based plasmid partitioning and McdAB-based 

carboxysome positioning, a number of key distinctions separate the proposed mechanisms of 

action. S. elongatus McdA lacks the signature lysine residue in the Walker A box that defines the 

ParA family of ATPases (KGGXXGT; Fig. 2.4A). The serine substitution in McdA at a position 

universally conserved in ParA members may underlie the unusually high ATPase activity of McdA 

(Fig. 2.4A), which displays a maximum specific activity that is roughly two orders of magnitude 

greater than that of other well-studied ParA systems [85], [128]. McdB is an even more divergent 

protein, bearing no identifiable sequence similarity to any known ParB proteins; indeed, no 

homologous proteins have been characterized in other species [109]. This novel protein also 

recognizes and binds a large protein-based cargo (carboxysomes; Fig. 2.3C), further distinguishing 

it from all characterized ParB-like proteins that recognize genetic cargo [109]. Even though McdB 

and ParB share no similarity, I find that McdB: (i) interacts with McdA (Fig. 2.3A), (ii) stimulates 

McdA ATPase activity (Fig. 2.3E-F) and (iii) removes McdA from DNA (Fig. 2.2C); analogous 

roles played by ParB in well-characterized plasmid partitioning systems. In addition, we observed 

in our previous work that a pool of McdB enriched at the carboxysome is necessary to locally 

deplete McdA, suggesting that prolonged McdB activity may stimulate the local release of McdA 

from the nucleoid. We propose that McdB is therefore acting to interface carboxysomes with 

nucleoid-bound McdA, processively pulling this protein cargo towards the highest local McdA 

concentration, and thereupon stimulating McdA ATPase activity and release. The parallels 

between features of the McdAB system and Brownian-ratchet ParAB models make it tempting to 

speculate that McdB has a distinct evolutionary origin from ParB-family members, but that these 
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independent protein families convergently evolved to use dynamic gradients of ParA-like proteins 

on the nucleoid to segregate entirely different classes of macromolecular structures [109]. 

 

2.4.2 McdB as the localized adaptor protein that mediates McdA’s interaction with α- and 

β-carboxysomes 

The colocalization between mNG-McdB and carboxysomes (RbcS-mTQ) (Fig. 1.4B), coupled 

with the carboxysome requirement for providing site-specificity to mNG-McdB in vivo, provide 

strong evidence that McdB is associating with carboxysomes and that this interaction is needed for 

emergent dynamics of McdA (Fig. 1.4A, Movie 1.1). It is curious that McdB is able to associate 

with a number of different shell proteins as shown my B2H assay (Fig. 2.3C). The most 

parsimonious hypothesis is that McdB-carboxysome shell interactions are mediated by structural 

and/or charge features common to many distinct shell proteins. Indeed, evolutionarily distant 

hexameric shell proteins of the bacterial microcompartment (BMC-H) family share a number of 

similarities in structural features and key residues at hexamer interfaces that are largely conserved 

[29], [129], [130]. This suggests some of these common structural features could be important in 

mediating interactions with McdB, which might explain why McdB displays an interaction with 

different shell protein paralogs. My B2H analysis also indicates that McdB may have a higher 

affinity to some shell proteins (CcmK2 and CcmK3) than others (CcmK4, CcmL and CcmO) (Fig. 

2.3C). This may be related to the observation of clustered carboxysomes in ∆ccmK3-4 mutants 

[34], as this may reduce the amount of McdB recruited to the carboxysome surface. We note 

however, that given McdB’s poor sequence conservation [109] and without further knowledge of 

the structure and interaction domains of McdB, we cannot rule out that McdB is a ’sticky’ protein 

by the B2H assay (Fig. 2.3C) and is instead recruited through an alternative adaptor protein to the 
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vicinity of carboxysomes. Moreover, deleting individual shell components, such as CcmK2, CcmL 

or CcmO, prevents mature carboxysomes formation and subsequent biogenesis [33], preventing in 

vivo testing of McdB/carboxysomes interaction. Additional experiments will be required to 

identify the domain(s) that mediate McdB-carboxysome shell interaction, and without a more 

detailed analysis, it remains possible that McdB can directly integrate within the shell of mature 

carboxysomes. Some indirect evidence would argue against the possibility that McdB is an integral 

shell protein, including both our observation that ∆mcdB strains did not possess a high CO2-

requiring phenotype and McdB has not been identified in previously published carboxysome 

purification studies [5]. 

Protein sequence analysis of α-McdB proteins suggested that they are almost completely 

disordered meanwhile β-McdB proteins are predicted to possess coiled-coil regions, suggesting 

that these proteins form oligomers [68]. Purified S. elongatus Type 1 β-McdB has been shown to 

form a hexamer complex [68] meanwhile H. neapolitanus α-McdB remained a monomer (Fig. 

2.5B). These findings are consistent with my B2H data, where β-McdB of S. elongatus strongly 

self-associates (Fig. 2.3A-B), whereas H.  neapolitanus α- McdB showed no self-association (Fig. 

2.5A). We conclude that the predicted coiled-coil domains exclusive to β-McdB proteins are likely 

required for oligomerization and are important for β-carboxysome positioning and function, 

whereas α-McdB proteins function as monomers.  

Collectively, my results in this chapter have important implications for understanding the 

biochemical characteristics of diverse McdA and McdB proteins as it relates to structurally and 

phyletically distinct α- and β-carboxysomes, and also have much broader implications for 

understanding the equidistant positioning of diverse catabolic BMCs across the bacterial domain. 
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2.5 Materials and Methods 

2.5.1 Bacterial Two-Hybrid Analysis 

N- and C-terminal T18 and T25 fusions of McdA, McdB and shell proteins CcmK2, CcmK3, 

CcmK4, CcmL, CcmO and CcmP were constructed using plasmid pKT25, pKNT25, pUT18C and 

pUT18, sequence-verified and co-transformed into E. coli BTH101 in all pairwise combinations 

[131]. Several colonies of T18/T25 cotransformants were isolated and grown in LB medium with 

100mg/ml ampicillin, 50mg/ml kanamycin and 0.5 mM IPTG overnight at 30°C with 225rpm 

shaking. Due to the self-assembling nature of carboxysome shell proteins, overnight IPTG induc-

tion for cotransformants bearing T18/T25 shell protein fusions was carried out at 0.1 mM IPTG. 

Overnight cultures were spotted on indicator MacConkey plates supplemented with 100mg/ml 

ampicillin, 50mg/ml kanamycin and 0.5 mM IPTG. Plates were incubated at 30°C up to 48 hr 

before imaging. 

 

2.5.2 6xHis-MBP-McdA expression and purification 

Due to insolubility issues encountered when expressing McdA fusions, a construct was designed 

where a 6xHis-MBP-tag was encoded upstream of a Tobacco Etch Virus (TEV) cleavage site and 

fused to the N-terminus of the mcdA gene in a pET15b expression backbone to create pAH2 

plasmid. pAH2 was transformed into ArcticExpress (DE3) competent cells (Agilent) and protein 

expression was carried out by growing transformants at 37°C and 225 rpm until an OD600 of 0.6–

0.8 was reached. Following an ice bath plunge to lower the culture temperature to 15°C, protein 

expression was induced with the addition of 0.5 mM IPTG. Induction was allowed to continue 

overnight at 15°C. The cells were pelleted, flash frozen with liquid nitrogen, and stored at -80 ̊C. 

Cells were then lysed in Buffer A (50 mM HEPES pH 7.6, 50 mM KCl, 10% glycerol, 20 mM 



 42 

imidazole pH 7.4, 5 mM BME, 50 mg/ml lysozyme, 1.25 kU benzonase, 2 protease inhibitor 

cocktail tablets) using a probe sonicator with 15 s on, 15 s off pulsation for 8 min. Cell debris was 

removed by centrifugation at 14,000 rpm for 40 min in a FiberliteTM F15-8 x 50 cy Fixed Angle 

Rotor (ThermoFisher Scientific) and the resulting lysate was filtered through a 0.45 mm syringe 

filter prior to being loaded onto a HiTrapTMQ HP 5 ml cassette (GE) connected in tandem to a 5 

ml HiTrapTM TALON Crude cassette (GE). The protein was eluted from the Q cassette with a 50 

mM – 1 M KCl gradient in an anion exchange chromatography step. The His-tagged protein was 

then eluted from the TALON column with a 20 mM –1M imidazole gradient. Peak fractions were 

pooled, concentrated and further separated by gel filtration on a Superdex200 10/300 GL column 

(GE) pre-equilibrated with 50 mM HEPES pH 7.6, 50 mMKCl, 10% glycerol, 5 mM DTT. 

Individual peak fractions were concentrated to no higher than 20mM and frozen aliquots were kept 

at -80°C. 

 

2.5.3 ATPase Assay 

ATPase assays were performed in a buffer containing 50 mM HEPES (pH 7.6), 10 mM MgCl2, 

100mM KCl, 0.1 mg/ml BSA, 2 mM DTT, and 0.1 mg/ml sonicated salmon sperm DNA (when 

present). Unlabeled ATP was spiked with [g-32P]-ATP and purified from contaminating 32Pi prior 

to use with a 1 ml gel filtration (P-2 fine resin, Bio-Rad) column. The radiolabeled ATP mix was 

added to reactions at 1 mM. Reactions were assembled on ice at the protein concentrations 

indicated, with His-MBP-McdA, McdA-GFP-His, F SopA-His or P1 ParA being added last. The 

20 µl reactions were incubated for 1 hr at 30 ̊C and immediately quenched by adding 10 ml of a 

1% SDS, 20 mM EDTA solution. Two microliters of the quenched reactions were spotted and 

analyzed by thin-layer chromatography as previously described [132]. Due to the feeble ATPase 
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activities of SopA-His and P1 ParA, specific activities were determined from experiments carried 

out as shown above, but the 30°C incubation period was carried out for 3 hr. 

 

2.5.4 DNA binding assay 

Electrophoretic mobility shift assays (EMSAs) were performed in a final reaction volume of 10 µl 

in a buffer containing 50 mM HEPES (pH 7.6), 5 mM MgCl2, and 100 mM KCl with 10 nM 

pUC19 plamsid (2.8 kb) as the DNA substrate. At the concentrations indicated, His-MBP-McdA 

was incubated for 30 min at 23°C with ADP, ATP or ATPgS (1 mM). When used, McdB-His was 

added at the concentrations specified. Reactions were then mixed with 1 µl 80% glycerol, run on 

1% agarose gel in 1X TAE at 110V for 45 min and stained with ethidium bromide for imaging. 

The peak fractions representing the dimer form of His-MBP-McdA from Superdex200 size 

exclusion chromatography were used. 

 

2.5.5 Size-exclusion chromatography with multi- angle light scattering (SEC–MALS) 

Five hundred μl of the α-McdB at 1.5 mg/ml was passed over an SEC column (Superdex 200 

Increase 10/300 GL; GE Healthcare Life Sciences) at a flow rate of 0.15 ml/min in buffer (50   mM 

Tris-HCl pH 8.5, 150 mM KCl, 5 mM BME) at 4°C. Following SEC, the sample were analyzed 

using an A280 UV detector (AKTA pure; GE Healthcare Life Sciences), the DAWN HELEOS-II 

MALS detector (Wyatt Technology), and the Optilab rEX refractive index detector (Wyatt 

Technology). The data were analyzed to calculate mass using ASTRA software (Wyatt 

Technology). Bovine serum albumin was used as the standard for calibration. 
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CHAPTER III 

 

Dissection of the ATPase Active Site of McdA Reveals the Sequential Steps 

Essential for Carboxysome Distribution 

 

This chapter is based in full on the previously published article listed below. Y Hoang conducted 

the experiment and data analysis to generate Figures 3.3A and portions of Figure 3.5C. I performed 

all other experiments and data analysis shown in this chapter.  

P. Hakim, Y. Hoang and A.G. Vecchiarelli, “Dissection of the ATPase active site of McdA reveals 

the sequential steps essential for carboxysome distribution”. Mol Biol Cell, vol. 32, no. 20, pp. 1–

14, 2021, doi:10.1091/mbc.E21-03-015. 

 

3.1 Abstract 

Carboxysomes, the most prevalent and well-studied anabolic bacterial microcompartment, play a 

central role in efficient carbon fixation by cyanobacteria and proteobacteria. In previous studies 

(see Chapter 2), we identified the two-component system called McdAB that spatially distributes 

carboxysomes across the bacterial nucleoid. McdA, partition protein A (ParA)-like ATPase, forms 

a dynamic oscillating gradient on the nucleoid in response to the carboxysome-localized McdB.   

As McdB stimulates McdA ATPase activity, McdA is removed from the nucleoid in the vicinity 

of carboxysomes, propelling these proteinaceous cargos toward regions of highest McdA 
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concentration via a Brownian-ratchet mechanism. How the ATPase cycle of McdA governs its in 

vivo dynamics and carboxysome positioning remains unresolved. Here, by strategically 

introducing amino acid substitutions in the ATP-binding region of McdA, I sequentially trap 

McdA at specific steps in its ATP cycle. I map out critical events in the ATPase cycle of McdA 

that allows the protein to bind ATP, dimerize, change its conformation into a DNA-binding state, 

interact with McdB-bound carboxysomes, hydrolyze ATP, and release from the nucleoid. I also 

find that McdA is a member of a previously unstudied subset of ParA family ATPases, harboring 

unique interactions with ATP and the nucleoid for trafficking their cognate intracellular cargos. 

3.2 Introduction 

ParA family members are defined by the presence of a deviant Walker A motif, along with Walker 

A’ and Walker B motifs [4]. Aside from these motifs that make up the ATP-binding pocket, few 

similarities exist at the sequence level. But structurally, all ParA family members solved to date 

form very similar nucleotide-sandwich dimers [5], [6], [7]. ATP binding stabilizes dimerization 

because of an invariant “signature” lysine residue that defines the deviant Walker A box, which 

makes cross-contacts with the γ-phosphate of the opposing monomer making up the sandwich 

dimer [8]. 

A growing list of protein-based cargos have been shown to also require a ParA-type 

ATPase for their subcellular organization, including carboxysomes [1], [2]. In 2010, Savage and 

colleagues showed that a ParA-like ATPase, now termed Maintenance of carboxysome 

distribution protein A (McdA), was required for the equidistant positioning of carboxysomes down 

the length of the rod-shaped cyanobacterium Synechococcus elongatus PCC 7942 (henceforth S. 

elongatus) [26]. More recently, I found that McdA functions with a partner protein, called McdB, 



 49 

which I found associates with the carboxysome cargo and is required for the dynamic oscillatory 

behavior of McdA in vivo [27] (see Chapter 2). ATP-bound McdA has nonspecific DNA-binding 

activity and McdB stimulates McdA ATPase activity as well as its release from a nsDNA substrate 

in vitro. From these biochemical findings, I proposed that McdB-bound carboxysomes locally 

stimulate the release of McdA from the nucleoid, and the resulting McdA gradients are then used 

to drive the movement and equidistant positioning of carboxysomes across the nucleoid region of 

the cell; akin to DNA partitioning by ParABS systems. However, it remains to be determined how 

the ATP cycle of McdA governs the molecular events required for its dynamic oscillatory 

patterning and the positioning of McdB-bound carboxysomes across the nucleoid.  

There are notable differences that set S. elongatus McdA apart from classical ParA family 

ATPases. For example, the signature lysine residue that defines the ParA family is absent in the 

deviant Walker A box of McdA. Also intriguing was my finding that McdA possesses a 

substantially higher ATPase activity compared with ParA ATPases involved in DNA partitioning 

[15], [27], [28] (See Chapter 2). These differences drove us to dissect the molecular events of 

carboxysome positioning by McdA and identify how these steps are coupled to its ATP cycle.  

Despite these differences, it was recently shown that an McdA homolog shares the adenine-

nucleotide sandwich dimer structure solved for several other ParA family ATPases [6] (Fig. 3.1A). 

Additionally, many of the invariant amino acids critical for ATP-dependent functions are also 

conserved in McdA, with the exception of the signature lysine residue in the Walker A box (Fig. 

3.1A-B). To dissect how ATP binding and hydrolysis mediates McdA function in carboxysome 

positioning, I introduced strategic amino acid substitutions in the ATP-binding pocket of McdA. 

The mutations are synonymous with “trap” mutants made in several well-studied ParA family 

members involved in the positioning of plasmids [15], [20], [29]–[31], chromosomes [32], the 
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divisome [33]–[35], flagella [36], [37], and chemotaxis clusters [38], [39] (Fig. 3.1C). The data 

presented in this chapter connect key steps in the ATP cycle of McdA to the stepwise events 

required for distributing McdB-bound carboxysomes across the cyanobacterial nucleoid. 

 

3.3 Results 

3.3.1 Strategy for trapping and imaging McdA at specific steps of its ATPase cycle 

I performed in vivo fluorescence microscopy to determine how McdA dynamics and carboxysome 

organization were altered for McdA mutants predicted to be trapped at specific steps of its ATP 

cycle based on synonymous mutants of biochemically characterized ParAs (Fig 3.1C). To visualize 

carboxysomes, as also shown in Chapter 2, the fluorescent protein monomeric Turquoise2 (mTQ) 

was fused to the C-terminus of the small subunit of the Rubisco enzyme (RbcS) yielding RbcS-

mTQ. RbcS-mTQ was expressed using a second copy of its native promoter, inserted at neutral 

site 1 (NS1) in addition to wild-type rbcS at its native locus. NS1 is a well-characterized integration 

site on the S. elongatus chromosome where insertions have been shown to have no significant 

effects on cellular physiology [40]. To simultaneously image the McdA trap mutants in our 

carboxysome reporter strain, the amino acid substitutions were made in the ATP-binding pocket 

of our McdA variant that was N-terminally fused to the fluorescent protein monomeric NeonGreen 

(mNG) [41]. As shown in Chapter 2, mNG-McdA is fully functional for carboxysome positioning 

when expressed as the only copy of McdA at its native locus [27]. Finally, I also performed phase-

contrast imaging to monitor for changes in cell morphology, as we have recently shown that 

carboxysome mispositioning in mcdA or mcdB deletion strains triggers cell elongation, which we 

proposed is a response to carbon limitation in this obligate photoautotroph [42]. 
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Figure 3.1: McdA shares structure and sequence conservation with ParA-type ATPases.  
A. The crystal structure of Cyanothece McdA[D38A] (blue; PDB entry 6nop) was superimposed 
on to the modeled structure of S. elongatus McdA (green) with ATP molecules (sticks) in the 
sandwich dimer interface (left). The ATP-binding pocket of McdA showing amino acid residues 
mutated in this study (right). B. Amino acid sequence alignment of the Walker A, A’, and B motifs 
conserved among ParA family ATPases. Invariant residues are shaded gray. The signature lysine 
(green), invariant glycine (orange) and catalytic lysine (purple) in the Walker A motif and the 
catalytic aspartate (blue) in the Walker A’ motif were mutated in this study. C. Summary of 
strategic mutations studied in ParA family members and their associated phenotypes; Cc: 
Caulobacter crescentus, Mx: Myxococcus xanthus. 
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3.3.2 Predicted ATP binding and dimerization mutants of McdA are diffuse in the 

cytoplasm and carboxysomes are mispositioned 

I first set out to determine the in vivo localization pattern of McdA mutants predicted to be unbound 

from ATP, and its impact on carboxysome positioning. I substituted the invariant catalytic lysine 

to an alanine (K15A) or glutamine (K15Q) in the deviant Walker A box of McdA (Fig. 3.1B). 

Synonymous mutations in several other ParA-type ATPases have been shown to prevent ATP 

binding (Fig 3.1C). In wild-type S. elongatus cells, as shown previously, mNG-McdA oscillates 

on the nucleoid to equidistantly position RbcS-mTQ-labeled carboxysomes down the long axis of 

the cell (Fig. 3.2A, Movie 1.1 and 3.1). Both predicted ATP-binding mutants of McdA no longer 

oscillated on the nucleoid, but rather were found to be diffuse in the cytoplasm and carboxysomes 

were mispositioned (Fig. 3.2B-C, Movie 3.1). I then substituted the invariant glycine to a valine 

(G11V) in the deviant Walker A box of McdA (see Fig. 3.1B-C), which allows for ATP binding, 

but the bulky side-chain of valine sterically prevents dimerization [1].  As with the predicted ATP-

binding mutants, the predicted dimerization mutant of McdA was also diffuse in the cytoplasm, 

and carboxysomes were no longer uniformly distributed in the cell (Fig 3.2D). Immunoblot 

analysis against McdA showed that these mutants were expressed at levels slightly lower or similar 

to that of wild type (Fig 3.3A). Therefore, the diffuse localization observed for these variants was 

not due to cleavage of the fusion proteins. When I compared the nearest-neighbor spacing of 

carboxysome foci as a function of cell length, wild-type showed the same uniform spacing (0.6 ± 

0.2 µm) regardless of cell length (Fig. 3.E-F). All three mutants, on the other hand, displayed 

increased spacing, and variability in spacing, as cell length increased. The average cell lengths of 

the predicted ATP-binding and dimerization mutants were significantly longer   compared with 

the  
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Figure 3.2: McdA mutants predicted to be deficient in ATP binding and dimerization are 
unable to interact with the nucleoid and position carboxysomes. A. mNG-McdA dynamically 
oscillates and positions carboxysomes labeled with RbcS-mTQ (cyan). B-D. Predicted ATP-
binding (K15A and K15Q) and dimerization (G11V) mutants of mNG-McdA no longer oscillate 
and carboxysomes aggregate. Cell outlines in fluorescent channels are based on the phase-contrast 
image. E. Spacing between carboxysome foci in the same cell. F. Distribution of spacing between 
carboxysome foci as a function of cell length. For E and F: WT n = 558 cells; n > 200 cells per 
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mutant strain. G. Cell lengths of specified strains. WT n = 561 cells; n > 400 cells per mutant 
strain. H. Number of carboxysome foci per unit cell length for each strain. WT n = 578 cells; n > 
200 cells per mutant strain. I. Carboxysome foci intensity for each cell strain (arbitrary units = 
AU). WT n = 1925 foci; n > 1000 foci per mutant strain. Data represent median with interquartile 
range. ***p < 0.001, **p < 0.005 by Kruskal–Wallis test. J-M. Microscopy images of cells with 
ciprofloxacin-compacted nucleoids. mNG-McdA and the specified variants (yellow), 
carboxysome foci (cyan), and DAPI-stained nucleoids (magenta). Carboxysome and DAPI 
channels are merged. All PCC values were calculated from the merged RbcS-mTQ and DAPI 
channels from at least 300 cells per cell population. Scale bars: 5 μm. 
 

wild-type strain (Fig. 3.2G); spacing resulted in fewer carboxysome foci per unit cell length (Fig. 

3.2H). Comparing the fluorescence intensity of carboxysome foci suggested that the increased 

spacing in all three mutant populations was the result of carboxysome aggregation (Fig. 3.2I). 

Overall, McdA mutant strains predicted to be defective for ATP binding and dimerization 

displayed a cell elongation phenotype, and possessed few and irregularly spaced carboxysome 

aggregates. These phenotypes match what I have previously observed in the mcdA deletion strain 

[42], which suggests a complete loss of function in carboxysome positioning when McdA cannot 

bind ATP and dimerize. 

 

3.3.3 ATP binding and dimerization are predicted to be required for McdA to position 

carboxysomes on the nucleoid 

Plasmids deleted for their ParA-type partitioning system are no longer distributed along the 

nucleoid. Rather, the plasmids become nucleoid "excluded" [2], [43], [44]. I have shown that 

nucleoid exclusion also occurs for carboxysomes in S. elongatus strains deleted for mcdA [27]. I 

set out to determine if carboxysomes are nucleoid excluded in the predicted ATP-binding and 

dimerization mutants of McdA. Due to the polyploid nature of S. elongatus, DAPI staining does 

not easily resolve the nucleoid region from the cytoplasm (Fig. 3.3C). I therefore used the gyrase  
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Figure 3.3: Fluorescent McdA fusion proteins are intact and expressed at similar level with 
wildtype. A. Immunoblot quantification of mNG-McdA variants in S. elongatus cells probed 
against McdA polyclonal antibody. Bands in the dashed blue box represent mNG-McdA, which is 
absent in our ΔmcdA strain [42]. Bands marked with * and ** are non-specific proteins also present 
in immunoblots of the ΔmcdA strain. Non-specific band ** was used to mNG-McdA band 
intensities across samples loaded in the same gel. Immunoblot analysis was performed in triplicate. 
Data represent the mean and SD. * p < 0.05, ns = not significant by Welch’s t test. Black dashed 
line denotes that the [S10K, K151S] lane was run on a different gel. B. Comparison of cell lengths 
among WT and the specified McdA mutants. WT n = 558 cells; n > 380 cells per mutant strain. 
*** p < 0.001 by Kruskal-Wallis test. C. Microscopy images of cells expressing mNG-McdA (as 
in Fig. 3.2A), but with DAPI-stained nucleoids (magenta). Scale bars: 5 μm. D. Line scans of 
carboxysome and nucleoid signals of specified strains. Each line scan graph is from a 
representative cell from each strain. 
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inhibitor ciprofloxacin to induce nucleoid compaction [45], which increased the cytoplasmic space 

observable by epifluorescence microscopy. Conveniently, when wild-type S. elongatus cells were 

treated with ciprofloxacin, mNG-McdA still oscillated on the compacted nucleoid (Movie 3.2), 

and carboxysomes were still distributed over the nucleoid region of the cell and not in the 

cytoplasmic spaces.  The Pearson correlation coefficient (PCC) was used to indicate the degree of 

colocalization [46] between the DAPI-stained nucleoid and RbcS-mTQ-labeled carboxysomes 

(PCC = 0.66, n = 324 cells) (Fig. 3.2J; Table 3.1). The predicted ATP-binding and dimerization 

mutants of mNG-McdA, on the other hand, remained diffuse in the cytoplasm and carboxysomes 

were nucleoid excluded, but in a surprising manner (Fig. 3.2K-M). Rather than having 

carboxysomes randomly distributed in the cytoplasmic region of the cell, the carboxysome 

aggregates butted up against the ends of the compacted nucleoid (Fig. 3.3D). As a result, the PCC 

values calculated for carboxysomes and the nucleoid signal were significantly lower for all three 

mutant strains (PCC mNG-McdA[K15A] = 0.49, n = 338 cells; mNG-McdA[K15Q] = 0.40, n = 

305 cells; mNG-McdA[G11V] = 0.47, n = 365 cells) compared with the wild-type strain (PCC = 

0.66, n = 324 cells). (Fig. 3.2J-M, merged panels, and Table 3.1). A similar observation was 

recently found for plasmids lacking their partition system [44], suggesting this is a widespread 

mesoscale phenomenon for both genetic and proteinaceous complexes in a bacterial cell.  

I am currently unable to purify the McdA variants used in this study due to solubility issues. 

The McdA mutations made here were modeled after the biochemically characterized mutants of 

other ParA family proteins (Fig. 3.1C). Many of these ParA family ATPases have been shown to 

be monomeric in their apo forms and dimerize on ATP binding, which then licenses nsDNA 

binding in vitro or nucleoid binding in vivo [1], [3]. Taken together, our data suggest that ATP 
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binding and dimerization are prerequisite steps needed for McdA to bind the nucleoid and 

distribute carboxysomes within the nucleoid region of the cell. 

 

3.3.4 The predicted ATP-Trap mutant McdA[D39A] does not associate with the nucleoid 

or McdB in vivo 

To solve the sandwich-dimer structure of an McdA homolog from the cyanobacterium Cyanothece 

sp. PCC 7424, the Schumacher group made an ATP-trap mutant by substituting the catalytic 

aspartate residue to an alanine in the Walker A’ box (see Fig. 3.1A-B) [6]. Synonymous ParA 

family mutants have been shown to form ATP-bound dimers competent for DNA-binding and 

interaction with their cognate ParB, but are deficient in ATP-hydrolysis (see Fig. 3.1C). I made 

the corresponding mutation in McdA (D39A) to determine the in vivo localization pattern of an 

McdA mutant presumably trapped as an ATP-bound dimer, and its effect on carboxysome 

positioning. Unexpectedly, mNG-McdA[D39A] was diffuse in the cytoplasm and carboxysomes 

were mispositioned in a manner that was identical to our predicted ATP-binding and dimerization 

mutants of McdA (Fig. 3.4A). Immunoblot analysis verified that the diffuse localization was not 

due to cleavage of the fusion protein (Fig. 3.3A). The data suggest McdA[D39A] cannot bind the 

nucleoid due to a loss in non-specific DNA binding activity. The Schumacher group showed that 

ATP-bound McdA[D38A] from Cyanothece can dimerize and bind a non-specific DNA substrate 

in vitro [6], however the affinities for dimerization and interaction with DNA were not compared 

to wild-type McdA. Since S. elongatus McdA is highly insoluble, I purified the McdA homolog 

from Cyanothece (CtMcdA) and its ATP-trap variant CtMcdA[D38A] (used to solve the McdA 

structure), and found via electrophoretic mobility shift assays (EMSAs) that CtMcdA[D38A] has 

significantly reduced DNA-binding activity compared to wild-type (Fig. 3.4B). This finding is  
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Figure 3.4: The predicted ATP-trap mutant McdA[D39A] does not associate with DNA in 
vivo and in vitro. A. Microscopy images of the mNG-McdA[D39A] strain of S. elongatus. Scale 
bars: 5 μm. B. Electrophoretic Mobility Shift Assay (EMSA) showing that wildtype CtMcdA binds 
and slows the migration of a non-specific plasmid DNA substrate in the presence of 1 mM ATP, 
while CtMcdA[D38A] does not. 
 

consistent with our in vivo observations of the corresponding mutant in S. elongatus (Fig. 3.4A). I 

propose McdA[D39A] is either impaired in its dimerization activity or does not go through the 

conformational change that licenses nucleoid binding, which our data suggest are prerequisites for 

McdB interaction and distributing carboxysomes over the nucleoid. 
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3.3.5 The predicted ATP-Trap mutant McdA[K15R] locks onto McdB-bound 

carboxysomes  

I set out to construct another ATP-trap mutant of McdA that can adopt the nucleoid-binding state 

and interact with McdB. One of the best-studied ATP-trap mutants from the ParA family of 

ATPases comes from the P1 plasmid partitioning system [29]. Mutating the catalytic lysine to an 

arginine in the deviant Walker A box of P1 ParA (K122R) has shown robust in vitro and in vivo 

phenotypes (see Fig. 3.1B-C). In vitro, ParA[K122R] can bind ATP, dimerize, and bind nsDNA 

with an affinity comparable to wild type, but irreversibly associates with ParB because ParB cannot 

stimulate the ATPase activity required for releasing this association [20], [29]. In vivo, 

ParA[K122R] results in a worse-than-null and dominant-negative phenotype called ParPD for 

“propagation-defective,” whereby plasmids are less stable than when they have no partition system 

at all [47]. Given the severity of the mutation, the mechanism for the ParPD phenotype has not been 

directly identified in vivo. However, the inability to disassemble the DNA-ParA[K122R]-ParB-

plasmid complex in vitro suggests a likely mechanism [19], [20]. Strikingly, the corresponding 

mutation, mNG-McdA[K15R], resulted in nearly complete colocalization with carboxysomes 

(PCC = 0.83, n = 558 cells) (Fig. 3.5A; Table 3.1). When mcdB was deleted from this strain, mNG-

McdA[K15R] no longer associated with carboxysomes (PCC = 0.60, n = 391 cells), instead, 

coating the nucleoid, thus showing its ability to still bind nsDNA (Fig. 3.5B). The data suggest 

that the predicted ATP-trap mutant, McdA[K15R], locks carboxysomes onto the nucleoid via a 

more stable association with McdB. Consistently, bacterial two-hybrid (B2H) analysis also 

suggested that McdA[K15R] more stably associates with McdB compared with wild-type McdA 

(Fig. 3.5C). However, immunoblot analysis showed that this increased signal may be due to 

McdA[K15R] being produced at higher levels than wild-type McdA. All other McdA mutants  
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Figure 3.5: The predicted ATP-trap mutant McdA[K15R] locks McdB-bound carboxysomes 
onto the nucleoid. A. Microscopy images of mNG-McdA[K15R] (yellow), RbcS-mTQ-labeled 
carboxysomes (cyan), and DAPI-stained nucleoid (magenta). Merged image overlays mNG-
McdA[K15R] and RbcS-mTQ labeled carboxysomes with a PCC value calculated from these two 
signals. B. Microscopy images of mNG-McdA[K15R] in a ΔmcdB background strain. Merged 
image shows mNG-McdA[K15R] and RbcS-mTQ-labeled carboxysomes with a PCC value 
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calculated from these two signals. C. (Top) B2H interaction assay between the indicated protein 
pairs. The image is representative of three independent experiments. (Middle) Western blot 
detection of T18 domain in 18C-McdA and its mutant fusions using CyaA antibody. (Bottom) 
Quantitative analysis of the B2H interactions. Data represent the mean and SD from three 
independent biological replicates. *p < 0.05 **p < 0.001 by Welch’s t test. D. Carboxysome foci 
intensity for specified cell strains. (arbitrary units = AU). WT n = 1925 foci, n > 820 foci per 
mutant strain. E. Carboxysome foci number as a function of cell length. WT n = 578 cells; n > 370 
cells per mutant strain. F. Spacing of carboxysome foci. WT n = 558 cells; n > 260 cells per mutant 
strain. G. Distribution of spacing between carboxysome foci as a function of cell length. WT n = 
558 cells; n > 380 cells per mutant strain. H. Microscopy images of mNG-McdA[K15R] (yellow), 
carboxysome foci (cyan), and DAPI-stained nucleoid (magenta) with ciprofloxacin treatment. 
Merged image shows mNG-McdA[K15R] and carboxysome signals and the PCC value calculated 
from these two signals. I. Microscopy images of mNG-McdA[K15R] (yellow), carboxysome foci 
(cyan), and DAPI-stained nucleoid (magenta) in the ΔmcdB background strain treated with 
ciprofloxacin. Merged image overlays all three channels. PCC value (top) is for colocalization 
between mNG-McdA[K15R] and DAPI signals. *PCC value (bottom) is for colocalization 
between DAPI and carboxysome signals. All PCC values were calculated from at least 300 cells 
per population. J. Cell lengths of specified strains. WT n = 558 cells; n > 260 cells per mutant 
strain. Scale bars: 5 μm. (K) Growth rate of mNG-McdA and mNG-McdA[K15R] strains. For both 
strains n = 300 cells. (L) Doubling time of mNG-McdA and mNG-McdA[K15R] strains. WT n = 
222 cells; mNG-McdA[K15R] n = 296 cells. Data represent median with interquartile range. ****p 
< 0.0001 by Welch’s t test. 
 

studied thus far showed no interaction with McdB via B2H analysis. But in this case, immunoblot 

analysis revealed that all McdA mutants predicted to be defective for dimerization (K15A, K15Q, 

G11V, and D39A) had significantly lower cellular levels compared with wild type and the K15R 

variant when expressed in Escherichia coli. Taken together, it is possible that the increased B2H 

signal for McdA[K15R] is due to this predicted ATP-trap mutant being a more stable dimer 

compared with wild-type McdA or the predicted dimerization-deficient mutants of McdA. 

Compared to wild type, the McdA[K15R] mutant displayed significantly higher carboxysome foci 

intensities, a phenotype that was dependent on the presence of McdB (Fig. 3.5D). Consistent with 

carboxysome aggregation, the McdA[K15R] mutant displayed fewer carboxysome foci per unit 

cell length (Fig. 3.5E). The data suggest that McdB-stimulated ATP hydrolysis by McdA is 

required to disaggregate and distribute carboxysomes in the cell. mNG-McdA[K15R] remained  
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Figure 3.6: The McdA[K15R] cell population significantly deviates from all other McdA variants in 
regards to carboxysome foci positioning in the cell. Binned subcellular localization of carboxysomes in 
the specified cell strains. Quantification was performed in MicrobeJ where carboxysome signals located 
within the region extending from the tip of the cell pole to a position on the medial axis located half the 
width away from the cell pole tip, are considered as “polar” localized. Carboxysome signals located within 
the region extending from the cell center to a position on the medial axis located half the width away from 
the cell center, are considered as “midcell” localized. Carboxysomes located between these two defined 
regions were grouped as “between polar and midcell”. WT n = 1000 foci; n > 800 foci per mutant strain. 
 

associated with the compacted nucleoid  (PCC 0.90, n = 346),  once   again   showing   this   mutant   

retains   nonspecific  DNA-binding  activity,  while carboxysomes became nucleoid excluded (PCC 

= 0.37, n = 346) (Fig. 3.5I). Together, the data show that the predicted ATP-trap mutant 

McdA[K15R] locks carboxysome aggregates onto the nucleoid via a more stable association with 

McdB. 

Finally, I asked if locking carboxysome aggregates onto the nucleoid in the McdA[K15R] 

strain resulted in the same cell elongation phenotype found for all other McdA mutants described 

thus far. Surprisingly, the McdA[K15R] strain did not elongate (Fig. 3.5J). In fact, the 

McdA[K15R] cells were slightly smaller than wild type. I performed multigenerational time-lapse 

microscopy (Movie 3.3) and found that McdA[K15R] cells are smaller than wild type because the 

mutant cells have a reduced growth rate (Fig. 3.5K) as well as a longer doubling time (Fig. 3.5L). 
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When mcdB was deleted in the McdA[K15R] strain, the cell elongation phenotype returned (Fig. 

3.5J). The findings suggest that the pseudopositioning of carboxysome aggregates locked onto the 

nucleoid is sufficient to prevent cell elongation induced by the mispositioning of nucleoid-

excluded carboxysome aggregates. But, locking carboxysome aggregates onto the nucleoid still 

compromises cell growth. 

 
3.3.6 McdA represents an unstudied subclass of ParA family ATPases 

Despite the McdA structure adopting an ATP-sandwich dimer as shown for other ParA ATPases 

[6], McdA lacks the classical “signature lysine” residue in the deviant Walker A box that defines 

this family (see Fig. 3.1B). Instead, the McdA structure identified a lysine residue, not only outside 

of the deviant Walker A box but in the C-terminal half of the protein at position 151, which is 

employed as the signature lysine (Fig. 3.7A) [6]. As with the classical signature lysine, Lys151 

interacts with the ATP molecule bound in the adjacent McdA monomer, making the same cross-

contacts to the oxygen atom connecting the β- and γ-phosphates. Sequence alignments of McdA 

homologues that lack the classical signature lysine in the deviant Walker A box invariably encode 

for a lysine that corresponds to Lys151 in S. elongatus McdA (Fig. 3.7A). Given the McdA 

structure, sequence conservation, and biochemical data suggesting Lys151 is important for ATP 

binding and dimerization [6], I next observed the effect of mutating Lys151 to an alanine in vivo. 

The majority of mNG-McdA[K151A] remained diffuse in the cytoplasm, while a minor fraction 

colocalized with few and irregularly spaced carboxysome aggregates (PCC = 0.76, n = 365 cells) 

(Fig. 3.7B; Table 3.1). Carboxysome foci intensity, spacing, and average cell length were identical 

to those found for the other predicted ATP-binding and dimerization mutants of McdA tested in 

this study (Fig. 3.8A-D). Also, ciprofloxacin treatment showed carboxysome aggregates were 

nucleoid excluded (PCC = 0.55, n = 301 cells) and once again butted up against the nucleoid poles 
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(Fig. 3.7C). The findings highlight the importance of Lys151 as the “signature lysine” for an 

unstudied ParA subclass in forming the ATP-bound McdA dimer competent for nucleoid binding 

and positioning carboxysomes. 

 

 

Figure 3.7: McdA is a member of an unstudied subclass of ParA-type ATPase characterized 
by a different signature lysine position. A. Sequence alignment of McdA homologues possessing 
a serine residue in place of the signature lysine the Walker A box that co-occurs with an invariant 
lysine residue in the C-terminal half of protein - the McdA signature lysine. B. Microscopy images 
of mNG-McdA[K151A] and RbcS-mTQ-labeled carboxysomes (cyan). Merged image shows 
mNG-McdA[K151A] and carboxysome signals and the PCC value calculated from these two 
signals. C. Microscopy images of mNG-McdA[K151A] (yellow), carboxysome foci (cyan), and 
DAPI-stained nucleoid (magenta) with ciprofloxacin treatment. Merged image shows 
carboxysome and DAPI signals and the PCC value calculated from these two signals. PCC values 
were calculated from at least 300 cells per cell population. Scale bars: 5 μm. 
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Figure 3.8: Signature lysine 151 is essential for proper McdA function in carboxysome positioning.  
A. Comparison of carboxysome foci intensity for specified strains (Arbitrary Units = AU). WT n = 1925 
foci; n > 960 foci per mutant strain. B. Comparison of carboxysome foci spacing of specified cell strains. 
C. Distribution of carboxysome spacing as a function of cell length in the specified strains. For B and C: 
WT n = 558 cells; n > 220 cells per mutant strain. (D) Comparison between the cell length of specified 
mNG-McdA mutants cell strains. WT n = 561 cells; n > 360 cells per mutant strain. (E) Microscopy images 
of mNG-McdA[K151S] (yellow), carboxysome foci (cyan) and DAPI-stained nucleoid (magenta) when 
treated with ciprofloxacin. Merged image shows carboxysome and DAPI signals. PCC value calculated 
from the merged RbcS-mTQ and DAPI channels from at least 300 cells. Scale bars: 5 μm. 
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3.3.7 Moving the signature lysine of McdA into the Walker A box reconstitutes 

carboxysome pseudopositioning 

Remarkably, Lys151 of the McdA structure overlays exceptionally well onto the signature lysine 

position in the deviant Walker A box of classical ParA family members [6]. This finding suggested 

that it may be possible to maintain carboxysome positioning with an McdA mutant that has its 

signature lysine at position 151 reintroduced into the classical position in the deviant Walker A 

box at position 10 (see Fig. 3.7A). To make the signature lysine mutant, McdA[S10K, K151S], I 

swapped the serine at position 10 in the deviant Walker A box with the lysine at position 151. The 

mNG-McdA[K151S] phenotype mirrored that of McdA[K151A]—largely diffuse in the 

cytoplasm with nucleoid-excluded carboxysome aggregates (PCC = 0.53, n = 325 cells) (Fig. 3.8E; 

Table 3.1). Immunoblot analysis verified that the diffuse localization of mNG-McdA[K151S] was 

not due to cleavage of the fusion protein (Fig. 3.3A). The mNG-McdA[S10K, K151S], on the other 

hand, largely colocalized with carboxysome foci (PCC = 0.84, n = 320 cells) (Fig. 3.9A; Table 

3.1). Also, carboxysome spacing (Fig. 3.9B) and intensity (Fig. 3.9C) both trended back toward 

wild-type values, and ciprofloxacin treatment showed that carboxysomes strongly colocalized with 

mNG-McdA[S10K, K151S] (PCC = 0.85, n = 309 cells) and were now positioned within the 

nucleoid region of the cell (PCC = 0.78, n = 309 cells) (Fig. 3.9D). Together, the data suggest a 

pseudorestoration of carboxysome positioning on the nucleoid. Consistently, the McdA[S10K, 

K151S] cell population had cell lengths revert back to wild type (Fig. 3.9E), suggesting this 

pseudopositioning of carboxysomes is sufficient to alleviate the cell elongation mutant phenotype. 
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Figure 3.9: Carboxysomes are pseudopositioned when the McdA signature lysine is moved 
into the classical Walker A box position. A. Microscopy images of mNG-McdA[S10K, K151S] 
and RbcS-mTQ-labeled carboxysomes (cyan). Merged image shows the overlay and calculated 
PCC values of these two signals. B. Number of carboxysome foci per unit cell length. WT n = 578 
cells; n > 315 cells per mutant strain. C. Carboxysome foci intensity. (arbitrary units = AU). WT n = 
1925 foci; n > 950 foci per mutant strain. D. Microscopy images of mNG-McdA[S10K, K151S] 
(yellow), carboxysome foci (cyan), and DAPI-stained nucleoid (magenta) with ciprofloxacin 
treatment. Merged image overlays carboxysome, mNG-McdA[S10K, K151S] and DAPI signals. 
PCC value (top) is for colocalization between mNG-McdA[S10K, K151S] and carboxysome 
signals. *PCC value (bottom) is for colocalization between DAPI and carboxysome signals. All 
PCC values were calculated from at least 300 cells per population. E. Cell lengths of specified 
strains. ***p < 0.001, ns = not significant by Kruskal–Wallis test. WT n = 561 cells; n > 315 cells 
per mutant strain. Scale bars: 5 μm. 
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Merged 
Figure 
Panel S. elongatus Strain Signal #1 Signal #2 

Pearson 
Correlation 
Coefficient 

(PCC) 

Cipro 
Treatment

? 

3.2J mNG-McdA (wildtype) RbcS-mTQ DAPI 0.66 Yes 

3.2K mNG-McdA[K15A] RbcS-mTQ DAPI 0.49 Yes 

3.2L mNG-McdA[K15Q] RbcS-mTQ DAPI 0.40 Yes 

3.2M mNG-McdA[G11V] RbcS-mTQ DAPI 0.47 Yes 

3.5A mNG-McdA[K15R] mNG-McdA[K15R] RbcS-mTQ 0.83  

3.5B mNG-McdA[K15R], ΔmcdB mNG-McdA[K15R] RbcS-mTQ 0.60  

3.5H mNG-McdA[K15R] mNG-McdA[K15R] RbcS-mTQ 0.91 Yes 

3.5I mNG-McdA[K15R], ΔmcdB mNG-McdA[K15R] DAPI 0.90 Yes 

3.5I mNG-McdA[K15R], ΔmcdB RbcS-mTQ DAPI 0.37 Yes 

3.7B mNG-McdA[K151A] mNG-McdA[K151A] RbcS-mTQ 0.76  

3.7C mNG-McdA[K151A] RbcS-mTQ DAPI 0.55 Yes 

3.8E mNG-McdA[K151S] RbcS-mTQ DAPI 0.53 Yes 

3.9A mNG-McdA[S10K,K151S] mNG-McdA[S10K,K151S] RbcS-mTQ 0.84  

3.9D mNG-McdA[S10K,K151S] mNG-McdA[S10K,K151S] RbcS-mTQ 0.85 Yes 

3.9D mNG-McdA[S10K,K151S] RbcS-mTQ DAPI 0.78 Yes 

 
Table 3.1: Summary of Pearson Correlation Coefficients (PCCs) for colocalization of 
indicated signals.  
 

3.4 Discussion 

Members of the ParA family of ATPases position a wide variety of genetic and proteinaceous 

cargos involved in diverse biological processes [1]–[3]. ATP cycling by the ParA ATPase is 

critical for its dynamic patterning behavior in the cell as well as its positioning activity on the 

cognate cargo. We recently found that the McdAB system is widespread across cyanobacteria and 

carboxysome-containing proteobacteria [48], [49], yet it remains unknown how the ATPase cycle 

of McdA controls its oscillatory dynamics and its function in distributing carboxysomes across the 
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nucleoid length. Several well-researched amino acid substitutions in the conserved ATP-binding 

site of ParA family ATPases have been used to trap the ATP cycle at specific steps. These trap 

mutants have served as useful probes for dissecting the molecular steps involved in ParA-based 

positioning reactions (Fig. 3.1C). To dissect how ATP mediates McdA function in positioning 

fluorescently labeled carboxysomes, I introduced synonymous amino acid substitutions in the 

ATP-binding pocket of fluorescently labeled McdA to trap it at specific steps of the ATP cycle. 

While I am currently unable to purify and biochemically characterize the McdA variants used in 

this study, the phenotypes of these trap mutants have allowed us to correlate the known 

biochemistry of well studied ParA family ATPases with specific steps in McdA action I observed 

here in vivo.  

Overall, my findings suggest that ATP binding, dimerization, and an ATP-specific conformational 

change in McdA are all prerequisite steps for McdA to associate with the nucleoid via nonspecific 

DNA-binding activity (Fig. 3.10A). The     findings also suggest that McdB-bound carboxysomes 

can only interact with McdA in this DNA-binding state. Nucleoid-associated McdA tethers   

McdB-bound  carboxysomes  to  the  nucleoid.  But  ultimately,  McdB  stimulates   ATP hydrolysis 

by McdA, which reverts McdA back into its monomeric form that can no longer bind the nucleoid 

in the vicinity of the carboxysome. Through this Brownian-ratchet mechanism [27], McdB-bound 

carboxysomes are uniformly distributed as they locally generate McdA depletion zones on the 

nucleoid and then move up the resulting McdA gradient toward higher concentrations (Fig. 3.10B).  
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Figure 3.10: Model for ATP-cycling by McdA and associated functions in carboxysome 
positioning. A. The ATPase cycle of McdA. Trap mutants of McdA predicted in this study are 
indicated. (i) When unbound from ATP, McdA monomers are diffuse in the cytoplasm. (ii) On 
ATP binding, McdA is competent for dimerization. (iii) ATPbound McdA dimers must go through 
an ATP-dependent conformational change that licenses nsDNA binding to the nucleoid. (iv) 
McdB-bound carboxysomes are tethered via interactions with McdA-ATP dimers on the nucleoid. 
(v) McdB stimulates McdA ATPase activity and its release from the nucleoid in the vicinity of a 
carboxysome. B. McdB-bound carboxysomes are uniformly distributed as they continually move 
toward higher concentrations of McdA on the nucleoid. The dashed box indicates the cellular 
region where step (iv) occurs in A. 
 

McdA mutants predicted to be unable to bind ATP, dimerize, or undergo the ATP-specific 

conformational change required for nucleoid binding were diffuse in the cytoplasm, and 

carboxysomes were observed as nucleoid-excluded aggregates. These mutant strains also 
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displayed cell elongation. We have recently shown that mcdA and mcdB deletion strains also 

elongate [42]. Heterotrophic bacteria have been shown to undergo cell elongation as a carbon-

limitation response [50]. We also recently proposed that carboxysome aggregation results in 

decreased carbon-fixation efficiency, and that cell elongation is a response triggered by the 

resulting carbon limitation in this photoautotroph [42]. Since the phenotype of these predicted 

McdA trap mutants mirrors the mcdA deletion strain, our findings suggest a complete loss of 

function in carboxysome positioning when McdA cannot bind ATP, dimerize, and adopt its 

nucleoid-binding conformation. 

 

3.4.1 Nucleoid-excluded carboxysomes are trapped at the cytoplasm–nucleoid interface  

We previously showed that in ΔmcdA or ΔmcdB strains of S. elongatus, carboxysomes still fully 

assemble, but coalesce into nucleoid-excluded aggregates [27]. Given the polyploid nature of S. 

elongatus, there is insufficient cytoplasmic space to resolve whether carboxysomes aggregated due 

to physical interactions with each other or if they simply coalesced because of nucleoid exclusion. 

We used the gyrase-inhibitor ciprofloxacin to compact the nucleoid and increase the cytoplasmic 

space of S. elongatus cells. Surprisingly, in the absence of a functional McdAB system, 

carboxysome aggregates did not diffuse into the increased cytoplasmic space of ciprofloxacin-

treated cells. Instead, the aggregates were maintained at the cytoplasm–nucleoid interface. It was 

recently shown that large plasmids lacking their ParA-based partition system, or large DNA circles 

excised from the chromosome, also localize to this interface [44]. This phenomenon was plasmid-

size dependent; only plasmids larger than 100 kb preferentially localized to the nucleoid edge and 

did not diffuse into the nucleoid-free cytoplasmic space of the cell. My findings here show that 

this preferential localization to the nucleoid edge is not specific to plasmids but rather is a 
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widespread phenomenon in bacteria for both genetic and proteinaceous complexes on the 

mesoscale. Given the size dependence of nucleoid-evicted complexes being unable to penetrate 

the cytoplasm, we believe the most parsimonious explanation is that carboxysomes, and other 

mesoscale complexes, perceive the cytoplasmic environment as glassy [51] and thus exhibit caging 

and subdiffusive behaviors at the nucleoid–cytoplasm interface. Remarkably, wild-type cells 

treated with ciprofloxacin still displayed mNG-McdA oscillations and carboxysomes were still 

distributed over the highly compacted nucleoid (Movie 3.2). The data suggest that the McdAB 

system can distribute carboxysomes regardless of whether the nucleoid is expanded or in an 

extremely compacted state. This finding has implications for identifying the forces responsible for 

carboxysome movement and positioning within the nucleoid region of the cell. The predicted ATP-

trap mutant McdA[K15R] locks carboxysomes onto the nucleoid I identified the predicted ATP-

trap mutant, McdA[K15R], that locks the nucleoid-McdA-McdB-carboxysome ternary complex. 

In the absence of McdB, mNG-McdA[K15R] still coated the nucleoid showing that it retains 

nonspecific DNA-binding activity, but carboxysomes were nucleoid excluded. In the presence of 

McdB, mNG-McdA[K15R] completely colocalized with massive carboxysome aggregates over 

the nucleoid. Together the findings show that McdA on the nucleoid transiently interacts with 

McdB on carboxysomes. McdB then stimulates McdA ATP hydrolysis and release from the 

nucleoid in the vicinity of carboxysomes, which allows for continued movement up the resulting 

McdA gradient. When McdB cannot stimulate the ATPase activity of McdA[K15R], the stable 

association tethers carboxysomes to the nucleoid. Since the ATP cycle cannot rest, McdB-bound 

carboxysomes act as a sink for all McdA[K15R] in the cell, which explains the lack of mNG-

McdA[K15R] redistribution across the nucleoid. All McdA mutants that resulted in nucleoid-

excluded carboxysome aggregation also showed a cell elongation phenotype. The McdA[K15R] 
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strain, on the other hand, displayed carboxysome aggregates on the nucleoid and no cell elongation 

phenotype. In contrast, the cells were slightly shorter than wild type due to reduced growth rate. 

We have two hypotheses that could explain this phenotype. First, tethering carboxysomes to the 

nucleoid could allow for pseudopositioning of carboxysomes. This “pilot-fish” mode of 

carboxysome positioning and inheritance could sufficiently improve carbon-fixation efficiency, 

thereby preventing carbon limitation and the cell elongation response. Even though elongation was 

prevented, tethering carboxysomes to the nucleoid still resulted in smaller cells and a slower 

growth rate. It is plausible that carboxysomes locked on the nucleoid have detrimental effects to a 

variety of DNA transactions such as DNA replication, transcription, nucleoid organization and 

compaction, and faithful chromosome segregation. 

 

3.4.2 Swapping the signature lysine position in McdA resulted in carboxysome 

pseudopositioning on the nucleoid  

McdA represents a previously unstudied subclass of the ParA family, where the signature lysine 

residue that defines this ATPase family is located in the C-terminal half of the protein, rather than 

in the Walker A box (Fig. 3.7A). I find here that Lysine151 is indeed necessary for McdA to bind 

the nucleoid and position carboxysomes. Strikingly, I     also found that repositioning this lysine 

into the classical signature lysine position in the Walker A box reconstituted carboxysome 

pseudopositioning—carboxysome spacing and focal intensity trended back to wild-type values. 

This mutant also reverted back to wild-type cell lengths. However, the oscillatory dynamics 

observed with wild-type McdA were not reconstituted. Instead, mNG-McdA[S10K, K151S] 

colocalized with carboxysomes over the nucleoid. This mode of carboxysome positioning is 

similar to that observed for the P1 plasmid partition system. P1 ParB forms punctate foci by 
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loading onto and around a DNA-binding site called parS on the plasmid to be partitioned [52], 

[53]. The ParA ATPase uniformly distributes over the nucleoid but also forms foci that colocalize 

with relatively immobile ParB-bound plasmids [54]. During plasmid partitioning and movement, 

the colocalized ParA foci disappear and only reappear once the sister plasmids have reached the 

¼ and ¾ positions of the cell where they once again become relatively immobile. McdA has an 

ATPase activity two orders of magnitude greater than ParA ATPases with a classical signature 

lysine [27]. It is attractive to speculate that the lysine- swap mutant of McdA decreases its 

voracious ATPase activity, causing it to remain associated with McdB-bound carboxysomes for a 

longer period and adopting a “stick-and-move” mode of carboxysomes positioning over the 

nucleoid, similar to the P1 plasmid partition reaction described above. While I am currently unable 

to purify these McdA variants, a future direction will be to determine their ATPase activities 

compared with wild-type McdA to directly test this proposal. Why does McdA have such a greater 

ATPase rate compared with classical ParA-type ATPases? We believe the answer lies in the 

difference in cargo copy-number in the cell. ParA-based DNA segregation systems are typically 

found on bacterial chromosomes and large low-copy plasmids. In both cases, the DNA is replicated 

and the sister copies are then segregated to opposing halves of the cell prior to division. 

Carboxysome copy number, on the other hand, can be significantly higher and varies depending 

on growth conditions. For example, when grown with high-light intensity, a single S. elongatus 

cell can contain up to a dozen carboxysomes [55]. I propose that for high-copy-number cargos, an 

increased ATPase activity is required to compensate for the decreased nearest-neighbor distance 

between adjacent cargos sharing the same nucleoid matrix. The increased ATPase rate would make 

the McdA gradient on the nucleoid more sensitive to carboxysome movements over these smaller 

spatial scales. 
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3.5 Materials and Methods 

3.5.1 Construct design  

All constructs were made using Gibson assembly [56] from PCR fragments or synthesized dsDNA 

(Integrated DNA Technologies) and verified by Sanger sequencing (Table 3.2). For mcdB deletion 

and native fluorescent fusion gene insertions into the S. elongatus genome, constructs were made 

as previously described [27]. For fluorescent McdA mutants, the fluorescent protein mNG was 

inserted upstream of the mutated mcdA coding sequence with a GSGSGS linker. A 700-bp region 

upstream and downstream of the mcdA coding sequence was chosen as the homology regions 

required for replacing the native mcdA with mNG-tagged McdA mutants. A duplicate mcdA 

promoter and kanamycin resistance cassette were inserted upstream of the native mcdA promoter 

to prevent operon disruption. A second copy of the rbcS promoter and gene, tagged at the 3′ end 

with the fluorescent protein mTQ with a GSGSGS linker, was inserted at NS1 to serve as the 

carboxysome reporter gene. For mcdB deletion lines, a 700-bp region downstream of the mcdB 

coding region was chosen as the downstream homology region for insertion of fluorescent McdA 

mutants under its native promoter.  

 

3.5.2 Growth conditions and transformations  

All S. elongatus (ATCC 33912) strains were grown in 125-ml baffled flasks (Corning) in 50 ml 

BG-11 medium (Sigma), pH 8.3, buffered with 1 g/l HEPES. Cells were cultured in a Minitron 

incubation system (Infors-HT) with the following growth conditions: 60 μmol m–2 s–1 continuous 

LED 5600 K light, 32°C, 2% CO2, and shaking at 130 RPM. Plasmids were cloned in chemically 

competent One Shot TOP10 E. coli cells (Thermo Fisher Scientific) in standard manipulation and  
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Synechococcus 
elongatus PCC 
7942 Strain 
Name 

Description/Genotype Source 

JSM-206 ΔmcdA::mNG-mcdA (KmR), NS1::RbcS-mTQ (CmR) MacCready 
et al., 2018 

AH-5 ΔmcdA::mNG-mcdA[K15A] (KmR), NS1::RbcS-mTQ (CmR) This study 

AH-6 ΔmcdA::mNG-mcdA[K15Q] (KmR), NS1::RbcS-mTQ (CmR) This study 

AH-7 ΔmcdA::mNG-mcdA[G11V] (KmR), NS1::RbcS-mTQ (CmR) This study 

AH-8 ΔmcdA::mNG-mcdA[D39A] (KmR), NS1::RbcS-mTQ (CmR) This study 

AH-9 ΔmcdA::mNG-mcdA[K15R] (KmR), NS1::RbcS-mTQ (CmR) This study 

AH-10 ΔmcdA::mNG-mcdA[K151A] (KmR), NS1::RbcS-mTQ 
(CmR) This study 

AH-11 ΔmcdA::mNG-mcdA[K151S] (KmR), NS1::RbcS-mTQ (CmR) This study 

AH-12 ΔmcdA::mNG-mcdA[S10K,K151S] (KmR), NS1::RbcS-mTQ 
(CmR) This study 

AH-13 ΔmcdAB::mNG-mcdA[K15R] (KmR), NS1::RbcS-mTQ 
(CmR) This study 

RR-1 ΔmcdA (KmR), NS1::RbcS-mTQ (CmR) Rillema et 
al., 2021 

 
Table 3.2. Cyanobacterial strains used in this study. Construction of strains are detailed in 
Methods and Materials.   
 

culture conditions [57]. Transformations of S. elongatus cells were performed as previously 

described [40]. Transformant cells were plated on BG-11 agar with 12.5 µg/ml kanamycin, 12.5 

µg/ml chloramphenicol, or 25 µg/ml spectinomycin. Single colonies were picked and transferred 

into 96-well plates containing BG-11 medium with corresponding antibiotic concentrations. 

Complete gene insertions and absence of the wild-type gene were verified via PCR, and cultures 

were removed from antibiotic selection by three series of back dilution prior to imaging.  
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3.5.3 Ciprofloxacin treatment and nucleoid visualization  

To induce nucleoid compaction, S. elongatus cells were incubated with 50 μM ciprofloxacin 

overnight under normal growth conditions. To visualize the compacted nucleoid region, 

ciprofloxacin-treated S. elongatus cells were harvested by centrifugation at 13,000 x g for 1 min. 

The pelleted cells were then washed and resuspended in 100 μl of phosphate-buffered saline (pH 

7.2). DAPI (8 μl from a 20 μg/ml stock concentration) was added to the cell suspension followed 

by 20-min incubation in the dark at 30°C. DAPI-stained cells were washed twice with 1 ml H2O 

and then resuspended in 100 μl H2O prior to visualization using the DAPI channel.  

 

3.5.4 Fluorescence and time-lapse microscopy  

Exponentially growing cells (2 ml of cells at OD750 ∼ 0.7) were harvested and spun down at 4000 

x g for 1 min and resuspended in 200 µl fresh BG-11, and 2 µl were then transferred to a 1.5% 

UltraPure agarose (Invitrogen) + BG-11 square pad on a 35-mm glass-bottom dish (MatTek Life 

Sciences). All fluorescence and phase-contrast imaging were performed using a Nikon Ti2-E 

motorized inverted microscope controlled by NIS Elements software with a SOLA 365 LED light 

source, a 100× objective lens (Oil CFI Plan Apochromat DM Lambda Series for Phase Contrast), 

and a Photometrics Prime 95B back-illuminated sCMOS camera or Hamamatsu Orca-Flash 4.0 

LTS camera. mNG-McdA variants were imaged using a “YFP” filter set (C-FL YFP, Hard Coat, 

High Signal-to-Noise, Zero Shift, Excitation: 500/20 nm [490–510 nm], Emission: 535/30 nm 

[520–550 nm], Dichroic Mirror: 515 nm). RbcS-mTQ-labeled carboxysomes were imaged using 

a “CFP” filter set (C-FL CFP, Hard Coat, High Signal-toNoise, Zero Shift, Excitation: 436/20 nm 

[426–446 nm], Emission: 480/40 nm [460-500 nm], Dichroic Mirror: 455 nm). DAPI fluorescence 

was imaged using a standard “DAPI” filter set (C-FL DAPI, Hard Coat, High Signal-to-Noise, 
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Zero Shift, Excitation: 350/50 nm [325–375 nm], Emission: 460/50 nm [435–485 nm], Dichroic 

Mirror: 400 nm). For multigenerational time-lapse microscopy of mNG-McdA and mNG-

McdA[K15R] strains, 2 µl of exponentially growing cells were spotted on 1.5% UltraPure agarose 

+ BG-11 round pads cast in a 35-mm glass-bottom dish already preincubated at 30°C in 5% CO2 

for at least 24 h. To sustain photosynthetic growth of S. elongatus cells on the microscope stage 

top, cells were constantly illuminated by the microscope’s SOLA LED light source fitted with a 

515-nm longpass filter. Temperature, humidity, and CO2 concentrations were controlled with a 

Tokai Hit Incubation System. NIS Elements software with JOBS acquisition upgrade was used to 

synchronize control of shutter for growth light and image acquisition. Cells were acclimated to 

stage top growth conditions (32°C, 5% CO2, 60 μmol m–2 s–1 light) for at least 30 min before image 

acquisition. Videos were taken at one frame per hour for a duration of 22 h. 

 

3.5.5 Image analysis  

Image analysis including cell segmentation, quantification of cell length, foci number, intensity, 

and spacing were performed using Fiji plugin MicrobeJ 5.13I [58], [59]. Cell perimeter detection 

and segmentation were done using the rod-shaped descriptor with default threshold settings. 

Carboxysome detection was performed using the smoothed foci function with tolerance of 50 and 

Z-score of 30. PCC values for merged signals were calculated using Fiji plugin JACoP (Just 

Another Colocalization Plugin) 2.1.1 [60]. Data were exported, further tabulated, graphed, and 

analyzed using GraphPad Prism 9.0.1 for macOS (GraphPad Software, San Diego, CA, 

www.graphpad.com).  
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3.5.6 B2H and β-galactosidase activity assay  

N-terminal T18 and T25 fusions of McdA, all McdA mutant variants, and McdB were constructed 

using the plasmids pKT25 and pUT18C. Plasmids were sequence-verified and cotransformed into 

E. coli BTH101 in both pairwise combinations [61]. Several colonies of T18/T25 cotransformants 

were cultured in LB medium with 100 mg/ml ampicillin, 50 mg/ml kanamycin, and 0.5 mM IPTG 

overnight at 30°C with 225 rpm shaking. Overnight cultures were spotted on indicator LB X-gal 

plates supplemented with 100 mg/ml ampicillin, 50 mg/ml kanamycin, and 0.5 mM IPTG. Plates 

were incubated in the dark at 30°C up to 48 h before imaging. To quantify the interactions between 

hybrid proteins (Miller 1972), β-galactosidase activity measurements were performed as 

previously described [62] with slight modifications. Two hundred microliters of the overnight 

cultures were transferred into glass tubes containing 800 μl of Z buffer (45 mM Na2HPO4.12H2O, 

45 mM NaH2PO4.H2O, 10 mM KCl, 1 mM MgSO4.7H2O, 38.5 mM β-mercaptoethanol). A drop 

of 0.01% SDS and two drops of chloroform were added, followed by 10 s of vigorous and thorough 

shaking to facilitate cell permeabilization. Once chloroform settled to the bottom (∼15 s after 

mixing), 50 µl of the reaction mix were transferred into a 96-well flat-bottom microplate filled 

with 150 µl Z buffer already pre-equilibrated at 28°C in a SpectraMax iD3 microplate reader 

(Molecular Devices). To start the reaction, 40 µl 0.4% o-nitrophenyl-β-dgalactoside was added 

and measurements at OD420 were taken every 2 min for 1 h at 28°C using the microplate reader. 

Concurrently, 50 µl of the overnight cultures were added to a well plate containing 150 µl LB for 

OD600 measurement in the microplate reader. β-galactosidase enzymatic activities, in Miller Units 

(MU), were calculated using the formula MU = A420/(incubation time in minutes x culture volume 

in milliliters x OD600). 
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3.5.7 Total protein and immunoblot analyses  

For total protein analysis in E. coli, a 0.2-ml aliquot was lysed using a Qsonica sonication system 

(20 cycles - 30 s on, 10 s off at 30% power) and centrifuged at 10,000 x g for 1 min at 4 °C. The 

protein content in the supernatant was measured using a Bradford assay kit (catalogue number 

5000006; Bio-Rad Laboratories). Immunoblot samples from E. coli cells were prepared by adding 

an equal volume of 4x Laemmli sample buffer to cultures prior to boiling for 20 min. For 

immunoblot analyses of S. elongatus strains, cultures were concentrated to an OD750 of 3 when 

harvesting. Immunoblot samples were generated by lysing cells with a Qsonica sonication system 

(20 cycles - 30 s on, 10 s off at 30% power) in 0.5 ml RuBisCO extraction buffer (50 mM EPPS 

at pH 8.1, 1% PVPP, 526 1 mM EDTA, 10 mM dithiothreitol (DTT), 0.1% Triton, and Sigma 

protease inhibitor). An equal volume of 2x Laemmli sample buffer was added to cell lysates and 

boiled for 20 min. Samples (55 μl) were loaded on a 4-12% Bis-Tris NuPAGE gel with wedge 

wells (Invitrogen). Gels were transferred onto a mini-size polyvinylidene difluoride membrane 

(Bio-Rad) using a Trans-Blot Turbo system (Bio-Rad). The membrane was immunoprobed using 

a mouse monoclonal antibody raised against amino acids 1-400 of Bordetella pertussis adenylate 

cyclase toxin origin (Santa Cruz Biotechnology), Cya A (1:1000), or a rabbit polyclonal antisera 

against McdA (1:1000) (New England Peptide). The membrane was then incubated with the goat 

antiMouse IgG Secondary Antibody IRDye 800 CW (LI-COR) or the HRP–conjugated anti-Rabbit 

IgG secondary antibody (Milipore Sigma). Membrane signals were developed with 508 Femto 

Maximum Sensitivity Substrate (Thermo Scientific) and visualized and quantified using LI-COR 

Image Studio. The McdA signal was normalized to a nonspecific band as indicated in Fig 3.3A.  
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3.5.8 Expression and purification of CtMcdA and CtMcdA[D38A]  

Both CtMcdA and CtMcdA[D38A] were expressed and purified in a similar manner. For protein 

production, the expression plasmids for these constructs [6] were transformed into E. coli 

C41(DE3) cells (Lucigen). Transformants were grown at 37°C and 225 rpm until an OD600 of 0.4–

0.6 was reached. The culture flasks were rapidly cooled down to 15°C on and protein expression 

was then induced with the addition of 1 mM IPTG. After overnight induction, the cells were 

pelleted, flash-frozen in liquid nitrogen and stored at –80°C. Harvested cells were resuspended in 

Buffer A (25 mM Tris-HCl, pH 7.5, 300 mM NaCl, 10% glycerol, 0.5 mM BME, 50 mg/ml 

lysozyme, 1.25 kU benzonase, 2 protease inhibitor cocktail tablets) and lysed using a probe 

sonicator with 15 s on, 15 s off pulsation for 8 min. The lysate was cleared by centrifugation at 

12,000 × g at 4 °C for 40 min in a Fiberlite TM F15-8 × 50 cy Fixed Angle Rotor (Thermo Fisher 

Scientific). The resulting lysate was filtered through a 0.45-µm syringe filter and loaded onto a 5-

ml HiTrap TALON Crude cassette (GE) and eluted with a 0 to 400 mM imidazole gradient. Peak 

fractions were pooled and concentrated using an Amicon Ultra Centrifugal Device (10 KD 

MWCO). The concentrated protein sample was passed through a HiPrep 26/10 Desalting Column 

(GE) equilibrated in Q-Buffer (25 mM Tris-HCl, pH 7.5, 150 mM NaCl, 10% glycerol, 1 mM 

EDTA, 1 mM DTT). The sample was then immediately loaded onto a HiTrap Q HP 5 ml cassette 

(GE) equilibrated in Q-Buffer. The protein was eluted with a 150 mM to 2 M NaCl gradient. Peak 

fractions were concentrated to no more than 70 mM and flash-frozen aliquots were kept at –80°C.  

 

3.5.9 DNA-binding assay  

EMSAs were performed in a final reaction volume of 10 µl in a buffer containing 50 mM HEPES 

(pH 7.6), 5 mM MgCl2, and 100 mM KCl with 10 nM pUC19 plasmid (2.8 kb) as the supercoiled 
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DNA substrate. At the concentrations indicated, His-CtMcdA and His-CtMcdA[D38A] were 

incubated for 30 min at 23°C with or without ATP (1 mM). Reactions were then mixed with 1 µl 

80% glycerol, run on 1% agarose gel in 1× TAE at 110V for 45 min, and stained with ethidium 

bromide prior to imaging.  

 

3.5.10 Protein structure visualization and prediction  

Molecular graphics and analyses of protein structures were performed with UCSF Chimera, 

developed by the Resource for Biocomputing, Visualization and Informatics at the University of 

California, San Francisco, with support from National Institutes of Health P41-GM103311 

(Pettersen et al., 2004). Prediction of SeMcdA structure was performed with Phyre2 [63]. 
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CHAPTER IV 

 

Multi-Generational Live-Cell Imaging of S. elongatus as A Powerful Tool For  

The Study Of Carboxysome Positioning And Inheritance 

 

4.1 Abstract 

The dynamic process of carboxysome biogenesis, trafficking, and homeostasis involve a complex 

series of protein self-assembly and self-organization in cyanobacteria. Multiple studies have 

outlined the sequential and stepwise assembly of carboxysomes during biogenesis and budding 

events. Due to the multilayered constraints of long-term imaging of cyanobacteria, many reports 

are limited to capturing still snapshots of these slow growing bacteria and over short periods. To 

further our understanding of McdAB-based carboxysome positioning and inheritance during 

cellular growth and division, the development and optimization of long term and multi-

generational fluorescence imaging is required. Here, I establish a workflow that overcomes the 

challenges associated with the long-term imaging on cyanobacteria. The method allows us to now 

determine how the McdAB system functions throughout the entire cell cycle of S. elongatus, and 

study how the positioning reaction is influenced by cell division, diurnal growth, and circadian 

rhythms. 
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4.2 Introduction 

Bacteria have served as pivotal model systems for the study of cellular and biochemical 

mechanisms and functions. The discovery of cytokinetic Z ring formation upon cell division by 

the polymerization of a bacterial tubulin homolog, FtsZ, was one of the earliest key pieces of 

evidence that like eukaryotes, bacteria employ dynamic subcellular protein organization as a 

means to regulate their growth and metabolic processes [133]. With the rapid advancements of 

fluorescence microscopy techniques in recent years, the field of prokaryotic cell biology has 

benefited greatly from the growing number of spatiotemporally characterized proteins, and our 

understanding of bacterial cell architecture and organization continues to expand.  

 Genome sequencing and microbial genetic tools have proven to be instrumental in studying 

the relationship between genotypes and phenotypes, but these approaches are not capable of 

elucidating the underlying molecular mechanism of protein interactions and their cellular 

functions. Imaging key protein players of a molecular event in their native cellular environment 

can address the “how, where and when” questions that we continually ask in our pursuit to bridge 

the gap between the wealth of bacterial genetic information the prokaryotic biology field has 

amassed and the puzzles of bacterial cellular functions we are still trying to solve.  

 Studies involving live-cell imaging of cyanobacteria have provided the field with an 

invaluable insight into how a mesoscale proteinaceous complex such as the carboxysome is formed 

and spatially organized in the cell. By fluorescently labelling the large subunit of Rubisco and a 

carboxysome shell protein, CcmK4, Savage and team [53] were able to initially report on the 

equidistant positioning of carboxysomes in S. elongatus and tracked the unequal carboxysome 

inheritance that occurs when mcdA is deleted. Indeed, long term imaging of cyanobacterial cells 

devoid of inherited carboxysomes showed delayed division time, thus underscoring the important 



 90 

relationship between proper carboxysome maintenance and cell fitness [2]. Subsequently, the work 

of Cameron and colleagues in 2013 [33] successfully visualized the sequential dynamics of 

carboxysome formation and showed for the first time that new carboxysomes bud off from 

preexisting procarboxyomes. And more recently, long term imaging of Synechococcus sp. PCC 

7002 allowed individual carboxysomes to be tracked and visualized for more than 60 continuous 

hours, giving researchers a detailed glimpse on how carboxysomes are inherited, maintained and 

eventually become polarly-localized just prior to undergoing disassembly [134].  

 Unfortunately, multi-generational microscopy of cyanobacteria is made difficult by their 

biological properties. The photosynthetic apparatus needed to convert harvested light energy to 

usable chemical energy in cyanobacteria is localized to a network of internal thylakoid membranes 

[135]. Localized inside these membranes are photopigments responsible for light harvesting as 

well as for photoprotection by the route of non-photochemical quenching [136]. Most 

cyanobacteria, S. elongatus included, carry (i) the photopigments chlorophyll a; (ii) the red-shifted 

phycobiliproteins phycocyanin, allophycocyanin and allophycocyanin-B, and (iii) a wide variety 

of carotenoids such as β-carotene and zeaxanthin [136], [137]. By mapping the individual 

fluorescent emission spectra of these classes of pigments, one can fully appreciate the breadth of 

endogenous background signals present in photosynthetic cyanobacteria across the visible light 

spectrum (Fig. 4.1A) [138]. This biological property is especially striking when compared to non-

photosynthetic bacteria like E. coli, which displays minimal endogenous fluorescence when 

imagined in the red and green fluorescence channels (Fig. 4.1B). 
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Figure 4.1: Cyanobacteria possess endogenous fluorescence due to the presence of 
photopigments. A. Spectral emission of live Synechocystis sp. PCC6803 cells, adapted from [8]. 
B. Endogenous fluorescence of S. elongatus in comparison to E. coli DH5a using typical RFP 
(572ex/629em) and GFP (470ex/525em) filter sets. C. Fluorescent imaging of S. elongatus in the 
red channel leads to photosystem saturation and consequently, increased background fluorescent 
signal. Reprinted with permission from [9]. 
 

 During the light dependent stage of photosynthesis, captured photons are passed from the 

light gathering antenna system to the reaction centers; with the end goal for the excited photons to 

return to ground state [139]. This electron transfer flux is limited in its functional capacity, 

specifically under excess illumination [140]. Because of this biological limitation, continuous 

fluorescence imaging of cyanobacteria is particularly challenging due to the markedly increased 

fluorescence background signal observed over time (Fig. 4.1C).  

 The myriad of photopigments present in cyanobacteria reemit collected photons in the 600 

nm region and beyond (Fig. 4.1C). With this in mind, the choice of fluorophores, especially for 

two color imaging, that can be used in cyanobacteria are limited (Fig. 4.2). The use of any red 

fluorophores such as mCherry would overlap significantly with cyanobacterial background 

 

C 
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emission. S. elongatus strains carrying fluorescent fusions engineered in the lab typically pairs 

monomeric NeonGreen (mNG; yellow shifted) and monomeric Turqoise2 (mTQ; blue shifted). 

But exposing growing cyanobacteria to blue light for an extended amount of time can lead to 

cellular phototoxicity due to an imbalanced energy transfer between their two photosystems, 

ultimately leading to photosynthetic inefficiency [141]. There is a need to develop and optimize 

fluorescence imaging workflows for cyanobacteria, as a means to understand subcellular 

organization as it relates to the entire bacterial cell cycle and environmental influence. 

 Our previous study implicated the oscillating ParA-like ATPase McdA to be responsible 

in modulating the spatial distribution of McdB-bound carboxysomes along the longitudal axis of 

S. elongatus cells [31]. In this study, I found that McdA is a voracious ATPase, displaying ATPase 

activity that is more than 200-fold higher than other canonical ParA family members (Chapter II, 

[31]). A few questions naturally arise from the study: (i) Is there still a biological need to actively 

maintain equidistant carboxysome positioning by burning ATP to sustain McdA oscillations at 

night when carbon fixation is not occuring? (ii) How does the rhythmic nature of cellular ATP 

levels in S. elongatus influence McdA oscillation throughout the course of a 24-hour day? (iii) 

How is the oscillating McdA population inherited in dividing S. elongatus cells?  If cells inherit 

the McdA pool asymmetrically, how is this imbalance rectified after division? Establishing a 

multi-generational live-cell imaging approach that is tailored to slow-growing S. elongatus cells 

will provide a means to answer these and other open questions regarding cyanobacterial cell 

biology, which is a largely untapped field of research. 

 To carry out long term microscopy of cyanobacteria, the imaging setup will have to sustain 

multi-day photosynthetic growth while simultaneously keeping drifts of the region of interest and 

phototoxicity-induced growth defects to a minimum. In this chapter, I outline the workflow I have 
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established to successfully carry out multi-generational imaging of S. elongatus. As outlined 

below, this technique will allow us to determine the effects of cell division, day/night cycle, and 

circadian rhythms on carboxysome positioning by the McdAB system in cyanobacteria. 

 
Figure 4.2: Excitation and emission scan of S. elongatus cells plotted with commercially 
available fluorophore filter set from Carl Zeiss. z-axis (fluorescence) is in arbitrary units. 
Reprinted with permission from [9]. 
 

4.3 Results 

4.3.1 McdA continues to oscillate during division, which results in an McdA imbalance 

between daughter cells  

To capture multi-generational time lapse images of S. elongatus, cells were immobilized on a 1.5% 

BG-11 agarose pad that was cast in a glass bottom dish (detailed in Material and Methods section 

in Chapter III). This mounting technique allows for free gaseous exchange to occur while 

minimizing dehydration. I used the transilluminating light emitting diode (LED) source on the 

microscope fitted with a 515-nm longpass filter as the light source to sustain photosynthetic growth  
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Figure 4.3: Long-term imaging of S. elongatus cells. Time course showing S. elongatus cell 
growth under constant illumination by the microscope’s LED light source (> 515 nm wavelength) 
at 60 μmol m–2  s-1 light intensity, 32°C and 5% CO2. Signal shown here is of chlorophyll in the 
thylakoid membrane imaged in red channel as cell outlines. Scale bars: 5 μm. Time-lapse video: 
Movie 4.1. 
 

of S. elongatus cells. Temperature, humidity, and CO2 control were all provided via the use of a 

stage-top incubator system.  

  
With the described setup and abiotic conditions, growth of S. elongatus colonies could be 

sustained for up to 2 days with a doubling time of roughly 5-6 hours, which is consistent with 

previously recording double times of S. elongatus when grown in liquid culture [142] (Fig. 4.3, 

Movie 4.1). Chlorophyll fluorescence in the thylakoid membrane was used to determine cell 

perimeter and growth rate.  

 The McdAB system actively distributes carboxysomes allowing for faithful inheritance in 

newly formed daughter cells [31], [53]. In dividing S. elongatus cells, mNG-McdA displayed 
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robust oscillatory dynamics through the invaginating septum during the early stages of cytokinesis 

(Figure 4.4). While I observed an McdAB system-mediated equal carboxysome distribution 

between the resulting daughter cyanobacterial cells post-division, one cell ultimately inherited all 

of the McdA pool due to its slow oscillation period (~11 minutes) (Fig. 4.4, last panel). How S. 

elongatus cells actively sense and regulate cellular McdA concentrations is a subject of future 

studies using this long term imaging approach. 

 
Figure 4.4: McdA oscillatory patterning remains robust throughout cell cycle and division. 
Time course images showing merged mNG-McdA (yellow) and carboxysome foci (cyan) signals 
during cytokinesis. Cell outlines in fluorescent channels are based on chlorophyll fluorescence in 
the thylakoid membrane imaged in red channel. Scale bars: 5 μm. 
 

4.3.2 Entrained S. elongatus cells undergo light-dependent growth and division 

Cyanobacterial global gene expression, growth, cell division and cellular processes are regulated 

by its circadian rhythm [143]. S. elongatus has long been employed as the main model organism 

for the study of a prokaryotic circadian oscillator. Cyanobacterial cells grown in constant 

illumination in a laboratory setting can be entrained so that their endogenous circadian rhythm is 

synchronized with an external 12 hr light: 12 hr dark cycle [144]. The entrainment process involves 
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maintaining the cyanobacterial cultures in an active growing environment by constant dilution of 

batch cultures to maintain a constant cell density during light/dark growth [145]. It is currently 

unknown if and how day/night cycles and the circadian clock influences carboxysome positioning 

by the McdAB system. 

I have successfully optimized a workflow for sustaining photosynthetic growth of entrained 

S. elongatus cells on the microscope by synchronizing the timing of the LED transilluminator 

shutter with the light exposure setting of our photosynthetic incubators where batch liquid cultures 

are grown. Consistent with previous reports [142], [145], [146], I was able to capture diurnal cycle-

dependent cell growth and division in entrained S. elongatus cells by maintaining day/night light 

exposure on the microscope (Fig. 4.5, Movie 4.2). Entrained S. elongatus cells showed cellular 

growth and division events only during the relative day period. During the relative night, cells 

halted growth and division. 

It has been shown that entrained S. elongatus cells have a period of slowed cell division 

rates consistent with the onset of early relative night period [145]. Additionally, cell division 

occurs exclusively in the presence of light and uncoupled from circadian rhythm regulation [145]. 

In contrast, the circadian clock is also capable of inhibiting cell division when light is present, in 

a phenomenon termed circadian gating [145]. The biological phenomenon takes place when cells 

are synchronized in diurnal cycles and subsequently released into constant light. As S. elongatus 

cells anticipate the impending dark periods (termed subjective night), the onset of cell division is 

inhibited during the initial 4-6 hour window [142]. This multifaceted regulatory mechanism of S. 

elongatus circadian-controlled cellular processes highlights the importance of unravelling how 

environmental cues affects the dynamics of McdAB system in ensuring proper carboxysome 

trafficking, homeostasis, and inheritance. 
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Figure 4.5: Entrained S. elongatus cells displayed diurnal-dependent cell growth and division 
patterns. Time course images showing S. elongatus cellular elongation and division coinciding 
with relative day and night periods (indicated in the left panel). Signal shown is of thylakoid 
membrane imaged in red channel as cell outlines. Scale bars: 5 μm. Time-lapse video: Movie 4.2. 
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4.3.3 McdA oscillatory dynamics, carboxysome biogenesis and positioning in entrained S. 

elongatus cells persist throughout growth in light/dark cycles 

My previous work has established that McdA is a unique member of the ParA/MinD family, 

possessing an uncharacteristically high ATPase activity [31], [147]. The temporal separation 

between photosynthesis during diurnal growth and energy utilization in the dark phase inevitably 

causes changes in ATP/ADP ratios. In S. elongatus, ATP levels were observed to steeply decrease 

within the first 2 min after the shift into dark phase [148], [149], followed by a gradual decrease 

to 50% of the pre-dark ATP level and subsequent rapid recovery when the cells are exposed to 

light again [150]. Given the unusually high ATPase activity of McdA compared to other 

ParA/MinD family ATPases, I next set out to determine if McdA oscillation and carboxysome 

dynamics are affected during light-dependent cellular growth and division in entrained S. 

elongatus cells.  

 As shown previously, mNG-McdA displays pole-to-pole oscillations while actively 

positioning newly formed and already present carboxysomes in the presence of light (Fig. 4.6, top 

and last rows; Movie 4.3). Surprisingly, during the dark cycle, mNG-McdA oscillations persisted 

and carboxysome distribution was maintained in these entrained S. elongatus cells (Fig. 4.6, two 

middle rows; Movie 4.3). This finding suggests that despite the high energy expenditure S. 

elongatus cells incur to maintain McdA oscillation during the dark cycle with decreased ATP 

levels present, the benefits of distributing carboxysomes outweigh the cost of cellular energy 

expenditure.  
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Figure 4.6: McdA oscillatory patterning maintains carboxysome positioning in entrained S. 
elongatus cells throughout diurnal growth. Time course images showing merged mNG-McdA 
(yellow) and carboxysome foci (cyan) signals during growth in light/dark diel cycles (indicated in 
the left panel). Scale bars: 5 μm. Time-lapse video: Movie 4.3. 
 

4.4 Discussion 

Long term and multi-generational fluorescent imaging of cyanobacterial cells has been challenging 

due to multiple constraints presented by these microorganisms’ inherent physical and biological 

properties [54].  To establish an efficient workflow for long term imaging of S. elongatus cells, I 
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first had to reconfigure the existing imaging hardware on the microscope to sustain photosynthetic 

growth on the microscope stage. With the use of a highly sensitive and tunable stage top incubator 

system, I was able to control and maintain optimal humidity, temperature, and CO2 concentration 

surrounding the agarose pad harboring immobilized S. elongatus cells. Humidity control was 

required to limit drift that occurs as the agar pad dehydrates over long-term imaging. Temperature 

control and maintenance is critical for imaging photosynthetic growth on the stage top because of 

the heat generated from near continuous light exposure. Finally, high CO2 (5%) is required to boost 

the growth rate of S. elongatus to obtain experimentally feasible doubling times (~ 6 hrs in high 

CO2 compared to ~15 hrs in ambient CO2). Finally, I had to balance acquisition parameters to 

minimize phototoxicity-induced growth defects and fluorophore photobleaching. Taken together, 

I was able to overcome these limitations and establish a roadmap for successful long term and 

multi-generational cyanobacterial cell imaging in the lab.  

 Overall, this newly established imaging workflow enabled me to observe mNG-McdA and 

fluorescent carboxysome inheritance and dynamics during long term growth as well as during cell 

division. I found that mNG-McdA maintains its pole-to-pole oscillation through forming septa 

during cell division (Fig. 4.4) and during dark cycles in entrained S. elongatus cells (Fig. 4.6, 

Movie 4.3). We initially hypothesized that S. elongatus would halt or potentially dampen its McdA 

oscillatory patterning at night as a response to depleting cellular concentrations of ATP [148]–

[150]. Strikingly, I observed continued mNG-McdA oscillation in entrained S. elongatus cells 

throughout the light/dark cycles.  

Based on my results, this persistent mNG-McdA oscillation is imperative in maintaining 

proper carboxysome positioning. Intriguingly, I found that new carboxysomes were still being 

assembled and positioned during the dark cycles (Fig. 4.6, Movie 4.3). Sun and colleagues [151] 
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have reported that carboxysome abundance, dynamics, and carbon fixation activities are 

modulated in S. elongatus cells as a response to the metabolic changes that happen during diurnal 

growth, with carboxysomes assuming a more polar localization during the dark period. Reports 

have also shown that procarboxysomes and inactivated carboxysomes are more polarly located 

[33], [151]. It is possible that there might be an unknown, McdAB-mediated mechanism involved 

that would sequester this subset of carboxysomes into the polar regions transiently during the dark 

cycle while maintaining normal cellular distribution for other functionally mature carboxysomes. 

This could explain why S. elongatus cells would still invest in the cellular energy expenditure 

needed to maintain McdA oscillation in the dark despite falling ATP storage.  

We have previously reported that mcdA overexpression causes a collapse of its oscillatory 

patterning meanwhile overexpression of mcdB led to the formation of bar carboxysomes with 

altered ultrastructure as seen in their fluorescent and TEM images [31]. Additionally, similarly 

elongated carboxysome signals were observed in ∆ccmL mutant strains of S. elongatus, 

presumably due to a failure in shell closure and thus, incomplete dissociation of new carboxysomes 

budding from preexisting procarboxysomes [33]. Visualizing the sequential biogenesis events 

leading to these abnormal carboxysome phenotypes via long term and multigenerational imaging 

of S. elongatus cells could answer pertinent questions in the field, especially ones centering on 

how McdAB stoichiometry imbalance could cause such dramatic changes to McdA function as 

well as carboxysome size, ultrastructure, and homeostasis in the cell.  
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4.5 Materials and Methods 

4.5.1 Culture growth conditions and entrainment 

All S. elongatus culture growth conditions are as described in Chapter III (page 75). To 

synchronize cellular growth phase during entrainment [17], S. elongatus batch cultures were grown 

in a 12 hr light: 12 hr dark cycles with continuous dilution in order to maintain a maximal OD750 

of 0.1 for three consecutive days. Batch cultures were kept in this light/dark cycles until cells are 

ready to be imaged. 

 

4.5.2 Fluorescence and time-lapse microscopy 

Visualization methods are as described in Chapter III (page 77). Videos were taken at one frame 
every 15 min for a duration of up to 42 hours. 
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CHAPTER V 

 

Discussions and Concluding Remarks 

 

5.1 Discussions  

The experimental framework outlined in Chapter IV provides a long-term and multi-generational 

imaging approach for S. elongatus in an effort to visualize protein self-organization during 

phototrophic growth and division. Self-organization in bacteria has been extensively studied in 

model organisms, such as E. coli [1] and B. subtilis [2], [3]. The two best studied is cell division 

positioning by the MinCDE system [4], [5] and DNA segregation by the ParABS system [6]–[8]. 

Here my findings extend the field into the trafficking of protein-based bacterial organelles by the 

McdAB system in non-model photosynthetic bacteria. Investigating dynamic protein organization 

in non-model organisms such as cyanobacteria is important for understanding the mechanisms 

driving subcellular pattern formation and the resulting mode of transport and positioning that uses 

dynamic protein gradients [8]–[12], as opposed to traditional filament-based mechanisms [13]–

[16]. Here I summarize my findings and suggest future directions in the study of carboxysome 

positioning by the McdAB system in cyanobacteria. I specifically focus on what I think will be 

two key biological influencers on carboxysome positioning: (1) circadian rhythms, and (2) the 

compaction state of the nucleoid, which I propose should not be considered as a benign matrix in 

the carboxysome positioning mechanism.  
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5.1.1 Circadian rhythm brings about transcriptomic and proteomic changes to carbon-

concentrating mechanism components in S. elongatus  

 Cyanobacteria are the only prokaryotic organisms capable of oxygenic photosynthesis and 

rely on an intrinsic circadian clock that faithfully maintains a 24-hr periodicity [17]–[19]. 

Cyanobacteria naturally predict, adapt, and respond to daily light/dark cycles by rendering 

environmental cue inputs into regulated gene expression outputs [20]. The molecular control and 

underlying mechanisms of circadian timekeeping have been studied extensively in S. elongatus

The S. elongatus circadian oscillator consists of proteins KaiA, KaiB and the central player KaiC, 

a hexameric ATPase that possesses autokinase and autophosphatase activities [21], [22]. The 

cyclic nature of KaiC phosphorylation and ATPase activities are mediated by KaiA and KaiB. 

During the period of subjective day, KaiC undergoes sequential autophosphorylation induced by 

KaiA binding [23].  Conversely, KaiB sequesters KaiA away from KaiC, activating KaiC intrinsic 

autophosphatase activity during the relative night period [23], [24]. 

This rhythmic process of KaiC phosphorylation cycles relies on environmental cues 

channeled by KaiA, the histidine kinase CikA [25], [26] and light-dependent iron-sulfur protein 

LdpA [27].  KaiA and CikA binding to oxidized quinone, which rapidly accumulates in darkness 

[28], target these proteins for degradation and allows for dephosphorylation of KaiC [29]. LdpA 

modulates periods in circadian rhythms by sensing light-dependent changes in electron transport 

and CikA cytosolic pool [27], [30]. Additionally, KaiC can sense the cellular ATP/ADP ratio that 

changes dramatically throughout the day, particularly due to the temporal separation of 

photosynthesis and catabolism [31]–[33]. The redox state, ATP pool, and environmental light 

sensing mechanisms cooperatively set the rhythm of circadian oscillation in S. elongatus.  
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The cellular output of the circadian rhythm in S. elongatus is mediated by a two-component 

system consisting of histidine kinase SasA and transcriptional response regulator RpaA [34], [35]. 

SasA interaction with KaiC stimulates its autophosphorylation and in turn, phosphorylates RpaA. 

In its phosphorylated form, RpaA binds to promoters of ~170 genes on the chromosome, including 

genes implicated in the regulation of metabolism, the circadian clock, nucleoid topology, cellular 

division, and growth [36]. During day/night cyanobacterial growth, the circadian clock drives the 

expression of two distinct gene classes. Expression of Class I genes, which is under the regulation 

of phosphorylated RpaA (P-RpaA), peak at early subjective night [36] meanwhile Class II genes 

show maximum expression during subjective dawn [37]. ∆rpaA mutants are arrested in Class II 

expression dawn-like state and do not display any rhythmic gene expression, emphasizing its 

central role in mediating circadian outputs [34]. The far-reaching implications of circadian 

oscillator regulation can be seen across global gene expression [38], [39], cellular division [17], 

[18], nucleoid compaction [40], [41] and metabolite compartmentalization [42], [43]. Intriguingly, 

this faithful timekeeping mechanism of the S. elongatus circadian oscillator can be reconstituted 

in vitro in the presence of KaiA, KaiB, KaiC, SasA, CikA, RpaA, and DNA encoding for clock-

controlled promoters [44], [45].  

mcdA and mcdB genes have been implicated as direct targets of RpaA. Along with genes 

encoding for carboxysome components, mcdA and mcdB genes are categorized as dawn-peaking 

Class II genes [36], [46]. This classification is consistent with the critical role carboxysomes play 

in the light-dependent carbon-fixation step of oxygenic photosynthesis in S. elongatus. It is highly 

likely that McdA and McdB levels are tightly modulated throughout the course of the S. elongatus 

life cycle; for example, maintaining relative and absolute protein levels of McdA and McdB in the 

cell. Our previous data suggests this balance is crucial as McdB overexpression leads to the 
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formation of massive bar carboxysomes, whereas McdA overexpression leads to small and 

misshaped carboxysomes [47]. Given the drastic changes to carboxysome ultrastructure in 

response to McdA and McdB imbalances, it is attractive to speculate that environmental cues 

provide input via the circadian clock to regulate McdAB levels, which could influence 

carboxysome size, number, and/or distribution in the cell. 

Transcriptomic analyses have suggested that Rubisco genes and the ccm operon (encoding 

for CcmK2, CcmL, CcmM, CcmN and CcmO; Fig 1.2) all possess photosynthesis-related 

rhythmic expression, peaking around subjective dawn [48], [49]. Conversely however, proteomic 

studies indicated that cellular Rubisco levels undergo only modest changes throughout light/dark 

cycles [50], [51]. This inconsistency could be attributed to cellular localization/sequestration 

(inside vs outside of carboxysomes) or post-translational modification of Rubisco that could be 

photosynthesis- or light cycle-dependent [52]. Indeed, β-carboxysomes have been reported to 

undergo light-mediated changes in their size, copy number, composition, spatial positioning and 

mobility [53]. Moreover, the inside-out assembly approach observed during de novo carboxysome 

biogenesis favors dense Rubisco arrangement and packing to maximize the enzyme’s 

concentration in carboxysome lumen [54]. This dense Rubisco core organization has been 

implicated to serve as a foundation for maintaining carboxysome structural integrity [54], [55]. By 

co-labeling a shell protein that is known to be recruited in the later stages of the carboxysome 

assembly process (such as CcmO or CcmL) along with Rubisco in an S. elongatus strain grown in 

light/dark cycles on the microscope stage, one could begin to dissect how circadian rhythms affect 

the efficiency of Rubisco packaging into carboxysomes and in turn, carboxysome size. It is 

plausible that McdB may be playing a terminal role in the carboxysome assembly process by 
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rendering a properly-sized and completely-assembled carboxysome as “mature” and licenses it to 

be “picked up” by the McdA oscillation for proper cellular distribution and positioning.  

 

5.1.2 Nucleoid compaction and the polyploidy of S. elongatus: Is the nucleoid really just a 

benign matrix for McdA gradient formation and carboxysome positioning? 

We have provided multiple line of evidence that McdA forms dynamic oscillatory gradients on the 

nucleoid for distributing carboxysomes down the cell length [47], [56]. Currently not considered 

in our models, however, is the fact that S. elongatus cells can carry anywhere between one to ten 

identical copies of its chromosome at any time [57]. Also, chromosome copy number as well as 

compaction state are both influenced by circadian rhythms [40], [41]. Nearing the end of the 

subjective day, S. elongatus chromosomes stop replicating and become compacted into distinct 

“nucleoid islands” [40]. Going forward, it is important to refine our diffusion-ratchet mechanism 

of carboxysome positioning by taking into account the potential influence of chromosome copy 

number and nucleoid expansion/compaction. 

I have observed that mNG-McdA is capable of maintaining its oscillatory dynamics over 

highly-compacted nucleoids in ciprofloxacin-treated cells (Movie 3.2) as well as during the 

transition between light and dark cycles in entrained S. elongatus cells (Fig. 4.6). These 

preliminary finding suggest that McdA oscillation and carboxysome positioning continues 

regardless of the compaction state of the nucleoid. The positioning of cyanobacterial chromosomes 

and carboxysomes are mutually exclusive [58], with chromosomes being replicated independent 

of cell division but instead correlated with cell length [59]. Strikingly, despite their high copy 

number in the cell, S. elongatus chromosomes are segregated in a non-random manner, which is 

speculated to be the result of a cellular event that transiently aligns the replicated chromosomes 
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just prior to cell division to ensure proper inheritance of chromosome copies to daughter cells [58], 

[59]. Taking circadian rhythm-mediated chromosome compaction/relaxtion cycles into 

consideration, disentangling the relationship between this transient pre-division chromosome 

arrangement and spatial distribution of carboxysomes occupying the nucleoid space could further 

our understanding on the influences that nucleoid dynamics potentially have on the McdAB system 

throughout the cell cycle. 

Despite the dramatic variation in genome copy number within an S. elongatus population, 

protein concentration has been shown to remain relatively constant across all cells in a population, 

with cellular volume and total protein displaying a linear and positively-correlated relationship 

with genome copy number [60]. We previously found that McdB must be bound to carboxysomes 

to generate McdA oscillations on the nucleoid. Without carboxysomes, McdA coated the nucleoid 

and McdB was diffuse in the cytoplasm [47]. These results suggest that to establish McdA pole-

to-pole oscillatory dynamics, McdB must not only be present, but it must be concentrated or 

localized on assembled carboxysomes [47]. Several fundamental questions arise from these 

findings: iii) How do different cell and nucleoid morphologies (rod vs spherical) and cell states 

(unicellular vs filamentous) affect McdAB dynamics, carboxysome positioning, and homeostasis? 

iv) How does McdB associate with the carboxysome and how does this interaction influence 

carboxysome ultrastructure? Answering these questions will provide valuable insight into 

understanding the connection between circadian rhythms, changes in nutrient availability, 

biophysical cellular constraints and carboxysome maintenance in cyanobacteria.   
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5.2 Summary of Findings 

In Chapter II, I showed that McdA from S. elongatus is a unique member for the 

ParA/MinD family of ATPases; all of which encode for a deviant Walker-A motif required for 

ATP-binding and –hydrolysis. I found that like other ParAs involved in chromosome segregation 

and plasmid partition, McdA can bind nonspecifically bind to DNA in vitro, which translates into 

binding the nucleoid in vivo (Fig 2.2). But in vivo, McdA does not just coat the nucleoid. Instead, 

it forms dynamic pole-to-pole oscillations. This self-organized oscillation is dependent upon a 

protein we identified in the Vecchiarelli lab, we called McdB. I showed that McdB is capable of 

stimulating McdA ATPase activity and its release from the nucleoid (Fig 2.4). I also found that 

McdB associates with the carboxysome via a number of interactions with shell proteins. The 

interaction between carboxysome-localized McdB and nucleoid-bound McdA results in: (i) an 

McdA depletion zone on the nucleoid in the vicinity of carboxysomes, (ii) a global break in McdA 

symmetry along the nucleoid, (iii) carboxysomes chasing regions of increased McdA 

concentration, and (iv) emergence of a pole-to-pole McdA oscillation (Fig 1.4A, Movie 1.1). This 

set of observations suggested that instead of a cytoskeletal model, the McdAB system is employing 

a Brownian-Ratchet mechanism of motion, with carboxysomes being positioned in a directed and 

persistent manner towards increasing amount of McdA on the nucleoid [11], [47], [61], [62].  

In Chapter III, by strategically introducing amino acid substitutions in the McdA ATP-

binding pocket, I was able to sequentially trap McdA at specific steps in its ATP cycle. This 

allowed me to map out critical events in the ATPase cycle of McdA that allows it to bind ATP, 

dimerize, change its conformation into a DNA-binding state, interact with McdB-bound 

carboxysomes, hydrolyze ATP, and release from the nucleoid. Additionally, I showed that McdA 

is a unique and unstudied member of ParA family ATPases as it employs a previously 
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uncharacterized signature lysine in the C-terminal half of the protein instead of one in the Walker 

A box (Fig 3.7A). I have also identified an ATP-trapped McdA mutant (McdA[K15R]) that locks 

McdB-bound carboxysomes onto the nucleoid, but no longer oscillates (Fig. 3.5). It would be 

interesting to see how carboxysomes locked onto the nucleoid affects the rhythmic nucleoid 

rearrangement and compaction/relaxation cycles in entrained S. elongatus cells, as well as the 

impact it might have on DNA-related processes such replication, chromosome segregation and 

transcription.  

 In Chapter IV, I provide an experimental framework for long-term, multi-generational, and 

real-time visualization of fluorescent components in S. elongatus cells grown in constant light or 

diurnal cycles. By overcoming many imaging- and growth-condition issues specific to 

cyanobacteria, I was able to image growing S. elongatus cells for up to two days without 

compromising growth rates or detecting any phenotypic defects in carboxysome positioning. My 

findings showed that McdA oscillations persist during cell division, resulting in an asymmetric 

inheritance of the McdA pool. Further investigation is required to determine how daughter cells 

lacking McdA rapidly respond to this depletion and what effect this transient McdA depletion has 

on carboxysome distributions in the cell. I also observed persistent McdA oscillations in the dark 

cycle. This is an intriguing finding given that carbon-fixation, the main function of carboxysomes, 

does not occur during the subjective night period. This leads to the question, why and how are 

carboxysomes being positioned at night over highly condensed nucleoids. Exploring this 

fundamental question would enrich our understanding of the robust nature of the McdAB system 

and the need for maintaining proper carboxysome distribution independent of active carbon 

fixation.  
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5.3 Future Directions 

My findings in Chapter II provide the biochemical underpinnings for the molecular 

mechanism of the McdAB system in S. elongatus. With the use of a DNA-carpeted flowcell, we 

were able to show that McdA is able to associate with DNA without the formation of cytoskeletal 

filaments, as subscribed by models previous to my work and the work of others in the Vecchiarelli 

lab [47]. Going forward, using this powerful cell-free reconstitution approach, we can probe 

further into McdA interaction, movement, and residence time on the DNA carpet to determine 

binding, exchange, and dissociation rates. These biochemical parameters are critical to in silico 

modelling of the diffusion-ratchet model we proposed. The long-term goal using this cell-free 

reconstitution approach is to visualize the entire carboxysome positioning system in vitro, which 

would consist of fluorescent McdA, McdB, and carboxysomes on a DNA carpet that serves as a 

nucleoid biomimetic. This powerful approach would allow for systematic and rigorous control 

over experimental conditions and various components of the carboxysome and its positioning 

system. This cell-free approach will allow us to answer the following questions : i) How does 

McdA discriminate between free and carboxysome-localized McdB?  ii) What amount of McdB 

must be present on a carboxysome before McdA recognizes it as a ‘mature’ cargo ready to be 

positioned? This bottom-up reconstitution approach would provide significant insights into the 

molecular interactions driving carboxysome distributions in the cell, without the major limitations 

and complexity associated with studying this specific self-organizing system in a cyanobacteria 

cell.  

Using fluorescently-tagged carboxysome components and genetic knockout strains, two 

reports have shown that S. elongatus cells first assemble a “procarboxysome”, which forms from 

the inside-out. Rubisco associates with linker proteins to form the interior matrix followed by shell 
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encapsulation. Following the formation of a procarboxysome, subsequent carboxysomes were 

assembled using the procarboxysome as a template - budding off and then distributing down the 

cell length [47], [63], [64].  Our past study has implicated McdB as a determinant for carboxysome 

size and ultrastructure through a mechanism we have not fully investigated [47]. By systematically 

labelling each carboxysome component along with McdB in the same strain we will be able to 

image carboxysome assembly and budding events, and determine where and how McdB fits in 

during the carboxysome assembly sequence.  

In Chapter II and III, I have put forth multiple lines of evidence that McdA oscillatory 

dynamics and subsequently, carboxysome spatial distribution is highly dependent upon nucleoid 

topology in S. elongatus. What is not yet clear is how carboxysome trafficking is affected by 

rhythmic nucleoid compaction/relaxation [40], [41] and nucleoid dynamics during cell division. 

To address these issues, one requires a stable nucleoid marker for polyploid S. elongatus cells; 

DAPI staining would not be sufficient. One could however, fluorescently label a nucleoid-

associated proteins such as the HU homolog in S. elongatus [65], [66]. Additionally, as McdAB 

concentration and ratios in S. elongatus cells are independent of their genome copy-number, the 

emergent dynamics of McdA is largely influenced by the geometry, topology and/or availability 

of the surface area upon which they are scaffolding on, which in this case is the nucleoid. It would 

be interesting to see how the McdAB system would behave in other morphologically different 

cyanobacterial cells, but with differing chromosome number.  

 

5.4 Concluding remarks 

My thesis work has begun to answer many questions pertaining to the new field of organelle 

trafficking in bacteria. Current studies on bacterial organelles, like BMCs, are almost entirely 
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centered on the biogenesis and synthetic application of these self-assembling compartments. My 

work is among the first to examine the molecular mechanism of protein-based microcompartment 

trafficking within a bacterial cell. My findings will inform current efforts in understanding 

carboxysome biogenesis, positioning, trafficking and homeostasis, and hopefully will serve as a 

bridge to narrow the current gap in knowledge in utilizing carboxysomes for synthetic biology 

applications and for understanding BMC inheritance in general. 
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APPENDIX A 

 

Supplemental Movie Legend 

 

Movie 1.1: Oscillation of mNG-McdA (magenta) occurs while carboxysomes (blue) are 

fluorescently labeled. Video 3 from [1] (: https://creativecommons.org/licenses/by/4.0/).  

 

Movie 3.1: Live-cell fluorescence microscopy of mNG-McdA variants of S. elongatus. (Top Left) 

Wildtype mNG-McdA oscillated (magenta) and uniformly distributed carboxysomes (cyan). All 

McdA mutants no longer oscillated and carboxysomes were mispositioned. Movies were taken at 

30 seconds per frame for 30 minutes. Playback at 20 frames per second (600x real time). Movie 

S1 from [2] (https://creativecommons.org/licenses/by-nc-sa/3.0/).  

 

Movie 3.2: Live-cell fluorescence microscopy of S. elongatus cells treated with ciprofloxacin. 

mNGMcdA (magenta) continued to oscillate on ciprofloxacin-compacted nucleoids (DAPI, green) 

and carboxysomes (cyan) were still distributed across the compacted nucleoid. Movie was taken 

at one frame per minute for 30 min. Playback at 20 frames per second (1200x real-time). Movie 

S2 from [2] (https://creativecommons.org/licenses/by-nc-sa/3.0/).  
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Movie 3.3: Multi-generational time-lapse microscopy of mNG-McdA (top row) and mNG-

McdA[K15R] strains (bottom row). Wildtype mNG-McdA oscillated (magenta) and uniformly 

distributed carboxysomes (cyan). mNG-McdA[K15R] formed foci that colocalized with 

carboxysome aggregates (cyan). Chlorophyll (red) in the thylakoid membranes were used to 

quantify cell growth rate and doubling times presented in Fig. 3.5K and 3.5L. Movies were taken 

at one frame per hour for 22 hours. Playback at 5 fps (18000x real-time). Movie S3 from [2] 

(https://creativecommons.org/licenses/by-nc-sa/3.0/).  

 

Movie 4.1: Multi-generational time-lapse microscopy of wildtype S. elongatus cells showing S. 

elongatus cell growth under constant illumination by the microscope’s LED light source. Time 

stamp is in hour:min. Chlorophyll (red) in the thylakoid membranes were imaged to visualize cell 

outlines. Movie was taken at one frame per 15 min for 17.5 hours. Playback at 5 fps (4500x real-

time). 

 

Movie 4.2: Multi-generational time-lapse microscopy of wildtype S. elongatus cells showing S. 

elongatus cell growth under 12 hour light: 12 hour dark cycle. Labels on top left corner depict 

relatve day or night cycle. Movie was taken at one frame per 30 min for 21 hours. Playback at 5 

fps (4500x real-time). 

 

Movie 4.3: Multi-generational time-lapse microscopy of showing merged mNG-McdA (yellow) 

and carboxysome foci (cyan) signals during S. elongatus growth in light/dark diel cycles. Labels 
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on top left corner depict relatve day or night cycle. Movie was taken at one frame per 15 min for 

21 hours. Playback at 5 fps (4500x real-time). 
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