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Summary 

Activated carbon block (ACB) point-of-use (PoU) drinking water filters can change the bacterial 

composition in drinking water. Consuming ACB PoU filtered water may also influence gut microbiomes. 

This study uses the zebrafish model to evaluate how the ACB PoU filter affects the gut microbiomes and 

phenotypic responses in larvae and adulthood. An ACB PoU filter manifold system was constructed to feed 

larval and adult zebrafish tap and filtered water at the early and late stage of the filter operation period. 

Adult zebrafish gut microbiomes were not affected by exposure to water types and filter stages. Unlike the 

adult, gut microbiomes of the larvae exposed to filtered water at the late stage of filter operation were 

dominated by more filter-relevant bacterial taxa, including Comamonadaceae and Brevundimona, than the 

early stage-filtered-water- and tap water-exposed larvae. We also found some fish that were either exposed 

to filtered water at early and late stages or tap water supplied to the filter toward the end of the experiment 

showed hyperactive locomotion behavior, and had significantly lower relative abundances of a 

Pseudomonas spp (OTU3) than the normally behaved fish. Our findings indicate that ACB PoU filtered 

water can alter gut microbiomes and affect the behavior patterns in larval zebrafish.  

Introduction 

Activated carbon block (ACB) point-of-use (PoU) filters are certified to remove chemicals from 

drinking water, including heavy metals, chlorine, disinfection byproducts, and other contaminants of 

concern (NSF International/ANSI, 2015a, 2015b; NSF International, 2016). The ACB is a solid block of 

compressed activated carbon with low porosity and extensive surface area that removes unwanted 

chemicals through physical adsorption and mechanical filtration (Wu et al., 2017). However, these filters 

are known to support bacterial growth (Tobin et al., 1981; Reasoner et al., 1987) and change the drinking 

water microbiome significantly over time (Chaidez and Gerba, 2004; Wu et al., 2017).  These microbial 

changes may influence gut microbiomes. Certain drinking water bacteria, such as the genus Ralstonia, 

Bacillus, and Escherichia, can be selected for and form gut microbiota in germ-free mice (Lee et al., 2010). 

Consuming drinking water from different origins has been shown to affect the diversity of bacterial 

communities in mice intestines (Dias et al., 2018). Changes to gut microbiomes affect the metabolic, 
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immunological, physiological, and neurological development of hosts (Cresci and Bawden, 2015; 

Ihekweazu and Versalovic, 2018). Bacterial diversity and richness in gut can affect animal behaviors and 

locomotor activity through metabolic alterations that are implicated in inducing neurochemical changes in 

the central nervous system (Desbonnet et al., 2015; Borrelli et al., 2016; Schretter et al., 2018). Since ACB 

PoU filters can substantially change the microbial composition of drinking water, and drinking water 

microbial composition can affect mammalian host function, it is important to understand the potential health 

impacts of ACB PoU filtered water on the gut microbiome. 

Zebrafish (Danio rerio) is a well-established model to study impacts of environmental exposure on 

gut microbiomes. The zebrafish gut has similar development, structure, and function with the mammalian 

digestive system (Stroband and Debets, 1978; Rombout et al., 1984). Several bacterial divisions in humans, 

mice and other mammals intestines, such as Bacteroidetes, Firmicutes, Actinobacteria, and Proteobacteria, 

also reside in the zebrafish gut (Rawls et al., 2004; Eckburg et al., 2005; Bates et al., 2006).  The host gene 

expression and gut microbial regulation in zebrafish are highly conserved in the mammalian gut (Rawls et 

al., 2004). Conventionally raised zebrafish are reared in conditioned water treated by reverse osmosis (RO). 

Under controlled environmental and dietary conditions, zebrafish gut microbiota evolves over development.  

During embryogenesis and larval stage, bacterial memberships and abundances are highly variable  

(Stephens et al., 2016). Zebrafish embryos are initially sterile and axenic. By 4 days post-fertilization, 

larvae hatch from their chorion and encounter environmental microbes for the first time (Bates et al., 2006). 

Initially, Gammaproteobacteria dominate the intestine community (Stephens et al., 2016). Entering 

adulthood, host selection mechanisms and exogenous factors become the main driver shaping intestine 

bacterial composition, where Fusbacteria join Gammaproteobacteria as the core class among the gut 

colonizers (Stephens et al., 2016). Other than lifecycle stages, recent studies have identified various external 

factors, such as diet (Koo et al., 2017), antibiotic exposure (Gaulke et al., 2016; Almeida et al., 2019), and 

chemical contaminants (Oliveira et al., 2016; Dahan et al., 2018; Xia et al., 2018, 2020) that can reshape 

gut microbiota in zebrafish.  
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In this study, we use the zebrafish model to evaluate how ACB PoU filters impact gut microbiomes, 

embryonic development, and locomotive behavior patterns. We constructed a sink manifold that had 

duplicate ACB PoU filters attached to a split faucet and operated to simulate diurnal usage patterns (Fig. 

S1). To compare the effects of water microbiome changes over the filter life, we exposed larval and adult 

zebrafish with tap or filtered water at either early or late stages during filter operation. Our findings fill a 

gap in understanding the interaction of water and gut microbiomes at different host ages. The phenotypic 

responses of zebrafish due to the exposure suggest potential health impacts of ACB PoU filters on humans.  

Results and Discussion 

At both early and late stages, larval and adult zebrafish developed bacterial members that were 

previously identified as part of the core gut microbiota of conventionally reared zebrafish (Table S1). 

Alpha-, Beta-, and Gammaproteobacteria constituted at least 70% in all larval gut communities. Among 

Gammaproteobacteria, Pseudomonas (OTU3), Aeromonas (OTU7), and Vibrio (OTU13) were the three 

most frequently detected bacterial taxa with relative abundances varying across exposure conditions. In 

adult guts, Fusobacteria made up of at least 65 % of the community with the majority being classified in 

the genus Cetobacterium. The rest of the adult gut community was made up of Aeromonas (OTU7) and an 

unclassified Firmicutes (OTU8). Only a few zebrafish intestinal OTUs had greater than 5% relative 

abundances in water environments, such as Blastomonas (OTU22) in tap water, and Comamonadaceae 

(OTU4) as well as Burkholderiales (OTU6) in filtered water (Table S2). The remaining zebrafish intestinal 

OTUs were less than 10% of tap or filtered water bacterial populations (Table S2), and represent taxa that 

were selected for and colonized the zebrafish intestine environment.   

The chemical and microbial properties of tap and filtered water were consistent with previous 

studies (Wu et al., 2017). Over the whole experiment, water quality remained stable in tap water and filtered 

water. The filters removed residual chlorine and reduced conductivity from tap water (Table S3). Both tap 

and filtered water were supplemented with salts, sodium bicarbonate, and tap water conditioner (removes 

chlorine and detoxifies heavy metals) to ensure all water types were consistent and comparable. The 

bacterial community structure in filtered water changed significantly over the filter operating period (Fig. 
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S2, ANOSIM, R = 0.54), whereas the microbial composition of tap water was consistent over time (Fig. 

S2, ANOSIM, R = 0.33). To characterize how the bacterial quality of PoU filter water affected zebrafish 

gut communities, OTUs were categorized as “filter-relevant”, “tap-relevant”, “gut only”, and “irregular” 

according to their presence, abundance, and timing in tap and filtered water throughout the operation (Table 

1 and Table S2). Bacterial taxa that were more likely to be detected in filtered water are defined as “filter-

relevant” OTUs. This group met one of the following criteria: (1) higher relative abundances in filtered 

water than in tap water for at least three operational days, (2) only detected in filtered water, or (3) detected 

in filtered water at least one of the last two sampling days toward the end of filter operation. Similar logic 

rules apply to the “tap-relevant” OTUs. “Gut only” OTUs were only present in the gut microbiomes and 

OTUs that did not show consistent patterns throughout the operation are classified as “irregular”.  

Larva exposed to filtered water showed significantly different total richness and predominant OTUs 

between early and late stages, especially for filter and tap relevant OTUs (Table 1 and Fig. 1). We used 

Chao 1 index to estimate the richness of the population and each OTU category (Gotelli and Colwell, 2011). 

Early-filtered-water-exposed larval guts had the fewest bacterial taxa among exposure conditions. In late-

filtered-water-exposed larval guts, eight times more richness of filter relevant OTUs developed and 

contributed to half of the community. Early-filtered-water larval gut microbiomes were dominated by a tap 

relevant OTU (Pseudomonas, OTU3) that comprised 9-97 % of the population, and an irregular OTU 

(Cetobacterium, OTU2), that comprised 2-31 % of the population. In late-filtered-water larval guts, these 

two bacterial taxa were replaced by filter relevant OTUs, Comamonadaceae (OTU4, classified as 

Betaproteobacteria) and Brevundimonas (OTU28, classified as Alphaproteobacteria), which made up 3-

42 % and 0.02-6 % of the population, respectively. Individual larval gut microbial communities within each 

condition had some interindividual variation, as commonly found in zebrafish larvae (Stephens et al., 2016) 

and other young vertebrates(Koenig et al., 2011), but late-filtered-water larvae possessed relatively higher 

variation in the overall richness than others (Table 1).  Significant variation in other filter relevant OTUs 

was observed, such as Streptococcus (OTU72) and Geobacillus (OTU78), and comprised up to 6 and 33 % 

of the population, respectively. Another predominant tap relevant OTU, Vibrio (OTU13), also varied with 
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the exposure condition. The presence of Vibrio (OTU13) may have been excluded by Pseudomonas (OTU3) 

in the intestine of tap- and filter-water- larvae at early stages, since Pseudomonas spp. inhibits the growth 

of Vibrio anguillarum in fish guts (Spanggaard et al., 2001; Villamil et al., 2002). Similar intermicrobial 

competition may occur between Vibrio (OTU13) and other bacterial taxa in late-filter water-exposed larval 

guts.  

For tap-exposed larvae, numbers and total relative abundances of filter-relevant, tap-relevant and 

gut only OTUs were similar between early and late stages (Table 1 and Fig. 1), except the total richness 

was about two times higher in late-tap-exposed larval gut. The increase in richness came from more 

irregular OTUs, including Stenotrophomonas (OTU10) and Variovorax (OTU18). A tap-relevant OTU, 

Blastomonas (OTU22), which was frequently detected in tap water during the operation period, also had 

significantly higher relative abundances in late-tap-exposed larval guts.  

Overall, filtered-water-exposed larval guts had significantly different bacterial community 

structures between early and late filter stages (Fig. 2, ANOSIM, R = 0.86), whereas tap-exposed larval guts 

of both stages showed relatively similar composition (ANOSIM, R = 0.18). Within each stage, the gut 

communities from filtered-water-exposed larvae were significantly different from that of tap-exposed 

larvae (ANOSIM, R = 0.70 and 0.58 for early and late stage, respectively). Since the bacterial compositions 

in the filtered water became more distinct over time than in the tap water, the differences in early- and late-

filtered-water-exposed larval gut microbiomes are likely associated with bacterial dynamics in the water 

after PoU filtration.  There is a possibility that this change could be effected by exposure to low levels of 

various regulated and unregulated chemical contaminants present in tap water (Detroit Water and Sewerage 

Department, 2019), although both tap and filtered water were supplemented with salts, sodium bicarbonate, 

and tap water conditioner to ensure all water types were consistent and comparable. 

The association between water and fish gut microbiomes has been found in other fish species 

(Giatsis et al., 2015; Kashinskaya et al., 2018; Nikouli et al., 2019). Fish embryos can ingest bacteria from 

the rearing water and establish initial microflora during larval development (Hansen and Olafsen, 1999). 

At the early larval development stage, the intestinal tract of larvae can be colonized by bacterial taxa 
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randomly sourced from water and their loss and replacement in the gut occur stochastically (Burns et al., 

2016). Larvae exposed to higher bacterial concentrations in water can develop a gut community with a 

higher abundance of bacteria (Tan et al., 2019). In our previous studies, we found that up to 60% of tap 

water bacteria can be removed in filtered water at the beginning of filter operation (Wu et al., 2021).  Early-

filtered-water-exposed larvae may have been exposed to fewer bacterial colonizers and thus developed the 

least diverse gut bacterial community. Over time, PoU filters generate filtered water with higher bacterial 

concentrations and different bacterial composition than tap water. Larvae exposed to late filtered water are 

more likely to encounter filter relevant OTUs, which then assemble into communities with considerable 

interindividual variations. They are distinct from the gut microbiomes of larvae exposed to other conditions.  

Compared to larval gut microbiomes, adult gut microbiomes were homogenous across exposure 

conditions and not affected by either water type or filter stage (ANOSIM, R = 0.13, Fig. 2). Our findings 

were similar to a study that showed adult zebrafish intestinal communities were more similar to each other 

than to the microbiomes of source water, tank surface, or food (Stephens et al., 2016). Adult zebrafish 

microbiota may become an anoxic environment that selects for certain obligate anaerobes, which are 

resilient to changes in host provenance and domestication status (Roeselers et al., 2011). This resilience in 

adult intestinal community therefore is less likely disturbed by changes in the bacterial composition and  

properties of PoU filtered water compared to larval fish.  

Due to the changes of larval gut microbiomes over filter stages, we evaluated phenotypic responses 

including development and locomotion behavior in zebrafish larvae after exposure to tap or filtered water 

(Fig. 3). Skeletal deformities, heart edema, yolk sac edema, inflated swim bladder, mortality and unhatched 

embryos were tracked and quantified throughout the 5-day exposure. Larvae exposed to filtered water of 

both stages had low developmental abnormality rates. However, those exposed to tap water at the end of 

the operation period were more likely to experience a delay in hatching and higher rates of uninflated swim 

bladder than conventionally reared larvae (Fig. 3A). The locomotor activity was assessed by tracking larva 

movements during light and dark alteration cycles. We found elevated average levels of locomotor activity 

in both early and late filtered water-exposed as well as late tap water-exposed larvae (Fig. 3B). Since 
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relative abundances of detected OTUs varied across individual larvae within each exposure condition (Fig. 

2), we found Pseudomonas (OTU3) was significantly lower in conditions when hyperactive larvae occurred 

(12 ± 22%) than those that behaved normally (67 ± 28%). According to its partial 16S rRNA gene sequence, 

Pseudomonas (OTU3) includes taxa that degrade recalcitrant organics (Schaeffer et al., 1979; Kurzawova 

et al., 2012; Mangwani et al., 2016), which had been detected in zebrafish intestines (Rawls et al., 2004; 

Sundarraman et al., 2020) and include Pseudomonas alcaliphila and P. mendocina. Bacterial colonization 

of specific bacterial species and exposure concentrations are associated with neurobehavioral development 

of zebrafish larvae (Phelps et al., 2017; Tan et al., 2019). Colonizers such as E. coli (Tan et al., 2019), 

Bacillus subtilis (Tan et al., 2019), Aeromonas veronii (Phelps et al., 2017), and Vibrio cholerae (Phelps et 

al., 2017) can reverse the hyperactivity in germ-free zebrafish at larval development stage. Pseudomonas 

spp. were found to have a high affinity of gamma aminobutyric acid (Guthrie et al., 2000), one of the 

neurotransmitters responsible for microbiota-gut-brain communication (Carabotti et al., 2015). The 

succession among Pseudomonas (OTU3) and filter relevant OTUs may influence the gut-brain axis and the 

neurobehavior of zebrafish larvae.  

Our findings indicate that the exposure to the water microbiome altered by ACB PoU filters during 

embryonic development changes the species richness and predominant OTUs in larvae gut.  The association 

between water and fish gut microbiomes has been found in other fish species (Giatsis et al., 2015; 

Kashinskaya et al., 2018; Nikouli et al., 2019). Fish embryos can ingest bacteria from the rearing water and 

establish initial microflora during larval development (Hansen and Olafsen, 1999). The number and types 

of shared bacterial taxa between water and fish gut differ according to host genotypes, age, and diet 

condition (Sullam et al., 2012; Legrand et al., 2020). After the inclusion of artificial formulated commercial 

diet, the intestinal bacterial community shifts to a more stable composition, which is less influenced by the 

rearing water and other environmental factors (Nikouli et al., 2019). Indeed, we found that the adult gut 

microbiomes were consistent regardless of their exposure to tap or filtered water at early or late filter stages. 

The exposed larval fish may establish new microbial flora after being introduced with commercial food; 

therefore, filter relevant OTUs may not reside in the gut as much as just after exposure. Since the succession 
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of filter relevant OTUs in the gut affect larval behavior patterns, future studies should focus on the effects 

of early exposure to ACB PoU filtered water. More work is needed to develop a comprehensive 

understanding of interactions among the ACB PoU filtered water and gut microbiomes. 

 

Experimental procedures 

Fish husbandry 

Domesticated AB wildtype zebrafish used in this study were housed in a recirculating system 

(Aquaneering, California, USA) on a 14 h:10 h light/dark cycle with RO water buffered with sodium 

bicarbonate and Instant Ocean salts (Spectrum Brands, Wisconsin, USA). Water temperature was 

maintained between 27 and 30°C. During the larval development period, embryos and larval fish were fed 

a combination of larval food and Artemia nauplii. The fish that were 8 weeks post fertilization (wpf) were 

fed with a combination of Zeigler Zebrafish Adult Diet, O.S.I. Spirulina Flakes, and Golden Pearl. Zebrafish 

use protocols were approved by the Institutional Animal Care and Use Committee at Wayne State 

University, according to the National Institutes of Health Guide to the Care and Use of Laboratory Animals. 

Filter manifold system 

The manifold system was connected to a faucet fed with municipal tap water (Detroit, Michigan) by a 

copper pipe that was split into two lines, each of which was connected to a commercial ACB PoU filter 

(Fig. S1). Each filter consisted of an annular block of activated carbon surrounded by a fabric prefilter. The 

system was fitted with a solenoid controlled by a digital switchbox (ChronTrol Corporation, USA) 

programmed to simulate diurnal water use. Equal volumes of water were processed through the filters for 

20 second intervals at ten times throughout the day and leaving a nightly stagnation period of eight hours, 

which is typical in premise plumbing (Lautenschlager et al., 2010). The total volume of water through each 

filter was simulated as daily potable water consumption of one adult person. It was assumed that the user 

consumed a volume of water between 1.9 L (based on the anecdotal “8 cups a day”) (Valtin, 2002) and 3.7 

L (based on the Mayo Clinic recommendation for an average adult male) (Mayoclinic, 2020). Flow rate 

and water quality, including chlorine residual, temperature, specific conductance, pH and oxygen-reduction 
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potential of the tap and filtered water were monitored daily. Both tap and filtered water were supplemented 

with instant ocean salts, sodium bicarbonate, and tap water conditioner (API; Mars Fishcare North America, 

Inc.) to ensure all water types met the water quality thresholds that are known to be habitable for zebrafish. 

Water samples were collected and transferred to the aquarium lab for fish exposure testing. The manifold 

system was operated for 50 days and reached the manufacturer’s rated design process volume (100 gallons) 

on day 40. Each filter processed an average of 125 gallons water at the end of operation. The larval and 

adult fish were exposed for five and fourteen days, respectfully, to tap or filtered water at the early (Day 1-

5 for larvae and day 1-14 for adult) and the late (Day 34-48 for adult and day 45-49 for larvae) stages of 

the operational period.  

Larval Exposures  

Embryos were obtained by spawning AB zebrafish in 1L crossing tanks and collecting the eggs 2 

hours post fertilization (hpf) and subsequently sterilized with 58 ppm bleach (Clorox, Oakland, CA). The 

washed embryos were then exposed in 10 mL of water samples in sterile 6-well plates at 28 ºC with a 14:10 

light: dark cycle. Each water type had a total of 60 embryos that were exposed in three separate plates. 

Throughout the 5-day exposure period as embryos developed into zebrafish larvae, about 99% of water 

volume was replaced every day with a new aliquot of conditioned tap or filtered water without supplement 

food. On the last day of exposure, 25 larval fish were isolated for abnormality or behavioral analysis, and 

the remaining fish were sacrificed for DNA isolation.  

Adult fish exposures  

Six-month-old adult zebrafish were housed in 1.8 L aerated tanks at a density of 5 fish per 1.5 L 

for the duration of the exposure test. All adult fish were fed with the same food and light dark cycle as in 

the recirculating system. Every tank received a 50% water change daily using sterile pipettes and autoclaved 

glassware. Water qualities were tested daily by sterile test strips (Tetra, Blacksburg, VA, USA; API, 

Chalfont, PA, USA) to ensure the conditions were at pH 7.0, 50-150 ppm hardness, 120-130 ppm alkalinity, 

0-3 ppm ammonium, < 0.05 ppm nitrite, and < 40 ppm nitrate. Exposures lasted 14 days and fish were 

sacrificed on the last day.  
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Abnormality test 

Abnormalities were quantified and tracked daily throughout over the duration of all 5-day larval 

exposures before the daily water change. The abnormalities assessed were skeletal deformities, heart edema, 

yolk sac edema, inflated swim bladder, mortality and unhatched embryos. After all embryos were screened, 

the dead larvae were removed. The abnormality rates were compared over time using the chi-square test 

and pairwise comparison with Bonferroni corrections.  

Behavior test 

Behavioral analysis was completed via a DanioVision Behavioral Chamber (Noldus Information 

Technology, Wageningen, Netherlands). Each larval fish was placed into an individual well of a 24-well 

plate with 2 mL saline prepared with RO water and 600 mg/L Instant Ocean Salt. After acclimating for one 

hour at 27 °C, the plate was placed into the DanioVision Observation Chamber set at 28.5 ± 0.5 °C. The 

behavioral assay consisted of 3-minute light and dark alternating periods with a total of four light-dark 

cycles for 24 minutes. The behavioral data were then analyzed using ANOVA and Tukey’s HSD tests. 

Significance was considered at p values smaller than 0.05. The quality control and statistics were conducted 

using R (http://www.r-project.org). 

Gut microbiomes characterization 

Both adult and larval zebrafish were euthanized by concentrated Tricaine (0.6 g/250 mL) for 10 

min before sacrifice. The adult fish intestine from directly posterior to the esophagus to the vent was 

removed intact with sterile technique. Five larval fish were pooled as one replicate for DNA isolation. A 

total of 25 larvae and 30 adult intestines per exposure condition were extracted. The obtained larval or 

intestine samples were immediately placed in RNA later and stored at 4 ºC until DNA isolation was 

performed using the Qiagen PowerFecal Kit (Qiagen, Hilden, Germany). DNA samples were characterized 

via targeted gene amplification of the 16S rRNA V4 region (515F/806R).(Caporaso et al., 2012; Kozich et 

al., 2013) Pooled and purified libraries were sequenced on an Illumina MiSeq sequencer for 250-bp paired-

end reads (University of Michigan Medical School, Ann Arbor, MI). Amplicon sequences for each sample 

are available on the Sequence Read Archive of the National Center for Biotechnology Information. All 
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sequencing data processing and quality control were conducted using Mothur (v.1.41.3) following the 

MiSeq standard operating protocol.(Schloss et al., 2009) Quality-filtered reads were aligned against SILVA 

v132 and clustered using the average neighbor approach to form operational taxonomic units (OTUs) with 

a sequence similarity cut-off of 97%. Any singleton across all samples were discarded from analysis. One 

gut microbiome outlier was detected using a non-parametric detection test CLOUD(Montassier et al., 2018) 

and removed. Total richness of each sample was assessed by Chao1 Index.(Chao, 1984) Dissimilarities 

between gut microbiomes OTUs diversity and abundances were compared by Bray-Curtis ordination.(Beals, 

1984) Significant association across exposure conditions were compared using ANOSIM. Total richness 

and relative abundances of OTUs across exposure conditions were compared using ANOVA and Tukey's 

HSD tests if normally distributed, or Kruskal-Wallis and Dunn’s nonparametric comparison if not normally 

distributed. 
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Table 1 Estimated richness and relative abundances of OTUs in the gut of zebrafish larvae exposed to tap 
or filtered water.  
 
Estimated nonparametric 
diversity 

Tap water  Filtered water 
Day 1-5 Day 45-49  Day 1-5 Day 45-49 

Total 34 ± 9 53 ± 10 
 

18 ± 9 44 ± 18** 

Filter relevant OTUs 6 ± 3 
(4% ± 8%) 

7 ± 3 
(4% ± 4%) 

 1 ± 1** 
(0.6% ± 0.5%) 

9 ± 5 
(48% ± 33%)** 

Tap relevant OTUs 19 ± 11 
(94% ± 8%)  

24 ± 7 
(60 ± 32%)  

 10 ± 3 
(79% ± 22%)  

17 ± 6 
(37% ± 38%)  

Gut only OTUs 7 ± 3 
(1% ± 1%) 

9 ± 8 
(11% ± 15%) 

 1 ± 1 

(9% ± 11%) 
11 ± 10 

(9% ± 11%) 

Irregular OTUs 2 ± 1 
(1% ± 2%) 

9 ± 5** 
(25% ± 20%) 

 2 ± 1 
(13% ± 12%) 

5 ± 2 
(6% ± 11%) 

Values shown in parenthesis are the total relative abundances of the classified OTUs in the community. 
Significant levels of the differences between operation periods within each water type are shown as * p 
< 0.05, ** p < 0.01, or *** p < 0.001. 
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Fig. 1. Relative abundance of OTUs (> 1%) in individual larval gut across exposure water types and filter 
stages. Numbers in the parenthesis represent the OTUs ID. Taxa in red and orange colors are “filter 
relevant” OTUs. Taxa in blue, green, and yellow colors are “tap relevant” OTUs. Taxa in purple and grey 
colors are “irregular” OTUs. Taxa in white are “gut only” OTUs. Each exposure condition had six 
replicates except for D45-49 Filtered water, in which one replicate was discarded as outlier using CLOUD 
non-parametric method.(Montassier et al., 2018) 
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Fig. 2 Non-metric 

 

Fig. 2. Fig. 2. Non-metric multidimensional scaling (NMDS) ordination plot of the gut microbiomes from 
larval (dark) and adult (light) zebrafish exposed to tap water (circle) and filtered water (triangle) at 
different filter stages. Filter stages are indicated by color: early (Day 1-5 for larvae and Day 1-14 for 
adult) as blue and late (Day 45-49 for larvae and Day 34-48 for adult) as red. Ellipses show the 95% 
confidence interval around samples from each cluster. The analysis was based on Bray-Curtis 
dissimilarity coefficients calculated from the relative abundances of OTUs.  

 

  

Filter stages 
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A 

  
B 

 
 
Fig. 3. Developmental behaviors of zebrafish larvae. (A) Abnormality rates of larval zebrafish for each 
water type. Letters indicate significant differences in the abnormality rates across the water types in post 
hoc pairwise comparison (p < 0.05). (B) Total distance moved at dark and light for zebrafish larvae exposed 
to tap water (blue), filtered water (green), and RO water (grey) after 5-day exposure at operational day 1-5 
(D1-5) or day 45-49 (D45-49). Significant levels are shown as * p < 0.05, ** p < 0.01, or *** p < 0.001. 
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Summary 

Activated carbon block (ACB) point-of-use (PoU) drinking water filters can change the bacterial 

composition in drinking water. Consuming ACB PoU filtered water may also influence gut microbiomes. 

This study uses the zebrafish model to evaluate how the ACB PoU filter affects the gut microbiomes and 

phenotypic responses in larvae and adulthood. An ACB PoU filter manifold system was constructed to feed 

larval and adult zebrafish tap and filtered water at the early and late stage of the filter operation period. 

Adult zebrafish gut microbiomes were not affected by exposure to water types and filter stages. Unlike the 

adult, gut microbiomes of the larvae exposed to filtered water at the late stage of filter operation were 

dominated by more filter-relevant bacterial taxa, including Comamonadaceae and Brevundimona, than the 

early stage-filtered-water- and tap water-exposed larvae. We also found some fish that were either exposed 

to filtered water at early and late stages or tap water supplied to the filter toward the end of the experiment 

showed hyperactive locomotion behavior, and had significantly lower relative abundances of a 

Pseudomonas spp (OTU3) than the normally behaved fish. Our findings indicate that ACB PoU filtered 

water can alter gut microbiomes and affect the behavior patterns in larval zebrafish.  

Introduction 

Activated carbon block (ACB) point-of-use (PoU) filters are certified to remove chemicals from 

drinking water, including heavy metals, chlorine, disinfection byproducts, and other contaminants of 

concern (NSF International/ANSI, 2015a, 2015b; NSF International, 2016). The ACB is a solid block of 

compressed activated carbon with low porosity and extensive surface area that removes unwanted 

chemicals through physical adsorption and mechanical filtration (Wu et al., 2017). However, these filters 

are known to support bacterial growth (Tobin et al., 1981; Reasoner et al., 1987) and change the drinking 

water microbiome significantly over time (Chaidez and Gerba, 2004; Wu et al., 2017).  These microbial 

changes may influence gut microbiomes. Certain drinking water bacteria, such as the genus Ralstonia, 

Bacillus, and Escherichia, can be selected for and form gut microbiota in germ-free mice (Lee et al., 2010). 

Consuming drinking water from different origins has been shown to affect the diversity of bacterial 

communities in mice intestines (Dias et al., 2018). Changes to gut microbiomes affect the metabolic, 
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immunological, physiological, and neurological development of hosts (Cresci and Bawden, 2015; 

Ihekweazu and Versalovic, 2018). Bacterial diversity and richness in gut can affect animal behaviors and 

locomotor activity through metabolic alterations that are implicated in inducing neurochemical changes in 

the central nervous system (Desbonnet et al., 2015; Borrelli et al., 2016; Schretter et al., 2018). Since ACB 

PoU filters can substantially change the microbial composition of drinking water, and drinking water 

microbial composition can affect mammalian host function, it is important to understand the potential health 

impacts of ACB PoU filtered water on the gut microbiome. 

Zebrafish (Danio rerio) is a well-established model to study impacts of environmental exposure on 

gut microbiomes. The zebrafish gut has similar development, structure, and function with the mammalian 

digestive system (Stroband and Debets, 1978; Rombout et al., 1984). Several bacterial divisions in humans, 

mice and other mammals intestines, such as Bacteroidetes, Firmicutes, Actinobacteria, and Proteobacteria, 

also reside in the zebrafish gut (Rawls et al., 2004; Eckburg et al., 2005; Bates et al., 2006).  The host gene 

expression and gut microbial regulation in zebrafish are highly conserved in the mammalian gut (Rawls et 

al., 2004). Conventionally raised zebrafish are reared in conditioned water treated by reverse osmosis (RO). 

Under controlled environmental and dietary conditions, zebrafish gut microbiota evolves over development.  

During embryogenesis and larval stage, bacterial memberships and abundances are highly variable  

(Stephens et al., 2016). Zebrafish embryos are initially sterile and axenic. By 4 days post-fertilization, 

larvae hatch from their chorion and encounter environmental microbes for the first time (Bates et al., 2006). 

Initially, Gammaproteobacteria dominate the intestine community (Stephens et al., 2016). Entering 

adulthood, host selection mechanisms and exogenous factors become the main driver shaping intestine 

bacterial composition, where Fusbacteria join Gammaproteobacteria as the core class among the gut 

colonizers (Stephens et al., 2016). Other than lifecycle stages, recent studies have identified various external 

factors, such as diet (Koo et al., 2017), antibiotic exposure (Gaulke et al., 2016; Almeida et al., 2019), and 

chemical contaminants (Oliveira et al., 2016; Dahan et al., 2018; Xia et al., 2018, 2020) that can reshape 

gut microbiota in zebrafish.  
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In this study, we use the zebrafish model to evaluate how ACB PoU filters impact gut microbiomes, 

embryonic development, and locomotive behavior patterns. We constructed a sink manifold that had 

duplicate ACB PoU filters attached to a split faucet and operated to simulate diurnal usage patterns (Fig. 

S1). To compare the effects of water microbiome changes over the filter life, we exposed larval and adult 

zebrafish with tap or filtered water at either early or late stages during filter operation. Our findings fill a 

gap in understanding the interaction of water and gut microbiomes at different host ages. The phenotypic 

responses of zebrafish due to the exposure suggest potential health impacts of ACB PoU filters on humans.  

Results and Discussion 

At both early and late stages, larval and adult zebrafish developed bacterial members that were 

previously identified as part of the core gut microbiota of conventionally reared zebrafish (Table S1). 

Alpha-, Beta-, and Gammaproteobacteria constituted at least 70% in all larval gut communities. Among 

Gammaproteobacteria, Pseudomonas (OTU3), Aeromonas (OTU7), and Vibrio (OTU13) were the three 

most frequently detected bacterial taxa with relative abundances varying across exposure conditions. In 

adult guts, Fusobacteria made up of at least 65 % of the community with the majority being classified in 

the genus Cetobacterium. The rest of the adult gut community was made up of Aeromonas (OTU7) and an 

unclassified Firmicutes (OTU8). Only a few zebrafish intestinal OTUs had greater than 5% relative 

abundances in water environments, such as Blastomonas (OTU22) in tap water, and Comamonadaceae 

(OTU4) as well as Burkholderiales (OTU6) in filtered water (Table S2). The remaining zebrafish intestinal 

OTUs were less than 10% of tap or filtered water bacterial populations (Table S2), and represent taxa that 

were selected for and colonized the zebrafish intestine environment.   

The chemical and microbial properties of tap and filtered water were consistent with previous 

studies (Wu et al., 2017). Over the whole experiment, water quality remained stable in tap water and filtered 

water. The filters removed residual chlorine and reduced conductivity from tap water (Table S3). Both tap 

and filtered water were supplemented with salts, sodium bicarbonate, and tap water conditioner (removes 

chlorine and detoxifies heavy metals) to ensure all water types were consistent and comparable. The 

bacterial community structure in filtered water changed significantly over the filter operating period (Fig. 
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S2, ANOSIM, R = 0.54), whereas the microbial composition of tap water was consistent over time (Fig. 

S2, ANOSIM, R = 0.33). To characterize how the bacterial quality of PoU filter water affected zebrafish 

gut communities, OTUs were categorized as “filter-relevant”, “tap-relevant”, “gut only”, and “irregular” 

according to their presence, abundance, and timing in tap and filtered water throughout the operation (Table 

1 and Table S2). Bacterial taxa that were more likely to be detected in filtered water are defined as “filter-

relevant” OTUs. This group met one of the following criteria: (1) higher relative abundances in filtered 

water than in tap water for at least three operational days, (2) only detected in filtered water, or (3) detected 

in filtered water at least one of the last two sampling days toward the end of filter operation. Similar logic 

rules apply to the “tap-relevant” OTUs. “Gut only” OTUs were only present in the gut microbiomes and 

OTUs that did not show consistent patterns throughout the operation are classified as “irregular”.  

Larva exposed to filtered water showed significantly different total richness and predominant OTUs 

between early and late stages, especially for filter and tap relevant OTUs (Table 1 and Fig. 1). We used 

Chao 1 index to estimate the richness of the population and each OTU category (Gotelli and Colwell, 2011). 

Early-filtered-water-exposed larval guts had the fewest bacterial taxa among exposure conditions. In late-

filtered-water-exposed larval guts, eight times more richness of filter relevant OTUs developed and 

contributed to half of the community. Early-filtered-water larval gut microbiomes were dominated by a tap 

relevant OTU (Pseudomonas, OTU3) that comprised 9-97 % of the population, and an irregular OTU 

(Cetobacterium, OTU2), that comprised 2-31 % of the population. In late-filtered-water larval guts, these 

two bacterial taxa were replaced by filter relevant OTUs, Comamonadaceae (OTU4, classified as 

Betaproteobacteria) and Brevundimonas (OTU28, classified as Alphaproteobacteria), which made up 3-

42 % and 0.02-6 % of the population, respectively. Individual larval gut microbial communities within each 

condition had some interindividual variation, as commonly found in zebrafish larvae (Stephens et al., 2016) 

and other young vertebrates(Koenig et al., 2011), but late-filtered-water larvae possessed relatively higher 

variation in the overall richness than others (Table 1).  Significant variation in other filter relevant OTUs 

was observed, such as Streptococcus (OTU72) and Geobacillus (OTU78), and comprised up to 6 and 33 % 

of the population, respectively. Another predominant tap relevant OTU, Vibrio (OTU13), also varied with 
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the exposure condition. The presence of Vibrio (OTU13) may have been excluded by Pseudomonas (OTU3) 

in the intestine of tap- and filter-water- larvae at early stages, since Pseudomonas spp. inhibits the growth 

of Vibrio anguillarum in fish guts (Spanggaard et al., 2001; Villamil et al., 2002). Similar intermicrobial 

competition may occur between Vibrio (OTU13) and other bacterial taxa in late-filter water-exposed larval 

guts.  

For tap-exposed larvae, numbers and total relative abundances of filter-relevant, tap-relevant and 

gut only OTUs were similar between early and late stages (Table 1 and Fig. 1), except the total richness 

was about two times higher in late-tap-exposed larval gut. The increase in richness came from more 

irregular OTUs, including Stenotrophomonas (OTU10) and Variovorax (OTU18). A tap-relevant OTU, 

Blastomonas (OTU22), which was frequently detected in tap water during the operation period, also had 

significantly higher relative abundances in late-tap-exposed larval guts.  

Overall, filtered-water-exposed larval guts had significantly different bacterial community 

structures between early and late filter stages (Fig. 2, ANOSIM, R = 0.86), whereas tap-exposed larval guts 

of both stages showed relatively similar composition (ANOSIM, R = 0.18). Within each stage, the gut 

communities from filtered-water-exposed larvae were significantly different from that of tap-exposed 

larvae (ANOSIM, R = 0.70 and 0.58 for early and late stage, respectively). Since the bacterial compositions 

in the filtered water became more distinct over time than in the tap water, the differences in early- and late-

filtered-water-exposed larval gut microbiomes are likely associated with bacterial dynamics in the water 

after PoU filtration.  There is a possibility that this change could be effected by exposure to low levels of 

various regulated and unregulated chemical contaminants present in tap water (Detroit Water and Sewerage 

Department, 2019), although both tap and filtered water were supplemented with salts, sodium bicarbonate, 

and tap water conditioner to ensure all water types were consistent and comparable. 

The association between water and fish gut microbiomes has been found in other fish species 

(Giatsis et al., 2015; Kashinskaya et al., 2018; Nikouli et al., 2019). Fish embryos can ingest bacteria from 

the rearing water and establish initial microflora during larval development (Hansen and Olafsen, 1999). 

At the early larval development stage, the intestinal tract of larvae can be colonized by bacterial taxa 



 7 

randomly sourced from water and their loss and replacement in the gut occur stochastically (Burns et al., 

2016). Larvae exposed to higher bacterial concentrations in water can develop a gut community with a 

higher abundance of bacteria (Tan et al., 2019). In our previous studies, we found that up to 60% of tap 

water bacteria can be removed in filtered water at the beginning of filter operation (Wu et al., 2021).  Early-

filtered-water-exposed larvae may have been exposed to fewer bacterial colonizers and thus developed the 

least diverse gut bacterial community. Over time, PoU filters generate filtered water with higher bacterial 

concentrations and different bacterial composition than tap water. Larvae exposed to late filtered water are 

more likely to encounter filter relevant OTUs, which then assemble into communities with considerable 

interindividual variations. They are distinct from the gut microbiomes of larvae exposed to other conditions.  

Compared to larval gut microbiomes, adult gut microbiomes were homogenous across exposure 

conditions and not affected by either water type or filter stage (ANOSIM, R = 0.13, Fig. 2). Our findings 

were similar to a study that showed adult zebrafish intestinal communities were more similar to each other 

than to the microbiomes of source water, tank surface, or food (Stephens et al., 2016). Adult zebrafish 

microbiota may become an anoxic environment that selects for certain obligate anaerobes, which are 

resilient to changes in host provenance and domestication status (Roeselers et al., 2011). This resilience in 

adult intestinal community therefore is less likely disturbed by changes in the bacterial composition and  

properties of PoU filtered water compared to larval fish.  

Due to the changes of larval gut microbiomes over filter stages, we evaluated phenotypic responses 

including development and locomotion behavior in zebrafish larvae after exposure to tap or filtered water 

(Fig. 3). Skeletal deformities, heart edema, yolk sac edema, inflated swim bladder, mortality and unhatched 

embryos were tracked and quantified throughout the 5-day exposure. Larvae exposed to filtered water of 

both stages had low developmental abnormality rates. However, those exposed to tap water at the end of 

the operation period were more likely to experience a delay in hatching and higher rates of uninflated swim 

bladder than conventionally reared larvae (Fig. 3A). The locomotor activity was assessed by tracking larva 

movements during light and dark alteration cycles. We found elevated average levels of locomotor activity 

in both early and late filtered water-exposed as well as late tap water-exposed larvae (Fig. 3B). Since 
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relative abundances of detected OTUs varied across individual larvae within each exposure condition (Fig. 

2), we found Pseudomonas (OTU3) was significantly lower in conditions when hyperactive larvae occurred 

(12 ± 22%) than those that behaved normally (67 ± 28%). According to its partial 16S rRNA gene sequence, 

Pseudomonas (OTU3) includes taxa that degrade recalcitrant organics (Schaeffer et al., 1979; Kurzawova 

et al., 2012; Mangwani et al., 2016), which had been detected in zebrafish intestines (Rawls et al., 2004; 

Sundarraman et al., 2020) and include Pseudomonas alcaliphila and P. mendocina. Bacterial colonization 

of specific bacterial species and exposure concentrations are associated with neurobehavioral development 

of zebrafish larvae (Phelps et al., 2017; Tan et al., 2019). Colonizers such as E. coli (Tan et al., 2019), 

Bacillus subtilis (Tan et al., 2019), Aeromonas veronii (Phelps et al., 2017), and Vibrio cholerae (Phelps et 

al., 2017) can reverse the hyperactivity in germ-free zebrafish at larval development stage. Pseudomonas 

spp. were found to have a high affinity of gamma aminobutyric acid (Guthrie et al., 2000), one of the 

neurotransmitters responsible for microbiota-gut-brain communication (Carabotti et al., 2015). The 

succession among Pseudomonas (OTU3) and filter relevant OTUs may influence the gut-brain axis and the 

neurobehavior of zebrafish larvae.  

Our findings indicate that the exposure to the water microbiome altered by ACB PoU filters during 

embryonic development changes the species richness and predominant OTUs in larvae gut.  The association 

between water and fish gut microbiomes has been found in other fish species (Giatsis et al., 2015; 

Kashinskaya et al., 2018; Nikouli et al., 2019). Fish embryos can ingest bacteria from the rearing water and 

establish initial microflora during larval development (Hansen and Olafsen, 1999). The number and types 

of shared bacterial taxa between water and fish gut differ according to host genotypes, age, and diet 

condition (Sullam et al., 2012; Legrand et al., 2020). After the inclusion of artificial formulated commercial 

diet, the intestinal bacterial community shifts to a more stable composition, which is less influenced by the 

rearing water and other environmental factors (Nikouli et al., 2019). Indeed, we found that the adult gut 

microbiomes were consistent regardless of their exposure to tap or filtered water at early or late filter stages. 

The exposed larval fish may establish new microbial flora after being introduced with commercial food; 

therefore, filter relevant OTUs may not reside in the gut as much as just after exposure. Since the succession 
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of filter relevant OTUs in the gut affect larval behavior patterns, future studies should focus on the effects 

of early exposure to ACB PoU filtered water. More work is needed to develop a comprehensive 

understanding of interactions among the ACB PoU filtered water and gut microbiomes. 

 

Experimental procedures 

Fish husbandry 

Domesticated AB wildtype zebrafish used in this study were housed in a recirculating system 

(Aquaneering, California, USA) on a 14 h:10 h light/dark cycle with RO water buffered with sodium 

bicarbonate and Instant Ocean salts (Spectrum Brands, Wisconsin, USA). Water temperature was 

maintained between 27 and 30°C. During the larval development period, embryos and larval fish were fed 

a combination of larval food and Artemia nauplii. The fish that were 8 weeks post fertilization (wpf) were 

fed with a combination of Zeigler Zebrafish Adult Diet, O.S.I. Spirulina Flakes, and Golden Pearl. Zebrafish 

use protocols were approved by the Institutional Animal Care and Use Committee at Wayne State 

University, according to the National Institutes of Health Guide to the Care and Use of Laboratory Animals. 

Filter manifold system 

The manifold system was connected to a faucet fed with municipal tap water (Detroit, Michigan) by a 

copper pipe that was split into two lines, each of which was connected to a commercial ACB PoU filter 

(Fig. S1). Each filter consisted of an annular block of activated carbon surrounded by a fabric prefilter. The 

system was fitted with a solenoid controlled by a digital switchbox (ChronTrol Corporation, USA) 

programmed to simulate diurnal water use. Equal volumes of water were processed through the filters for 

20 second intervals at ten times throughout the day and leaving a nightly stagnation period of eight hours, 

which is typical in premise plumbing (Lautenschlager et al., 2010). The total volume of water through each 

filter was simulated as daily potable water consumption of one adult person. It was assumed that the user 

consumed a volume of water between 1.9 L (based on the anecdotal “8 cups a day”) (Valtin, 2002) and 3.7 

L (based on the Mayo Clinic recommendation for an average adult male) (Mayoclinic, 2020). Flow rate 

and water quality, including chlorine residual, temperature, specific conductance, pH and oxygen-reduction 
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potential of the tap and filtered water were monitored daily. Both tap and filtered water were supplemented 

with instant ocean salts, sodium bicarbonate, and tap water conditioner (API; Mars Fishcare North America, 

Inc.) to ensure all water types met the water quality thresholds that are known to be habitable for zebrafish. 

Water samples were collected and transferred to the aquarium lab for fish exposure testing. The manifold 

system was operated for 50 days and reached the manufacturer’s rated design process volume (100 gallons) 

on day 40. Each filter processed an average of 125 gallons water at the end of operation. The larval and 

adult fish were exposed for five and fourteen days, respectfully, to tap or filtered water at the early (Day 1-

5 for larvae and day 1-14 for adult) and the late (Day 34-48 for adult and day 45-49 for larvae) stages of 

the operational period.  

Larval Exposures  

Embryos were obtained by spawning AB zebrafish in 1L crossing tanks and collecting the eggs 2 

hours post fertilization (hpf) and subsequently sterilized with 58 ppm bleach (Clorox, Oakland, CA). The 

washed embryos were then exposed in 10 mL of water samples in sterile 6-well plates at 28 ºC with a 14:10 

light: dark cycle. Each water type had a total of 60 embryos that were exposed in three separate plates. 

Throughout the 5-day exposure period as embryos developed into zebrafish larvae, about 99% of water 

volume was replaced every day with a new aliquot of conditioned tap or filtered water without supplement 

food. On the last day of exposure, 25 larval fish were isolated for abnormality or behavioral analysis, and 

the remaining fish were sacrificed for DNA isolation.  

Adult fish exposures  

Six-month-old adult zebrafish were housed in 1.8 L aerated tanks at a density of 5 fish per 1.5 L 

for the duration of the exposure test. All adult fish were fed with the same food and light dark cycle as in 

the recirculating system. Every tank received a 50% water change daily using sterile pipettes and autoclaved 

glassware. Water qualities were tested daily by sterile test strips (Tetra, Blacksburg, VA, USA; API, 

Chalfont, PA, USA) to ensure the conditions were at pH 7.0, 50-150 ppm hardness, 120-130 ppm alkalinity, 

0-3 ppm ammonium, < 0.05 ppm nitrite, and < 40 ppm nitrate. Exposures lasted 14 days and fish were 

sacrificed on the last day.  
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Abnormality test 

Abnormalities were quantified and tracked daily throughout over the duration of all 5-day larval 

exposures before the daily water change. The abnormalities assessed were skeletal deformities, heart edema, 

yolk sac edema, inflated swim bladder, mortality and unhatched embryos. After all embryos were screened, 

the dead larvae were removed. The abnormality rates were compared over time using the chi-square test 

and pairwise comparison with Bonferroni corrections.  

Behavior test 

Behavioral analysis was completed via a DanioVision Behavioral Chamber (Noldus Information 

Technology, Wageningen, Netherlands). Each larval fish was placed into an individual well of a 24-well 

plate with 2 mL saline prepared with RO water and 600 mg/L Instant Ocean Salt. After acclimating for one 

hour at 27 °C, the plate was placed into the DanioVision Observation Chamber set at 28.5 ± 0.5 °C. The 

behavioral assay consisted of 3-minute light and dark alternating periods with a total of four light-dark 

cycles for 24 minutes. The behavioral data were then analyzed using ANOVA and Tukey’s HSD tests. 

Significance was considered at p values smaller than 0.05. The quality control and statistics were conducted 

using R (http://www.r-project.org). 

Gut microbiomes characterization 

Both adult and larval zebrafish were euthanized by concentrated Tricaine (0.6 g/250 mL) for 10 

min before sacrifice. The adult fish intestine from directly posterior to the esophagus to the vent was 

removed intact with sterile technique. Five larval fish were pooled as one replicate for DNA isolation. A 

total of 25 larvae and 30 adult intestines per exposure condition were extracted. The obtained larval or 

intestine samples were immediately placed in RNA later and stored at 4 ºC until DNA isolation was 

performed using the Qiagen PowerFecal Kit (Qiagen, Hilden, Germany). DNA samples were characterized 

via targeted gene amplification of the 16S rRNA V4 region (515F/806R).(Caporaso et al., 2012; Kozich et 

al., 2013) Pooled and purified libraries were sequenced on an Illumina MiSeq sequencer for 250-bp paired-

end reads (University of Michigan Medical School, Ann Arbor, MI). Amplicon sequences for each sample 

are available on the Sequence Read Archive of the National Center for Biotechnology Information. All 
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sequencing data processing and quality control were conducted using Mothur (v.1.41.3) following the 

MiSeq standard operating protocol.(Schloss et al., 2009) Quality-filtered reads were aligned against SILVA 

v132 and clustered using the average neighbor approach to form operational taxonomic units (OTUs) with 

a sequence similarity cut-off of 97%. Any singleton across all samples were discarded from analysis. One 

gut microbiome outlier was detected using a non-parametric detection test CLOUD(Montassier et al., 2018) 

and removed. Total richness of each sample was assessed by Chao1 Index.(Chao, 1984) Dissimilarities 

between gut microbiomes OTUs diversity and abundances were compared by Bray-Curtis ordination.(Beals, 

1984) Significant association across exposure conditions were compared using ANOSIM. Total richness 

and relative abundances of OTUs across exposure conditions were compared using ANOVA and Tukey's 

HSD tests if normally distributed, or Kruskal-Wallis and Dunn’s nonparametric comparison if not normally 

distributed. 
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Table 1 Estimated richness and relative abundances of OTUs in the gut of zebrafish larvae exposed to tap 
or filtered water.  
 
Estimated nonparametric 
diversity 

Tap water  Filtered water 
Day 1-5 Day 45-49  Day 1-5 Day 45-49 

Total 34 ± 9 53 ± 10 
 

18 ± 9 44 ± 18** 

Filter relevant OTUs 6 ± 3 
(4% ± 8%) 

7 ± 3 
(4% ± 4%) 

 1 ± 1** 
(0.6% ± 0.5%) 

9 ± 5 
(48% ± 33%)** 

Tap relevant OTUs 19 ± 11 
(94% ± 8%)  

24 ± 7 
(60 ± 32%)  

 10 ± 3 
(79% ± 22%)  

17 ± 6 
(37% ± 38%)  

Gut only OTUs 7 ± 3 
(1% ± 1%) 

9 ± 8 
(11% ± 15%) 

 1 ± 1 

(9% ± 11%) 
11 ± 10 

(9% ± 11%) 

Irregular OTUs 2 ± 1 
(1% ± 2%) 

9 ± 5** 
(25% ± 20%) 

 2 ± 1 
(13% ± 12%) 

5 ± 2 
(6% ± 11%) 

Values shown in parenthesis are the total relative abundances of the classified OTUs in the community. 
Significant levels of the differences between operation periods within each water type are shown as * p 
< 0.05, ** p < 0.01, or *** p < 0.001. 
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Fig. 1. Relative abundance of OTUs (> 1%) in individual larval gut across exposure water types and filter 
stages. Numbers in the parenthesis represent the OTUs ID. Taxa in red and orange colors are “filter 
relevant” OTUs. Taxa in blue, green, and yellow colors are “tap relevant” OTUs. Taxa in purple and grey 
colors are “irregular” OTUs. Taxa in white are “gut only” OTUs. Each exposure condition had six 
replicates except for D45-49 Filtered water, in which one replicate was discarded as outlier using CLOUD 
non-parametric method.(Montassier et al., 2018) 
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Fig. 2 Non-metric 

 

Fig. 2. Fig. 2. Non-metric multidimensional scaling (NMDS) ordination plot of the gut microbiomes from 
larval (dark) and adult (light) zebrafish exposed to tap water (circle) and filtered water (triangle) at 
different filter stages. Filter stages are indicated by color: early (Day 1-5 for larvae and Day 1-14 for 
adult) as blue and late (Day 45-49 for larvae and Day 34-48 for adult) as red. Ellipses show the 95% 
confidence interval around samples from each cluster. The analysis was based on Bray-Curtis 
dissimilarity coefficients calculated from the relative abundances of OTUs.  

 

  

Filter stages 
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A 

  
B 

 
 
Fig. 3. Developmental behaviors of zebrafish larvae. (A) Abnormality rates of larval zebrafish for each 
water type. Letters indicate significant differences in the abnormality rates across the water types in post 
hoc pairwise comparison (p < 0.05). (B) Total distance moved at dark and light for zebrafish larvae exposed 
to tap water (blue), filtered water (green), and RO water (grey) after 5-day exposure at operational day 1-5 
(D1-5) or day 45-49 (D45-49). Significant levels are shown as * p < 0.05, ** p < 0.01, or *** p < 0.001. 
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