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Abstract 

The mechanical function of the myocardium is dictated by contractile cardiomyocytes 

(CMs) and the fibrous extracellular matrix (ECM) that surrounds, organizes, and supports bundles 

of CMs. Previous studies have implicated ECM mechanics in driving cardiac tissue assembly and 

overall contractile function through mechanosensitive CM-ECM adhesion complexes called 

costameres. However, due to limitations in existing engineered models of myocardium which 

require the inclusion of stromal cells or lack orthogonal mechanical control over matrix properties, 

how CMs sense and respond to specific mechanical microenvironmental cues has not been 

established. Therefore, the focus of this dissertation is to develop improved in vitro models of the 

cardiac ECM to advance our understanding of how microenvironmental mechanics impact cardiac 

tissue assembly and function in both healthy and diseased contexts. 

First, this thesis reviews the vast array of engineered heart tissue platforms that have been 

previously developed to study the maturation of induced pluripotent stem cell-derived 

cardiomyocytes (iPSC-CMs) and the utility of these platforms for studying CM maturation, 

modeling disease processes, or screening drugs for cardiotoxicity. Through an in-depth meta-

analysis of >300 manuscripts, we highlight the vast array of iPSC-CM differentiation protocols, 

iPSC-CM maturation techniques, and analysis methods used to generate and assess previously 

established in vitro cardiac model systems and note significant progress in the field over time. 

Additionally, we discuss opportunities to unify and compare these various techniques by using 

common controls and tunable engineered heart tissue platforms, enabling continued 
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comprehensive benchmarking of progress in developing physiological relevant models of the adult 

myocardium. 

Next, we describe the development and characterization of two biomaterial platforms 

composed of electrospun dextran vinyl sulfone (DVS) fiber matrices that recapitulate the 

architecture and mechanics of collagen fiber networks that scaffold CMs. Taking inspiration from 

previously established engineered heart tissue models, these cardiac microtissues systems enable 

orthogonal tuning of various biophysical and biochemical properties of the cardiac 

microenvironment. Using these platforms, we define a set of scaffold parameters that drive the 

efficient assembly of functional myocardial syncytia and promote both structural and functional 

maturation of iPSC-CMs. In particular, we demonstrate that iPSC-CM mechanosensing of changes 

in matrix stiffness underlies the formation of costameres which corresponds to greater structural, 

electrical, and contractile maturity of engineered cardiac tissues.  

Finally, this thesis describes a platform using the same fibrous DVS matrices that enables 

co-culture of cardiac fibroblasts and iPSC-CMs to explore how biophysical and biochemical 

microenvironmental cues impact heterocellular signaling in the heart. As fibroblasts sit within the 

collagen networks between CMs in the native myocardium, bilayer tissues composed of CMs and 

cardiac fibroblasts separated by synthetic ECM-mimetic matrices were utilized for two major 

objectives: 1) examining how cardiac fibroblasts sense and respond to mechanical changes of 

fibrous matrices, and 2) dissecting how physical and paracrine signaling between CMs and 

fibroblasts regulates fibroblast quiescence versus fibrogenic activation. 

Overall, the work presented in this dissertation integrates stem cells, biomaterials, tissue 

engineering, and microfabrication approaches to develop highly tunable cardiac microtissue 

platforms to study how microenvironmental cues influence fundamental biological processes 
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involved in cardiac tissue assembly, healthy function, or disease. The results presented here help 

inform the design of biomaterial scaffolds for use in engineered tissue replacement therapies and 

provide new insights into how cellular mechanosensing in the heart regulates tissue development 

and disease processes. 
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Chapter 1: Introduction 

The overall goal of this thesis is to investigate how biophysical cues in the cardiac 

microenvironment drive fundamental biological processes such as cardiac development, 

maturation, and disease. By integrating synthetic fibrous biomaterials that mimic the architecture 

of the myocardial extracellular matrix (ECM) with microfabrication techniques, confocal 

microscopy, and live imaging, this work employs three cardiac microtissue platforms that enable 

orthogonal tuning of physiologically relevant biophysical properties to identify key biological 

regulators of myofibril maturation, homeostatic cellular communication, and pathogenic signaling. 

 Chapter 2 provides a broad overview of the structure of the myocardial extracellular matrix 

and how dynamic changes throughout tissue development and fibrosis dictate cellular signaling 

and overall tissue function. Next, this chapter examines the types of in vitro models utilized to 

generate mature induced pluripotent stem cell-derived cardiomyocytes (iPSC-CM) by highlighting 

both the strengths and weaknesses of each of these platforms. Lastly, Chapter 2 outlines our current 

knowledge of mechanosensing in the myocardium and explores how we might leverage our 

synthetic biomaterial platforms to further interrogate these complex signaling pathways. 

 Chapter 3 then dives deeper into some of these concepts via a comprehensive review of 

engineered heart tissue platforms used in the past for evaluating iPSC-CM maturation, disease 

modeling, and drug screening. Through a meta-analysis spanning more than 300 papers, this work 

sheds light on the variety of strategies used for iPSC-CM differentiation, maturation, and tissue 

assessment, recognizing significant advancements over the past decade. This work also 

emphasizes standardization opportunities in the field by suggesting the adoption of universally 
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accepted controls and tunable engineered heart tissue models to facilitate continued advancements 

toward engineering mature, translatable iPSC-CM in vitro platforms. To further advance our 

knowledge  in this space, the remaining chapters focus on utilizing synthetic biomaterial platforms 

to study iPSC-CM mechanosening in tissue maturation and disease. 

 Chapter 4 outlines the application of highly tunable synthetic fibrous scaffolds composed 

of dextran vinyl sulfone (DVS) to investigate biophysical and biochemical regulators of iPSC-CM 

tissue assembly and function.  Using these scaffolds whose architecture mimics collagen networks 

found in the native heart, this work identified optimal cell adhesive motifs, cellular density, and 

matrix alignment needed to form functional iPSC-CM tissues. Unlike simple cardiac microtissue 

platforms, these synthetic fibers also promote long term stability of iPSC-CM tissues, enabling in-

depth investigation into various tissue maturation and disease related processes. 

 Chapter 5 subsequently describes the creation of a more complex DVS-based cardiac 

microtissue platform designed to enable additional mechanical tunability of ECM and boundary 

stiffness, in addition to supporting real-time contractile force measurements. These platforms 

helped identify key scaffold characteristics that facilitate the formation of functional myocardial 

tissue and promote iPSC-CM maturation. In contrast to previous findings on non-fibrous hydrogel 

substrates, iPSC-CMs in soft environments that mimic the stiffness of the fetal heart were the most 

contractile and mature. Furthermore, matrix stiffness, matrix alignment, and tissue constraints had 

distinct effects on iPSC-CM function and structure, potentially due to differential influence on 

costamere formation, cell-cell junctions, and myofibrillar assembly. Lastly, optimal mechanical 

conditions were critical for the formation of costameres, specialized cell-ECM adhesions that are 

associated with myofibril maturation. 
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Chapter 6 focuses on a platform that again leverages DVS fibrous matrices and 

microfabrication techniques, this time to investigate the influence of microenvironmental cues on 

intercellular communication in the heart between CMs and cardiac fibroblasts. To recapitulate the 

organization of fibroblasts in the heart's native endomoysial collagen networks, bilayer structures 

comprising CMs and fibroblasts, separated by synthetic ECM analogs were generated. While 

fibroblasts differentiated to myofibroblasts when cultured alone on aligned fiber matrices, in a 

coculture setting paracrine signaling between CMs and fibroblasts mitigates this response. Overall, 

this work posits the presence of homeostatic communication networks between CMs and 

fibroblasts that could be potential targets for anti-fibrotic therapeutics. 

 Finally, Chapter 7 provides a summary of the major findings from this thesis work and 

future directions towards investigating cardiac mechanobiology in fundamental tissue processes, 

iPSC-CM maturation, and translating the finding presented herein toward translatable regenerative 

therapies. In conjunction with in-depth study of mechanosensing pathways and intercellular 

communication using imaging and high-dimensional analysis techniques, advances in iPSC-CM 

maturation and assessment will enable the generation of more functionally mature translatable 

cardiac tissue models. 
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Chapter 2: Background 

2.1 The extracellular matrix of the myocardium 

The extracellular matrix (ECM) is defined as the non-cellular components present in all 

tissues that provides structural support, organizes constituent cells, and provides mechanical and 

biochemical cues to cells that regulate their behavior and fate (Cruz Walma and Yamada 2020; 

Frantz, Stewart, and Weaver 2010). Both physical and biochemical cues encoded by the ECM are 

critically important in fundamental biological processes intrinsic to tissue morphogenesis, 

homeostasis, and disease progression (Bonnans, Chou, and Werb 2014). The ECM in each tissue 

or organ is composed of unique combinations of fibrous proteins, such as collagen, fibronectin, 

and elastin, and charged polysaccharides that act to retain water and fill interstitial spaces 

(Järveläinen et al. 2009). The composition and distribution of each of these components is 

produced and maintained by various cellular components (e.g. fibroblasts, endothelial cells, 

parenchymal cells, etc.) and collectively as a composite material defines overall tissue physical 

properties such as tensile strength and elasticity, allowing for proper tissue function (Goldsmith et 

al. 2004, 2014). Additionally, the organization of these components and how resident cells interact 

with various ECM components can initiate a wide array of biological signaling pathways critical 

to development, tissue homeostasis, and disease progression (Bonnans, Chou, and Werb 2014). 
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2.1.1 Structure and function of the myocardial extracellular matrix 

The mechanical function of the healthy myocardium is dictated by contractile 

cardiomyocytes (CMs) and the fibrous ECM that surrounds, orients, and groups them (Karl T. 

Weber 1989). The major components of the cardiac ECM include collagen I, elastin, fibronectin, 

and laminin, in addition to various glycoproteins and proteoglycans, whose exact composition 

throughout the tissue changes drastically throughout heart development, maturation in the adult, 

and the course of cardiac disease (Derrick and Noel 2021; Frangogiannis 2017, 2019; Rienks et al. 

2014). Collagen I is the most abundant ECM protein in the adult heart and forms a hierarchical, 

multi-scale fibrillar mesh in which resident cells, such as CMs, fibroblasts, and endothelial cells, 

reside (C. Williams et al. 2014). This complex collagen network organizes myocardium at multiple 

length scales spanning tissue down to individual cells: 1) large epimysial collagen fibers surround 

large groups of muscle bundles to provide mechanical stability, thereby preventing excessive 

stretching of the tissue; 2) micron-scale perimysial fibers wrap around and organize individual 

bundles of CMs; and 3) nano-scale endomysial fibers found within each bundle connect to the 

cytoskeleton of each CM via costameres (Figure 2.1) (Fleischer and Dvir 2013; Karl T. Weber 

1989; Karl T. Weber et al. 1994). In particular, perimysial collagen fibers are approximately 1 µm 

in diameter and are co-aligned along the long axis of each CM bundle (Figure 2.1c) (Pope et al. 

2008). The alignment of individual CMs composing each bundle as well as contractile myofibrils 

within each cell mirror the orientation of perimysial collagen networks. Together, highly aligned 

CMs and surrounding ECM enable mechanically anisotropic contractions critical to healthy 

cardiac function. In addition to being highly organized at the cellular scale, bundles of myocytes 

are locally aligned with a change in overall alignment at different locations throughout the 

myocardial wall. The transmural helical orientation from the epicardium to the endocardium 
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results in simultaneous longitudinal shortening, radial thickening, and torsion that gives rise to 

optimal pumping function of the ventricle (Costa et al. 1999; LeGrice et al. 1995; Pope et al. 2008; 

Poveda et al. 2013). 

 

 

Figure 2.1: Hierarchical organization of the myocardial ECM. A) Schematic showing 
organization of myocardial tissue. Image reproduced from (Karl T. Weber et al. 2012). B) SEM 
images of the hierarchical organization of the cardiac ECM around the cardiomyocytes. Top left: 
scale bar = 200 µm, thick arrow, perimysium; thin arrow, endomysium. Top right: The 
multiscale myocardial ECM consists of the perimysium (thick arrow) which surrounds groups of 
cardiomyocytes and the endomysium (thin arrow) which surrounds each cardiomyocyte (scale 
bar = 100 µm). Bottom left: shows a closer view of the endomysial supports (scale bar = 10 µm). 
Botton right: displays collagen interconnections on the surface of cardiomyocytes (scale bar = 3 
µm). Multiscale myocardial ECM figure inset. Image reproduced from (Kanzaki et al. 2010). C) 
3-dimensional volume renderings of the perimysial collagen networks in the myocardium. 
Images reproduced from (Pope et al. 2008). 
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As is the case in many other tissues, the ECM in the myocardium is highly dynamic as cells 

continually remodel the tissue (Bowers, Meng, and Molkentin 2022; Rienks et al. 2014). Cardiac 

fibroblasts sitting within the endomysial fibers between myocytes and perimysial matrices between 

bundles of myocytes are believed to be primarily cell type responsible for the production, 

maintenance, and remodeling of the cardiac ECM in both homeostatic and pathological conditions 

(Goldsmith et al. 2004; Hall et al. 2021). Physical and biochemical changes to the ECM mediated 

by fibroblasts, and to a lesser extent smooth muscle cells, endothelial cells, and cardiomyocytes, 

facilitate significant changes in myocardial function during tissue development and disease 

progression (Frangogiannis 2019; Shinde and Frangogiannis 2014).  

2.1.2 Myocardial ECM in tissue development 

Biomechanical and biochemical changes to the myocardial ECM have been associated with 

heart morphogenesis and increases in contractile function over time (Derrick and Noel 2021; 

Rienks et al. 2014; Silva et al. 2021). As the heart is beginning to form, endoderm-derived ECM 

composed mainly of hyaluronic acid, fibronectin, fibrillin, and laminin along with collagen I and 

IV, orchestrates the differentiation and positioning of cardiac progenitors (Little and Rongish 

1995; Lockhart et al. 2011a; Silva et al. 2021). Disrupting fibronectin production results in 

improper heart morphogenesis (e.g. cardiac bifida) and ultimately leads to embryonic lethality 

(George et al. 1993). Throughout fetal heart development, cardiac fibroblasts continue to secrete 

fibronectin, promoting CM proliferation (Ieda et al. 2009; C. Williams et al. 2014). The presence 

of agrin within the ECM has also been linked to proliferation of CMs at these early stages of 

development (Bassat et al. 2017). Polarized proliferation of CMs is important for morphogenic 

processes such as trabeculation and is dependent on the composition and organziation of the ECM 

(del Monte-Nieto et al. 2018; Passer et al. 2016). Subsequently, ECM remodeling via various ECM 
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proteases (e.g. ADMTS1, MMP2) plays an important role in myocardial compaction, as 

disruptions in these processes can lead to congenital cardiomyopathies (W. Lin et al. 2018; del 

Monte-Nieto et al. 2018). 

In the neonatal and postnatal heart, the amount of fibronectin and hyaluronic acid decreases 

as collagen, I, collagen III, and laminin increase (Silva et al. 2021; C. Williams et al. 2014). This 

increase in more fibrous, structural ECM components corresponds to increases in both tissue 

contractility and stiffness.  Studies examining heart tissue in developing chick embryos report an 

increase in tissue elastic modulus from < 1 kPa at embryonic day 1 to approximately 10 kPa at day 

14 (Majkut et al. 2013; Young and Engler 2011). Majkut et al. showed that this increase in tissue 

stiffness corresponds with increases in collagen I expression and other cardiomyocyte contractility 

related proteins (Majkut et al. 2013). Changes in tissue stiffness directly impact both the 

mechanical and biological function of the heart. Inhibition of the ECM crosslinker lysyl oxidase 

in P3 mice, decreased tissue stiffness and reduced the regenerative capacity of the tissue (Notari 

et al. 2018). Taken together, carefully orchestrated changes in ECM composition and mechanical 

properties of the myocardium regulate various aspects of heart development. 

2.1.3 Myocardial ECM in fibrotic disease 

The importance of the structure of the myocardium in supporting proper contractile 

function of the heart is particularly evident in cardiac fibrosis (M. D. Davidson, Burdick, and Wells 

2020; Kong, Christia, and Frangogiannis 2014; Karl T. Weber 1989). Most cardiac pathologies 

involve fibrotic changes to the myocardium that are driven by the recruitment and proliferation of 

MFs, believed largely to arise from resident cardiac fibroblasts  (Kanisicak et al. 2016; Tallquist 

and Molkentin 2017; Travers et al. 2016). MFs activated by cues from the tissue microenvironment 

deposit excessive amounts of pathologic ECM in the perimysial space (Y. Sun et al. 2000; K T 
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Weber 2000), leading to progressive structural and mechanical changes that impair cardiac 

function and culminate with heart failure (Fan et al. 2012; Hinz 2006; Kong, Christia, and 

Frangogiannis 2014). This disruption in the architecture and mechanics of the ECM is believed to 

establish a positive feedback loop that drives further fibrotic remodeling and diminished cardiac 

function. 

2.1.3.1 Cardiac fibrosis resulting from myocardial infarction 

Fibrosis of the heart can be classified into two main categories: replacement fibrosis and 

interstitial fibrosis (Figure 2.2). Replacement fibrosis occurs after a myocardial infarction, where 

tissue ischemia results in significant loss of myocytes (> 1 billion) (Laflamme and Murry 2005). 

In response, resident fibroblasts and potentially other cell types (such as endothelial cells) respond 

by differentiating into activated myofibroblasts that deposit significant amounts of scar tissue as 

part of a wound healing response aimed at maintaining the mechanical integrity of the myocardial 

wall. During the initial inflammatory response after injury, tissue necrosis signals promote an 

innate immune response, where infiltrating leukocytes remove dead cells and matrix debris 

(Shinde and Frangogiannis 2014). Myofibroblasts additionally begin to break down the existing 

matrix and replace it with a transient reparative matrix consisting of mainly fibrin and fibronectin 

(Frangogiannis 2014; Talman and Ruskoaho 2016). As pro-fibrogenic signaling takes hold, 

fibroblasts and myofibroblasts continue to proliferate within the scar region and synthesize 

structural proteins including collagen I and laminin which act to increase the tensile strength of 

the heart wall and preventing rupture (Talman and Ruskoaho 2016). Scar maturation is 

characterized by the continued synthesis of collagen I and increased lysyl oxidase (LOX)-

catalyzed collagen crosslinking (Van Den Borne et al. 2009; Shinde and Frangogiannis 2014). The 

replacement of healthy contractile tissue with non-contractile, stiff scar tissue results in abnormal 
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mechanics of the surrounding uninjured tissue as well. In the border region surrounding the scar 

tissue, contractile CMs and the surrounding fibroblasts experience heightened mechanical strain 

that has been shown to drive further activation of myofibroblasts (Herum et al. 2017). The 

heightened mechanical strains present in these regions also correspond with aligned collagen 

fibrils that may promote myofibroblast activation (Fig. 2b) (Bugg et al. 2020). In fact, it has been 

suggested that myofibroblasts originate from the border region and migrate towards the center of 

the scar along newly synthesized matrix during the proliferative phase of scar formation post-

infarct (Van Den Borne et al. 2009). 

In more distant regions of the myocardium, interstitial fibrosis and ECM remodeling often 

persists, accompanied by CM hypertrophy to compensate for decreased ventricular function 

caused by the significant areas of non-contractile and stiff scar tissue (Heineke and Molkentin 

2006). The resulting increase in heart wall thickness and stiffness from increased collagen 

deposition and crosslinking eventually leads to diastolic dysfunction (Karl T. Weber et al. 2012). 

Specific mechanisms describing how fibrosis in regions distant from the infarct scar persists are 

the subject of current investigation. Initial studies suggest that activated myofibroblasts and 

hypertrophic CMs may secrete pro-fibrotic factors that can signal to distant regions in the 

myocardium (Karl T. Weber et al. 2012). Further, increased mechanical stress-induced activation 

of latent TGF-β1 may occur as the mechanics of the myocardium change throughout disease 

(Wipff et al. 2007).  
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Figure 2.2: Alterations to the myocardial ECM in fibrotic disease. A) Schematic showing the 
changes that occur in myocardial tissues containing replacement fibrosis or reactive or interstitial 
fibrosis. Image reproduced from (Schimmel et al. 2022). B) Immunofluorescent images of 
infarcted mouse heart sections. Image reproduced from (Bugg et al. 2020). 

 

2.1.3.2 Interstitial fibrosis in chronic cardiac disease 

Fibrosis throughout the myocardium is also a hallmark of various forms of 

cardiomyopathy, including hypertrophic and dilated cardiomyopathies (Nakamura and Sadoshima 

2018; Schultheiss et al. 2019). However, the precise causes of such fibrosis are still debated and 

may vary in etiology across different forms of cardiomyopathy. In hypertrophic cardiomyopathies 

(HCM), it is suggested that first, premature CM death caused by increased mechanical stresses 
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induced by genetic mutations and then later, microvessel obstruction and tissue ischemia may 

trigger fibrotic signaling pathways. Similarly, in dilated cardiomyopathies (DCM), increased 

cardiac workload and stress caused by overall tissue dysfunction and volume overload leads to 

tissue damage and fibrotic signaling. In both cases, increases in collagen I are typical at early stages 

of disease progression in the form of both replacement fibrosis filling in regions where CM death 

is prominent and interstitial fibrosis throughout other regions of the tissue (Ho et al. 2010; 

Marijianowski et al. 1995; Karl T. Weber et al. 2012; Yoshikane et al. 1992). 

More specifically, interstitial fibrosis manifests as collagen networks become thicker and 

stiffer in both the endomysium between individual CMs and the perimysium around bundles of 

CMs (González et al. 2024).  The response of fibroblasts, myofibroblasts and cardiomyocytes to 

these significant change in tissue mechanics caused by increased collagen accumulation likely 

contributes in various ways to continued pro-fibrotic signaling in HCM, DCM, and other forms of 

cardiomyopathy (González et al. 2024; Maesen et al. 2022). In this thesis, we utilize engineered 

biomaterial platforms to recapitulate changes in architecture and mechanics that occur throughout 

various disease states to further elucidate how cells respond to these aberrant biophysical signals. 

 

2.2 Engineered in vitro systems to model the cardiac microenvironment 

2.2.1 In vitro platforms for studying cardiomyocyte interactions with their mechanical 

environment 

Recent advances in induced pluripotent stem cell (iPSC) technology have made it possible 

to develop patient-specific in vitro models of myocardial tissue for studying tissue development, 

regeneration, and pathogenesis (Campostrini et al. 2021; Tenreiro et al. 2021). These engineered 
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heart tissues (EHTs) typically consist of iPSC-derived CMs (iPSC-CMs) integrated with 

engineered biomaterial substrates or scaffolds. Given the high degree of organization to the 

myocardium, a number of established engineered platforms seek to drive the anisotropic assembly 

of CM syncytia in vitro by recapitulating various aspects of the myocardial ECM. 

While traditional plastic or glass substrates are the simplest and most widely used platforms 

for studying cardiac regeneration and disease in vitro, these platforms lack an anisotropic 

organizational cues and are orders of magnitude stiffer that the endomysial and perymisal collagen 

fibers that CMs adhere to in the native myocardium. As such, improved 2D culture platforms have 

been developed with the hopes of generating high throughput, accessible models of cardiac tissue 

that generate iPSC-CMs that are mature enough to accurately capture the biology of the native 

adult myocardium (Campostrini et al. 2021; Cho et al. 2022). First, a number of studies have 

examined the effect of matrix stiffness on CM behavior and cardiac fibroblast differentiation using 

2D elastic hydrogel or elastomer surfaces such as polyacrylamide, hyaluronic acid, and 

polydimethylsiloxane (Herron et al. 2016; Herum et al. 2017; A. Kumar et al. 2019; A. J. S. Ribeiro 

et al. 2015; Tsan et al. 2021; Young et al. 2014; Young and Engler 2011). While these studies have 

helped to highlight the importance of ECM mechanics in iPSC-CM maturation and disease 

progression, these platforms lack fibrous topography and are mechanically isotropic, thus failing 

to mimic an important aspect of the cardiac ECM (Spinale et al. 2016). Other material platforms 

have been developed to recapitulate these cell-instructive fibrous and mechanical cues to drive 

structural and functional maturation of engineered cardiac tissue. ECM proteins can be 

micropatterned into anisotropic geometries (e.g. lines or rectangles) to organize attached CMs and 

improve tissue functionality, but these models still lack fibrous topography and control over matrix 

architecture (McCain et al. 2012; M. C. Ribeiro et al. 2015; Sheehy et al. 2017). Attempts to better 
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recapitulate cardiac ECM topography have included culturing CMs on nano-grooved substrates 

and electrospun scaffolds. While these methods promote robust structural alignment and higher 

tissue maturity, they lack mechanical tunability, preventing the study of how CMs might respond 

to changes in matrix stiffness during disease progression (Allen et al. 2019; Carson et al. 2016; 

Fleischer et al. 2015; Khan et al. 2015; Kharaziha et al. 2013; Luna et al. 2011; Wanjare et al. 

2017; Yu et al. 2014). 

Three dimensional EHTs have also been widely used to study cardiac disease and are often 

composed of CMs encapsulated in natural materials (eg. collagen and/or fibrin) suspended between 

two deformable cantilevers (Bliley et al. 2021; Boudou et al. 2012; Legant et al. 2009; Leonard et 

al. 2018; Ronaldson-Bouchard et al. 2018; E. Y. Wang et al. 2019) or self-assembled spheroids 

(Beauchamp et al. 2020; Figtree et al. 2017; Giacomelli et al. 2020; Polonchuk et al. 2017). In 

comparison to established 2D models, these systems have the advantage of better recapitulating 

the 3D organization of native tissue. Additionally, systems incorporating two flexible cantilevers 

afford control of tissue boundary constraints not possible in many 2D culture systems. However, 

in addition to a lack of orthogonal control over ECM architecture and mechanics, many of these 

systems require the inclusion of stromal cells to compact and form properly which hinders our 

ability to directly connect the impact of microenvironment cues on CM function and structure. 

Recent work from multiple groups has explored how to incorporate alignment cues into 3D EHTs 

by bioprinting anisotropic tissue building blocks (J. Ahrens et al. 2022). By extruding these tissue 

microbundles through a small print head, the tissues align in the direction of printing enabling 

precise control of tissue scale anisotropy. Similarly, other groups have explored the impact of 

including prefabricated 5-10 μm diameter gelatin fibers into a bulk hydrogel to provide controlled 

contact guidance cues for CMs to spread along (S. Choi et al. 2023). Shear-induced alignment of 
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these fibers during bioprinting was shown to facilitate anisotropic assembly of CMs. Taken 

together, each engineered platform has advantages and disadvantages; as the model becomes more 

complicated, tissue becomes harder to fabricate, potentially limiting their translatability (Figure 

2.3). Therefore, it is important to choose the model system that is best suited for the specific 

question you would like to answer. Further discussion on how each of these platforms can be 

leveraged to mature engineered heart tissues is included in Chapter 3 of this thesis.  
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Figure 2.3: Types of in vitro models organized to show the tradeoffs between tissue 
maturity and throughput. Generally, more simple tissues are higher throughput but less mature 
while more complex tissues are more mature but harder to manufacture. Image reproduced from 
(Cho et al. 2022). 

 

2.2.2 Techniques to promote the maturation of iPSC-CM models 

Despite various techniques to generate functional in vitro myocardial tissue models, iPSC-

CMs remain immature compared to the adult CMs, limiting the utility of these platforms for 



 17 

disease models, drug screening, and engineered tissue replacement therapies (Y. Guo and Pu 2020; 

Karbassi et al. 2020). To induce maturation, extensive work has examined how exposing iPSC-

CMs respond to biophysical stimuli such as electrical stimulation or metabolic maturation media 

supplements (Figure 2.4) (Karbassi et al. 2020). As these maturation techniques are described in 

depth in Chapter 3 of this dissertation, the most prominent iPSC-CM maturation strategies are 

summarized here. 

 

 

Figure 2.4: Engineering strategies for maturing iPSC-CMs. Application of maturation 
techniques can induce more mature phenotypes in iPSC-CM in vitro cultures. Image reproduced 
from (Tenreiro et al. 2021). 
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 The most common strategies for maturing iPSC-CMs typically involve recapitulating the 

biophysical properties of the cardiac microenvironment. In 2D cultures, a number of studies have 

explored how culturing iPSC-CMs on hydrogels of varying stiffness, with moduli mimicking fetal 

cardiac tissue (~1 kPa), adult healthy tissue (8-10 kPa) and diseased tissue (>15 kPa) (McCain et 

al. 2012; A. J. S. Ribeiro et al. 2015; Tsan et al. 2021). Taken together, these studies support the 

claim that iPSC-CMs cultured on hydrogels with a stiffness closest to the elastic modulus of adult 

myocardial tissue results in the most contractile and functionally mature iPSC-CMs (Corbin et al. 

2019; McCain et al. 2012; A. J. S. Ribeiro et al. 2015; Tsan et al. 2021). In contrast, iPSC-CMs 

plated on hydrogels with stiffnesses reflecting diseased tissue can lead to aberrant mechanical 

function and arrythmias (A. J. S. Ribeiro et al. 2015). Mechanical properties of the tissue can also 

be modulated in 3D tissue systems where tissues are suspended between two elastic cantilevers 

(Boudou et al. 2012; Leonard et al. 2018; Ronaldson-Bouchard et al. 2018). As tissues assemble 

and mature, they will adapt to contract against stiffer cantilevers until the stiffness of the boundary 

approaches the mechanics of diseased tissue (Leonard et al. 2018). Further, dynamic mechanical 

stimulation has also been applied to these systems to induced mechanical maturation of iPSC-CMs 

(Bliley et al. 2021; Ruan et al. 2015, 2016). Alignment of iPSC-CMs can also be controlled on 2D 

culture substrates by either micropatterning ECM proteins, creating surfaces with nanogrooves, or 

collecting electrospun fibers on glass slides (Allen et al. 2019; Carson et al. 2016). Anisotropic 

assembly of single iPSC-CMs and multicellular tissues gives rise to more mature and contractile 

iPSC-CMs compared to disorganized iPSC-CMs (Carson et al. 2016; A. J. S. Ribeiro et al. 2015; 

Tsan et al. 2021). As mentioned previously, translating tunable mechanical and topographical cues 

to 3D settings remains a challenge, as most 3D EHTs are formed using natural biomaterials such 

as collagen or fibrin (Boudou et al. 2012; Ronaldson-Bouchard et al. 2018). These materials are 
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rapidly remodeled by constituent cells and furthermore have limited orthogonal tunability in terms 

of key properties including ECM mechanics, porosity, and adhesive ligand density. 

Electrical pacing has been applied to 2D and 3D EHT models and has shown great promise 

for maturing iPSC-CMs (Ronaldson-Bouchard et al. 2018; Shen et al. 2022; Y. Zhao et al. 2019). 

By starting electrical pacing early in the differentiation process and gradually ramping up the 

frequency of pacing, Ronaldson-Bouchard and colleagues show high levels of structural and 

functional maturation, including the formation or T-tubules (Ronaldson-Bouchard et al. 2018). 

Metabolic maturation has also shown promise as a versatile maturation technique, as various media 

formulations have been developed aimed at encouraging fatty acid metabolism (Correia et al. 

2017; Feyen et al. 2020; X. Yang et al. 2019). Compared to traditionally used EHT culture media 

better mimics the metabolic state of the fetal heart, culturing tissues in metabolic medias that 

promote adult-like cardiac metabolism have demonstrated improvements in CM energy handling 

as well as structural maturation (Campostrini et al. 2021). 

 Finally, there have been many studies exploring how co-culture of iPSC-CMs with other 

cell types in EHTs impacts CM maturation (Campostrini et al. 2021; Karbassi et al. 2020). Work 

from Giacomelli and colleagues explored how the presence of endothelial cells and fibroblast of 

various origin impacted iPSC-CM in scaffold-free organoid models (Giacomelli et al. 2020). They 

found that the presence of endothelial cells and primary cardiac fibroblasts resulted in the most 

structurally, functionally, and metabolically mature tissues. Additionally, the inclusion of other 

cell types such as epicardial cells have also been shown to induce more mature tissue phenotypes 

and improve engraftment of iPSC-CMs in vivo (Bargehr et al. 2019). 

2.2.3 Applications of in vitro iPSC-CM engineered heart tissues 
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In part due to many recent advances in iPSC-CM maturation described above, in vitro 

models of myocardial tissues have shown great utility in several applications. First, EHTs can be 

used to model various types of cardiac diseases in vitro, enabling gene- and patient-specific 

investigation of disease mechanisms and assessing the efficacy of gene editing strategies for 

correcting HCMs (Cho et al. 2022; Tenreiro et al. 2021).  Tissues generated from iPSC-CMs 

derived from patients with genetic cardiomyopathies have been utilized to explore how specific 

genetic mutations impact tissue function. For example, iPSC-CM models harboring mutations in 

a number of cardiac myosins have helped elucidate how these mutations can drive aspects of HCM 

(Roest et al. 2021). Other studies have examined the impact of junctional protein mutations such 

as in plakophilin or desmoplakin on the manifestation of arrhythmogenic cardiomyopathies or 

DCM as a function of iPSC-CM maturation (Bliley et al. 2021; Simmons et al. 2024; K. Zhang et 

al. 2021). For example, Bliley and colleagues generated tissues from iPSC-CMs containing a 

mutation in desmoplakin, which has been associated with dilated and arrhythmogenic 

cardiomyopathies (Bliley, Vermeer, et al. 2021). They showed that pathological phenotypes 

associated with mutations in this protein were only present in more mature 3D tissues under 

dynamic mechanical loads, whereas unloaded 3D tissues and iPSC-CMs plated on 2D substrates 

did not reveal phenotypic differences compared to healthy control CMs (Bliley, Vermeer, et al. 

2021). Additionally, in vitro models can be exposed to other pathological signals such as ischemia 

by removing oxygen and nutrients from the culture media to examine the iPSC-CM response 

(Davis et al. 2021; Yadid et al. 2020). There have also been models established to better understand 

fibrotic progression, including 3D models incorporating fibroblasts at supraphysiologic ratios in 

3D cardiac microtissues as well as simpler, 2D co-culture platforms for studying fibroblast and 

CM communication (Herum et al. 2017; E. Y. Wang et al. 2019). 
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 EHT platforms also have also shown significant potential to be used as platforms to 

efficiently screen the efficacy of cardiac targeting drugs or alternatively, potential cardiotoxicity. 

As many drug candidates fail late in clinical trials due to previously unidentified cardiotoxic 

effects, many regulatory groups including the FDA have taken great interest in in vitro assays that 

can more accurately identify these potential side effects earlier on in the drug discovery process 

(Colatsky et al. 2016). Various types of in vitro cardiac models have been utilized for these 

purposes including simpler 2D, high throughput assays and more complex 3D tissue culture 

systems (Block et al. 2020; Conant et al. 2017; Correia et al. 2017; Richards et al. 2020; Tenreiro 

et al. 2021). Continued work in this space is needed however to generate tissue that are mature 

enough to accurately recapitulate the response of adult CMs to therapeutics (Correia et al. 2017; 

Karbassi et al. 2020). 

 Finally, EHT constructs are also being developed for use as regenerative therapies. The 

myocardium lacks the ability to self-regenerate after traumatic injury such as a myocardial 

infarction and current therapeutic interventions are only effective at slowing further progression 

of the injury and cardiac fibrosis . Thus, many groups have explored methods to engineer 

myocardial tissue implants that could effectively integrate with the host to replace scarred tissue 

and restore muscle function (Jianyi Zhang et al. 2018). Early attempts at injecting suspended iPSC-

CMs or small aggregates of iPSC-CMs into injured hearts demonstrated limited success, as they 

failed to integrate properly and lead to arrythmias (Liu et al. 2018). This has led many groups to 

postulate that iPSC-CMs may require some scaffolding that guides tissue assembly and maturation 

prior to implantation (Eschenhagen and Weinberger 2024; Hashimoto, Olson, and Bassel-Duby 

2018). Such studies have shown promising results, restoring to some degree the functionality of 
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myocardial tissue after injury in small animal models and even non-human primates (Kobayashi 

et al. 2024; Liu et al. 2018; Querdel et al. 2021; Stüdemann et al. 2022). 

Despite significant progress in developing mature EHTs that can be applied in the various 

applications described above, iPSC-CMs remain closer to fetal CMs than adult CMs by many 

structural, contractile, metabolic, and electrophysiological measures (Karbassi et al. 2020). 

Additionally, we still lack a precise understanding of how to best assemble iPSC-CMs into 

multicellular syncytial structures in a way that accurately mimics the structure of the native 

myocardium. Thus, in this thesis we focus on developing controlled biomaterial systems that can 

be used to understand how iPSC-CM mechanobiology impacts tissue assembly and maturation 

processes towards informing the more intelligent design of EHTs for both in vitro tissue models 

and regenerative therapies. 

 

2.3 Mechanosensing in the myocardium 

2.3.1 Cellular mechanosensing mechanisms 

Cellular mechanosensing is a critical biological process through which cells detect and 

respond to mechanical stimuli from their environment. This allows cells to adapt to physical 

changes, such as alterations in tissue stiffness, shear stress from fluid flow, and mechanical loading 

(Kim et al. 2021). Mechanosensing mechanisms are essential for a variety of cellular functions, 

including proliferation, differentiation, and tissue morphogenesis (Ahmed et al. 2023; Kim et al. 

2021; Lutolf and Hubbell 2005; L. R. Smith, Cho, and Discher 2018). In the heart, cellular 

mechanosensing plays a vital role in both healthy tissue function and adaptation to 

pathophysiological conditions (Gaetani et al. 2020). Various cell types in the myocardium 
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including CMs, fibroblasts, and endothelial cells are continuously subjected to mechanical forces 

due to the cyclic contraction and relaxation of the heart and must therefore sense and respond 

appropriately to these dynamic forces to maintain cardiac homeostasis and support effective 

pumping action (Gaetani et al. 2020; Jacot, Martin, and Hunt 2010; Lyon et al. 2015; Schroer and 

Merryman 2015). 

Focal adhesions and cell-cell junctions are principal sites of mechanosensing in the heart, 

allowing resident cells such as CMs to interpret and respond to the mechanical properties of their 

environment (Danowski et al. 1992; Delmar and McKenna 2010; Nielsen et al. 2023; Samarel 

2005). Focal adhesions are multi-protein complexes that serve as the physical link between the 

ECM and the cellular cytoskeleton (Bershadsky, Balaban, and Geiger 2003; Kanchanawong and 

Calderwood 2022; Parsons, Horwitz, and Schwartz 2010). At these sites, cells sense physical cues 

such as stiffness, strain, and pressure, which are integral for modulating cell behavior. In cardiac 

tissue, specialized focal adhesion known as costameres link the myofibril directly to the ECM, 

facilitating efficient force transfer to the surrounding tissue (Pardo, D’Angelo Siliciano, and Craig 

1983b, 1983a; Samarel 2005). 

In addition to directly interacting with the ECM, CMs are mechanically linked through 

specialized cell-cell junctions complexes known as intercalated discs, which contain gap junctions, 

desmosomes, and adherens junctions (Nielsen et al. 2023; Rampazzo et al. 2014). Adherens 

junctions, mediated by cadherin proteins, particularly N-cadherin, are crucial for transmitting 

contractile forces across the myocardium by anchoring the actin cytoskeleton of one cell to its 

neighbor (Zuppinger, Eppenberger-Eberhardt, and Eppenberger 2000). Together, mechanosensing 

at focal adhesions and cell-cell junctions is crucial for maintaining tissue integrity, orchestrating 
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collective tissue function, and enabling the conversion of mechanical information into biological 

signals in both cardiac development and disease.  

2.3.2 Cardiomyocyte mechanosensing in myofibril assembly and tissue development 

Mechanosensing in cardiac development is a fundamental aspect of how the heart forms 

and matures (Haack and Abdelilah-Seyfried 2016; Jacot, Martin, and Hunt 2010; J. Wang et al. 

2018). During embryogenesis, the heart is one of the first organs to begin functioning, and its 

development is closely tied to both external and internally generated mechanical forces (Granados-

Riveron and Brook 2012; Mandrycky et al. 2020). As the heart begins to beat, the cells within the 

developing heart muscle tissue are exposed to hemodynamic forces, including shear stress and 

cyclic mechanical stretch (Bornhorst et al. 2019; Fukuda et al. 2019; Hove et al. 2003; Y. F. Lin, 

Swinburne, and Yelon 2012). These mechanical cues are crucial for the proper alignment and 

organization of cardiac cells and their eventual differentiation into mature cardiomyocytes. 

At the cellular level, mechanosensing is critical to myofibril assembly within these 

developing cardiomyocytes (Sparrow and Schöck 2009). The assembly of myofibrils is a highly 

orchestrated event where premyofibrils form initially, emanating from nascent cell-ECM adhesion 

site termed protocostameres (Chopra et al. 2018; Fenix et al. 2018; Taneja, Neininger, and Burnette 

2020). These myofibrils subsequently will mature into fully functional myofibrils capable of 

generating contractile force. This maturation process is influenced by the mechanical load 

encountered by the cells (Fukuda et al. 2019; Y. Guo et al. 2021). Mechanosensitive proteins, such 

as titin and talin, are thought to act as molecular rulers that maintain sarcomere integrity and 

contribute to the spatial organization of myofilaments (Chopra et al. 2018; Pandey et al. 2018).  

Changes in the mechanical environment during tissue development and morphogenesis can 

lead to abnormal heart development (Bornhorst et al. 2019; Y. F. Lin, Swinburne, and Yelon 2012). 
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Disruptions in mechanosensing mechanisms can impede myofibril assembly and lead to congenital 

heart defects and cardiomyopathies. For example, disruptions in vinculin expression during early 

development results in significant heart defects (Hawley et al. 2020; W. Xu, Baribault, and 

Adamson 1998). Precise mechanosensitive signaling pathways orchestrate a multitude of gene 

expression changes and cellular behaviors in response to these mechanical forces, ensuring that 

emerging cardiomyocytes align, elongate, and organize into a functional syncytium capable of 

coordinated contraction (Fukuda et al. 2019; Kidokoro et al. 2018; Priya et al. 2020). Thus, 

understanding the molecular mechanics of myofibril assembly has critical implications for 

congenital heart disease diagnosis and therapy, in addition to the design of in vitro models of for 

studying CM maturation (Hofbauer, Jahnel, and Mendjan 2021; Ottaviani et al. 2023). 

2.3.3 Cardiomyocyte mechanosensing in disease 

Mechanosensing in cardiac disease is a critical area of investigation, as the heart's ability 

to respond to mechanical stresses is fundamental to its adaptation during various pathologies 

(Gaetani et al. 2020; Knöll, Hoshijima, and Chien 2003). In diseases such as hypertension, 

myocardial infarction, and cardiomyopathy, changes in the mechanical environment of the heart, 

such as increased pressure, volume overload, or injury to the myocardial tissue, can lead to 

maladaptive cardiac remodeling (Frangogiannis 2017; González et al. 2018; Nakamura and 

Sadoshima 2018). This remodeling often results in altered cell signaling and excessive synthesis 

of ECM proteins, contributing to detrimental changes in myocardial structure and function. 

In hypertrophic cardiomyopathy, for example, disrupted mechanical function of the tissue 

resulting from genetic mutations results in altered mechanosensing that initiates CM growth in 

response to the increased strain (Heineke and Molkentin 2006; Nakamura and Sadoshima 2018). 

Chronically elevated mechanical stress can ultimately lead to fibrosis and heart failure due to 
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stiffening of the cardiac tissue, disturbance in electrical signaling, and impaired contractility 

(Kong, Christia, and Frangogiannis 2014; Nakamura and Sadoshima 2018). Mechanosensitive 

pathways, including those involving the angiotensin II type 1 receptor, the Hippo pathway, and 

various integrin-linked signaling cascades are implicated in these disease processes (J. Wang et al. 

2018). Activation of these pathways can lead to changes in CM function and survival, as well as 

stimulation of cardiac fibroblasts to produce extracellular matrix proteins, contributing to the 

fibrotic response (Frangogiannis 2014, 2017; K T Weber 2000). 

Mechanosensing also plays a crucial role in the heart's response to myocardial infarction 

(Talman and Ruskoaho 2016). Post-injury, the necrotic loss of CMs and the subsequent scarring 

leads to a mechanical mismatch in the myocardium, disturbing the normal distribution of forces 

across the heart (Herum et al. 2017; Yamada et al. 2022). In trying to compensate for the lost 

contractile function, the mechanosensitive pathways in the surviving myocardium become 

overactive, often leading to further pathological changes rather than restoration of normal cardiac 

function (Talman and Ruskoaho 2016). Targeting the dysregulated mechanotransduction that 

underlies these adaptations holds therapeutic potential. For example, therapies aimed at reducing 

mechanical stress on the heart, such as with the use of ventricular assist devices or pharmacological 

interventions like beta-blockers, have been shown to mitigate some of these maladaptive responses 

and improve clinical outcomes for heart disease patients (Goldsmith et al. 2014; S. Park et al. 

2019). Understanding the mechanisms of cardiac mechanosensing could therefore lead to more 

refined strategies to prevent the progression of heart disease and promote cardiac repair and 

regeneration. 

 As mechanosensing pathways and ECM remodeling play a critical role in the cardiac 

function from development to disease, developing model systems that facilitate careful 
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examination of these mechanosensing pathway is critical for understanding cardiac function 

engineering tissues that accurately recapitulate native myocardial function. The following thesis 

chapters focus on utilizing fibrous biomaterial systems that support the study of CM maturation 

(Chapters 4-5) and fibrotic disease progression (Chapter 6). Prior to those discussions, we dig 

deeper into the many in vitro model systems previously developed in the field to study CM 

maturation and model disease (Chapter 3). Lastly, Chapter 7 will provide a summary of the main 

findings of the work presented and future directions of how to leverage mechanically tunable 

biomaterial systems towards improved iPSC-CM maturation, disease models, and translatable 

therapies.  
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Chapter 3: Induced Pluripotent Stem Cell-Derived 

Cardiomyocyte in vitro Models: Benchmarking Progress and 

Ongoing Challenges 

3.1 Authors 

Samuel J. DePalma†, Jourdan K. Ewoldt†, Maggie E. Jewett, M. Cağatay Karakan, Yih-Mei Lin, 

Paria Mir Hashemian, Xining Gao, Lihua Lou, Micheal McLellan, Jonathan Tabares, Marshall 

Ma, Adriana C. Salazar Coariti1, Jin He, Kimani C. Toussaint, Jr., Thomas G. Bifano, Sharan 

Ramaswamy, Alice E. White, Arvind Agarwal, Emma Lejeune, Brendon M. Baker*, Christopher 

S. Chen* 

 

3.2 Abstract 

The advent of human induced pluripotent stem cells (hiPSCs) and techniques to 

differentiate cardiomyocytes from these cells has unlocked a viable path to creating in vitro models 

of normal and diseased heart, accelerating more predictive drug screening and therapeutic 

strategies for cardiac pathologies. Currently, hiPSC-derived cardiomyocytes (hiPSC-CMs) are 

more similar to fetal than adult cardiomyocytes, leading many in the field to explore approaches 

to enhance cell and tissue maturation. There are over 2,000 studies utilizing hiPSC-CMs in models 

composed of various combinations of cell and extracellular matrix components, using a plethora 

of differentiation protocols, culture formats, and methods for quantifying cardiomyocyte function. 

https://www.science.org/doi/full/10.1126/sciadv.abm3791#afn1
https://www.science.org/doi/full/10.1126/sciadv.abm3791#afn1
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To assess the current state of this rapidly growing area, we systematically analyzed 300 studies 

using hiPSC-CM models for their selection of hiPSC lines, hiPSC-CM differentiation protocols, 

types of in vitro models, maturation techniques, and metrics used to assess cardiomyocyte 

functionality and maturity, and compiled the data into an open access database. Based on this 

analysis, here we present the diversity of, and current trends in, in vitro model designs and 

highlight the most common and promising practices for functional assessments. We further 

analyzed outputs spanning structural maturity, contractile function, electrophysiology, and gene 

expression and note field-wide improvements over time. Finally, we observe that a persistent lack 

of coordination amongst investigators is limiting the field’s ability to benchmark and advance 

hiPSC-CM function against previous studies. We discuss opportunities to collectively pursue the 

common goal of hiPSC-CM model development, maturation, and assessment that we believe are 

critical to drive the entire community forward in engineering mature cardiac tissue. 

3.3 Introduction 

3.3.1 Utility of hiPSC-cardiomyocyte models 

The average cost to bring a new pharmaceutical to the market in the United States is 

estimated at more than one billion dollars, with many drugs costing greater than two billion dollars 

to develop (Wouters, McKee, and Luyten 2020). About 11% of pharmaceuticals worldwide have 

been withdrawn due to adverse cardiovascular side effects, wasting significant resources (Kocadal 

2018; Varga et al. 2015). This high failure rate is in part due to the relative difficulty in predicting 

which drugs will have adverse cardiac effects: primary human cardiomyocytes (CMs) are difficult 

to obtain and rapidly dedifferentiate in vitro, rendering them incapable of faithfully detecting 

anything but the most acute effects of candidate pharmaceuticals on the heart (Bird et al. 2003). 
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On the other hand, while animal studies can reveal cardiotoxic and arrhythmogenic activity of 

pharmaceuticals, there are key differences in cardiac biology between animal models and humans 

that limit their ability to fully predict the potential for adverse cardiovascular effects in humans 

(Lelovas, Kostomitsopoulos, and Xanthos 2014; Milani-Nejad and Janssen 2014).   

The advent of the first differentiation protocol of human embryonic stem cells (hESCs) 

into cardiomyocytes in 1993 enabled researchers to study human cardiomyocytes in vitro in ways 

not possible with primary CMs7. In 2007, the first human induced pluripotent stem cells (hiPSCs) 

were generated. Derived from skin or blood cells and reprogrammed into a pluripotent state, these 

cells can be patient-derived and of any genetic background, and similarly can be differentiated into 

cardiomyocytes without the ethical challenges associated with sourcing hESCs (Takahashi et al. 

2007). This approach, which enables patient-specific in vitro models of cardiac tissue and allows 

for the testing of cardiovascular effects of pharmaceuticals in a more physiologically relevant 

model, has thus been adopted by regulatory safety committees (Colatsky et al. 2016).  

The use of hiPSC technology to generate human cardiomyocytes has also dramatically 

increased opportunities to study the physiology and pathobiology of the human heart. Inherited 

cardiomyopathies, such as hypertrophic, dilated, and arrhythmogenic cardiomyopathies, affect 

1/500, 1/250, and 1/2,000-5,000 of the population, respectively (McKenna and Judge 2021). There 

are over 100 genes housing mutations that have been implicated in various cardiomyopathies 

(McNally, Barefield, and Puckelwartz 2015), with over 1,000 possible mutations across these 

genes known to cause disease (Haas et al. 2015; Ho et al. 2018; Lippi et al. 2022). Patient-derived 

hiPSC-CM models of genetic cardiomyopathies and CRISPR/Cas9 edited hiPSC-CMs have thus 

been used to recapitulate disease in vitro, to shed light on new disease mechanisms, and to establish 

the promise for gene-editing strategies to correct these diseases (Bhagwan et al. 2019; Briganti et 



 31 

al. 2020; Cohn et al. 2019; Hinson et al. 2015; Knight et al. 2021; Loiben et al. 2023; Mosqueira 

et al. 2018; Nishiga et al. 2022; Prondzynski et al. 2019; Toepfer et al. 2020; K. Zhang et al. 2021). 

Additionally, hiPSC-CMs show promise as regenerative therapies for patients with heart failure 

(Karbassi et al. 2020; Liu et al. 2018; Querdel et al. 2021).  

However, despite all the promise associated with hiPSC-CMs, the overall immaturity of 

hiPSC-CMs leads to significant limitations in their utility. Fetal-like gene expression patterns, 

immature structure and function of tissues created from these cells, and non- or sub-physiologic 

electromechanical activity are all significant caveats to the conclusions drawn from studies using 

these cells to test pharmaceuticals or model disease states and are major hurdles for using these 

cells in regenerative or reparative therapies. 

 

3.3.2 Immaturity of hiPSC-cardiomyocyte models 

While the use of hiPSC-CMs has been widely adopted in recent years, hiPSC-CMs remain 

immature relative to adult human cardiomyocytes, possessing a more fetal-like phenotype25. 

Immature hiPSC-CMs typically contain disorganized myofibrils, fewer mitochondria, and poor 

co-localization of calcium channels and ryanodine receptors that ultimately impair the 

functionality of hiPSC-CMs as compared to adult cardiomyocytes (Table 3.1) (Karbassi et al. 

2020). Additionally, engineered cardiomyocytes mainly rely on glycolysis for energy, rather than 

more efficient energy production from oxidative phosphorylation utilized by adult 

cardiomyocytes.  
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Benchmarking parameters and corresponding values of adult cardiomyocyte/tissue 

Structural Organization • Rod-shaped with aligned, developed myofibrils 
• Binucleated (Olivetti et al. 1996)   
• Sarcomere length:  ~ 2.0 – 2.2 µm (Martin Gerdes et al. 

1992; Squire 1997)  
• Cardiomyocyte surface area: ~ 10,000-14,000 µm2 (Feric and 

Radisic 2016)  
• T-tubules present 
• Mitochondria localized near sarcomere (Porter et al. 2011)  
• Expression of adult ventricular CM-specific structural genes 

(i.e. MYH7, MYL2, TNNI3, etc.) 
Mechanical Properties • Tissue elastic modulus ~10 – 50 kPa (Nagueh et al. 2004)  

Force • Contractile stress: ~ 30 – 60 mN/mm2 (Hasenfuss et al. 1990; 
Van Der Velden et al. 1999)  

• Positive force-frequency ratio 
Electrophysiology • Low to zero spontaneous contractions (Karbassi et al. 2020; 

Tenreiro et al. 2021) 
• Characteristic notch at peak (Feric and Radisic 2016) 
• Resting membrane potential: ~ -90 mV (Drouin et al. 1995) 
• Action potential amplitude: ~ 100-110 mV (Koncz et al. 

2011) 
• Action potential duration: ~ 230-300 ms (Dangman et al. 

1982) 
• Depolarization velocity: ~ 250- 300 V/s (Koncz et al. 2011) 
• Conduction velocity: ~ 30-100 cm/s (X. Yang, Pabon, and 

Murry 2014) 
Calcium Conduction • Cytosolic Ca2+ concentration (Carafoli et al. 2001):   

o Resting ~100 nM 
o Post SR calcium release ~1 µM 

• Mature sarcoplasmic reticulum function 
• Increased gene expression of calcium handling machinery 

CACNA1C, SCN5A, KCND3, KCNJ2, SLC8A, ATP2A2, 
CASQ2, RYR2, GJA1, PLN 

• Robust organization of calcium handling machinery  
Metabolic Maturity • Reliant mainly on fatty acid oxidation  

Table 3.1: Adult cardiomyocyte benchmarking parameters and values. 
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Functionally, human adult cardiomyocytes exhibit a resting membrane potential and 

conduction velocity of approximately -90 mV and 30-100 cm/s (X. Yang, Pabon, and Murry 2014), 

respectively, while very few hiPSC-CM models have shown a resting membrane potential below 

-80 mV (Feyen et al. 2020; Herron et al. 2016; B. Lin et al. 2017; Querdel et al. 2021; Tsan et al. 

2021) or a conduction velocity above 40 cm/s (Herron et al. 2016; Miki et al. 2021; Querdel et al. 

2021). Additionally, the twitch force of adult human cardiomyocytes is 25-44 mN/mm2 (Mulieri 

et al. 1992), and only a few recent hiPSC-CM engineered constructs have reached this level of 

contractility (Knight et al. 2021; Melby et al. 2021).  

In the past decade, there have been great strides made toward understanding how to further 

mature hiPSC-CMs by combining knowledge from diverse fields including developmental 

biology, materials science, and biomedical engineering (Cho et al. 2022). In achieving these 

advances, researchers have used a vast array of cell lines, differentiation protocols, maturation 

techniques, and functional tissue assessments, making it challenging for the field to make head-to-

head comparisons between studies and laboratories. Consequently, there is no consensus on which 

differentiation protocols or culture formats are most promising and should be employed going 

forward. As the field of cardiac tissue engineering itself matures, standardized benchmarking 

across the field will be essential to extracting key findings and applying them toward future 

advances.  

To assess the current state of the art, we sought to systematically analyze a breadth of 

studies utilizing hiPSC-CMs by extracting information such as differentiation protocols, culture 

platforms, maturation techniques, and functional assessment metrics. In synthesizing the key 

findings from these analyses, here we provide guidance on best practices for generating and 
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assessing the maturity of hiPSC-CMs with the goal of fostering a transparent discussion toward 

convergence amongst the community as we progress toward engineering functional, adult-like 

hiPSC-CMs.  

 

3.4 Methodology 

Across over 2,000 studies utilizing hiPSC-CMs from 2016-2022, there exists high 

variability in differentiation protocols, maturation strategies, and assessment of cell or tissue 

functionality. To understand the nature of this variability, we systematically analyzed 300 studies 

using hiPSC-CM models and compiled data on hiPSC lines, hiPSC-CM differentiation protocols, 

types of 2D and 3D in vitro models, maturation techniques, and metrics used to assess hiPSC-CM 

functionality and maturity. Using a PubMed search for “(((induced pluripotent stem cells) OR 

(iPSC)) AND ((cardiomyocyte) OR (cardiomyocytes) OR (iPSC-CM) OR (iPSC-CMs) OR 

(induced pluripotent stem cell-cardiomyocytes) OR (induced pluripotent stem cell-CMs))) AND 

((engineered heart tissue) OR (cardiac microtissue) OR (maturation) OR (mature))” we identified 

846 potential publications for analysis. We eliminated publications focusing on atrial 

differentiation due to relatively limited published work in this space, and focused our 

benchmarking on ventricular cardiomyocytes, which are of particular interest in the development 

of cardiac regenerative therapies (Cyganek et al. 2018; J. H. Lee et al. 2017). We also eliminated 

publications that were solely focused on disease modeling and/or mechanistic studies but included 

disease modeling publications in which maturation techniques (the primary focus of our analysis) 

were utilized in model development. To capture overall trends in the field, we focused on 300 

publications. This included the top 100 cited publications from the 846 potential publications based 

on citation numbers reported by the Web of Science database as of 2022, 100 publications from 
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the PubMed 846 potential publications (that were not the 100 top-cited publications) selected 

randomly, and 100 additional hiPSC-CM publications that were manually selected from references 

in recent high impact reviews on cardiac tissue engineering or top search results for “iPSC-

cardiomyocytes” on Google Scholar that utilized unique culture platforms, maturation techniques, 

and/or assessments. 

After accumulating and analyzing data reported from these publications, we analyzed 

functional outputs in structural, contractile, calcium handling, electrophysiology, gene expression, 

and metabolic assessments to identify patterns in the effects of model parameters on cardiac 

maturation. Graphs depicting functional outputs show mean ± standard error of the mean (SEM) 

unless otherwise noted. Data were assessed with a one-way ANOVA that was corrected for 

multiple comparisons using a Tukey test with a 95% confidence level. All data used for these 

analyses can be found in Supplementary Table 3 (J. K. Ewoldt et al. 2023). 

 

3.5 Current approaches to engineer hiPSC-CM in vitro models 

3.5.1 hiPSC culture and differentiation 

With the widespread adoption of hiPSC-CMs in the field of cardiac tissue engineering, 

more hiPSC lines are being generated and used in studies to capture global diversity and generate 

patient-specific models of cardiac diseases. The protocols for differentiating these cells into 

cardiomyocytes have also been continuously adapted and improved. Here, we compiled 

information on the most commonly used hiPSC lines and hiPSC-CM differentiation protocols 

within the field.    
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3.5.1.1 hiPSC lines 

A major source of variability across studies is the choice of hiPSC lines and the number of 

lines employed in a given study. Over 200 different hiPSC-lines were used across the analyzed 

studies. Over two-thirds of these studies used only one healthy control hiPSC line, thus failing to 

assess how different hiPSC lines may influence study findings (Figure 3.1a). Less than 15% of 

analyzed studies used more than two hiPSC healthy control lines, while a single study examined 

43 hiPSC lines (Burnett et al. 2019). Of the 15 most used hiPSC lines (Figure 3.1b), two-thirds 

have a female genetic background and only six have ancestral information available (Table 3.2). 

Four of these 15 lines are hiPSC lines that are commercially differentiated into cardiomyocytes by 

companies including FUJIFILM Cellular Dynamics, Inc., Axiogenesis, and Ncardia (Figure 3.1b). 

Of note, Cor.4U cardiomyocytes that are used in 5% of studies we analyzed were found to be 

derived from hESCs, rather than hiPSCs, which are the focus of this review (Lapp et al. 2021). 

The most frequently reported lines that are not commercially differentiated include WTC11, IMR-

90, DF19-9-11T.H, PGP1, 253G1, Gibco episomal line, 201B7, BJ1, SCVI-273, C25, and ATCC, 

ordered by the number of publications in which they appear (Figure 3.1b). 
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Figure 3.1: hiPSC culture and differentiation. a. Histogram of the number of control hiPSC 
lines publications reported using for hiPSC-CM differentiation. b. Top 15 reported hiPSC lines in 
the analyzed publications. c. Histogram of the reported purity of cardiomyocytes after hiPSC-CM 
differentiation. Inset: The reported methods of assessing the purity of cardiomyocytes after hiPSC-
CM differentiation. d. Schematic of the variability in hiPSC-CM differentiation protocols. 
Confluency of hiPSCs is typically at ~80-90% at the start of differentiation (Day 0) (n = 108). 
There is variability in the time course of Wnt pathway activation (green) and inhibition (blue) in 
hiPSC-CM differentiation, along with when insulin is added to the media (pink) and the hiPSC-
CM purification method (red). Pie charts represent the top reported Wnt pathway activators (n = 
229), Wnt pathway inhibitors (n = 219), and purification methods (n = 300). n values represent the 
number of publications that utilized and reported on each differentiation component. 
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Cell Line Biological Sex Reported 

Ancestry 

iCell Female Caucasian 

WTC11 Male Asian 

Cor.4U Female Not listed 

IMR-90 Female Not listed 

DF19-9-11T.H Male Not listed 

PGP1 Male Not listed 

253G1 Female Caucasian 

Gibco epi Female Not listed 

201B7 Female Caucasian 

BJ1 Male Not listed 

iCell2 Female Caucasian 

SCVI-273 Female Asian 

C25 Female Not listed 

ATCC Male Not listed 

Cellapy Female Not listed 

Table 3.2: Top 15 reported hiPSC lines and their biological sex and ancestry. Information was 
obtained from publication, references, or Cellosaurus.org. 

 

It has been shown that the genetic background of hiPSC lines impacts the maintenance of 

hiPSC pluripotency (Schnabel et al. 2012) and influences transcriptional variation (Rouhani et al. 

2014) that could ultimately impact the differentiation and function of derived hiPSC-CMs 
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(Mannhardt et al. 2020). The utilization of hiPSCs from diverse genetic backgrounds is crucial to 

the creation of hiPSC-CM in vitro models that accurately represent the global population.  

3.5.1.2 hiPSC differentiation to cardiomyocytes 

The hiPSC culture medium can also influence the maintenance of hiPSC pluripotency and 

self-renewal (Marinho, Chailangkarn, and Muotri 2015). Over 55% of publications utilized one of 

two commercially available hiPSC culture media as backbone medium: mTeSR-1 (STEMCELL 

Technologies) or Essential 8 Medium (E8) (Gibco) (Supplementary Table 3.1). During and after 

differentiation, the backbone culture medium was typically changed to RPMI-1640 (>50%), 

StemPro-34 (Gibco) (~5%), or commercially available differentiation kits or hiPSC-CM 

maintenance media, such as STEMdiff (STEMCELL Technologies), iCell Maintenance Medium 

(FUJIFILM Cellular Dynamics, Inc.), and Cor.4U Complete Medium (Axiogenesis) 

(Supplementary Table 3.1). Supplements and additives such as B-27 Supplement with or without 

insulin (Gibco) (>50% of publications), L-ascorbic acid, albumin, L-glutamine, HEPES, and more 

were added to some cultures (Supplementary Table 3.1). Additionally, the matrix (if any) that 

hiPSCs are seeded on during and after differentiation into hiPSC-CMs has been found to impact 

hiPSC-CM purity and maturation (Barnes et al. 2022; Block et al. 2020; Jianhua Zhang et al. 2022). 

Of the publications that listed the matrix (including no matrix) utilized for hiPSC culture, Matrigel 

(~30%), gelatin (~20%), and fibronectin (~15%) were the most commonly reported 

(Supplementary Table 3.1).  

While most protocols used to generate cardiomyocytes are based on temporal modulation 

of the Wnt signaling pathway (Lian et al. 2012), adjustments to differentiation parameters are often 

required for successful CM differentiation of different hiPSC lines (Mummery et al. 2012). 

Moreover, empirically observed variations in the purity and function of resulting hiPSC-CMs are 
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common (Figure 3.1d) (Branco et al. 2019; Nijak et al. 2022). In the analyzed studies, CHIR9901 

was the most commonly employed Wnt agonist used to initiate the differentiation process (used in 

>60% of studies analyzed). CHIR9901 was typically added to hiPSCs at ~80-90% confluency for 

24 hours from Day 0 to about Day 1. Subsequent inactivation of the Wnt pathway via IWR-1, 

IWP-2, or IWP-4 was conducted from approximately Day 3 to Day 4 of differentiation. Insulin 

was typically added on Day 7 of differentiation. The use of metabolic selection to improve the 

purity of hiPSC-CMs  (Tohyama et al. 2013, 2016) is only reported in one-third of the publications. 

Of these publications, about 70% removed glucose from the media and supplemented the media 

with lactate in order to starve non-myocytes. 

While many studies failed to quantify hiPSC-CM purity following differentiation, over half 

of the studies reported using either flow cytometry or immunohistochemistry for cardiac-specific 

markers, such as cardiac troponin T (cTnT) or α-actinin, to quantify the percentage of hiPSCs that 

were successfully differentiated into cardiomyocytes (Figure 3.1c). The average reported purity 

of cardiomyocytes was 84%. Of the studies that reported hiPSC-CM purity, almost 50% used 

differentiated hiPSCs that were >90% cardiomyocytes. 

Overall, similar differentiation protocols are used across the field; however, variations in 

the factors, their timing, and concentrations appear to be necessary for successful CM 

differentiation of different hiPSC lines (Mummery et al. 2012). Additional variability arises from 

differences in culture techniques across research groups. While we acknowledge the challenges 

associated with controlling for these variables, it would be advantageous for the field if the 

variability in differentiation protocols were decreased to the greatest extent possible. As a start, 

more studies should adopt a common differentiation protocol at least as a comparator to their 

group’s traditional protocol, as well as measure and report the purity of their hiPSC-CMs to allow 
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for comparisons. Purity is important not only to interpret studies but also to provide additional 

assurances that non-cardiomyocytes are not unknowingly impacting downstream functional 

outputs and resulting interpretations. Identifying and reporting the common non-cardiomyocyte 

cell populations that arise during differentiation could also aid in optimizing differentiation 

protocols to improve differentiation efficiency (Grancharova et al. 2021).  

3.5.2 Platforms used to study hiPSC-CMs 

Following the differentiation of hiPSCs into cardiomyocytes, these cells are typically 

incorporated into a variety of culture platforms to study their function, ranging from simple, high-

throughput platforms to more complex bioreactor-like systems, many of which require engineering 

expertise to create and/or the inclusion of other cell types in addition to hiPSC-CMs. Given the 

evident diversity of approaches, we quantitatively assessed the range of hiPSC-CM culture 

platforms used across the field towards identifying field-level trends.  

3.5.2.1 2D platforms 

A variety of platforms have been used to generate hiPSC-CM models for studying hiPSC-

CM maturation, disease progression, and drug toxicity. These models can broadly be divided into 

2D vs. 3D tissue platforms. 2D platforms are more commonly used than 3D tissue platforms due 

to their accessibility and higher throughput readouts. Additionally, 2D platforms facilitate the use 

of imaging and higher resolution analysis techniques to study cardiomyocyte structure and 

function, such as patch clamping, the standard for electrophysiology recordings.  

Across both 2D and 3D tissues, the most used culture platform for hiPSC-CMs was 

extracellular matrix (ECM)-coated glass or plastic substrates. About 60% of studies in our analysis 

utilized simple 2D platforms such as ECM-coated glass or plastic (Figure 3.2a). While fibronectin 

or Matrigel are typically coated onto culture surfaces to facilitate cell adhesion, stromal cell-
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derived ECM has recently been reported to improve the maturation of hiPSC-CMs (Block et al. 

2020).  

 

 

Figure 3.2: Variability in hiPSC-CM platforms. a. Top types of substrate platforms that hiPSC-
CMs are seeded on in 2D. Multielectrode array (MEA). b. Top extracellular matrix (ECM) or 
biomaterial platform used to engineer cardiac microtissues. Polyethylene glycol (PEG). c. Fraction 
of cardiac microtissues that are composed of hiPSC-CMs alone (CM), hiPSC-CMs with 
mesenchymal stromal cells (CM + SC), or hiPSC-CMs with endothelial cells and mesenchymal 
stromal cells (CM + EC + SC). d. Left: Distribution of CM and SC composition in CM-SC cardiac 
microtissues (n = 50). Right: Distribution of CM, EC, and SC composition in CM-EC-SC cardiac 
microtissues (n = 26). Dashed and dotted lines represent medians and quartiles, respectively.   

 

Recent improvements to 2D platforms have focused on providing topographical cues to 

hiPSC-CMs to drive CM alignment, mimicking the organization of the native myocardium. This 

alignment has been achieved by culturing CMs on micropatterned rectangles or lines (Hart et al. 

2018; Kit-Anan et al. 2021; Knight et al. 2021; Kujala et al. 2016; Z. Ma et al. 2015; Martewicz et 
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al. 2019; Pioner et al. 2016; Schulze et al. 2019; Strimaityte et al. 2022; S. Sun et al. 2020; Tsan 

et al. 2021; Wheelwright et al. 2018; C. Xu et al. 2017), electrospun scaffolds composed of aligned 

polymeric fibers (Chen et al. 2022; DePalma et al. 2021; Khan et al. 2015; N. Kumar et al. 2020; 

J. Li et al. 2016; Pushp et al. 2020; Tang et al. 2016; Wanjare et al. 2017), grooved substrates 

(Afzal et al. 2022; Carson et al. 2016; Huethorst et al. 2020; Pioner et al. 2019; A. S. T. Smith et 

al. 2020; Takada et al. 2022), and 3D-printed anisotropic scaffolds (H. Cui et al. 2020; Gao et al. 

2017; Y. S. Zhang et al. 2016). Additionally, several studies have cultured hiPSC-CMs on 

elastomeric surfaces that better recapitulate the mechanics of the native myocardium (Feaster et 

al. 2015; Garbern et al. 2020; Jia et al. 2016; Lind et al. 2017; Parikh et al. 2017; Park et al. 2019). 

These substrates are typically made from hydrogels or elastomers, including polyacrylamide 

(Buikema et al. 2020; Kit-Anan et al. 2021; Pasqualini et al. 2015; Strimaityte et al. 2022; 

Wheelwright et al. 2018) or polydimethylsiloxane (PDMS), respectively (Dou et al. 2021; J. Guo 

et al. 2021; Herron et al. 2016; Kroll et al. 2017). While 2D platforms can provide insights into the 

effect of specific parameters (i.e. substrate stiffness and ligand type/density) on cardiomyocytes, 

they are difficult to maintain in long-term culture and do not accurately recapitulate the complex 

structure and dimensionality of native tissue. Thus, they are limited in their ability to mimic 

specific aspects of development, physiology, and disease.  

3.5.2.2 3D platforms 

3D hiPSC-CM tissues have increased in popularity as they more accurately recapitulate the 

3D architecture of the cardiac microenvironment in which CMs normally function. The majority 

of 3D-cardiac microtissues studied are considered scaffold-free (Figure 3.2b). Examples of 

scaffold-free microtissues include spheroid cultures, which have been used as a high-throughput 

assay to test the effects of non-cardiomyocytes on tissue stability and maturation and as disease 
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models (Giacomelli et al. 2017). Other 3D hiPSC-CM tissues require the addition of ECM proteins 

to facilitate proper compaction and assembly of the tissue. The most common ECM proteins used 

include fibrin, collagen, Matrigel, or some combination of these materials. Additionally, a handful 

of groups have explored the use of decellularized ECM (Blazeski et al. 2019; Goldfracht et al. 

2019; Noor et al. 2019; Schwan et al. 2016) and synthetic hydrogels made of materials such as 

polyethylene glycol (H. Cui et al. 2020; Vannozzi et al. 2018) to generate cardiac microtissues. 

Further, the media used in culture has a significant impact on the system, and over 80 combinations 

of media components were utilized. Despite the use of serum in culture media, which limits the 

translational potential of cardiac microtissues given the variability in serum composition, more 

than one-third of the 3D hiPSC-CM models included serum in culture media. 3D hiPSC-CMs are 

more physiologically relevant overall, but complex fabrication processes and increased sources of 

variability limit both the accessibility and throughput of these models.  

Another layer of complexity to some 3D cardiac microtissues is the incorporation of 

supporting cell types that facilitate the assembly of tissues containing hiPSC-CMs. While some 

2D hiPSC-CM tissues contained admixed cell types (Abecasis et al. 2019; Floy et al. 2022; Peters 

et al. 2022), over 90% of 2D studies used pure hiPSC-CM cultures. In contrast, about half of the 

3D hiPSC-CM tissues contained cell types such as mesenchymal stromal cells (SCs), endothelial 

cells (ECs), or other cell types due to either their ability to facilitate tissue compaction or the 

potential to study the impact of these additional cell types on cardiac microtissue maturation and 

function. (Figure 3.2c). Mesenchymal stromal cells used in these studies include primary human 

cardiac fibroblasts, human mesenchymal stem cells, hiPSC-derived cardiac fibroblasts, human 

lung fibroblasts, human mural cells, human dermal fibroblasts, human foreskin fibroblasts, hiPSC-

derived stromal cells, hiPSC-derived mural cells, human adipose-derived stem cells, human 
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pericytes, and hiPSC-derived smooth muscle cells. Additional stromal cell populations used 

include primary dermal, foreskin, and lung fibroblasts. This variability is consequential, as it has 

been shown that the stromal cell source can impact tissue assembly and functionality (Hookway 

et al. 2019). Additionally, the number of stromal cells added to the hiPSC-CM microtissues varies, 

but many groups either used them in a 1:9 or 1:3 ratio with hiPSC-CMs (Figure 3.2d). This ratio 

of stromal cells can also impact the functionality and maturation of hiPSC-CMs and has been 

leveraged to model cardiac fibrosis (Rupert et al. 2020; E. Y. Wang et al. 2019). 

Lastly, many groups have also explored the incorporation of ECs to vascularize and further 

mature in vitro cardiac microtissues (Figure 3.2c). Not only does vascularization of cardiac 

microtissues enable the generation of thicker tissues, but the addition of ECs has also been found 

to mature cardiac microtissues via paracrine signaling (Giacomelli et al. 2017). Prominent EC 

sources include hiPSC-derived ECs and primary human umbilical vein ECs. In CM-EC-SC tissues, 

ECs and stromal cells were most often used in a 1:1 ratio, with over 50% of the tissue being 

composed of hiPSC-CMs (Figure 3.2d).  

Overall, the composition of each platform is influenced by the intended use and resource 

accessibility. This variability in model design can impact the techniques used to assess resulting 

tissues and their maturation. Dissemination of detailed protocols is critical to making complex 

cardiac microtissue platforms widely accessible, allowing others in the field to apply new 

techniques to improve the maturation and physiological relevance of their established hiPSC-CM 

models.  

3.5.3 Strategies used to mature hiPSC-CMs 

Numerous strategies have been developed to simulate developmental cues found in the 

native cardiac microenvironment to direct hiPSC-CM maturation toward a more adult-like 
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phenotype (Figure 3.3). In this analysis, we grouped these cues into five categories (alignment, 

mechanical, electrical, co-culture, and metabolic maturation techniques) to identify trends in how 

these techniques are being implemented across the field.  

 

 

Figure 3.3: Maturation techniques used in hiPSC-CM culture. a. Schematic of types of 
maturation techniques, including mechanical, metabolic, co-culture, electrical stimulation, and 
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alignment cues. b. Number of publications that reported using the listed maturation techniques. c. 
Histogram of the number of maturation techniques that the analyzed publications reported. d. 
Average number of maturation techniques reported over time (n = 18-34). Error bars are standard 
error of the mean (SEM). 

 

3.5.3.1 Alignment cues 

Given the high degree of alignment of native cardiomyocytes, alignment cues are common 

maturation techniques in 2D hiPSC-CM platforms and include micropatterning, aligned 

electrospun fibrous scaffolds, and grooved surfaces (Figure 3.3a). Both alignment cues at the 

microscale (Strimaityte et al. 2022; Takada et al. 2022; Tsan et al. 2021; Wanjare et al. 2017)     and 

the nanoscale (Afzal et al. 2022; DePalma et al. 2021; Khan et al. 2015) have been shown to 

improve the structure and function of hiPSC-CMs, and in particular induce myofibril alignment as 

compared to surfaces lacking topographical instruction. Other variables that may contribute to the 

success of alignment cues in 2D platforms include adhesive ligand and substrate stiffness, which 

impact tissue assembly and function on aligned electrospun fibers (DePalma et al. 2021). Recent 

work extended these observations to 3D tissues by bioprinting anisotropic microtissues into larger-

scale organized tissue patches (J. H. Ahrens et al. 2022). This work highlights the challenges 

associated with scaling well-established 2D alignment cues into 3D tissue platforms to drive proper 

assembly and structural maturation of 3D tissues. 

3.5.3.2 Mechanical stimulation 

Mechanical maturation techniques include the use of passive tension (J. Ahrens et al. 2022; 

Boudou et al. 2012; Feric et al. 2019; Tamargo et al. 2021; Ulmer et al. 2018), hydrogel or 

elastomeric substrates in 2D platforms (Feaster et al. 2015; S. Lee et al. 2017; Pioner et al. 2019), 

dynamic mechanical stimulation of tissue  (Dou et al. 2021; Jackman, Carlson, and Bursac 2016; 
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Jayne et al. 2021; X. Ma et al. 2019; Ng et al. 2020; Rogers, Fast, and Sethu 2016; Ruan et al. 

2015), and the application of scear forces (Gao et al. 2018; Kolanowski et al. 2020; Marsano et al. 

2016) (Figure 3.3). Across all studies analyzed, mechanical cues were the most used maturation 

technique (Figure 3.3b), likely due to the widespread adoption of 2D hydrogel culture platforms 

as well as 3D engineered heart tissue (EHT) platforms where tissues are tethered between two 

elastomeric pillars (Figure 3.2a-b). Modulating the stiffness of deformable substrates has been 

used to improve the maturation of hiPSC-CMs in 2D. Elastic hydrogels of physiologically relevant 

elastic moduli between 3 to 10 kPa can improve the maturation and function of hiPSC-CMs 

compared to supraphysiologically stiff tissue culture plastic or glass (Feaster et al. 2015; A. J. S. 

Ribeiro et al. 2015; Tsan et al. 2021; Wheelwright et al. 2018). In EHT platforms, the passive 

tension, or afterload, modulated by pillar stiffness has been shown to impact tissue formation, CM 

alignment, and functional maturation, with increased afterload generally improving structural and 

functional outputs of EHTs (Abilez et al. 2018; J. H. Ahrens et al. 2022). However, too high of an 

afterload can lead to pathological responses (Bliley et al. 2021; Leonard et al. 2018).  

Lastly, cyclic mechanical stimulation to mimic the contractile behavior of the heart and 

pace hiPSC-CMs in 2D or 3D has been achieved using pressure changes (Jayne et al. 2021; Rogers, 

Fast, and Sethu 2016) and cyclic stretching (X. Ma et al. 2019; Ng et al. 2020; Ruan et al. 2016). 

However, this technique was used sparingly, in less than 7% of the studies we analyzed.  

3.5.3.3 Electrical stimulation 

Electrical pacing has shown great improvements in the maturation (Ronaldson-Bouchard 

et al. 2018) and vascularization (Lu et al. 2023) of engineered heart tissue, leading >12% of studies 

to utilize this technique (Figure 3.3b). Previous work showed that initiating electrical stimulation 

earlier in hiPSC-CM differentiation and gradually increasing stimulation frequency over time 
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(Figure 3.3a) can greatly improve the maturation of EHTs compared to the commonly used 

constant stimulation of 1 Hz initiated later after EHT assembly (Ronaldson-Bouchard et al. 2018). 

These electrically paced tissues had adult-like gene expression profiles, increased mitochondrial 

density, presence of transverse tubules (t-tubules), and a positive force-frequency relationship.  

3.5.3.4 Co-culture of hiPSC-CMs with other cell types 

As heterocellular signaling plays an important role in native tissue development (Karbassi 

et al. 2020), there have been significant efforts to characterize the impact of other cell types on 

hiPSC-CM maturation and overall tissue function. Over 50% of publications incorporated 

mesenchymal stromal cells and/or endothelial cells when generating cardiac microtissues (Figure 

3.2c, Figure 3.3b). Tri-cultures including mesenchymal and endothelial cells have been shown to 

improve the maturation of hiPSC-CM engineered constructs, contributing to the formation of t-

tubules, increased tissue contractility, and improved electrophysical function (Giacomelli et al. 

2020). Other studies have also shown improvements in the electrophysical function of cardiac 

microtissues with just the addition of stromal cells (Beauchamp et al. 2020) [beau] or endothelial 

cells (Z. Lin et al. 2023). Soluble factors from stromal cells alone, without physical co-culture, can 

also improve the maturation of hiPSC-CMs (Yoshida et al. 2018). 

3.5.3.5 Metabolic maturation 

Strategies focusing on metabolic maturation typically employ media formulations and 

small molecules that drive a shift from glycolysis to oxidative phosphorylation as the primary 

source of adenosine triphosphate (ATP) production in hiPSC-CMs. Studies have shown that the 

use of triiodothyronine (X. Yang et al. 2014) and dexamethasone (Parikh et al. 2017) increases 

mitochondrial activity and improves contractile performance and calcium handling of hiPSC-CMs. 

Other studies have shown that the switch from media containing glucose to those containing 
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galactose and fatty acids promotes maturation (Correia et al. 2017; Feyen et al. 2020), and that 

adjusting the levels of glucose and calcium concurrent with fatty acid supplementation improves 

the maturation of hiPSC-CMs (Feyen et al. 2020). These studies highlight the importance of 

utilizing physiologically relevant media with hiPSC-CMs to promote their maturation. Although 

metabolic maturation is a more nascent technique, adopted in under 10% of studies, its ease of 

implementation makes it likely to be more widely integrated into workflows across many labs.  

3.5.3.6 Utilization of maturation techniques 

Despite maturation techniques generally leading to improvements in the function, 

robustness, and utility of hiPSC-CM models, more than a third of the studies we analyzed did not 

use any of the listed maturation techniques (Figure 3.3c). In contrast, many studies combined 

multiple maturation techniques toward enhancing hiPSC-CM maturation, with about one-third of 

studies analyzed exploring at least two maturation techniques (Figure 3.3c). We note a steady 

increase in the number of maturation techniques implemented per study, since 2016, with the 

average number of maturation techniques used being 1.3 in 2016 and 2.0 in 2022 (Figure 3.3d). 

More systematic studies are needed to understand which of these techniques are most successful 

in driving specific phenotype changes in hiPSC-CMs and how combinations of techniques may 

act synergistically to improve maturation. 

3.5.4 Metrics to assess hiPSC-CM maturity and function 

Identifying techniques that are most effective in driving hiPSC-CM maturation requires 

robust methods to assess hiPSC-CM and EHT function. To quantify which assessment metrics are 

most commonly used and might best inform overall tissue maturity, we examined commonly 

reported approaches used to obtain qualitative and quantitative data on the structure and 

functionality of hiPSC-CMs and derivative cardiac tissues. 
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3.5.4.1 Structural analysis 

Structural organization is the primary measure used to assess differences in cardiomyocyte 

maturation. Over 85% of studies reported data on the morphology and organization of sarcomeres 

in hiPSC-CMs or cardiac microtissues, given the critical role of myofibrils in cell contractile 

function (Figure 3.4a). To obtain these metrics, over 60% of studies performed immunostaining 

(either immunofluorescence or immunohistochemistry (IHC)), while over 20% of studies utilized 

transmission electron microscopy (TEM) or scanning electron microscopy (SEM) to assess the 

structure of hiPSC-CMs (Figure 3.4b). Proteins that were commonly labeled by immunostaining 

to visualize hiPSC-CM subcellular structure include cardiac troponin T, α-actinin, cardiac troponin 

I, β myosin heavy chain, and connexin-43. While some studies showed qualitative differences in 

the images that they present, many used immunostaining of sarcomeric proteins to assess myofibril 

morphometrics, such as sarcomere length, and orientation of cardiomyocytes and constituent 

myofibrils. There are dozens of published image analysis scripts used to analyze sarcomere 

alignment (Morrill et al. 2016; Pasqualini et al. 2015; Stein et al. 2022; Sutcliffe et al. 2018; 

Toepfer et al. 2019; B. Zhao et al. 2021). More specifically, there are multiple ways in which 

sarcomere direction is identified, such as explicit sarcomere segmentation, computing gradients 

within an image, or analyzing other image features. These differing methods lead to many forms 

of how alignment is reported, including orientation order parameter (Morrill et al. 2016; Toepfer 

et al. 2019), dispersion parameter (Sutcliffe et al. 2018), and Haralick correlation score (Stein et 

al. 2022), thereby obfuscating direct comparisons across studies.  
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Figure 3.4: Methods of assessing hiPSC-CM functionality and maturation. a. Number of 
publications that reported analysis of the structure, contraction, gene expression, calcium handling, 
electrophysiology, and metabolism of hiPSC-CMs. b. Top methods of obtaining each of the 
reported metrics in a. c. Top genes that were reported in the assessment of hiPSC-CM maturation. 
d. Top pharmaceutical drugs used to test the ability of hiPSC-CMs to respond as known clinically. 
e. Proportion of publications that used hiPSC-CM platforms to model disease. f. Top diseases 
modeled by hiPSC-CM platforms including arrhythmogenic cardiomyopathy (ACM), 
hypertrophic cardiomyopathy (HCM), dilated cardiomyopathy (DCM), myocardial infarction 
(MI), and long QT syndrome (LQT). g. Graphs show the fraction of instances in which specific 
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maturation techniques were implemented when generating hiPSC-CM models to study each 
cardiac disease. 

 

Methods of imaging the ultrastructure of hiPSC-CMs, such as TEM, mainly focus on 

identifying key subcellular structural components and their positioning. These features include the 

relative organization of Z-lines, I-band, H-zones, and M-lines in sarcomeres, the morphology and 

density of mitochondria, and the presence of caveolae. A structural feature that is associated with 

high levels of maturation of hiPSC-CMs is the presence and orientation of t-tubules, which has 

been confirmed in numerous recent studies (Y. Cui et al. 2019; Ergir et al. 2022; Fukushima et al. 

2020; Garay et al. 2022; Giacomelli et al. 2020; Hatani et al. 2018; Huang et al. 2020; Jabbour et 

al. 2021; Kerscher et al. 2016; Miki et al. 2021; Parikh et al. 2017; Pioner et al. 2016; Ronaldson-

Bouchard et al. 2018; Strimaityte et al. 2022). 

 

3.5.4.2 Contractility measurements 

The organization of myofibrils and constituent sarcomeres in hiPSC-CM can greatly 

impact contractility, the primary function of CMs. Contractility measurements were the second 

most reported metric of analysis, with over half of the studies reporting a cell- or tissue-level 

contractility measurement (Figure 3.4a).  

In 2D, the most high-throughput and accessible method of obtaining a contractility metric 

was using video-based analysis to quantify the displacement of hiPSC-CMs during contraction 

(Huebsch et al. 2015; Tsan et al. 2021). While this method provides valuable data on contractility 

kinetics and allows for insight into relative changes in contractility, it does not provide a 

quantitative value of contractile force or stress that can be compared to results from other studies. 

A more quantitative contractility metric that is used in 2D is sarcomere shortening, or the fraction 
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that sarcomeres displace relative to their spacing in a relaxed state (Toepfer et al. 2019). While 

this quantification method can be more readily compared across studies and has physiological 

relevance, it still does not directly quantify the contractile force or stress of the cells, and it requires 

high-magnification imaging and live-cell fluorescent labeling of sarcomeres (Sharma, Toepfer, 

Schmid, et al. 2018). Traction force microscopy (TFM), in which the displacement of fluorescent 

beads embedded in an elastic hydrogel of known stiffness is tracked over time, can be used to 

quantify the contractile force and stress of unpatterned or patterned hiPSC-CMs, both at the single-

cell (A. J. S. Ribeiro et al. 2015) and multicellular level (K. Zhang et al. 2021).  

Similarly, contractile force and stress of hiPSC-CMs in 3D platforms can be quantified 

using video-motion analysis of the displacement of tissue constraints of known stiffness such as 

elastomeric pillars (Boudou et al. 2012; Legant et al. 2009). 3D hiPSC-CM tissues also produce 

enough force to be captured by force transducers that convert mechanical tension to an electrical 

output signal. Among the studies we analyzed that reported contraction metrics, over 15% of 

studies used force transducers (Figure 3.4b). Interestingly, we found that reported contractile force 

was significantly higher in studies that used force transducers compared to the studies that 

quantified contractile force from pillar displacement (2.5 mN vs 0.6 mN, p = 0.01), which could 

be due to differences in tissue size. To address the variable size of 3D microtissues across and 

within platforms, contractile stress factoring in tissue geometry should be calculated in addition to 

force to enable benchmarking of contractility between various platforms. Additionally, we have 

noted that in traditional EHT systems composed of two elastic pillars that both deflect inwards 

upon tissue contraction, some groups calculate the EHT contractile force by measuring the 

displacement of one of the pillars while others other groups sum the deflection of the two pillars 

to obtain a “total” tissue displacement. While the latter method is valid when calculating total 
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tissue fractional shortening, only one post displacement should be considered when quantifying 

the contractile force of EHTs. Tension within the suspended tissue is applied equally on each post 

and thus, the tension in the tissue equals the tension applied at each post, not the sum of the tension 

at both posts. These observations and suggestions highlight the importance of the quantification 

method in comparing metrics across studies.  

3.5.4.3 Genetic analyses 

The next most reported metric was gene expression of hiPSC-CM models. Most studies 

that report metrics of gene expression used reverse transcription-quantitative polymerase chain 

reaction (RT-qPCR) to report relative changes in expression of genes pre-determined from their 

study design. A more thorough look at changes in gene expression is now accessible due to the 

advent of RNA-sequencing, in which the average relative changes in expression of all detected 

genes can be reported. This allows assessment of expression levels of many genes and enables 

pathway-level analyses to determine changes in cellular signaling underlying cardiomyocyte 

maturation.  

Genes that were most reported include MYL2, MYH7, MYH6, TNNT2, ATP2A2, TNNI3, 

RYR2, MYL7, GJA1, NKX2.5, PLN, CASQ2, SCN5A, CACNA1C, and KCNJ2 (Figure 3.4c). These 

genes are associated with pathways and proteins involved in cardiac contraction, electrical 

conduction, and ion channels. As the composition of cardiomyocytes evolves during maturation, 

their gene expression of different protein isoforms does as well. Oftentimes, the relative 

expressions of genes encoding these isoform transitions are reported to assess improvements in 

maturation. For example, ratios of MYH7/MYH6, MYL2/MYL7, and TNNI3/TNNI1 are commonly 

utilized maturation metrics.  
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In addition to gene expression analyses of hiPSC-CM models, other omics analyses have 

been used to obtain a more complete understanding of changes within hiPSC-CMs and cardiac 

microtissues, with over 20% of studies performing omics on their samples. While transcriptomics 

providing gene expression analyses were the most common, proteomics and metabolomics have 

also been used recently, often in combination with transcriptomics to better understand 

transcriptional and translational changes as well as their interrelationship during hiPSC-CM 

maturation.  

3.5.4.4 Calcium handling and electrophysiological measurements 

Calcium handling and electrophysiological measurements were also common measures of 

cardiomyocyte function (Figure 3.4a), as they are directly related to both the structural and 

functional maturity of hiPSC-CMs. Calcium handling is most often quantified with calcium 

sensitive dyes, such as Rhod-2, Fura-2AM, or Fluo-4AM, which enable imaging of calcium 

dynamics via high-speed microscopy (Figure 3.4b). Some studies have also implemented 

genetically encoded calcium indicators, such as GCaMP (Maddah et al. 2015; Shinnawi et al. 

2015) to observe calcium transients without the addition of dyes to culture. Several algorithms 

have been developed to quantify calcium fluxes (Huebsch et al. 2015; Psaras et al. 2021; H. Yang 

et al. 2022), and cell screening systems such as FLIPR and IonOptix have implemented software 

for the high-throughput analysis of calcium fluxes.  

Similarly, electrophysiology can also be quantified by adding voltage sensitive dyes, such 

as FluoVolt, Di-4-ANEPPS, Di-8-ANEPPS, or BeRST to CMs, imaging genetically encoded 

voltage sensors (eg. Archon1 (Shroff et al. 2020)), or by directly measuring the electrical properties 

of cell populations and single cells using multielectrode arrays (MEA) or patch clamping, 

respectively (Figure 3.4b). Patch clamping is the gold standard for electrophysical recordings of 



 57 

cells, providing specific electrophysical properties such as resting membrane potential (RMP), that 

allow for benchmarking of hiPSC-CMs against adult cardiomyocytes. However, it can be difficult 

to obtain patch clamp measurements from 3D cultures, leading many groups to opt for optical 

mapping via voltage-sensitive dyes to obtain tissue-scale measurements.  

One of the most reported metrics from both calcium handling and electrophysiological 

measurements was conduction velocity, or the speed at which the electrical signal travels across 

heart tissue. Conduction velocity assesses the maturity of the calcium handling machinery across 

an entire tissue and the electrical coupling of hiPSC-CMs within the tissue, both of which are 

critical to the function of myocardial tissue.  

3.5.4.5 Metabolic measurements 

A final commonly used metric to report on the maturation of hiPSC-CMs was metabolic 

activity. As metabolic changes in cardiomyocytes are observed throughout the development of the 

myocardium, increasing efforts have been made to quantify metabolic activity of hiPSC-CMs to 

capture the shift from glycolysis to oxidative phosphorylation for ATP production. Quantifying 

metabolic activity has become more common in recent years to assess hiPSC-CM maturity, 

although was still only used by <15% of studies (Figure 3.4a).  

The most common assay used to quantify metabolic activity was the Agilent Seahorse 

assay, which monitors ATP production from glycolytic and oxidative pathways in cultures due to 

changes in free protons and dissolved oxygen in culture medium (Figure 3.4b). Some groups also 

used live cell fluorescent trackers to visualize and quantify mitochondria, as more mature 

cardiomyocytes possess greater mitochondrial density and organization.  

Many of the publications that used this assessment metric are also focused on developing 

methods to specifically mature hiPSC-CMs by directly shifting their metabolic activity (Correia et 
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al. 2017; Feyen et al. 2020; Horikoshi et al. 2019; X. Yang et al. 2019). However, studies focused 

on developing other maturation techniques have also used metabolic analysis to assess hiPSC-CM 

maturation more holistically (Giacomelli et al. 2020; Ronaldson-Bouchard et al. 2018; J. Z. Zhang 

et al. 2019).  

3.5.4.6 Pharmaceutical drug screening 

A final method for assessing hiPSC-CM maturation was treating cultures with small 

molecules that are known to impact cardiomyocyte function and quantifying the ability of hiPSC-

CMs to respond in a manner reflecting the response of adult cardiomyocytes (Figure 3.4d). Most 

commonly, the beta-adrenergic agonist isoproterenol was added to culture media to quantify the 

chronotropic and inotropic responses, with a greater contractile force or frequency response 

indicating increased adrenergic receptors and greater maturity. hiPSC-CMs have also been treated 

with many other drugs to assess maturation. For example, whether hiPSC-CM contractility is 

impaired upon inhibition of specific ion channels found in adult cardiomyocytes provides insight 

into the maturity of the calcium handling machinery present (Da Rocha et al. 2017). 

In addition to using drug challenges to assess the maturity of hiPSC-CM tissues, many of 

the systems described in the analyzed papers show great potential as mid- to high-throughput drug 

screening platforms. As such, many groups, including regulatory agencies such as the FDA, have 

begun exploring how patient-specific hiPSC-CM tissues could be used to more accurately identify 

cardiotoxic effects of therapeutics and ultimately replace expensive and time-consuming in vivo 

cardiotoxicity assays (Colatsky et al. 2016). However, hiPSC-CMs used for cardiotoxicity testing 

must be sufficiently mature to ensure that the drug-induced phenotype faithfully represents the 

cardiac response to the drug in human patients. 
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For example, one study examined how the addition of metabolic maturation medium 

impacts hiPSC-CM response to treatment with the anti-arrhythmia drug mexiletine (Feyen et al. 

2020). Specifically, they found that hiPSC-CMs carrying a gain-of-function mutation in SCN5A 

only responded to mexiletine treatment after being first treated with metabolic maturation media, 

likely due to increased sodium channel activity observed in hiPSC-CMs cultured in these 

conditions. Another study asked whether culturing 3D hiPSC-CM microtissues in fatty-acid-

enriched maturation media could improve the accuracy of hiPSC-CM models in predicting drug 

toxicity (Huebsch et al. 2022). Specifically, verapamil can exhibit false positives in commonly 

used 2D monolayer toxicity assays, prolonging action potential duration at low doses (Huebsch et 

al. 2022). By treating hiPSC-CMs in 3D culture with maturation media, these effects were no 

longer observed at relevant doses, likely due to changes in ion channel expression in more mature 

tissues. The results described in these two studies and others that implemented various other 

maturation techniques such as electrical pacing before conducting drug challenges (Goldfracht et 

al. 2019; Kofron et al. 2021; N. Kumar et al. 2020; Lemme et al. 2020; Qu et al. 2020; Ronaldson-

Bouchard et al. 2018)  highlight the necessity to generate mature hiPSC-CMs to accurately assess 

the potential effectiveness or toxicity of a drug in vitro.  

However, in many of the analyzed studies that explored the utility of hiPSC-CM models in 

drug testing applications, maturation techniques were not employed. This indicates that less mature 

hiPSC-CMs may be sufficient for testing the efficacy and toxicity of certain drugs but not all, 

depending on their mechanisms of action (Supplementary Table 3.1). Additional work should be 

done to investigate how various combinations of maturation techniques might alter cardiotoxic 

responses to drug treatments to encourage further development of reproducible and efficient 

screening assays. 
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3.5.4.7 Disease modeling 

The increased maturation of hiPSC-CM models has also enabled in vitro studies of a 

multitude of cardiac pathologies. Over 15% of the studies analyzed utilized hiPSC-CM platforms 

to model various cardiac pathologies, including arrhythmogenic cardiomyopathy (ACM), 

hypertrophic cardiomyopathy (HCM), dilated cardiomyopathy (DCM), myocardial infarction, and 

long QT syndrome (Figure 3.4e,f). By utilizing patient-derived or genetically edited hiPSC-CMs 

or stress-inducing culture conditions, such as hypoxia, studies have been able to model changes in 

cardiomyocyte structure, contractility, and electrophysiology associated with disease(Bliley et al. 

2021; Knight et al. 2021; Martewicz et al. 2019; Strimaityte et al. 2022; K. Zhang et al. 2021). 

Further, implementing maturation techniques, such as metabolic conditioning, has enabled the 

recapitulation of key disease phenotypes that were not otherwise prominent in hiPSC-CMs derived 

from patients with long QT syndrome (Knight et al. 2021) (Figure 3.4g). Other maturation 

techniques including mechanical conditioning, topographical cues, and coculture with other cell 

types were also used when generating models of ACM, HCM, and DCM (Figure 3.4g). With 

increasing maturation of hiPSC-CMs, there is growing potential to utilize these models to shed 

light on disease mechanisms and potential therapeutic approaches. 

3.6 Performance of hiPSC-CM models 

3.6.1 Improvements to the maturation of hiPSC-CMs 

Despite high variability amongst maturation techniques and assessment metrics, there were 

noticeable improvements in frequently assessed metrics (Figure 3.5a-d). Sarcomere length, 

contractile stress, and conduction velocity all trended upwards over time, suggesting that the field 

is engineering more mature hiPSC-CMs. Improved measurement tools and techniques such as 
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open-source code for assessing structural organization, contractile function, and 

electrophysiological activity could also be contributing to these improvements by enabling more 

accessible and standardized assessment metrics.  

 

 

Figure 3.5: Quantification of hiPSC-CM functionality and maturation. a-d. Average reported 
sarcomere length, contractile stress, conduction velocity (CV), and resting membrane potential 
(RMP) in hiPSC-CMs each year from 2016-2021 (n = 4-11). 2015 and 2022 were excluded from 
these graphs due to limited data availability (analysis was performed mid-2022). Red regions 
represent values benchmarked in adult human CMs. e-h. Average reported metrics based on types 
of maturation techniques that were used from all analyzed publications (n = 2-34). i-l. Average 
reported metrics based on the number of maturation techniques that were used from all analyzed 
publications (n = 2-20). Maturation techniques were classified as described in Figure 2. Error bars 
are standard error of the mean (SEM).  
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The average reported sarcomere length of hiPSC-CM models increased from ~1.7 μm in 

2016-2018 to 1.8-1.9 μm in 2020-2021, approaching the sarcomere length of adult 

cardiomyocytes, ~2 μm (Lemcke et al. 2020) (Figure 3.5a). Sarcomere length measurements have 

been obtained with many different approaches, including the use of different protein markers, 

imaging techniques, and image analyses. Thus, while maturation strategies should lead to 

improvements in this value, reported values may also be influenced by the employed measurement 

methods, each of which may have limitations. While some of the highest reported sarcomere 

lengths are from hiPSC-CM models from studies exploring maturation techniques such as 

intensity-ramped electrical stimulation (Ronaldson-Bouchard et al. 2018), tri-cultures (B. Yang et 

al. 2019), or patterned elastomeric substrates (Tsan et al. 2021), the highest reported average 

sarcomere length is from a study that did not use any of the maturation techniques assessed here, 

but instead simply cultured hiPSC-CMs for extended periods of time (N. Cui et al. 2019). Extended 

culture as a technique for hiPSC-CM maturation has also been explored by other groups, but the 

use of simplistic, 2D culture platforms employed in these studies appears to limit the development 

of other features of maturation such as t-tubules (Kamakura et al. 2013; Lundy et al. 2013; Piccini 

et al. 2015).  

Contractile stress, on the other hand, has seen more marked improvements in recent years 

(Figure 3.5b). While the average contractile stress of hiPSC-CM models was 12 mN/mm2 (or 12 

kPa) in 2021, more recent models have shown contractile stress performance approaching that of 

adult cardiomyocytes (25-44 mN/mm2 or 25-44 kPa). These models include a micropillar system 

with passive tension and co-culture (Melby et al. 2021) and metabolic maturation on 

micropatterned substrates (Knight et al. 2021). While it appears that the use of maturation 
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techniques is important to the improved contractility of hiPSC-CMs, a variety of maturation 

techniques appear to yield similar enhancements in contractile function.  

Numerous maturation strategies have targeted calcium handling and electrophysiology of 

hiPSC-CMs. As a result, conduction velocity trended upward in recently published work (Figure 

3.5c). Multiple models achieved average conduction velocities greater than 30 cm/s (Table 3.1), 

including models with dynamic mechanical culture (Querdel et al. 2021), small molecules 

targeting signaling pathways (Miki et al. 2021), conductive biomaterials (Lind et al. 2017), 

decellularized ECM (Guyette et al. 2016; Tsui et al. 2021), human perinatal stem cell-derived 

ECM (Block et al. 2020), ventricular-specific tissues (Y. Zhao et al. 2019), and 3D printed tri-

cultures (Pretorius et al. 2021).  

Of the main metrics we assessed, resting membrane potential (RMP) remained stagnant 

over time at ~-65 mV with recent decreases towards more adult-like levels (Fig 5d). This could 

be, at least in part, because many recent advances have been focused on the development of 3D 

tissues, in which patch-clamp electrophysiology measurements are difficult to obtain directly. 3D 

tissues must be dissociated into single cells to conduct this measurement, potentially altering 

hiPSC-CM electrophysiology in the process (Ronaldson-Bouchard et al. 2018). While other 

electrophysiological assays such as imaging with voltage sensitive dyes have been implemented, 

these techniques do not enable quantitative measurements of resting membrane potential. Models 

that have obtained adult-like RMP, below -80 mV, utilized dynamical mechanical stretch (Bliley 

et al. 2021; Querdel et al. 2021), ECM-coated elastomeric surfaces (Herron et al. 2016; Tsan et al. 

2021), and modifications to culture media (Feyen et al. 2020; B. Lin et al. 2017), all in 2D culture 

systems. Overall, there is a clear need for improved measurement techniques that accurately assess 

electrophysiology in 3D tissues. 
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3.6.2 Variability at all levels of hiPSC-CM tissue formation affects maturation outcomes 

A major limitation in the field is that it is difficult to parse the individual impacts of each 

maturation technique due to numerous variables present at all levels of engineering hiPSC-CM 

tissues, including choices of hiPSC line(s) and differentiation protocols. While the use of numerous 

hiPSC lines is critical towards inclusive research, such as lines from donors of varying ancestorial 

backgrounds, biological sexes, and ages, for example, comparing outputs from studies using 

different lines is difficult given the underlying genetic differences inherent to each individual and 

their hiPSCs. Variations in culture technique and differentiation protocols may also contribute to 

functional differences observed between studies. Overall, we found no statistically significant 

differences in sarcomere length, contractile stress, conduction velocity, and RMP due to the type 

of maturation technique (Figure 3.5f-h). Additionally, utilizing a greater number of maturation 

techniques did not improve hiPSC-CM performance (Figure 3.5i-l). For this analysis, maturation 

techniques were grouped as described in Figure 2. For instance, tissues formed between 

elastomeric pillars with stromal cells to aid in compaction would be considered to have utilized 

two maturation techniques. Thus, while individual studies have shown improvements in hiPSC-

CM maturation compared to internal study controls as a function of employed maturation 

techniques or culture platforms, field-level findings do not reflect this.  

Surprisingly, hiPSC-CMs matured with electrical stimulation did not perform as well as 

hiPSC-CMs matured with other approaches. There are many variables that contribute to 

differences in electrical stimulation protocols across studies, including the time between 

differentiation initiation and the beginning of stimulation, stimulation duration, and electrical pulse 

voltage, width, and frequency. For example, the frequency of stimulation can greatly impact the 

effect of electrical stimulation on hiPSC-CMs. One study showed that constant high-frequency 
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stimulation at 3 Hz leads to mitochondrial dysfunction and increased apoptosis in hiPSC-CMs, 

while low-frequency stimulation at 1 Hz did not (Geng et al. 2018). Another study showed that 

intensity-ramped frequencies improved the maturation of hiPSC-CMs, likely due to beneficial 

effects of mimicking the changes in electromechanical loading that occur during the fetal-postnatal 

transition of cardiomyocytes (Ronaldson-Bouchard et al. 2018). 

Taken together, it is difficult to parse the individual impacts of each maturation technique 

because of the numerous variables involved including the choice of hiPSC line, differentiation 

protocols, culture platforms, and functional output measurement methods. It is clear from 

experimental controls that these maturation techniques exert a positive effect within a specific 

study. However, numerous variables at multiple levels prevent comparisons of outcomes across 

studies towards and therefore also limit convergence on the most promising maturation strategies. 

 

3.7 Collective outlook for improved hiPSC-CM maturation 

Comprehensive studies that directly compare current maturation techniques are essential 

to improving the function and reproducibility of hiPSC-CM models. One way to bypass the 

influence of protocol variability in determining which maturation techniques are most effective is 

through a series of studies directly comparing maturation techniques using the same few hiPSC 

lines within the same platform, culture conditions, measurement techniques, and assessment 

metrics. If research groups with expertise in specific maturation techniques, such as cyclic stretch, 

electrical stimulation, specific patterning techniques, and maturation media, for example, worked 

together to implement these techniques in the same setting, then the field could gain a better 

understanding of which components of the cardiomyocyte are most responsive to a given 

stimulation, and further, how changes in particular components impact different aspects of cell or 
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cardiac tissue function. Furthermore, measuring the same metrics with the same techniques and 

software is necessary for direct comparisons of hiPSC-CM functionality. The measurements 

should also be taken at the same time point, as time post-differentiation can affect the performance 

of hiPSC-CMs (Fukushima et al. 2020; de Lange et al. 2021). These incremental comparisons, 

exemplified in a study testing parameter effect on tissue engraftment in vivo, will allow the field 

to address the experimental “replication crisis” in the cardiac engineering space (Brady et al. 2023).  

In addition to existing maturation techniques being examined, there are many other 

parameters that have been understudied as potentially important factors to systematically 

investigate. For example, the field still lacks consensus on what extracellular matrix composition 

best impact hiPSC-CM maturity or promote stable tissue formation. There exists high variability 

in ECM and ECM-like components used in hiPSC-CM models(Dickerson 2022), but there are 

very few studies investigating the effects of this variable on hiPSC-CM functionality (Kaiser et al. 

2019; Tani et al. 2023). Not only does ECM composition impact maturation, but the ECM 

concentration and how it’s presented to cells does as well (de Lange et al. 2021). An in-depth study 

on the effects of commonly used ECM compositions on hiPSC-CM maturation is desperately 

needed. This example highlights a common issue within the field of underpowered statistics 

needed to determine which variables have the largest impact on hiPSC-CM function. Many 

protocols across the field are developed and used by one or a handful of groups and are not 

systematically compared to other existing protocols. As such, we do not have sufficient data to 

identify which variables presented yield the best results, which in turn hampers the field from 

progressing.  

To benchmark new approaches against prior literature and future studies, researchers 

should utilize the same control to report on a predetermined set of metrics. One study directly 
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compared hiPSC-CMs derived from ten different lines and showed wide variability in functional 

outputs within the same EHT platform (Mannhardt et al. 2020). To address this variability, each 

new study could compare functional properties of hiPSC-CM models to that of the same cell line, 

perhaps commercially available hiPSC-CMs such as already commonly used lines like iCell 

(Cellular Dynamics International) and Pluricyte (Ncardia) that come as pre-differentiated CMs, 

minimizing variability that arises from different differentiation protocols. The experimental 

techniques, such as maturation media or electrical stimulation, should be tested on hiPSC-CMs in 

a dish as well as in the engineered platform to separate the effects of experimental techniques from 

that of the platform on hiPSC-CM maturation. In addition to a shared control line, studies focused 

on improving hiPSC-CM maturity or platform development should utilize at least five hiPSC-CM 

lines to test the consistency of their protocols. Far more lines should be included when reporting 

pharmaceutical and therapeutic effects, including a representative number of lines from different 

sexes and ancestorial backgrounds to account for the variability in potential hiPSC-CM responses. 

There are increasing efforts to establish and share hiPSCs lines from different sexes and ancestorial 

backgrounds (Lv et al. 2024) that should then further be utilized in hiPSC-CM maturation 

platforms.  

While we have highlighted the plethora of metrics used to assess hiPSC-CM structure and 

function, we propose converging on a few essential metrics that are widely accessible using the 

same methodology to enable direct comparisons across studies and labs. Some of the most reported 

metrics that provide important insight into hiPSC-CM maturation include sarcomere/myofibril 

morphometrics, contractile stress, conduction velocity, and gene expression. Some metrics, for 

example those related to sarcomere alignment highlighted above, are highly sensitive to the 

specific image analysis pipeline utilized. Thus, it would be critical to develop and jointly adopt 
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open-source analysis pipelines (Mohammadzadeh and Lejeune 2023; Pasqualini et al. 2015; Stein 

et al. 2022; Sutcliffe et al. 2018) that robustly handle data generated from a range of different 

platforms to enable direct comparison of data across experiments and labs. The need for open-

source analysis pipelines is also important when quantifying contractile stress of hiPSC-CM 

platforms. Though we acknowledge that many pipelines are platform specific, including post-

tracking algorithms (Tamargo et al. 2021), motion tracking analysis (Sala et al. 2018; Toepfer et 

al. 2019; B. Zhao et al. 2021), or traction force microscopy (A. J. S. Ribeiro et al. 2017), the ability 

to analyze datasets with common algorithms enables comparison and eventual convergence on 

optimal analysis pipelines. Further, we encourage the use of voltage-sensitive dyes, such as 

FluoVolt or Di-4-ANEPPS, or calcium-sensitive dyes, such as Fluo-4AM, to report conduction 

velocity (Soepriatna et al. 2023). Lastly, gene expression ratios of key maturation-related genes, 

such as MYH7/MYH6, MYL2/MYL7, and TNNI3/TNNI1, should be reported.  

To begin to rigorously assess our progress as a field, we have created an accessible database 

with the protocol parameters and functional outputs of the 300 studies reported here. These data 

will allow researchers to determine current trends more easily within the field, directly compare 

studies, and extract the information needed to replicate a study (J. K. Ewoldt et al. 2023). We urge 

researchers to continue to add to this starting dataset with existing and upcoming publications not 

yet included, as well as to make their ongoing and new data available to be incorporated into this 

database moving forward so that it can stay current and provide a forum for coordinating progress.  

Implementing common analysis software and experimental controls in future experiments, 

and subsequently updating this database with these new results will facilitate the growth of a 

resource that can be mined using machine learning techniques and high-dimensional data analysis 

techniques. Analyzing a more comprehensive dataset using such techniques could glean valuable 
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insights into the effects of specific maturation techniques or combinations thereof on maturation 

outcomes. While the current dataset presented here is currently the most comprehensive analysis 

in this space, the lack of consistency among studies and limited number of comparable datapoints 

makes such analyses quite challenging. For instance, multiple regression analysis on the impact of 

maturation techniques on reported tissue contractile stress did not yield useful information due to 

the limited number of papers that report contractile stress (33 out of 300 analyzed studies). Within 

these 33 studies, only a select few use the same maturation techniques, resulting in weak 

correlations quantified between said maturation techniques and key outputs such as contractile 

stress. As such, once a more comprehensive and consistent dataset can be compiled, these 

techniques and others could be leveraged to extract information that can guide continued progress 

of the field toward generating mature hiPSC-CMs and derivative cardiac tissue. 

The multidisciplinary nature of the cardiac tissue engineering field brings together 

clinicians, biologists, and engineers. Clinicians provide insights into clinically relevant research 

questions for hiPSC-CM models; biologists have expertise in analyzing and assessing the 

maturation in addition to a deep understanding of biological processes occurring throughout 

cardiac development and hiPSC differentiation; and engineers design creative platforms to 

interrogate these clinical questions and develop algorithms to quantify the biological responses of 

hiPSC-CMs. Providing researchers from diverse perspectives with a standardized venue to report 

their findings will allow them to learn from each other and move forward more efficiently. These 

types of analyses will allow the field to streamline advances in developing models for drug 

discovery and therapies for cardiac pathologies.  
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3.8 Conclusion 

In recent years, there has been significant progress in the field of cardiac tissue engineering 

toward generating mature tissues composed of hiPSC-CMs for use as disease models and drug 

screening platforms. However, quantitatively benchmarking progress across the field has proved 

challenging due to variability in many aspects of tissue formation, culture, and subsequent 

assessment, including the choice of hiPSC lines, differentiation protocols for generating CMs, 

platforms for forming tissues, maturation techniques, and various measurements used to assess 

cell or tissue function. Given the many sources of variability at multiple levels, it is difficult to 

ascertain which techniques are most effective in improving the maturation of hiPSC-CMs or 

derivative tissues formed from these cells. Here, we highlight the need for convergence on controls 

and quantitative analysis methods that will enable more efficient progress toward generating 

hiPSC-CM tissues that recapitulate adult cardiac physiology with utility for numerous 

applications. Further, we have made all data used in this analysis freely accessible and encourage 

others in the field to contribute to and utilize this database to better inform their ongoing research 

and support the collective advancement of the field as a whole (J. K. Ewoldt et al. 2023).   
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Supplemental Tables 

Supplementary Table 3.1: We have provided the data compiled from our analysis described 
above so others in the field can utilize it to inform their research. This data is published on Dryad 
and will be updated as new data is compiled. Additionally, we hope to encourage other 
researchers to contribute to these benchmarking efforts and support the collective advancement 
of the field. If you would like to contribute new data to be included in the database, please fill 
out the form linked here, and a group of researchers within the CELL-MET Engineering 
Research Center will periodically review each new entry and update the database. 

https://doi.org/10.5061/dryad.ksn02v7bh 

 

 
 

https://forms.gle/d9DXAEWqN1fpPQYb8
https://www.bu.edu/cell-met/
https://www.bu.edu/cell-met/
https://doi.org/10.5061/dryad.ksn02v7bh
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Chapter 4: Microenvironmental Determinants of Organized 

iPSC-Cardiomyocyte Tissues in Synthetic Fibrous Matrices 

4.1 Authors 

Samuel J. DePalma, Christopher D. Davidson, Austin E. Stis, Adam S. Helms, Brendon M. 

Baker 

 

4.2 Abstract 

Cardiomyocytes derived from induced pluripotent stem cells (iPSC-CMs) show great 

potential for engineering myocardium to study cardiac disease and create regenerative therapies. 

However, iPSC-CMs typically possess a late embryonic stage phenotype, with cells failing to 

exhibit markers of mature adult tissue. This is due in part to insufficient knowledge and control of 

microenvironmental cues required to facilitate the organization and maturation of iPSC-CMs. 

Here, we employed a cell-adhesive, mechanically tunable synthetic fibrous extracellular matrix 

(ECM) consisting of electrospun dextran vinyl sulfone (DVS) fibers and examined how 

biochemical, architectural, and mechanical properties of the ECM impact iPSC-CM tissue 

assembly and subsequent function. Exploring a multidimensional parameter space spanning cell-

adhesive ligand, seeding density, fiber alignment, and stiffness, we found that fibronectin-

functionalized DVS matrices composed of highly aligned fibers with low stiffness optimally 

promoted the organization of functional iPSC-CM tissues. Tissues generated on these matrices 
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demonstrated improved calcium handling and increased end-to-end localization of N-cadherin as 

compared to micropatterned fibronectin lines or fibronectin-coated glass. Furthermore, DVS 

matrices supported long-term culture (45 days) of iPSC-CMs; N-cadherin end-to-end localization 

and connexin43 expression both increased as a function of time in culture. In sum, these findings 

demonstrate the importance of recapitulating the fibrous myocardial ECM in engineering 

structurally organized and functional iPSC-CM tissues. 

 

4.3 Introduction 

Heart disease is the leading cause of death worldwide (Virani et al. 2020). This is in part 

due to the fact that many cardiomyopathies lead to permanent damage to the myocardium, which 

has limited potential to regenerate. Existing therapies fail to restore cardiac function after damage 

arising from chronic conditions or traumatic injury from myocardial infarction (Funakoshi et al. 

2016). Thus, there is a pressing need to develop engineered myocardial tissue that can be used in 

replacement or regenerative therapies. Additionally, physiologically representative in vitro models 

of cardiac tissue can aid in the advancement of our understanding of cardiac disease progression 

and the identification and subsequent development of effective pharmacologic interventions. 

Cardiomyocytes derived from induced pluripotent stem cells (iPSC-CMs) show promise 

for engineering myocardium for regenerative therapies and for disease modeling (Karbassi et al. 

2020). In recent years, there have been many advances in culture protocols to improve the 

efficiency of stem cell differentiation towards a myocardial lineage (Allen et al. 2019; Garbern et 

al. 2020; Ronaldson-Bouchard et al. 2018; X. Yang et al. 2019). However, in most cases, iPSC-

CM maturation stops at the late embryonic stage, with cells failing to exhibit hallmarks of maturity 

such as myofibril alignment, end-to-end polarization of gap junctions, and enhanced calcium 
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handling (Karbassi et al. 2020; Uosaki et al. 2015). More recent studies have demonstrated the 

ability to achieve higher levels of engineered cardiac tissue maturation through the use of naturally 

derived biomaterials (e.g. collagen, fibrin, and Matrigel) combined with iPSC-CMs and stromal 

cells, such as fibroblasts or mesenchymal stem cells  (Giacomelli et al. 2020; Ronaldson-Bouchard 

et al. 2018; Shadrin et al. 2017). Despite their success in improving the function of engineered 

cardiac tissues, the incorporation of stromal cell populations can confound study interpretation due 

to uncontrolled and uncharacterized crosstalk between these stromal support cells and 

cardiomyocytes (CMs). Therefore, there remains a need to engineer materials that can accurately 

present the appropriate physical and mechanical cues present in the native ECM to promote 

myocyte tissue formation in the absence of supporting cells.  

 The mechanical function of the myocardium is dictated by contractile CMs and the fibrous 

ECM that surrounds, orients, and groups them (Karl T. Weber 1989). This complex, hierarchical 

collagen network organizes myocardium at multiple length scales: 1) epimysial collagen fibers 

surround large groups of muscle bundles to provide mechanical stability preventing excessive 

stretching of the tissue; 2) perimysial fibers wrap around and organize individual bundles of CMs; 

3) small endomysial fibers found within each bundle connect to the cytoskeleton of each CM via 

costameres (Fleischer and Dvir 2013; Karl T. Weber 1989; Karl T. Weber et al. 1994). In 

particular, perimysial collagen fibers are approximately 1 µm in diameter and are co-aligned along 

the long axis of each CM bundle (Pope et al. 2008). The structural organization of surrounding 

perimysial fiber networks parallel that of the myofibers within each muscle bundle. Together, 

highly aligned CMs and surrounding ECM enable mechanically anisotropic contractions critical 

to healthy cardiac function. The importance of this structure-function relationship is particularly 

evident in disease states such as fibrosis where fibroblasts deposit excessive amounts of 
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disorganized matrix in the perimysial space, impairing overall tissue function (M. D. Davidson, 

Burdick, and Wells 2020; Kong, Christia, and Frangogiannis 2014; Karl T. Weber 1989). 

 As it is evident that organized fibrous ECM plays a critical role in facilitating myofibrillar 

alignment, a number of material platforms have been developed to recapitulate these cell-

instructive cues to drive structural and functional maturation of engineered cardiac tissue. ECM 

proteins can be micropatterned into anisotropic geometries (e.g. lines or rectangles) to organize 

attached CMs and improve tissue functionality (McCain et al. 2012; A. J. S. Ribeiro et al. 2015; 

Sheehy et al. 2017). However, these substrates lack cell-scale topographical cues reminiscent of 

perimysial matrix which may be required for myocardial tissue assembly and function. Attempts 

to better recapitulate cardiac ECM topography have included culturing iPSC-CMs on nanogrooved 

substrates (Carson et al. 2016; Luna et al. 2011). While these methods promote robust structural 

alignment and higher tissue maturity, they lack mechanical tunability and fail to accurately mimic 

the complex fibrous topography cells experience in vivo. Electrospun scaffolds come closest to 

recapitulating perimysial network architecture, but commonly used electrospun biomaterials (e.g. 

polycaprolactone, polylactide-co-glycolide, or polyvinyl alcohol) are typically orders of 

magnitude stiffer than CMs or cardiac ECM (Allen et al. 2019; Fleischer et al. 2015; Khan et al. 

2015; Kharaziha et al. 2013; J. Li et al. 2017; Yu et al. 2014). This is particularly important given 

recent evidence that culture substrates with elastic moduli approximating that of native 

myocardium can enhance myofibril formation and overall tissue maturity (Engler et al. 2008; 

Herum et al. 2017; Jacot, McCulloch, and Omens 2008; Young and Engler 2011). Despite the 

success of these and other culture platforms in improving iPSC-CM tissue function, each of these 

approaches only mimic certain aspects of the cardiac ECM. As such, a comprehensive, 

multiparameter understanding of the physical environmental cues necessary to form high-
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functioning CM tissues is currently lacking. Thus, new biomaterial approaches are needed that can 

accurately and orthogonally recapitulate fibrous, biochemical, and mechanical attributes of the 

cardiac ECM to promote further maturation.  

 We previously developed a synthetic fibrous ECM-like material composed of polymeric 

fibers with comparable geometry to perimysial collagen fibers (C.D. Davidson et al. 2020). These 

fibers have a highly tunable elasticity over a range reflecting measurements of type I collagen 

fibers and enable user-defined control over presented adhesive ligands and overall architectural 

organization. In this work, we alter biochemical, architectural, and mechanical properties of these 

synthetic fibrous matrices to identify critical ECM determinants to iPSC-CM attachment and 

subsequent tissue assembly, structure, and function. Systematically exploring a multidimensional 

biomaterial parameter space, we find that soft, aligned DVS networks presenting fibronectin (FN) 

promote the highest levels of structural organization and function as assessed by calcium flux 

imaging. Additionally, we compare iPSC-CMs cultured in our material system to commonly used 

CM culture platforms that lack anisotropic adhesive cues or topography and find that compliant 

and aligned fibrous ECM yields the highest degree of iPSC-CM tissue organization and function. 

Lastly, we demonstrate the ability of DVS fiber matrices to facilitate long-term culture of iPSC-

CMs that enables further structural organization as evidenced by end-to-end localization of cell-

cell adhesions. Taken together, these studies highlight the importance of recapitulating key 

physical attributes of the cardiac extracellular microenvironment and isolating their respective 

influences on iPSC-CM tissues formation and maturation. 

 

4.4 Results and Discussion 

4.4.1 Synthetic extracellular matrix fabrication and iPSC-CM seeding parameters 
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To mimic perimysial collagen networks of native myocardium, we fabricated fibrous 

matrices composed of electrospun DVS fibers following methods established in our lab (C.D. 

Davidson et al. 2020). We previously used this material system to investigate the effects of 

physical matrix properties on cell behaviors including fibroblast spreading and myofibroblast 

differentiation (C.D. Davidson et al. 2020; Matera et al. 2019). These studies demonstrated the 

mechanical tunability, biocompatibility, and stability of this material over long-term culture thus 

motivating its use as suitable platform for studying iPSC-CM engineered tissue formation. Here, 

we altered biochemical, architectural, and mechanical parameters to examine how each feature 

impacts the structure and function of iPSC-CM tissues. Controlling the speed of a rotating, 

hexagonal mandrel with affixed glass coverslips reproducibly defined the degree of fiber 

alignment within each matrix (Figure 4.1a-c). Control over subsequent photoinitiated free radical 

polymerization via LAP photoinitiator concentration defined the degree of crosslinking within 

each fiber and resulting stiffness of bulk matrices (Figure 4.1e). To facilitate cell attachment, 

fibers were functionalized with short cell-adhesive peptides cRGD or GFOGER directly coupled 

to remaining VS groups via Michael type addition.  Alternatively, HepMA was covalently coupled 

to remaining VS groups to enable functionalization with full length heparin sulfate proteoglycan 

(HSPG)-binding ECM proteins, including collagen and fibronectin (Figure 4.1d). iPSC-derived 

CMs were differentiated and purified as previously described (Lian et al. 2012; Tohyama et al. 

2013, 2016), then seeded on substrates of varying material parameters and subsequently 

characterized by immunostaining and calcium imaging (Figure 4.1f). Differentiation of iPSC-

CMs was further confirmed by immunofluorescent staining of α-actinin and cardiac troponin T 

(Supplementary Figure 4.3). In contrast to electrospun materials that have been previously used 

to induce cardiac tissue organization and function, DVS matrices provide concurrent architectural, 
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mechanical, and biochemical control, enabling careful dissection of how iPSC-CMs respond to 

critical ECM features known to vary with the age and disease status of cardiac tissue (Jacot, Martin, 

and Hunt 2010; Kong, Christia, and Frangogiannis 2014; Mccormick and Thomas 1998; Corin 

Williams and Black 2015). 

 

 

Figure 4.1: Tunable DVS fibrous matrices for culturing iPSC-CMs. (a) Schematic of 
fabrication setup used to generate DVS matrices. A photocrosslinkable DVS polymer solution was 
electrospun and collected on glass coverslips affixed to a rotating hexagonal mandrel. (b,c) 
Mandrel rotation speed was varied to define fiber alignment. (d) To facilitate cell adhesion, fibers 
were functionalized with full length proteins fibronectin or collagen via a heparin sulfate 
conjugation scheme, or short adhesive peptides cRGD or GFOGER via Michael-type addition 
chemistry. (e) Fiber stiffness was tuned by altering the amount of photoinitiated crosslinking. (f) 
iPSCs were differentiated through temporal modulation of the Wnt signaling pathway as 
previously described (Lian et al. 2012), purified via metabolic selection for at least 4 days, and seeded 
on DVS fibrous substrates 30 days post initiation of differentiation. Progression of the 
differentiation process can be seen from brightfield images of iPSCs taken before differentiating, 
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immunofluorescent images of iPSC-CMs just after metabolic selection, and iPSC-CMs seeded on 
aligned DVS matrices. All data presented as mean ± std; n ≥ 5 matrices; * p < 0.05. 

 

Having defined parameters to control biochemical and biophysical attributes of DVS 

matrices, we next sought to identify adhesive ligands that facilitate robust iPSC-CM attachment to 

aligned DVS fiber matrices, given previous observations that anisotropic substrates promote the 

formation of organized cardiac tissues (Allen et al. 2019; Carson et al. 2016; Sheehy et al. 2017; 

Wanjare et al. 2017). Matrices were functionalized for cell adhesion with full length ECM proteins 

type I collagen or fibronectin, or shorter peptides containing their integrin-binding domains, 

GFOGER or cRGD, respectively. Fiber diameter remained consistant regardless of 

functionalization scheme (Supplementary Figure 4.4a). Overall, there was less robust iPSC-CM 

adhesion on substrates modified with GFOGER or full length type I collagen as compared to cRGD 

or fibronectin (Figure 4.2a,b). In general, engineered healthy myocardium exhibits regular and 

synchronous patterns of calcium flux as well as highly aligned contractile machinery, as 

aberrations to these characteristics have been implicated in a number of disease states, including 

cardiac fibrosis (Kong, Christia, and Frangogiannis 2014; A. Kumar et al. 2019). Therefore, the 

overall functionality of iPSC-CM tissues was assessed by live imaging with a calcium sensitive 

dye after an additional 7 days of culture on engineered substrates. The spontaneous beat rate of 

tissues was found to be consistent across adhesive moieties (Figure 4.2c). We found that tissues 

cultured on matrices presenting cRGD or fibronectin contract with a more regular frequency and 

more synchronously across the tissue surface (Figure 4.2d,e; Supplementary Figure 4.1; 

Supplementary Movie  4.1). These findings are in line with the critical role of fibronectin in 

myocardial development and in facilitating CM integrin engagement to the ECM in vivo 

(Farhadian et al. 1995; Lockhart et al. 2011). Inhibition o10af the integrin α5 subunit, a receptor 
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that predominately binds fibronectin, during cardiac development has demonstrated a critical role 

for this specific binding moiety in cardiac morphogenesis (Israeli-Rosenberg et al. 2014; Mittal et 

al. 2013). More recently, Neiman et al. highlighted the importance of the α5 subunit in iPSC 

differentiation to CMs in vitro, as knockdown of this integrin resulted in less efficient 

differentiation, implying that integrin binding could also dictate CM maturation (Neiman et al. 

2019). These results indicate that fibronectin or its cRGD derivative exhibit superior capacity for 

in vitro cardiac tissue generation on our fibrous matrices as compared to collagen. Although no 

functional differences in tissues created on fibronectin and cRGD functionalized matrices were 

noted, full-length fibronectin was utilized in all subsequent studies described below, given its 

importance in the cardiac ECM and widespread use in other iPSC-CM studies (Chopra et al. 2018; 

Farhadian et al. 1995; S. Sengupta et al. 2019; Sheehy et al. 2017). Previous work has also 

demonstrated the potential utility of functionalizing ECM mimetic scaffolds with developmentally 

informed bioactive ligands to direct stem cell differentiation (Bian et al. 2013; R. Li et al. 2019; 

Padin-Iruega et al. 2009). For example, Li et al. showed that coupling a Wnt5a mimetic ligand, 

Foxy5, to hyaluronic acid scaffolds increased noncanonical Wnt signaling, enhanced 

mechanotransduction through RhoA-ROCK signaling, and drove osteogenic differentiation of 

human mesenchymal stem cells (R. Li et al. 2019). In separate studies, cardiac tissue regeneration 

was improved post-infarction after the introduction of nanofibers functionalized with insulin-like 

growth factor 1 (Padin-Iruega et al. 2009). Thus, the effect of presenting other bioactive ligands in 

addition to integrin-binding proteins or peptides is worth exploring in future work.  
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Figure 4.2: DVS functionalization with FN and cRGD increase cell attachment and enable 
formation of contractile tissues.  (a) Confocal fluorescent images of iPSC-CMs cultured on 
aligned DVS matrices functionalized with different cell-adhesive proteins or peptides. (b) Density 
of resultant iPSC-CM tissues on fibers functionalized with different cell adhesion functionalization 
schemes. Calcium flux dynamics were analyzed to determine (c) contraction rate, (d) peak-to-peak 
irregularity, as quantified by the standard deviation of time interval between peaks, and (e) 
contraction correlation coefficient for formed tissues, as calculated by Pearson’s correlation 
coefficient between fluorescent profiles of subdivided regions within a field of view. All data 
presented as mean ± std; n ≥ 8 fields of view across 3 tissues; * p < 0.05. 

 

As different adhesive ligands resulted in variations in attachment and subsequent CM 

density that correlated with calcium transient synchronicity, we next sought to determine the 

optimal density of CMs required to create an organized and functional layer of tissue on DVS 

matrices (Figure 4.3a). At low seeding densities (50 and 100 k/cm2), myofibrils were highly 

aligned, as quantified by image analysis of titinGFP-demarcated sarcomeres (Supplementary 

Figure 4.2), however confluent monolayers did not form across the matrix (Figure 4.3a-c). 

Disconnections across the monolayer resulted in greater beat irregularity and lower synchronicity 

across the tissue (Figure 4.3e-f; Supplementary Movie  4.2). At higher seeding densities (200 
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and 250 k/cm2), beat rates were more consistent and synchronous, but an increase in the angular 

deviation of myofibrils was noted (Figure 4.3a-f; Supplementary Movie  4.2). Optical sectioning 

through the thickness of tissues by confocal microscopy revealed that cells directly in contact with 

the underlying matrix possessed highly aligned myofibrils (Figure 4.3g-h). iPSC-CMs farther 

away from the matrix surface were increasingly disorganized as evidenced by an increase in 

myofibril angular deviation (Figure 4.3g-h). These results highlight the significant role that ECM 

architecture plays in iPSC-CM organization (Pope et al. 2008; Karl T. Weber 1989). Given these 

findings, an intermediate seeding density (150k/cm2) that yields a confluent layer of iPSC-CMs 

where all cells receive alignment cues from the underlying matrix was selected for subsequent 

studies. CM density has also been shown to affect overall tissue function in other previously 

established in vitro models (Shadrin et al. 2017). Shadrin et al. found that iPSC-CMs in a 3D 

hydrogel at high densities had reduced force output per cell and increased conduction velocity, 

most likely due to restricted space for CMs to grow in these dense tissues (Shadrin et al. 2017). 

These findings further motivate the use of intermediate seeding densities on DVS where iPSC-

CMs are given adequate space to spread as they sense the fibrous matrix below. 
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Figure 4.3: iPSC-CMs at intermediate seeding density form highly organized and functional 
tissues.    (a) Confocal fluorescent images of iPSC-CMs on aligned DVS matrices functionalized 
with fibronectin seeded at different densities ranging from 50 to 250 k/cm2. (b) Histogram of 
distribution of sarcomere angle in representative tissues seeded at 50, 150, and 250 k/cm2. (c) 
Quantification of overall sarcomere alignment of tissues seeded at densities ranging from 50 to 
250 k/cm2. (d) Beat rate, (e) peak-to-peak irregularity and (f) contraction correlation coefficient 
for formed tissues obtained via analysis of calcium fluxes. (g) Image slices at 0, 5, and 10 μm from 
substrate surface taken via confocal microscopy within a dense (250 k/cm2) tissue. (h) Sarcomere 
alignment deviation of slices within specified height ranges for tissues seeded at 250 k/cm2. All 
data presented as mean ± std; n ≥ 8 fields of view across 3 tissues; * p < 0.05. 

 

4.4.2 Effect of altered matrix alignment and mechanics on iPSC-CMs 

The preceding studies imply that contact with aligned fibrous matrices is critical for 

creating iPSC-CM tissues with organized myofibrils. To confirm that matrix architecture dictates 

tissue organization, we next examined how alterations to the alignment of the fibrous matrices 
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affect iPSC-CM tissue organization and function.  As previously described, fiber alignment can be 

easily defined by changing the speed of the rotating collector (Figure 4.1c). Seeding iPSC-CMs 

on nonaligned (100 RPM; 0.916 m s-1), intermediate (1100 RPM; 10.1 m s-1), and aligned (2100 

RPM; 19.3 m s-1) matrices resulted in increasing levels of myofibril organization (Figure 4.4a,b). 

Matrix alignment also resulted in increased synchronicity across the tissue but no change in peak-

to-peak irregularity (Figure 4.4c,d; Supplementary Movie  4.3). Furthermore, tissues formed on 

nonaligned matrices exhibited longer calcium flux rise and decay times (Figure 4.4e), both of 

which are established indicators of immaturity in tissues  (Ronaldson-Bouchard et al. 2018; 

Shadrin et al. 2017). This finding is consistent with other studies indicating the importance of 

matrix anisotropy in generating cardiac tissues with enhanced organization and calcium handling 

(Allen et al. 2019; Carson et al. 2016; Sheehy et al. 2017; Wanjare et al. 2017). Interestingly, the 

data presented here suggests that while the highest degree of fiber alignment induced greater 

myofibril alignment (Figure 4.4b), an intermediate degree of fiber alignment was sufficient for 

rapid calcium handling (Figure 4.4c-e). Previous studies have shown that integrin organization 

and overall structural anisotropy directly influences the organization and expression of calcium 

handling machinery within cardiomyocytes, leading to changes in overall tissue function (Karbassi 

et al. 2020; A. J. S. Ribeiro et al. 2015; S. Sengupta et al. 2019). These data suggest however that 

only an intermediate degree of adhesive or topographical anisotropy is necessary to elicit 

functional improvements.  As fine control over matrix alignment is straightforward with this 

platform, future studies could explore how matrix alignment guides subcellular organization in the 

contexts of cardiac development, during which the ECM transitions from disorganized to highly 

ordered between gestation days 100 and 143 (Corin Williams and Black 2015), or disease 
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progression, characterized by increasing deposition of disorganized matrix (Kong, Christia, and 

Frangogiannis 2014; Karl T. Weber 1989). 

 

 

Figure 4.4: Aligned matrices promote myofibril organization and improve tissue function.   
(a) Confocal fluorescent images of iPSC-CMs seeded on aligned (2100 RPM), intermediate (1100 
RPM), and random (100 RPM). (b) Quantification of sarcomere alignment deviation. (c) Peak-to-
peak and (d) correlation coefficient irregularity, as calculated from calcium flux data. (e) 
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Individual calcium fluxes were analyzed to determine flux rise time, decay time, and peak full 
width half max. All data presented as mean ± std; n ≥ 12 fields of view across 3 tissues; * p < 0.05. 

 

In conjunction with organizational cues, substrate stiffness close to that of healthy cardiac 

tissues has also been shown to promote further functional maturation of CMs compared to culture 

on tissue culture plastic or glass (Herron et al. 2016; Jacot, McCulloch, and Omens 2008; A. J. S. 

Ribeiro et al. 2015; Young and Engler 2011). For example, Riberio et al. showed that culturing 

CMs on non-fibrous hydrogel substrates approximating the stiffness of myocardium (~10 kPa) 

resulted in higher functioning CMs, whereas stiffer substrates hindered structural, functional, and 

transcriptional development of iPSC-CMs (A. J. S. Ribeiro et al. 2015). These findings have been 

corroborated by studies using other hydrogel systems (Engler et al. 2008; Jacot, McCulloch, and 

Omens 2008; Young and Engler 2011), but these settings fail to recapitulate the fibrous 

architecture of native cardiac ECM. Additionally, electrospun fibrous materials used to induce 

greater iPSC-CM function are typically supraphysiologic in stiffness and lack mechanical 

tunability (Allen et al. 2019; Fleischer et al. 2015; Wanjare et al. 2017). After defining matrix 

architecture, DVS matrix stiffness can be tuned over the range of Young’s moduli reported for 

developmental (< 6 kPa), physiologic (9-14 kPa), and pathophysiologic myocardial tissues (> 20 

kPa) (Engler et al. 2008) via tuning photocrosslinking (Figure 4.1d) (C.D. Davidson et al. 2020). 

To examine if iPSC-CMs sense changes to the stiffness of fibrous matrices, we controlled 

the amount of photoinitiated crosslinking of the DVS fibers while keeping matrix fiber density and 

alignment constant (C.D. Davidson et al. 2020). Altering the stiffness of the underlying fibers had 

no effect on myofibril alignment or beat synchronicity (Figure 4.5a-b,d). However, iPSC-CMs 

cultured on low stiffness fibers (~1 kPa) resulted in greater calcium flux regularity with faster 

calcium fluxes in contrast to tissues generated on stiffer fibers (>20 kPa) (Figure 4.5c,e; 
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Supplementary Movie  4.4). These findings indicate that CMs can sense the stiffness of the matrix 

despite the fact that fibers were tethered to an underlying rigid glass surface that did not support 

fractional shortening of contracting tissues. This mechanoresponse may potentially be modulated 

by non-muscle myosin activity at costameres or integrin clustering, both of which have been 

previously shown to activate structural and functional changes in CMs (Chan and Odde 2008; 

Pandey et al. 2018; S. Sengupta et al. 2019). There was also evidence of cell force-mediated matrix 

deformations and permanent reorganization on soft fiber matrices, as indicated by lateral 

translocations of fibers; in contrast, no deformations were evident in matrices of stiffer fibers 

(Supplementary Figure 4.5). Additionally, as it has been suggested that CM proliferation can 

increase on stiffer substrates (Bajaj et al. 2010), we examined iPSC-CM proliferation after 7 days 

of culture by immunostaining for Ki67, a proliferation marker.  We find that iPSC-CMs on DVS 

matrices exhibited low proliferation rates with no differences noted across the range of stiffnesses 

explored here (Supplementary Figure 4.6).  
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Figure 4.5: iPSC-CMs on soft, DVS fibers exhibit improved calcium handling.   (a) Confocal 
fluorescent images of iPSC-CMs seeded on aligned matrices composed of DVS fibers of differing 
stiffnesses by tuning photoinitiated crosslinking via photoinitiator (LAP) concentration. (b) 
Quantification of sarcomere alignment deviation. (c) Correlation coefficient and (d) peak-to-peak 
irregularity, as calculated from calcium flux data. (e) Individual calcium fluxes were analyzed to 
determine flux rise time, decay time, and peak full width half max. All data presented as mean ± 
std; n ≥ 12 fields of view across 3 tissues; * p < 0.05. 
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 After examining how matrix architecture and mechanics independently alter iPSC-CM 

organization and function, we next explored how simultaneously altering these two physical 

properties influence iPSC-CM-matrix interactions. iPSC-CMs were seeded on DVS matrices with 

orthogonally varied alignment and stiffness and immunostained for the focal adhesion (FA) 

protein, vinculin.  Custom image analysis was used to segment and quantify the total FA area per 

cell, the average size of individual FAs within each cell, and the aspect ratio of adhesions 

(Supplementary Figure 4.7a). While the alignment of matrix fibers increased the aspect ratio and 

size of individual FAs (Supplementary Figure 4.7c,d), total FA area per cell appeared to be 

affected by both fiber organization and stiffness, with soft/non-aligned fibers expressing similar 

overall FA area to both soft/aligned and stiff/aligned matrices (Supplementary Figure 4.7b). 

Softer matrices may lead to increased FA adhesion formation via the increased nanoscale 

flexibility of adhesive ligands, thereby enabling integrin clustering required for focal adhesion 

formation (Arnold et al. 2004; C.D. Davidson et al. 2020; Houseman and Mrksich 2001; 

Trappmann et al. 2012). Additionally, we qualitatively noted an impact on the organization of FAs 

which aligned with their long axis in the direction of myofibrils and underlying DVS fibers. On 

aligned matrices, FAs appeared to co-localize with sarcomeres, potentially to optimally 

mechanically support the more organized contractile myofibrils within aligned iPSC-CMs. The 

influence of fiber alignment on iPSC-CM myofibril assembly and organization may explain the 

equivalent total FAs area per cell of stiff/aligned matrices as compared to soft/aligned or 

soft/nonaligned matrices (McCain et al. 2012). This potential additive effect is reiterated by the 

marked increase in FA aspect ratio on soft aligned matrices as compared to all other matrix 

conditions (Supplementary Figure 4.7). These results highlight the importance of orthogonally 
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controlling fiber organization and mechanics when studying how CMs respond to changes in their 

microenvironment. 

4.4.3 DVS matrices afford improved tissue organization and function over other platforms 

While ECM-coated tissue culture plastic or glass remain a typical setting for studies of 

iPSC-CMs, the use of micropatterned or topographical substrates to promote tissue organization 

and improve overall function has become increasingly common (Allen et al. 2019; Carson et al. 

2016; Fleischer et al. 2015; A. J. S. Ribeiro et al. 2015; Sheehy et al. 2017; Wanjare et al. 2017). 

To explore the relative importance of anisotropic adhesive patterning vs. topographical cues, we 

compared tissue organization and calcium handling characteristics of iPSC-CMs cultured on 

fibronectin-functionalized DVS matrices, microcontact-printed fibronectin lines, and fibronectin 

adsorbed to glass substrates (Figure 4.6). Soft aligned DexVS matrices were selected for this 

comparison, as they guided the formation of the highest functioning tissues in the studies above. 

Microcontact-printed arrays of fibronectin lines (3 μm width with 3 μm spacing) on glass were 

chosen to approximate the adhesive surface area and alignment of DVS fibers and non-patterned 

fibronectin-coated glass served as a control. Functionally, iPSC-CMs seeded on DVS matrices 

exhibited more regular and synchronous calcium transients compared to tissues on micropatterned 

and non-patterned fibronectin (Figure 4.6b,c; Supplementary Movie  4.5). Furthermore, DVS 

induced faster rise and decay times in calcium fluxes (Figure 4.6d). Structurally, iPSC-CMs on 

DVS matrices exhibited the highest levels of myofibrillar organization (Figure 4.6a,b). As the 

native myocardium matures, proteins such as N-cadherin and connexin43 localize end-to-end at 

intercalated discs to enable directional propagation of action potentials (Vreeker et al. 2014). 

Immunostaining for N-cadherin, we noted more frequent end-to-end localization of N-cadherin on 

DVS matrices than on glass controls or micropatterned lines where such localization was not 
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observed (Figure 4.6a). Although the mechanism mediating this localization requires further 

study, this observation suggests a critical requirement for both topography and anisotropic 

adhesive cues afforded by fibers. Taken together, these studies highlight the importance of 

recapitulating the geometry and organization of perimysial fibers for promoting maturation of 

engineered iPSC-CM tissues (Figure 4.6a). 

 

 

Figure 4.6: Fibrous DVS matrices promote increased tissue function and organization and 
allow for long-term culture of confluent iPSC-CMs. (a) Confocal fluorescent images of iPSC-
CMs seeded on fibronectin-coated glass, microcontact printed fibronectin lines, and aligned DVS 
fibers modified with adhesive fibronectin after 7 days in culture. Red arrows indicate areas of N-
cadherin localization at end-end cell junctions. (b) Quantification of sarcomere angle deviation 
across all substrates. (c) Calcium handling quantifications of peak-to-peak irregularity, (d) 
contraction correlation coefficient, and (e) flux rise time, decay time, and full width half max. (f) 
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Survival of cultures over time on various substrates. All data presented as mean ± std; n ≥ 12 fields 
of view across 3 tissues; * p < 0.05. 

 

4.4.4 Long term culture of iPSC-CMs on DVS matrices 

In addition to these improvements in subcellular organization quantified after 7 days in 

culture, DVS matrices also supported long-term culture of iPSC-CMs. Whereas confluent iPSC-

CMs seeded on both micropatterned and non-patterned fibronectin detached from underlying 

substrates after 8-10 days of culture due to their innate contractile forces, DVS matrices enabled 

culture of purified confluent iPSC-CMs to at least 45 days post-seeding (Figure 4.6f). High 

magnification imaging of tissues immunostained for vinculin demonstrated increased numbers of 

costameres distributed at greater density across multiple imaging planes in DVS matrices 

compared to standard substrates (Supplementary Figure 4.8). This suggests that the three-

dimensional nature of DVS fibers promotes increased cell-ECM adhesion to stabilize tissues. 

Long-term culture of iPSC-CM on fibrous matrices could facilitate time-dependent maturation 

processes required for intercalated disc assembly or T-tubule formation (Karbassi et al. 2020). A 

number of other studies have also applied external mechanical or electrical stimuli to drive 

maturation of tissues (Mihic et al. 2014; Ronaldson-Bouchard et al. 2018; Ruan et al. 2015, 2016). 

Given the long-term stability of these tissues and the facile deposition of DVS fibers on elastomer 

or electrically conductive substrates, future studies will explore these important maturation signals. 

Previous work has shown that long-term culture (up to 45 days) of non-confluent iPSC-

CM facilitates further maturation, as characterized by improved sarcomere organization, 

hypertrophy, reduced proliferation, and enhanced calcium handling (Karbassi et al. 2020; Lundy 

et al. 2013). As we observed improved iPSC-CM subcellular organization and function after 7 

days on DVS matrices, we hypothesized that prolonged culture of pure, confluent iPSC-CMs could 
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facilitate further maturation.  Culturing iPSC-CMs on soft, aligned DexVS matrices for up to 28 

days, we observed no changes in calcium handling outputs including rise and decay time as a 

function of culture duration (Figure 4.7e-g). End-to-end localization of N-cadherin to intercellular 

junctions was evident at all time points while myofibril alignment remained constant (Figure 

4.7a,b). Since connexin43 accumulates in developing gap junctions during development, we also 

stained for this protein in tissues on aligned DVS matrices (Fishman et al. 1991; Vreeker et al. 

2014). Immunostaining for connexin43 revealed increased production as a function of culture 

duration, further indicating that anisotropic fibrous cues drive the assembly of key subcellular 

structures (Figure 4.7c,d; Supplementary Figure 4.9). Changes in connexin43 localization and 

other maturation markers over time warrants further study, and in sum we conclude that while 

structural cues guide tissue organization and function, they alone are not sufficient for driving 

significant iPSC-CM tissue maturity. 
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Figure 4.7: Aligned fibrous matrices induce myofibril organization and improve tissue 
function.   Confocal fluorescent images of iPSC-CMs seeded on DVS cultured for 7, 14, and 28 
days with immunostaining for (a) N-cadherin and (c) connexin43. Red arrows indicate localization 
of N-cadherin at end-to-end cell-cell junctions. (b) Quantification of sarcomere angle deviation 
over time. (d) Quantification of connexin43 expression over time. (e) Calcium handling 
quantifications of peak-to-peak irregularity, (f) contraction correlation coefficient, and (g) flux rise 
time, decay time, and full width half max. All data presented as mean ± std; n ≥ 12 fields of view 
across 3 tissues; * p < 0.05. 

  

Previous studies have also suggested limitations to long-term culture on substrates that 

solely define tissue anisotropy, indicating that while alignment cues induce the expression of some 

maturation markers, further maturation requires the addition of other stimuli such as mechanical 

loading, electrical pacing, soluble factors or even other heterotypic cell communication with 
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supporting cell types (Garbern et al. 2020; Giacomelli et al. 2020; Han et al. 2016; Karbassi et al. 

2020; Ronaldson-Bouchard et al. 2018; Ruan et al. 2016; X. Yang et al. 2019). Nevertheless, 

organizational cues provided by DVS matrices that mimic aspects of the native perimysial ECM 

appear to drive cardiac tissue assembly and function by controlling adhesive signaling between 

iPSC-CMs and the ECM. Despite this, DVS matrices fail to recapitulate the more complex 

hierarchical organization of the cardiac ECM, limiting the study of how cues from other ECM 

layers, and interactions between them, impact overall tissue function (Karl T. Weber 1989). By 

altering electrospinning parameters, fibrous matrices could be fabricated with fiber diameters and 

mechanics similar to epimysial and endomysial networks (Fleischer et al. 2015). The future 

development of scalable technologies to generate tissues from multiple layers of iPSC-CM-laden 

fibrous matrices could provide a route to regenerative or tissue replacement therapies (Fleischer et 

al. 2017). 

In addition, mechanosensing of ECM properties by CMs has been shown to be vital during 

cardiac tissue development and in supporting healthy tissue function, but many studies, including 

the ones described here, indicate that this relationship requires further investigation (Jacot, Martin, 

and Hunt 2010; Karbassi et al. 2020; Parker and Ingber 2007). Other work in our lab has explored 

the influence of fiber mechanics on cell spreading, migration, and multicellular network assembly 

by suspending matrices over microfabricated wells in contrast to the studies described above 

depositing fibers on rigid coverslips (Baker et al. 2015; C.D. Davidson et al. 2020; Christopher D. 

Davidson et al. 2019). As both passive and active mechanical properties of the ECM have been 

shown to foster tissue maturation (Leonard et al. 2018; A. J. S. Ribeiro et al. 2015; Ruan et al. 

2015; Young et al. 2014; Young and Engler 2011), exploration of the iPSC-CMs response to ECM 

settings that enable fractional shortening of tissues is a focus of ongoing investigations. Studies 
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such as these could provide further insights into how CMs respond to dynamic mechanical changes 

of the ECM and could be integrated with previously established pacing protocols to promote iPSC-

CM maturation.  

 

4.5 Conclusion 

In summary, we established synthetic, tunable DVS fibrous matrices that model perimysial 

collagen networks of native myocardium. Varying adhesive ligand, architecture, and mechanics of 

these matrices, we found that soft, aligned DVS fibers functionalized with fibronectin or cRGD 

best facilitate the formation of organized and contractile iPSC-CM tissue layers. Fibrous 

topographical cues and anisotropic distribution of adhesive ligand improved calcium handling, 

enhanced structural organization, including N-cadherin end-to-end localization, and enabled long-

term culture of iPSC-CM tissues. While our results support the notion that fibrous ECM cues are 

not sufficient in generating iPSC-CM tissues with adult-like phenotypes, prolonged culture on 

DVS matrices promoted N-cadherin end-to-end localization and increased connexin43 expression. 

Taken together, these studies motivate the inclusion of fibrous cues in biomaterial culture 

platforms towards generating mature iPSC-CM tissues for applications in 

replacement/regenerative therapies, disease modeling, and drug screening.  
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4.6 Materials and Methods 

4.6.1 Reagents 

All reagents were purchased from Sigma Aldrich and used as received, unless otherwise 

stated. 

4.6.2 DVS fibrous matrix fabrication 

DVS polymer was synthesized as previously described by our lab(C.D. Davidson et al. 

2020). Briefly, dextran was reacted with divinyl sulfone and the product was dialyzed and 

lyophilized. For electrospinning, DVS was dissolved at 0.7 g mL-1 in a 1:1 mixture of milli-Q 

water and dimethylformamide with 0.6% (w/v) lithium phenyl-2,4,6-trimethylbenzoylphosphinate 

(LAP; Colorado Photopolymer Solutions) photoinitiator, 2.5% (v/v) methacrylated rhodamine (25 

mM; Polysciences, Inc., Warrington, PA), and 5.0% (v/v) glycidyl methacrylate. This solution was 

electrospun on coverslips affixed to a custom-built rotating mandrel with a hexagonal geometry 

(Figure 4.1a) driven by an AC motor with controllable speed. Electrospinning was conducted in 

an environmental chamber at 35% humidity with a flow rate of 0.2 ml h-1, voltage of 7.0 kV, and 

a gap distance of ~5 cm to the grounded mandrel. After collection, fibers were stabilized by 

primary crosslinking under UV (100 mW cm-2) for 20 s, then hydrated in varying concentrations 

of LAP photoinitiator solution and exposed again to UV for 20 s to tune fiber stiffness. To 

functionalize matrices with FN or collagen (Corning International), 2.5% (w/v) heparin 

methacrylate (HepMA) was dissolved in LAP solution during secondary UV exposure. ECM 

proteins were diluted at a concentration of 50 µg mL-1 and adsorbed to fibers at RT for 1 hour. 

Alternatively, matrices were functionalized with cell adhesive peptides cyclized [Arg-Gly-Asp-D-

Phe-Lys(Cys)] (cRGD; Peptides International) or Gly-Phe-Hyp-Gly-Glu-Arg (GFOGER; CPC 
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Scientific) via Michael-Type addition to available vinyl sulfone groups. Peptides were dissolved 

at 200 μM in milli-Q water containing HEPES (50 mM), phenol red (10 μg mL-1), and 1 M NaOH 

to bring the pH to 8.0. A volume of 150 µL was added to each substrate and incubated at room 

temperature for 30 min. Substrates were sterilized in 70% ethanol prior to cell seeding. 

4.6.3 DVS matrix mechanical testing 

Mechanical properties of DVS matrices were determined using previously developed 

methods.(Baker et al. 2015; C.D. Davidson et al. 2020) Briefly, suspended networks of DVS were 

indented with a rigid SU8 cylinder affixed to a pure tungsten filament using a commercial 

CellScale Microsquisher (CellScale). Young’s modulus was approximated assuming the material 

behaves as an elastic membrane as previously described.(Baker et al. 2015; C.D. Davidson et al. 

2020)  

4.6.4 Microcontact printing 

To create substrates to compare with DVS matrices, 3 µm wide FN parallel lines spaced 3 

μm apart were created via traditional microcontact printing approaches. Using photolithography 

techniques, patterns were transferred to a silicon wafer spincoated with 1 µm thickness Microposit 

S1813 photoresist (MicroChem). Following development, polydimethylsiloxane (PDMS) 

(Sylgard 184, Dow Corning) was cast on to wafers and cured at 80 ℃ for 2 h to generate 

micropatterned stamps. To visualize patterns, FN was fluorescently tagged with AlexaFluor555 

succidinyl ester following the manufacturer’s protocol.  Briefly, a 1 mg mL-1 solution of FN was 

reacted with AlexFluor55 succidinyl ester at a 9-fold molar excess for 2 h at RT with agitation in 

a 1 M sodium bicarbonate solution and purified by dialysis (6.5 kDa cutoff). For microcontact 

printing, fluorescent FN was diluted to 50 µg mL-1 in sterile milli-Q water and adsorbed to the 
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micropatterned stamps for 30 min at RT. The fibronectin pattern was transferred to UV ozone 

activated, PDMS coated coverslips (via spin coating, 5000 RPM). After sitting overnight to allow 

for the recovery of hydrophobicity, susbtrates were sterilized in 70% ethanol and then incubated 

in Pluronics F-127 (0.2% w/v in milli-Q water) for 30 min at RT to prevent protein and cell 

adhesion to non-printed regions of the substrate. To create control non-micropatterned substrates, 

FN (50 µg mL-1) was adsorbed to UV ozone treated glass coverslips for > 30 min at RT. 

4.6.5 iPSC culture and CM differentiation 

Induced pluripotent stem cells containing a GFP-titin reporter (Sharma, Toepfer, Ward, et 

al. 2018) (gift from the Seidman Lab) were cultured in mTeSR1 media (StemCell Technologies) 

and differentiated in RPMI 1640 media supplemented with B27 minus insulin (ThermoFisher). 

Differentiation was initiated on day 0 with the addition of 12 µM CHIR99021 for 24 hours and 

then 5 uM IWP4 on day 3 for 48 hours. On day 9, media insulin was introduced and cells began 

to contract on day 10. For CM purification, cultures were transferred to RPMI lacking glucose and 

glutamine (Biological Industries) supplemented with 4 mM DL-lactate on day 11 for 4-6 days. 

Following purification, CMs were maintained in CM maintenance media (RPMI 1640 

supplemented with 2% (v/v) B27 (Thermo Fischer)). On day 30, CMs were dissociated using 

accutase (Corning) and seeded on fibrous matrices or control substrates. Cultures were maintained 

in CM maintenance media replenished every other day for the duration of studies. All studies were 

carried out for 7 days unless otherwise specified. 

4.6.6 Calcium imaging 

Calcium handling analysis was performed by incubating cells for 1 hour at 37 ℃ with 5 

μM Cal520, AM (AAT Bioquest). Cells were then returned to conditioned media preserved prior 
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to adding the calcium sensitive dye and allowed to equilibrate for >30 minutes at 37 ℃ and 5% 

CO2. Following equilibration, tissues were imaged under epifluorescence at 96 Hz while 

maintaining temperature and CO2.  

4.6.7 Immunofluorescence staining 

Samples were fixed in 2% paraformaldehyde for 15 min at RT. Autoflourescence 

quenching was performed by incubating samples in 0.1 M NH4Cl (pH 8.0) for 10 min at RT, and 

then in a fresh NH4Cl solution for an additional 5 min. This was followed by antigen retreival via 

incubation in pre-warmed 10 mM trisodium citrate dihydrate (pH 6.0) for 15 minutes. Samples 

were then permeablized in PBS solution containing Triton X-100 (0.2% v/v), sucrose (10% w/v), 

and magnesium chloride (0.6% w/v) for 10 min and blocked in 1% (w/v) bovine serum albumin. 

Tissues were incubated with mouse monoclonal anti-N-cadherin (1:200; BD Bioscience 610921) 

overnight at 4°C, rabbit monoclonal anti-connexin43 (1:1000; Millipore Sigma AB1728) 

antibodies overnight at 4°C, mouse monoclonal anti-α-actinin (1:500; Abcam ab9465) for 1 hour 

at RT, mouse monoclonal anti-cardiac troponin T (1:500; ThermoFisher MA5-12960) for 1 hour 

at RT, mouse monoclonal or rabbit monoclonal anti-Ki67 (1:1000; Sigma-Aldrich PIMA514520) 

for 1 hour at RT, followed by goat anti-mouse Alex Fluor 647 (1:1000; Life Technologies 

A21236), and goat anti-rabbit Alexa Fluor 647 secondary antibodies (1:1000; Life Technologies 

A21245) and DAPI for 1 hour at RT.  

4.6.8 Image analysis 

Time-lapse movies of calcium flux were analyzed with custom MATLAB scripts 

(Supplementary Figure 4.1). Briefly, average fluorescent profiles over time were determined 

from select areas of each tissue and parameters such as beats per minute, peak-to-peak irregularity, 
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flux rise time, flux decay time, and peak full width half max were calculated. Contraction 

correlation coefficient was determined by dividing the entire field of view into 16 regions of equal 

area and calculating the average Pearson’s correlation coefficient between the flux profiles of each 

of these regions (A. Kumar et al. 2019). Sarcomere alignment was also quantified via custom 

MATLAB scripts (Supplementary Figure 4.2). Briefly, images of titin-GFP reporter were 

thresholded and individual z-discs segmented. Z-discs were subsequently grouped with 

neighboring z-discs based on proximity and orientation to identify myofibrils within the image. 

The orientation of all identified myofibrils within a field of view was fit to a Gaussian distribution. 

Sarcomere alignment deviation was defined at the standard deviation of this distribution using 

circular/angular statistics.(Berens 2009) 

4.6.9 Statistical analysis 

Statistical significance was determined by one-way analysis of variance (ANOVA) with 

post-hoc analysis (Tukey test), with significance indicated by p < 0.05. Studies were conducted a 

minimum of 3 times with at least n = 3 tissues per condition and the data presented are 

representative data sets from one these replicate studies. Specific sample size is indicated within 

corresponding figure legends and all data are presented as mean ± standard deviation. 
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4.7 Supplementary Figures 

 

Supplementary Figure 4.1: Calcium imaging quantification methodology. Quantification of 
calcium transients were conducted by capturing time lapse movies at ~100 Hz after the 
introduction of a calcium sensitive dye. (a) Still frame of sample calcium transient time lapse with 
two regions indicated that are plotted in (b). (b) Contraction correlation coefficient was determined 
by calculating the Pearson’s correlation coefficient between the flux profiles of multiple regions 
across the entire tissue. Peak-to-peak irregularity was calculated by finding the standard deviation 
in the times between subsequent peaks throughout a single time lapse. Flux rise time, decay time, 
and full width half max are indicated on the flux plots. 
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Supplementary Figure 4.2: Sarcomere alignment quantification. (a) Myofibril alignment was 
quantified by processing confocal fluorescent images of titinGFP with a custom Matlab script. (b) 
Images were thresholded and individual z-discs were identified and (c) grouped based on their 
orientation and proximity to other z-discs with similar orientation. (d) The distribution of the 
orientations of groups of z-discs were then plotted and fit to a Gaussian distribution. The standard 
deviation of this distribution was defined as the sarcomere alignment deviation. 
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Supplementary Figure 4.3: iPSC-CMs express numerous cardiac specific myofibrilar 
proteins. Confocal fluorescent images of iPSC-CMs containing a titinGFP reporter seeded on FN-
coated glass and aligned DVS matrices functionalized with fibronectin stained for (a) α-actinin or 
(b) cardiac troponin (cTnT). 
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Supplementary Figure 4.4: DVS fiber diameter remains constant regardless 
functionalization scheme or photoinitiated crosslinking. (a) Fiber diameter of DVS fibers 
crosslinked in 1.0 mg mL-1 LAP solution modified with different adhesive moieties. (b) Fiber 
diameter of DVS fibers crosslinked in the LAP solutions of varied concentration, functionalized 
with HepMA/FN. All data presented as mean ± std; n ≥ 100 fibers across 10 fields of view; * p < 
0.05. (c) Histogram of all DVS fiber diameters. Fiber diameters were quantified using ImageJ. 
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Supplementary Figure 4.5: iPSC-CMs deform soft DVS fibers matrices. Confocal fluorescent 
images of iPSC-CMs cultured on DVS fibers of increasing stiffness. Increased waviness in soft 
fibers indicate cell-force mediated deformations in soft matrices but not stiffer matrices. 

 
 



 107 

 

Supplementary Figure 4.6: iPSC-CMs remain largely non-proliferative on DVS matrices of 
different stiffnesses. (a) Confocal fluorescent images at 10x and 40x magnification of iPSC-CMs 
on aligned matrices composed of DVS fibers of differing stiffness by tuning photoinitiated 
crosslinking. Immunostaining was performed to visualize Ki67. (b) Quantification of the 
percentage of total cells expressing nuclear Ki67 across matrices if varied stiffness. (c) 
Quantification of the number of cells per field of view across matrices of varied stiffness. All data 
presented as mean ± std; n ≥ 17 fields of view across 3 tissues; * p < 0.05. 
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Supplementary Figure 4.7: DVS fiber alignment and stiffness synergistically affect iPSC-CM 
focal adhesion formation. (a) Confocal fluorescent images of iPSC-CMs stained for vinculin on 
matrices of varied alignment and stiffness. Quantification of (b) total vinculin positive area per 
cell, (c) average segmented focal adhesion size per cell, (d) and average focal adhesion aspect ratio 
per cell. All data presented as mean ± std; n ≥ 18 fields of view across 3 tissues; * p < 0.05. 
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Supplementary Figure 4.8: Increased costameres results in more stable culture of iPSC-CMs 
on DVS fibers. (a) Confocal fluorescent images of iPSC-CMs seeded on fibronectin-coated glass, 
microcontact printed fibronectin lines, and aligned DexVS fibers modified with adhesive 
fibronectin. Bottom two rows of images show vinculin at two heights within the tissue. (b) 
Quantification of vinculin area as a function of height in the tissue. (c) Calculation of area under 
the curves plotted in (b). All data presented as mean ± std; n ≥ 12 fibers fields of view; * p < 0.05. 
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Supplementary Figure 4.9: Aligned fibrous matrices enhance iPSC-CM Connexin43 
expression. (a) Confocal fluorescent images of iPSC-CM endogenously modified to express 
connexin43-GFP (Allen Institute; line ID = AICS-0053 cl.16) seeded on FN-coated glass, random 
DVS matrices, and aligned DVS matrices. Fibrous tissues were imaged on both day 7 and day 14 
while iPSC-CMs were imaged only on day 7 due to detachment from the substrate shortly after 
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this time point. (b) Quantification of connexin43 expression per cell. Data presented as mean ± 
std; n ≥ 18 fields of view across 2 tissues; * p < 0.05. 

 
 

4.8 Supplementary Movies 

Supplementary Movie  4.1: Calcium transients of iPSC-CMs on DVS matrices presenting 
varying adhesive moieties. (https://doi.org/10.1039/D0BM01247E) 
 

Supplementary Movie  4.2: Calcium transients of iPSC-CMs seeded a varying densities on 
aligned DVS matrices. (https://doi.org/10.1039/D0BM01247E) 
 

Supplementary Movie  4.3: Calcium transients of iPSC-CMs on DVS matrices of varying 
alignment. (https://doi.org/10.1039/D0BM01247E) 
 

Supplementary Movie  4.4: Calcium transients of iPSC-CMs on DVS matrices of varying 
stiffness. (https://doi.org/10.1039/D0BM01247E) 
 

Supplementary Movie  4.5: Calcium transients of iPSC-CMs seeded on FN-coated glass, 
microcontact printed FN lines, and aligned DVS matrices. 
(https://doi.org/10.1039/D0BM01247E) 
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Chapter 5: Matrix Architecture and Mechanics Regulate 

Myofibril Organization, Costamere Assembly, and 

Contractility in Engineered Myocardial Microtissues 

5.1 Authors 

Samuel J. DePalma, Javiera Jilberto, Austin E. Stis, Darcy D. Huang, Jason Lo, Christopher D. 

Davidson, Aamilah Chowdhury, Robert N. Kent III, Maggie E. Jewett, Hiba Kobeissi, 

Christopher S. Chen, Emma Lejeune, Adam S. Helms, David A. Nordsletten, Brendon M. Baker 

 

5.2 Abstract 

The mechanical function of the myocardium is defined by cardiomyocyte contractility and 

the biomechanics of the extracellular matrix (ECM). Understanding this relationship remains an 

important unmet challenge due to limitations in existing approaches for engineering myocardial 

tissue. Here, we established arrays of cardiac microtissues with tunable mechanics and architecture 

by integrating ECM-mimetic synthetic, fiber matrices and induced pluripotent stem cell-derived 

cardiomyocytes (iPSC-CMs), enabling real-time contractility readouts, in-depth structural 

assessment, and tissue-specific computational modeling. We find that the stiffness and alignment 

of matrix fibers distinctly affect the structural development and contractile function of pure iPSC-

CM tissues. Further examination into the impact of fibrous matrix stiffness enabled by 

computational models and quantitative immunofluorescence implicates cell-ECM interactions in 
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myofibril assembly, myofibril maturation, and notably costamere assembly, which correlates with 

improved contractile function of tissues. These results highlight how iPSC-CM tissue models with 

controllable architecture and mechanics can elucidate mechanisms of tissue maturation and 

disease. 

 

5.3 Introduction 

Heart disease remains the leading cause of death worldwide (Tsao et al. 2023). Despite 

recent advances in treatment, existing therapies for treating heart disease fail to restore normal 

function of the heart following chronic or acute injury, due in part to the limited regenerative 

potential of the myocardium (Bergmann et al. 2009; Murry and MacLellan 2020). Thus, there is a 

critical need for regenerative or tissue-replacement therapies that restore normal cardiac 

architecture and mechanical function. In recent years, advances in induced pluripotent stem cell 

(iPSC) technologies have made the creation of engineered heart tissues (EHTs) feasible for use as 

regenerative therapies, in vitro models to study cardiac regeneration, or screening platforms to test 

the effectiveness and/or toxicity of new therapeutics (Burridge et al. 2014; Lian et al. 2012; 

Thomas et al. 2022).  

Among the many techniques explored to generate mature iPSC-derived cardiomyocyte 

(iPSC-CM) tissues, significant efforts have focused on developing scaffolds that recapitulate 

physiologic tissue organization to improve overall tissue function and potentially maturity (Cho et 

al. 2022; Karbassi et al. 2020; Tenreiro et al. 2021). The mechanical function of the myocardium 

is dictated by contractile CMs and the surrounding fibrous extracellular matrix (ECM) that 

organizes and supports CMs (Fleischer and Dvir 2013; Pope et al. 2008; Karl T. Weber 1989). 

Individual layers of muscle tissue throughout the myocardium are highly anisotropic, driving 
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coordinated uniaxial contractions (Costa et al. 1999). These muscle fibers and their accompanying 

ECM twist transmurally, thus generating the torsional contractile behavior critical to proper 

systolic function of the ventricle (P. P. Sengupta et al. 2008). As such, scaffolds that recapitulate 

biochemical and mechanical features of native cardiac ECM and direct cellular orientation hold 

promise for improving the function and maturation of cardiac tissue constructs (Allen et al. 2019; 

Carson et al. 2016; DePalma et al. 2021; Gao et al. 2017; A. J. S. Ribeiro et al. 2015; Tsan et al. 

2021). Scaffolding is often integrated into EHTs by combining naturally derived biomaterials 

materials such as purified collagen or fibrin with iPSC-CMs (Boudou et al. 2012; Gao et al. 2017; 

J. Guo et al. 2021; Ronaldson-Bouchard et al. 2018; Tenreiro et al. 2021; Tiburcy et al. 2017). 

However, these materials provide limited control over mechanical properties which is critical to 

providing insight into how iPSC-CMs sense and respond to matrix stiffness. Moreover, the 

addition of admixed stromal cells is often required to drive proper tissue assembly in these systems, 

precluding the direct study of CM behavior. Prior studies have explored the use of polymeric 

hydrogels providing improved mechanical control or electrospun polymeric scaffolds with fibrous 

topography that better recapitulates the native ECM; however, these materials either lack fibrous 

topography or sufficient tunability, respectively, both of which are needed for identifying critical 

mechanobiological mechanisms that drive cardiac tissue assembly or maturation (Allen et al. 2019; 

Carson et al. 2016; McCain et al. 2012; A. J. S. Ribeiro et al. 2015; Wanjare et al. 2017). Thus, 

EHTs formed from iPSC-CMs and highly tunable, fibrous matrices providing orthogonal control 

over architecture and mechanics could provide new and important insights into how iPSC-CMs 

respond to physical microenvironment inputs. Furthermore, a deeper understanding of how CMs 

interact with their physical microenvironment could in turn establish key design attributes of 

scaffolds that support stem cell-derived cardiac tissue formation and maturation. 
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The interactions between cardiomyocytes and their surrounding native ECM or a 

biomaterial scaffold are regulated by cellular mechanosensing and ultimately the transduction of 

mechanical forces into cell signaling cascades. CM mechanosensing has been shown to be critical 

in cardiac development, disease progression, and the assembly of in vitro engineered heart tissues, 

highlighting the necessity for the informed design of scaffolds used to engineer mature iPSC-CM 

tissues (Chopra et al. 2018; Fukuda et al. 2019; Kaushik et al. 2015; A. J. S. Ribeiro et al. 2015; 

Samarel 2005; Saucerman et al. 2019). As CMs have extremely dynamic mechanical functions, 

they use multiple mechanosensing mechanisms to sense and respond to changes in their 

mechanical environment (Saucerman et al. 2019). Forces generated by the myofibrils in CMs are 

transmitted to neighboring cells through specialized cell-cell adhesions termed intercalated discs 

(ICDs) and to the surrounding matrix through cell-matrix linkages(Ahmed et al. 2023; Gaetani et 

al. 2020; Lyon et al. 2015; Samarel 2005). Composed of adherens junctions and desmosomes, 

ICDs enable mechanical and electrical coupling of neighboring CMs and help to regulatethe 

mechanical function of the heart (Lyon et al. 2015). For the myocardium to contract uniformly, 

CMs not only must connect to one another but also to the surrounding matrix via integrins and 

associated complexes of cell-matrix adhesion proteins.  In striated muscle cells such as 

cardiomyocytes, cell-matrix adhesions can be grouped into two categories: peripheral FAs, which 

link the myofibrillar cytoskeleton to the ECM and are generally found at the edges of cultured 

CMs, and costameres, specialized adhesion complexes that directly link the myofibril to the 

surrounding or underlying matrix through connections at the z-disc (Samarel 2005). During 

myofibril formation, peripheral FAs become load-bearing protocostameres, followed by α-actinin 

accumulation corresponding to the assembly of myofibrils (Chopra et al. 2018; Sparrow and 

Schöck 2009; Taneja, Neininger, and Burnette 2020). As myofibrils begin to assemble and mature, 
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costameres replace these adhesions and tether z-discs to the matrix (Shi, Wang, et al. 2022; 

Sparrow and Schöck 2009).  Since they were first described as vinculin-containing structures 

proximal to z-discs, numerous other proteins commonly associated with FA complexes such as 

talin, paxillin, and FAK have been identified at costameres (Chopra et al. 2018; Pandey et al. 2018; 

Pardo, D’Angelo Siliciano, and Craig 1983a, 1983b; Shi, Wu, et al. 2022). Many of these proteins 

have also been implicated in fundamental cell processes such as myofibril assembly and tissue 

mechanosensing. However, how ECM and tissue mechanics impact the formation of these 

structures is not well understood. 

Genetic variants that impact the function of mechanosensing proteins can render 

cardiomyocytes abnormally susceptible to mechanical stresses, leading to ventricular hypertrophy 

or dilation and ultimately heart failure (Harvey and Leinwand 2011; Jordan et al. 2021; Nakamura 

and Sadoshima 2018). In particular, the mechanosensitive protein vinculin is known to play a 

critical role at both costameres and intercalated discs during cardiac development and disease 

(Chopra et al. 2011; Fukuda et al. 2019; Merkel et al. 2019; Taneja, Neininger, and Burnette 2020; 

Xu, Baribault, and Adamson 1998; Zemljic-Harpf et al. 2007). Genetic variants of vinculin 

contribute to cardiomyopathies (Jordan et al. 2021) and cardiomyocyte-specific knock-out of 

vinculin leads to early cardiac failure or dilated cardiomyopathies (Xu, Baribault, and Adamson 

1998; Zemljic-Harpf et al. 2007). Conversely, overexpression of vinculin in drosophila hearts leads 

to myocardial remodeling and improved cardiac function in aging hearts, resulting in extended 

organismal lifespan (Kaushik et al. 2015). Moreover, the mechanosensitivity of vinculin in CMs 

has been described both in vitro and in vivo, suggesting that vinculin localization to costameres 

and intercalated discs regulates myofibril maturation and is influenced by mechanical signals 

(Fukuda et al. 2019; McCain et al. 2012; Merkel et al. 2019; Shakp et al. 1997; Simpson et al. 
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1993). Despite these advances in our knowledge of vinculin’s role in CM mechanosensing, it is 

unknown how fibrous matrix mechanics impact vinculin’s localization to cell-cell or cell-ECM 

adhesions and the resulting implications on EHT function and maturation. 

To study how specific and tissue-relevant structural and mechanical cues impact 

engineered cardiac tissue assembly, maturation, and function, we established a biomaterials-based 

platform for creating arrays of cardiac microtissues composed of tunable, synthetic, fibrous ECM 

and purified iPSC-CMs. Through carefully controlled studies varying ECM organization and 

mechanics, we found that microtissues formed on soft (< 1 kPa), aligned fibrous matrices tethered 

between soft elastic posts demonstrate improved CM adhesion, organization, and contractile 

function. Tissue-specific computational modeling revealed that altered cellular mechanical 

behavior, in conjunction with the passive mechanics of the tissue, drive the observed changes in 

tissue contractility. Associated with these effects, we found that vinculin localization to costameres 

during tissue formation was dependent on fibrous matrix stiffness. Moreover, robust vinculin 

localization to costameres was strongly associated with tissue maturation and increases in 

contractile function. These findings highlight the importance of highly controlled bioengineered 

platforms for studying CM mechanosensing and provide several key insights that inform the design 

of biomaterial scaffolds for engineered cardiac tissue replacement therapies. 

 

5.4 Results 

5.4.1 Development and characterization of mechanically tunable engineered heart tissue 

platform 
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As the myocardial microenvironment plays a vital role in both cardiac development and 

disease progression, constructing EHTs with biomaterials that recapitulate relevant architecture 

and mechanics of the fibrous cardiac ECM is critical for studying these processes in vitro (Cho et 

al. 2022). We previously developed matrices composed of synthetic dextran vinyl sulfone (DVS) 

polymeric fibers that possess comparable geometry to perimysial collagen fibers, which are ~1 μm 

in diameter and surround CM bundles to confer tissue mechanical anisotropy and enable 

mechanical function of cardiac tissue (DePalma et al. 2021; Fleischer and Dvir 2013; Pope et al. 

2008; Karl T. Weber 1989). Using this biomaterial platform, we showed that matrix fiber 

alignment is critical to driving proper tissue organization and calcium handling dynamics 

(DePalma et al. 2021). Additionally, we found that these fibrous scaffolds facilitate long-term 

culture of iPSC-CMs (>28 days) enabled by robust cell-matrix interactions (DePalma et al. 2021). 

However, this culture platform did not allow for tissue fractional shortening, thereby preventing 

the assessment of contractile function of formed EHTs. Predicated on this previous work, here we 

advanced this model by generating a platform enabling fractional shortening and orthogonal 

mechanical tunability to explore the impact of an expanded array of architectural and mechanical 

cues on iPSC-CM function.  

To examine how variations in the architecture and mechanics of the cardiac 

microenvironment influence iPSC-CM tissue formation, we established a new approach to 

generating arrays of cardiac microtissues (termed fibroTUGs or fibrous tissue μ-gauges) composed 

of tunable electrospun, synthetic fiber matrices suspended between two elastomeric posts seeded 

with pure populations of iPSC-CMs using a microfabrication-based cell patterning strategy. 

Microfabricated PDMS post arrays consisting of 98 pairs of rectangular posts were fabricated with 

standard soft lithography techniques (Figure 5.1a,b). Based on previous literature (Boudou et al. 
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2012; Leonard et al. 2018) and as confirmed via custom mechanical characterization methods 

(Supplementary Figure 5.1a-c), post heights were defined to generate soft (0.41 N/m) and stiff 

(1.2 N/m) mechanical boundary conditions (Figure 5.1a,h). Subsequently, electrospun DVS fibers 

were deposited upon post arrays affixed to a collecting mandrel rotating at various speeds to 

control fiber alignment, as previously described(DePalma et al. 2021) (Figure 5.1a,f,g). Next, 

fiber matrices spanning two posts were stabilized via photoinitiated free radical crosslinking by 

exposing substrates to UV light through a photopatterning mask in the presence of lithium phenyl-

2,4,6-trimethylbenzoylphosphinate (LAP) photoinitiator. Upon hydration, uncrosslinked fibers 

were dissolved, resulting in fibrous matrices spanning only between pairs of posts. Stabilized 

fibrous matrices spanning posts could then be stiffened further via exposure to UV light in the 

presence of LAP to define a final matrix stiffness(C.D. Davidson et al. 2020; DePalma et al. 2021). 

Crosslinking parameters were identified to generate matrices with stiffnesses corresponding to 

developing (0.1 mg/mL LAP; 0.68 kPa), adult (1.0 mg/mL LAP; 10.1 kPa), or diseased (5.0 

mg/mL LAP; 17.4 kPa) myocardium, as characterized by microindentation measurements (Figure 

5.1i, Supplementary Figure 5.1d-f) (Engler et al. 2008; A. J. S. Ribeiro et al. 2015; Young and 

Engler 2011). To generate pure cardiomyocyte tissues without the requirement of admixed stromal 

cells, purified cultures of iPSC-CMs (≥95% TTN+ CMs; Supplementary Figure 5.2) were seeded 

upon photopatterned matrices using a physically registered, microfabricated seeding mask that 

funneled iPSC-CMs to the suspended matrices, limiting seeded cells from settling and adhering to 

the glass surface below suspended fiber matrices (Figure 5.1a). The resulting tissues contained 

~100 iPSC-CMs regardless of the pre-defined mechanics of the posts or matrices (Figure 5.1j). 
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Figure 5.1: Fabrication of pure iPSC-CM microtissues with high mechanical tunability. (a) 
Schematic of fibroTUG fabrication and seeding. (b) Full array of microfabricated PDMS posts 
before DVS fiber electrospinning. (c) Brightfield image of photopatterned suspended matrices 
(scale bar: 200 μm). (d) Representative brightfield images of pure populations of iPSC-CMs 
seeded on random and aligned DVS matrices 7 days after seeding (scale bar: 100 μm). (e) Confocal 
fluorescent image of fibroTUG tissue formed on 0.68 kPa, aligned matrices suspended between 
soft posts. (f) Confocal fluorescent images of random and aligned fiber matrices functionalized 
with methacrylated rhodamine. (g) Rotation speed of the collection mandrel during fiber 
electrospinning was varied to define fiber alignment (n ≥ 5 matrices). (h) Post height was varied 
to define post bending stiffness. (i) LAP photoinitiator concentration was tuned to generate 
matrices of physiologically relevant stiffnesses. (j) Tissue seeding was unaffected by the 
mechanical inputs, as quantified by the number of cells that compose each tissue 7 days after 
seeding. All data presented as mean ± std; * p < 0.05. 

 

While matrix stiffness has been extensively studied using polymeric hydrogel or elastomer 

surfaces (Engler et al. 2008; McCain et al. 2012; Pandey et al. 2018; A. J. S. Ribeiro et al. 2015; 



 121 

Tsan et al. 2021), little is known about how the stiffness of assemblies of fibers influences iPSC-

CM tissue formation and function. The discrete nature of fibrous matrices engenders distinct 

behavior compared to elastic, continuum-like materials (Baker et al. 2015). Although here we 

provide measurements of bulk modulus to demonstrate mechanical tunability, these values cannot 

be directly extrapolated to continuum-like materials. Of note, these matrix fibers are individually 

quite stiff (~100’s of MPa) despite the soft bulk stiffness of the overall matrix given its high void 

fraction.  This is in contrast to hydrogel or elastomer materials where mechanics are fairly uniform 

from bulk to cell length-scales (C.D. Davidson et al. 2020). The cell-scale mechanics of these 

fibers, which we view as most relevant to CM mechanosensing, are therefore within the range of 

values reported for common natural biomaterials such as perimysial collagen fibers in the heart 

(Guthold et al. 2007; MacKenna, Vaplon, and McCulloch 1997; L. Yang et al. 2007). Furthermore, 

because our fibroTUG platform is predicated upon predefined synthetic matrices that facilitate 

robust integrin engagement to guide assembly of myocardial syncytia that are structurally similar 

to stratified muscle layers in the myocardium, we were able to generate and monitor functional 

myocardial tissues composed of pure iPSC-CMs, highlighting the utility of this system in studying 

the impact of mechanical cues on cell- and tissue-scale function over long-term culture (up to 3 

weeks) (Supplementary Figure 5.3, Supplementary Figure 5.11, Supplementary Figure 5.12) 

(Karbassi et al. 2020).  

To demonstrate the general utility of this mechanically tunable platform for studying 

microenvironmental inputs on other types of tissues beyond EHTs, we also seeded fibroTUGs with 

varying fiber stiffness with tendon progenitor cells (TPC) to examine whether fiber stiffness 

influences tenogenic differentiation (Supplementary Methods) (Kent et al. 2022). We found that 

TPCs cultured on stiff fibers expressed higher levels of scleraxis, a key marker of tenogenic 
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differentiation (Supplementary Figure 5.4). Additionally, treatment of tissues on stiff matrices 

with pro-tenogenic TGF-β3 resulted in a further increase in tenogenic differentiation, supporting 

the general observation that a combination of physical and soluble cues potentiate stem cell 

differentiation (Supplementary Figure 5.4). These results highlight the broad applicability of 

highly tunable microtissue platforms for understanding cellular mechanosensing in a variety of 

contexts. 

5.4.2 Mechanical inputs impact tissue mechanical function, organization, and maturation 

After thorough mechanical characterization of our fibroTUG platform, we examined how 

altering key architectural and mechanical inputs – specifically matrix alignment, matrix stiffness, 

and post stiffness – affect iPSC-CM tissue assembly, organization, and function (Figure 4.2). 

Tuning each of these parameters orthogonally enables controlled study of their respective 

influence and enables insights into physiologically relevant microenvironmental factors 

experienced by CMs. For example, disorganized collagenous ECM found in fibrotic scars after 

myocardial infarction has been suggested to promote disease by mitigating CM contractility and 

inducing pathogenic signaling (Bowers, Meng, and Molkentin 2022; Bugg et al. 2020; Coeyman, 

Richardson, and Bradshaw 2022; Neff and Bradshaw 2021; Perestrelo et al. 2021). ECM 

stiffness has similarly been shown to increase dramatically in fibrotic conditions, while gradually 

increasing throughout heart development and maturation (Coeyman, Richardson, and Bradshaw 

2022; Jacot, Martin, and Hunt 2010; Neff and Bradshaw 2021; Perestrelo et al. 2021; Young and 

Engler 2011). Finally, changes in post stiffness model changes in tissue afterload that occur 

throughout tissue development concurrent with CM maturation and are further increased in 

various forms of cardiac disease (Leonard et al. 2018; Struijk et al. 2008). While previously 

established EHT platforms enable the study of some of these mechanical perturbations, our 
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system allows for orthogonal tuning of all these inputs in fibrous matrices that better recapitulate 

the perimysial matrix. This ability opens the door to understanding how each input alone impacts 

tissue function and how combinations of these inputs may impact tissue signaling involved in 

iPSC-CM maturation. To assess resulting tissue function in various mechanical environments, 

contractility of tissues after 7 days of culture was quantified by measuring post deflections from 

time-lapse imaging of contracting tissues (Supplementary Movies 1-5). Myofibril organization 

and density were quantified as previously described to assess the impact of physical 

microenvironmental cues on tissue organization (DePalma et al. 2021; Jilberto et al. 2023). 
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Figure 5.2: Fibrous matrix alignment and stiffness influences iPSC-CM tissue assembly 
and force generation. (a) Confocal fluorescent images of fibroTUG tissues of varied fiber 
alignment, fiber stiffness, and post stiffness seeded with iPSC-CMs possessing a GFP-TTN 
reporter. All images show a region located at the center of each tissue. Maximum contractile (b) 
force, (c) stress, and (d) work quantified in tissues with constant post stiffness (0.41 N/m) with 
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varied fiber alignment and fiber stiffness (n ≥ 11 tissues). (e) Sarcomere alignment deviation and 
(f) sarcomere density quantified in tissues with constant post stiffness (0.41 N/m) and varying 
fiber alignment and fiber stiffness (n ≥ 10 tissues). Maximum contractile (g) force, (h) stress, and 
(i) work quantified in tissues with constant matrix stiffness (0.68 kPa) with varied fiber 
alignment and post stiffness (n ≥ 11). (j) Sarcomere alignment deviation and (k) sarcomere 
density quantified in tissues with constant matrix stiffness (0.68 kPa) with varied fiber alignment 
and post stiffness (n ≥ 8). All data presented as mean ± std; * p < 0.05. 

 

Regardless of matrix conditions, all tissues contracted uniaxially, as evidenced by inward 

post deflections (Supplementary Movies S1-S9), similar to established rectangular 

micropatterned 2D and 3D tissues (Boudou et al. 2012; McCain et al. 2012; A. J. S. Ribeiro et al. 

2015; Ronaldson-Bouchard et al. 2018; Tsan et al. 2021). Examining fibroTUGs formed on 

aligned fibrous matrices spanning soft (0.41 N/m) posts, we noted a decrease in tissue contractile 

force, contractile stress, and work as a function of increasing matrix stiffness (Figure 5.2b-d; 

Supplementary Movie  4.2: Calcium transients of iPSC-CMs seeded a varying densities on 

aligned DVS matrices.). Exploring the effect of matrix fiber alignment (via pre-defining aligned 

vs. randomly oriented fibers), we noted diminished tissue contractility on soft (0.68 kPa) matrices 

with randomly oriented fibers as compared to matrices composed of aligned fibers of equivalent 

fiber stiffness (Figure 5.2b-d; Supplementary Movie 5.2, Supplementary Movie 5.3). On stiffer 

matrices, differences in tissue stress arising from fiber alignment was less prominent, potentially 

indicating that iPSC-CMs may be unable to deform stiffer matrices or efficiently assemble 

myofibrils independent of matrix fiber alignment. Additionally, contraction velocity and duration 

were highest on soft, aligned matrices (Supplementary Figure 5.5a-d). We next quantified 

myofibril organization within these tissues and observed a decrease in sarcomere alignment on 

randomly oriented fiber matrices regardless of matrix stiffness, as quantified by a higher sarcomere 

deviation (DePalma et al. 2021) (Figure 5.2a,e,f). Additionally, sarcomere density decreased on 
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random matrices compared to aligned matrices across all stiffnesses tested (Figure 5.2a,e,f). 

Finally, we examined the influence of tissue boundary stiffness on resulting tissue contractility by 

maintaining a constant stiffness of aligned matrices at 0.68 kPa while increasing post stiffness 

(Figure 5.2g-i; Supplementary Movie 5.4, Supplementary Movie  5.5). While contractile force 

and stress remained constant in tissues formed between both soft (0.41 N/m) and stiff (1.2 N/m) 

posts, the effective work produced by tissues contracting against stiffer boundaries was greatly 

reduced (Figure 5.2g-i). Contraction velocity and time were also decreased in tissues formed 

between stiff (1.2 N/m) posts (Supplementary Figure 5.5e-h). However, tissues formed on 

randomly oriented, soft fiber matrices tethered between stiff posts surprisingly revealed no 

differences in contractile force and stress as compared to aligned, soft matrices suspended between 

stiff posts (Figure 5.2g,h). This finding may be explained by a greater relative influence of 

increased uniaxial workload against the stiff posts, given that these tissues also exhibited enhanced 

myofibril assembly and alignment compared to tissues formed on random matrices under soft 

boundary conditions (Figure 5.2j,k). This surprising result suggests that iPSC-CMs contracting 

against stiffer boundary constraints can form aligned myofibrils regardless of the topographical 

alignment of the underlying matrix, as has been shown previously in 3D tissues (Bliley et al. 2021; 

Huebsch et al. 2022; Ronaldson-Bouchard et al. 2018). However, as these tissues demonstrated 

limited fractional shortening and work, this condition may represent a diseased or supraphysiologic 

mechanical environment (Leonard et al. 2018). 

We next explored how microenvironmental mechanics impact iPSC-CM EHT maturation. 

To assess structural maturation, we immunostained tissues formed in different mechanical 

environments for connexin-43, the predominant cardiac gap junction protein, and the myosin 

regulatory light chain MLC-2v, which is known to be enriched in adult ventricular CMs (Karbassi 
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et al. 2020) (Figure 5.3a-d). Corroborating our measurements of fibroTUG contractility and 

myofibril assembly, tissues formed on soft (0.68 kPa), aligned matrices and soft (0.41 N/m) posts 

expressed the highest levels of connexin-43 and MLC-2v compared to tissues formed on stiff 

aligned matrices, soft non-aligned matrices, or between stiff posts (Figure 5.3a-d). Long term 

culture of tissues under these conditions in OxPhos media yielded a progressive increase in both 

MLC-2v and connexin-43 expression until day 21 (Supplementary Figure 5.6). Additionally, 

cardiac troponin T expression was also most abundantly expressed in tissues formed on soft (0.68 

kPa) aligned matrices and soft (0.41 N/m) posts (Supplementary Figure 5.7). 
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Figure 5.3: Fibrous matrix alignment, stiffness, and mechanical constraints influence iPSC-
CM tissue development. (a) Confocal fluorescent images of fibroTUG tissues of varied fiber 
alignment, fiber stiffness, and post stiffness immunostained for α-actinin and connexin-43. All 
images show a region located at the center of each tissue. (b) Quantification of connexin-43 
(Cxn43) expression (n ≥ 6). (c) Confocal fluorescent images of fibroTUG tissues of varied fiber 
alignment, fiber stiffness, and post stiffness seeded with iPSC-CMs containing a GFPtitin reporter 
and immunostained for MLC-2v. Again, all images show a region located at the center of each 
tissue. (d) Quantification of MLC-2v expression (n ≥ 6). Calcium flux dynamics were analyzed, 
with representative flux traces shown in (e) and (h), to determine (f,i) contraction frequency (n ≥ 
8) and (g,j) peak-to-peak irregularity, as quantified by the standard deviation of time interval 
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between peaks (n ≥ 6). Contractile dynamics in response to isoproterenol treatment (10 nM) were 
analyzed, with representative contraction traces shown in (k) and (n), to determine the fold change 
in (l,o) contractile force and (m,p) contractile frequency (n ≥ 14). Blue hatching within bar plots 
indicates where post stiffness was held constant at 0.41 N/m in (b,d,e-g,k-m) to explore the impact 
of matrix alignment and post stiffness on tissue development. Pink hatching within bar plots 
indicates matrix stiffness was held constant at 0.68 kPa in (b,d,h-j,n-p) to explore the impact of 
matrix alignment and fiber stiffness on tissue development. All data presented as mean ± std; * p 
< 0.05. 

 

To further corroborate these findings, we next assessed calcium handling of tissues formed 

with the fibroTUG platform. Briefly, tissues were incubated with a calcium sensitive dye and 

imaged at high frame rates > 65 frames/sec. Quantification of calcium flux dynamics indicated 

tissues formed on soft (0.68 kPa) aligned matrices with soft (0.41 N/m) posts contracted at the 

lowest frequency and at the most regular intervals (in contrast to heightened peak-to-peak 

irregularity observed on tissues formed on stiff or random matrices, suggestive of heightened 

arrythmogenic activity); of note, decrease contraction frequency and regularity are both considered 

to be characteristic of more mature iPSC-CMs (Karbassi et al. 2020) (Figure 5.3e-j; 

Supplementary Movie  5.6, Supplementary Movie  5.7, Supplementary Movie  5.8). 

Additional analysis indicates that increased matrix and increased matrix stiffness also results in 

changes in flux rise time, decay time, and full width half max (Supplementary Figure 5.8). We 

also treated tissues with the β-adrenergic agonist isoproterenol to further analyze tissue maturation 

and function (Figure 5.3k-p). As β-adrenergic signaling plays a critical role in regulating 

cardiomyocyte contractility and calcium handling, robust responses to agonists of this pathway, 

such as increased contractile frequency and stress, are generally indicative of a more mature 

phenotype (Jung et al. 2016; Karbassi et al. 2020; Ronaldson-Bouchard et al. 2018; Tsan et al. 

2021). Across all conditions tested, tissues demonstrated chronotropic and inotropic responses to 

isoproterenol (Figure 5.3k-p; Supplementary Movie 5.9). Importantly, isoproterenol induced a 
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greater force-frequency response in tissues formed on soft (0.68 kPa), aligned matrices with soft 

(0.41 N/m) posts as compared to tissues formed on stiffer aligned matrices, soft non-aligned 

matrices, or stiffer posts (Figure 5.3k-p). 

These findings highlight the value of a bioengineered platform that enables orthogonal 

tuning of various microenvironmental mechanical inputs, as each input appeared to have unique 

effects on tissue structure and function. Collectively, the results presented herein support the claim 

that tissues formed on soft, aligned fibrous matrices contracting against soft boundaries resulted 

in the most structurally and functionally mature EHTs. Additionally, these studies also reveal that 

each mechanical perturbation impacts tissue function, assembly, and maturation and in unique 

ways. Specifically, disrupting fiber alignment reduces both myofibril organization and density 

resulting in less contractile tissues. Increases in fiber stiffness also yield less dense myofibril 

networks, promote an arrhythmogenic phenotype, and decrease cell-matrix adhesions in contrast 

to findings from studies tuning hydrogel substrate stiffness. Increased post stiffness also resulted 

in a more prominent arrhythmogenic phenotype, but only when tissues were formed on random 

matrices between stiff pillars. Studies using this highly controlled system also showed that 

combinations of mechanical and architectural inputs can alter tissue structure and function in 

complex and non-intuitive ways. For example, while randomly oriented fibers in most 

combinations with post and fiber stiffness led to decreased tissue contractility and disorganized 

myofibrils, surprisingly, randomly oriented fibers spanning stiff posts resulted in aligned 

myofibrils and tissues with heightened contractility. Despite mirroring the highest functioning 

tissues in terms of contractile stress and myofibril organization, these tissues displayed substantial 

contractile frequency irregularity consistent with a pro-arrhythmic phenotype and expressed lower 

levels of connexin-43 and MLC-2v (Figure 5.2, Figure 5.3). Leonard et al. showed that gradually 



 131 

increasing cantilever stiffness yields increases in contractile force to a point where the boundary 

stiffness reached potentially pathologic levels (Leonard et al. 2018). Additionally, increased 

mechanical loading of tissues has been shown to increase myofibril organization (Bliley et al. 

2021; Ramachandran et al. 2023), further supporting the fact that high boundary stiffness may be 

driving this phenotype. While established EHT platforms have been used to examine the impact 

of individual mechanical perturbations, we can explore the combinatorial effects of this wide array 

of physiologically relevant biophysical parameters via the unique combination of predefined 

synthetic ECM-mimetic fibers integrated with microfabricated pillars. Finally, while these studies 

indicate the importance of control over mechanical features and matrix architecture in driving 

iPSC-CM maturation, other maturation techniques such as electrical pacing and metabolic 

programming are likely essential in deriving tissues that more closely approach the function of 

healthy adult myocardium (Correia et al. 2017; Feyen et al. 2020; Ronaldson-Bouchard et al. 

2018). Indeed, culturing fibroTUGs formed with varying post stiffnesses in media that promotes 

oxidative phosphorylation (OxPhos) yielded tissues with greater contractile force after 7 and 14 

days in culture as compared to those cultured in standard media (Tsan et al. 2021)  

(Supplementary Figure 5.3). While tissues cultured in baseline RPMI-1640 medium 

supplemented with B27 appear to adapt their contractile machinery to exhibit similar levels of 

force on posts of increasing stiffness, tissues cultured in OxPhos medium for 14 days between 0.9 

N/m posts had the highest contractile function compared to tissues formed between 0.41 N/m and 

1.2 N/m (Supplementary Figure 5.3c-d). These results are consistent with previous studies 

showing that metabolic maturation can increase the levels of tissue contractile force and further 

suggest that iPSC-CM tissues will adapt to increasing post stiffness by increasing their contractility 
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until the tissue’s boundary stiffness approaches a stiffness regime reflecting pathological 

conditions (J. Guo et al. 2021; Leonard et al. 2018; Z. Ma et al. 2018; Tsan et al. 2021). 

5.4.3 Tissue specific modeling of fibroTUG reveals altered cellular response to matrix 

stiffness 

The ability to orthogonally tune mechanical and architectural inputs to EHT formation 

enables investigation into how iPSC-CMs sense and respond to distinct physical 

microenvironmental cues. However, a limitation of many EHT platforms (including ours) is that 

tissue-scale contractile force readouts are determined by measuring post deflections. While this 

affords a direct measure of dynamic tissue contractility, these measurements fail to capture stresses 

and strains at the cell and subcellular levels. This is best illustrated by an example of highly 

contractile CMs contracting on rigid matrices, where limited post deflections would misleadingly 

suggest low CM contractility. The discrepancy between tissue contractility and cell force/stress 

thus limits our interpretation of how iPSC-CMs may be responding to matrix alignment, matrix 

stiffness, or boundary constraints. To overcome this challenge, we generated tissue-specific 

computational models of fibroTUGs that enable quantification of the active cell stresses generated 

by iPSC-CMs within these tissues based on the input parameters of composite force, myofibrillar 

structure, and the underlying fiber structure. Detailed methods on how tissue-specific models were 

generated and validated can be found in Jilberto et al. (2023) (Jilberto et al. 2023).  Briefly, to 

generate these computational models, an image analysis pipeline was developed to extract key 

matrix and cell parameters including fiber density, alignment, and dispersion; sarcomere density 

and alignment; and tissue displacements (i.e. post deflections) from time-lapse imaging (DePalma 

et al. 2021) (Figure 5.4a-c). From these metrics, a non-linear hyperelastic finite element model 

that accounts for tissue-specific fiber and cell mechanics was constructed.  The contraction of each 
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tissue was simulated while computing the active stress of CMs required to generate the 

experimentally determined contractile dynamics (Supplementary Movie 5.10). By design, the 

model captures the contractile behavior experimentally measured at the posts (Figure 5.4d) and 

the active stress curve generated by the model describes the heterogenous local contractile function 

that the CMs generate given the tissue-specific inputs described above (Figure 5.4e). 

In comparing tissues formed with soft vs. stiff fibers, we found that CMs on stiff matrices 

in fact generated lower active cell stresses than those on soft matrices (Figure 5.4f), suggesting 

that a cellular mechanoresponse to matrix stiffness in part explains the observed reduced force 

output. The extent to which decreased post-derived force measurements on stiff matrices is a 

product of an adaptive cellular response as opposed to the mechanics of the fiber matrices is 

unknown. However, the magnitude of the decrease in post force on stiff matrices compared to 

soft was greater than the magnitude of the decrease in the cellular active stress on stiff matrices 

(Figure 5.4f), highlighting a combination of cellular mechanosensing in addition to matrix 

stiffness and structure in defining tissue force measured by post deflections. Post stiffness, 

however, did not significantly change the relationship between tissue and active cell stresses, as 

expected (Figure 5.4g). Further exploration of insights gained from the computational model are 

discussed in the concurrent manuscript (Jilberto et al. 2023). Here, we delved deeper into the 

discussed result and its implications – that matrix stiffness impacts how CMs generate 

intercellular forces and forces applied extracellularly to the underlying matrix. 
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Figure 5.4: Tissue-specific computational modeling of fibroTUGs shows altered cellular 
contractility on matrices of varied stiffness. (a) Density, alignment, and dispersion fields 
characterizing the structure of the fibrous matrix. (b) Sarcomere density and alignment 
characterizing the structure of the myofibril network. (c) Results of the simulation for 
representative tissue showing inner displacement magnitude (left), and sarcomere strain (right). 
(d) Simulated post displacement and force time traces matching the experimental data for one 
simulation, where post displacement and force data are the simulation input. (e) The resulting mean 
active stress curve exerted by sarcomeres in the model to match the data in (d). (f-g) Post-force 
input (left two bars on gray background) compared with the computed active stress (right two bars 
on white background) for n>100 simulations with varied fiber stiffness (f) and varied post-stiffness 
(g).  All data presented as mean ± std; * p < 0.0001 by unpaired t-tests. 
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5.4.4 Matrix stiffness impacts cell-ECM interactions and costamere formation 

The preceding studies demonstrate that matrix stiffness significantly impacts EHT 

formation and function (Figure 5.2, Figure 5.3), expression of markers associated with maturation 

(Figure 5.3), and active cell stresses (Figure 5.4). As the fibroTUG platform provides a means to 

probe how the mechanics of the fibrous ECM impacts tissue assembly and maturation, we next 

examined if cell-ECM interactions might differ in tissues formed on soft compared to stiff 

matrices. Previous work from Chopra et al. implicated FAs or protocostameres as critical 

nucleation points for sarcomere and myofibril assembly in iPSC-CMs cultured on 2D 

micropatterns (Chopra et al. 2018). Moreover, Fukuda et al. examined the role of vinculin, a 

mechanosensitive protein that localizes to cell-matrix adhesions as well as adherens junctions, in 

zebrafish heart development (Fukuda et al. 2019). Their results indicate that mechanical strain 

upregulates vinculin expression, which is known to mediate myofibril maturation throughout 

development. We thus hypothesized that altered cell-matrix interactions as a function of fibrous 

matrix stiffness could impact FA and myofibril assembly. Further building upon this previous 

work and our findings highlighting changes in iPSC-CM function and maturation on matrices of 

varying mechanics, we also hypothesized that changes in FA assembly may coincide with changes 

in myofibril maturation at later time points (Day 7). 

To test these hypotheses, we generated tissues between soft posts, on aligned soft (0.68 

kPa) or stiff (17.3 kPa) matrices and assessed after 1, 3, or 7 days of culture. Immunostaining for 

vinculin, a marker of mechanoresponsive FAs and key regulator of cardiac development (Fukuda 

et al. 2019), and quantification of FA size, shape, and overall abundance via 3D segmentation of 

confocal z-stacks revealed marked stiffness-mediated differences in cell-matrix interactions during 

tissue assembly and maturation (Fig. 5). At day 1, during initial myofibril assembly, FAs were 
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observed to colocalize with matrix fibers and the number of vinculin-rich FAs, average size of 

FAs, total vinculin expression, and the eccentricity of each adhesion all were significantly greater 

on soft matrices as compared to stiff (Figure 5.5a-e). Further, initially formed immature myofibrils 

were more disorganized on stiff matrices than on soft (Figure 5.2a, Supplementary Figure 5.9). 

At days 3 and 7, the average FA size and total FA signal, as determined by vinculin 

immunostaining, decreased slightly independently of matrix stiffness (Figure 5.5c,d). At these 

later timepoints, vinculin localized to z-discs most prevalently in tissues formed on soft matrices 

as quantified by colocalization with the z-disc protein titin. This co-localization suggesting the 

formation of costameres to our knowledge has not been previously reported for iPSC-CM EHTs 

(Figure 5.5a,e-g). In native myocardium, costameres physically link myofibrils to the surrounding 

ECM at each z-disc, enabling force transmission to adjacent tissue (Samarel 2005; Shakp et al. 

1997; Simpson et al. 1993). These structures are known to play a critical role in regulating 

myocardial contractile function and their formation during development may be regulated in part 

by mechanical strain within the tissue (Fukuda et al. 2019; Kaushik et al. 2015). We also observed 

an increase over time in the expression of the β1D integrin splice isoform uniquely in soft matrices 

(Supplementary Figure 5.10). Integrin β1D is specific to cardiac and striated muscle cells and 

has previously been associated with cardiac maturation (Belkin et al. 1996; Van Der Flier et al. 

1997; Israeli-Rosenberg et al. 2014). Taken together, the formation of costameres and increased 

expression of β1D integrin may indicate a more mature CM adhesive state regulated by matrix 

mechanics that corresponds to the formation of more mature myofibrils (Figure 5.3c,d). 

To further explore the connection between tissue maturation and costamere formation, we 

cultured fibroTUG tissues generated on soft, aligned matrices spanning soft posts in OxPhos media 

for 21 days to test the potential for further iPSC-CM maturation (Correia et al. 2017; Tsan et al. 



 137 

2021). Fixing and imaging tissues immunostained for vinculin and GFP-titin at days 1, 3, 7, 14, 

and 21 revealed that vinculin colocalization with the z-disc persists at later time points as the 

tissues continue to mature (Supplementary Figure 5.11a,e,f, Supplementary Figure 5.5). As 

was the case in tissues cultured in standard RPMI B27 media, FA average size trended downward 

over time as did adhesion eccentricity, supportive of a transition in CM adhesion from proto-

costameres to costameres (Supplementary Figure 5.11b,d). However, the total volume of 

vinculin-enriched structures in the tissue increased at later time points, suggesting continued 

remodeling of cell-matrix adhesions in conditions that drive tissue maturation (Supplementary 

Figure 5.11d). As previously described, costameres are composed of various proteins that play 

specific roles in processes such as cellular mechanosensing and signal transduction. We thus 

confirmed our previous findings by additionally immunostaining for zyxin, an adhesion protein 

associated with adhesion maturation that regulates actin polymerization (Al-Hasani et al. 2022; 

Shi, Wang, et al. 2022; Shi, Wu, et al. 2022). In contrast to vinculin, average zyxin volume 

remained relatively constant while total zyxin expression and eccentricity increased over time (Fig. 

12a-d). Additionally, zyxin localization to costameres (based on co-localization with titin) lagged 

behind vinculin, peaking at day 14 as opposed to day 7 (Supplementary Figure 5.12a,e-f). This 

is consistent with the notion that zyxin is recruited to more mature adhesions based on previous 

observations of zyxin recruitment to adhesions following vinculin and paxillin, both of which are 

more rapidly recruited (C. K. Choi et al. 2008; Legerstee et al. 2019). 
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Figure 5.5: Matrix mechanics influence costamere formation which regulates myofibril 
assembly and maturation. (a) Confocal fluorescent images of fibroTUG tissues fixed at day 1, 3 
and 7 post seeding on either soft (0.68 kPa) or stiff (17.1 kPa) aligned fiber matrices (post stiffness 
was held constant at 0.41 N/m). All images show a region located at the center of each tissue. (b) 
Average vinculin volume, (c) total vinculin volume, (d) and vinculin eccentricity were quantified 



 139 

from the fluorescent images of immunostained vinculin (n ≥ 5). (e) Costamere formation was 
assessed by quantifying vinculin colocalization with titin. Colocalization of vinculin and titin on 
day 7 was visualized via fluorescence intensity plots of titin (cyan) and vinculin (magenta) on (f) 
0.68 kPa matrices and (g) 17.1 kPa matrices from lines drawn along the major axis of regions 
indicated by the rectangles overlayed on images in panel a. All data presented as mean ± std; * p 
< 0.05. 

 

As vinculin also localizes to adherens junctions, we co-immunostained tissues fixed at days 

1, 3, and 7 for N-cadherin and vinculin to examine whether N-cadherin (N-cad) and vinculin co-

localization to the intercalated disc was also influenced by matrix stiffness (Figure 5.6a-d). Total 

N-cadherin expression increased comparably over culture time in tissues formed on both soft and 

stiff matrices (Figure 5.6a,b). Expression of desmoplakin, a key desmosomal protein, also 

increased similarly with time on soft and stiff matrices (Supplementary Figure 5.13). 

Localization of vinculin to N-cadherin, however, was greatest on soft matrices at days 3 and 7, 

potentially indicating the formation of more robust and mechanically engaged intercalated discs 

(Figure 5.6a,c). When normalizing the intensity of vinculin at intercalated discs to costameric 

vinculin, differences between the two matrix conditions were not apparent, indicating that vinculin 

expression is upregulated in both locations in the more contractile tissues formed on soft matrices 

(Figure 5.6d). This idea is supported by findings from Fukuda et al. that indicate vinculin 

localization to both costameres and cell-cell junctions is upregulated in CMs that experience 

mechanical strain during development (Fukuda et al. 2019).  

 Using high resolution imaging, we identified three distinct locations to which vinculin 

localizes in fibroTUG tissues: 1) FAs, most prevalent upon initial cell adhesion and during 

myofibril assembly (day 1), 2) intercalated discs, and 3) costameres, which were evident by day 

7 following myofibril formation (Simpson et al. 1993) (Figure 5.6e-g, Supplementary Figure 

5.14). Of note, vinculin localized to z-discs to form costameres preferentially in soft matrices by 
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day 7, suggesting myofibril maturation may be associated with the formation of these critical 

cell-ECM adhesions (Figure 5.6e). Vinculin was present at N-cadherin-rich adherens junctions 

in both soft and stiff matrices by day 7 (Figure 5.6f, Supplementary Figure 5.14), despite the 

lower amount of N-cadherin colocalization with vinculin observed in stiff tissues more broadly 

(Figure 5.6c). Finally, we observed vinculin localization to FAs distinct from z-discs based on 

the lack of titin and instead co-localization with non-muscle myosin-IIB (NMM-IIB) (Figure 

5.6g). FAs were particularly prominent in assembling tissues on day 1 and more commonly 

observed on stiff matrices across all time points (Figure 5.6g), in line with decreased vinculin 

localization to titin noted on stiff matrices (Figure 5.5e). Furthermore, these complexes were 

larger and more elongated on soft matrices than stiff matrices at day 1, suggesting more robust 

adhesion to soft matrices, as previously described (Figure 5.6g, Figure 5.5d). These three 

vinculin-enriched adhesive structures were first observed by Simpson and colleagues in adult 

feline CM cultures (Simpson et al. 1993). Their results suggest that contractile behavior and the 

formation of cell-cell junctions regulate vinculin distribution and potentially myofibril assembly 

(Chopra et al. 2018; Merkel et al. 2019; Shakp et al. 1997; Simpson et al. 1993). Our 

observations indicate that cellular mechanosensing of the surrounding ECM drives the 

expression and localization of vinculin to distinct cellular domains within iPSC-CMs and further 

supports the role that contractile activity plays in regulating vinculin distribution (Figure 5.5, 

Figure 5.6). 
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Figure 5.6: Microenvironmental mechanics regulate vinculin localization to costameres, 
adherens junctions and focal adhesions. (a) Confocal fluorescent images of fibroTUG tissues 
fixed at day 1, 3 and 7 after seeding on either soft (0.68 kPa) or stiff (17.1 kPa) aligned fiber 
matrices (post stiffness was held constant at 0.41 N/m). All images show a region located at the 
center of each tissue. (b) N-cadherin (N-Cad) fluorescence was quantified from the fluorescent 
images of immunostained N-cadherin (n ≥ 8). (c) Vinculin localization to adherens junctions was 
quantified by analyzing vinculin and N-cadherin immunostained images. (d) Ratio of vinculin that 
localized to intercalated discs (ICD) to vinculin localized to costameres or sarcomere z-discs. 
Representative confocal fluorescent images of vinculin localization at days 1 or 7 to (e) costameres 
(i.e., vinculin colocalization to titin), (f) adherens junctions (i.e., vinculin colocalization to N-
cadherin), and (g) focal adhesions (i.e., vinculin colocalization to NMM-IIB) not associated with 
either N-cadherin or titin staining, as indicated by red arrow heads and boxes. All data presented 
as mean ± std; * p < 0.05. 
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5.4.5 Tissue contractility drives myofibril maturation and costamere formation in soft 

matrices 

In the preceding studies, soft (0.68 kPa), aligned fibrous matrices yielded the most 

contractile tissues and localization of vinculin to costameres, an adhesive phenotype not 

previously reported in EHTs derived from iPSC-CMs (Figure 5.2, Figure 5.5, Figure 5.6). As 

prior studies implicated myosin contractility as being critical for myofibril assembly and 

maturation (Chopra et al. 2018; Fenix et al. 2018; Taneja, Neininger, and Burnette 2020; Tsan et 

al. 2021), we next examined if myosin contractility also plays a role in regulating myofibril 

stability and costamere formation. iPSC-CMs seeded on soft matrices were treated with 

blebbistatin (50 µM) beginning at day 3, an inhibitor of both non-muscle myosins and cardiac 

myosins, or mavacamten (500 nM), a cardiac myosin specific inhibitor, to test whether myosin 

contractility is required for myofibril maturation and concomitant vinculin localization to 

costameres (Figure 5.7). Comparisons were made to tissues formed on stiff matrix conditions, 

which exhibited less costameric vinculin and overall lower myofibril density (Figure 5.5). 

Tissues were analyzed on day 8 to assess diastolic stress, vinculin localization, and myofibril 

assembly. In only untreated tissues on soft matrices, we observed a decrease in diastolic tissue 

length implying enhanced tissue contractility (Figure 5.7b). In contrast, blebbistatin and 

mavacamten treated tissues both increased in length, indicating relaxation and lower diastolic 

stress (Figure 5.7c-d). Further, the number of vinculin-enriched adhesions, total vinculin 

expression, and eccentricity of adhesive structures decreased in tissues treated with both 

blebbistatin and mavacamten from days 3-8, implying disrupted maturation of cell-cell and cell-

ECM adhesions (Figure 5.7e-g). FA organization and vinculin localization in treated tissues 

formed on soft matrices were similar to that of untreated stiff matrix tissues, suggesting that 
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diminished CM contractility on stiff matrices may limit FA maturation (Figure 5.7e-g). No 

effect was observed when treating tissues from only days 7-8, most likely due to the shorter 

treatment duration that was not long enough to allow significant disassembly of cell-ECM 

adhesions and myofibrils which may happen more gradually (Supplementary Figure 5.15). 

Additionally, myofibril organization and density, along with non-muscle myosin IIB expression, 

decreased upon myosin inhibition, supporting a role for actomyosin contractility in myofibril 

maintenance (Figure 5.7h,i, Supplementary Figure 5.16). Finally, vinculin localization to z-

discs decreased in treated tissues, implying that actomyosin contractility is critical for the 

formation of costameres (Figure 5.7j). 

 

 

Figure 5.7: Tissue contractility drives the maturation and maintenance of myofibrils and 
costameres. (a) Confocal fluorescent images of fibroTUG tissues treated with blebbistatin (50µM) 
or mavacamten (500 nM). All images show a region located at the center of each tissue. (b) 
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Diastolic tissue length on day 3 and 8 of tissues seeded on soft (0.68 kPa) and stiff (17.1 kPa) 
aligned fiber matrices (post stiffness was held constant at 0.41 N/m) without treatment with the 
contractile inhibitors. (c,d) Diastolic tissue length of tissues seeded on soft matrices on day 3 before 
treatment with contractile inhibitors, (c) blebbistatin or (d) mavacamten, and day 8 after 5 days of 
treatment (n ≥ 8). (e) Focal adhesion count, (f) vinculin volume per cell, and (g) focal adhesion 
eccentricity were quantified from the fluorescent images of immunostained vinculin (n ≥ 6). (h) 
Sarcomere alignment deviation and (i) titin volume per cell quantified from fluorescent images of 
titin-GFP reporter (n ≥ 6). Vinculin colocalization with titin per cell quantified from titin and 
vinculin images (n ≥ 6). All data presented as mean ± std; * p < 0.05. 

 

Variants in β-cardiac myosin (MYH7) and other regulators of contractility are associated 

with hypertrophic cardiomyopathies (HCM) and dilated cardiomyopathies (DCM).  In fact, nearly 

a third of all known HCM variants arise from mutations in MYH7, in line with our findings that 

myosin driven CM contractility is critical for myofibril assembly, maturation, and overall 

structural integrity (Jordan et al. 2021; Nakamura and Sadoshima 2018). Additionally, many 

costameric proteins including vinculin and filamin C, are strongly implicated in dilated 

cardiomyopathies (Agarwal et al. 2021; Jordan et al. 2021; Sarker et al. 2019). Studying the impact 

of these mutations on tissue function requires accurate models of the myocardium that possess 

adult-like function and structure (Karbassi et al. 2020). The fibroTUG platform provides the 

mechanical control and ECM-like architecture of fibrous matrices necessary for driving a mature 

cell-adhesive phenotype that may be critical to a deeper understanding of the mechanisms of such 

diseases. 

5.4.6 Costamere formation is associated with more mature myofibrils 

As costameres are the sole mediator of CM-ECM adhesion in the mature adult 

myocardium, we next tested the hypothesis that MLC-2v expression directly correlates with 

costamere formation (Figure 5.8). Shared expression of costameric vinculin and MLC-2v could 
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suggest that robust cell adhesion to the matrix along the myofibril facilitates myofibril maturation 

via recruitment of the more mature myosin light chain isoform. We seeded iPSC-CMs containing 

a GFP-titin reporter on both soft and stiff aligned matrices tethered between soft posts and 

immunostained for MLC-2v and vinculin after 7 days of culture (Figure 5.8). As before, we 

observe increased MLC-2v expression and vinculin localization to z-discs on soft matrices. In 

contrast, iPSC-CMs on stiff matrices revealed significantly lower MLC-2v expression (Figure 

5.8a,b). Interestingly, examining the ratio of MLC-2v colocalized with vinculin-rich costameres, 

we found that the percentage is high in both soft and stiff matrices, despite decreased overall 

expression of MLC-2v in stiff matrices, indicating a relationship between myofibril maturation 

and costamere formation (Figure 5.8c). To confirm this quantification, we segmented the tissue 

into subsections comparable to the area inhabited by a single spread CM. For each of these 

subregions, MLC-2v expression was plotted against costameric vinculin and fit to a linear 

regression model (Figure 5.8d,e). On both soft and stiff matrices, correlation between these two 

metrics was positive and significant; however, a higher linear regression slope was noted for 

tissues formed on soft matrices, indicating that the highest level of both costameric vinculin MLC-

2v was attained in tissues on soft matrices (Figure 5.8d,e). Taken together, these data indicate that 

the formation of costameres is coupled with myofilament maturation, though costamere formation 

does not necessarily lead to myofibrillar maturation. This highlights the critical relationship 

between CM cell-matrix adhesion and myofibril maturation that hand in hand define CM and 

overall tissue contractility. 
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Figure 5.8: Costamere formation is associated with more mature myofibrils. (a) Confocal 
fluorescent images of fibroTUG tissues fixed at day 7 after seeding on either soft (0.68 kPa) or 
stiff (17.1 kPa) aligned fiber matrices (post stiffness was held constant at 0.41 N/m). (b) 
Quantification of MLC-2v expression per cell (n ≥ 12). (c) Ratio of MLC-2v expressing myofibrils 
that are associated with robust costamere formation (n ≥ 12). For tissues formed on (d) soft and 
(e) stiff matrices, correlation between MLC-2v expression and costameric vinculin was assessed 
by segmenting tissues into regions equal to roughly the size of one CM and MLC-2v and 
costameric vinculin expression was quantified within each of these regions. Each point on the plot 
represents a single subregion on one of three representative tissues. Linear regressions for data 
from each individual tissue are indicated by different colored dashed lines while linear regression 
of the data from these three tissues pooled together is indicated by the solid black line. The slope 
and R2 value for this pooled data are also noted in the plots. All data presented as mean ± std; * p 
< 0.05. 

 

5.5 Discussion 

Despite many recent advances, studying the impact of biophysical cues on iPSC-CM tissue 

assembly and maturation remains challenging. Current 2D models provide an excellent setting for 

certain applications, but typically cannot recapitulate native tissue mechanics and architecture. 

Common 2D culture platforms such as micropatterned ECM proteins, for example, lack the fibrous 

topography and mechanical heterogeneity present in native myocardial tissues (McCain et al. 

2012; A. J. S. Ribeiro et al. 2015; Tsan et al. 2021). Other electrospun scaffolds have limited 
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mechanical control, as materials such as polycaprolactone are much stiffer than fibrillar proteins 

in the ECM and lack mechanical tunability (Allen et al. 2019; Fleischer et al. 2015; Wanjare et al. 

2017). Additionally, while widely used 3D constructs more closely mimic the dimensionality of 

native environmental conditions and enable control of some relevant mechanical inputs such as 

boundary stiffness, isolating the impact of tissue-relevant mechanical and architectural cues on 

CMs in these models is intractable due to the use of natural biomaterials (Cho et al. 2022; Tenreiro 

et al. 2021). Thus, new EHT platforms that capture the fibrous architecture of the native ECM 

while enabling orthogonal tuning of boundary stiffness, matrix alignment and stiffness (over a 

physiologic range) may provide new insights into iPSC-CM mechanosensing, function, and 

structural maturation. Thus, we created a 2.5D tunable iPSC-CM tissue platform composed of 

mechanically tunable synthetic fiber matrices suspended between two elastomeric posts, enabling 

the study of key physical microenvironmental inputs to tissue assembly and function: tissue 

boundary constraints, matrix fiber alignment, and matrix stiffness. 

Unlike other approaches to engineering cardiac tissues, the orthogonal tunability of the 

fibroTUG cardiac microtissue platform allowed for careful dissection of how individual 

biophysical cues impact CM organization and function. While several studies have examined how 

mechanical inputs impact iPSC-CM function and tissue assembly, previously established 

platforms lack the ability to isolate the effects of relevant discrete physical properties in a setting 

that faithfully recapitulates the architecture of the myocardial microenvironment. Furthermore, the 

formation of thin fibroTUG tissues (~15 µm thick) between elastomeric posts permits 

comprehensive image-based analysis of both contractile function and subcellular structural 

development of the tissues, which enabled insights into the distinct impacts each mechanical input 

has on tissue assembly, contractility, and maturation. 
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More specifically, each mechanical perturbation made possible by the fibroTUG platform 

corresponds to various microenvironmental states that occur in native tissue development and 

disease progression. Our studies exploring the influence of fiber stiffness provide insight into how 

changes in ECM mechanics during cardiac development or disease progression may impact 

cardiac tissue organization and function. Alternatively, matrix alignment is known to play a critical 

role in tissue function where disorganized fibrotic ECM deposited due to myocardial injury has 

been suggested to contribute to abnormal myocardial biomechanics and disease-associated 

signaling (Kong, Christia, and Frangogiannis 2014; Karl T. Weber 1989). Finally, control over 

post stiffness to define tissue boundary constraints may reflect tissue remodeling associated with 

altered cardiac afterload, which is known to alter heart function in various contexts (Bliley et al. 

2021; Leonard et al. 2018; Nakamura and Sadoshima 2018; Ramachandran et al. 2023; Toischer 

et al. 2010). 

Importantly, many cardiac microtissue platforms require the inclusion of stromal cells for 

tissue assembly and compaction (Boudou et al. 2012; Giacomelli et al. 2020; J. Guo et al. 2021; 

Ronaldson-Bouchard et al. 2018; Tenreiro et al. 2021; Thavandiran et al. 2013; Tiburcy et al. 

2017). However, their random distribution amongst contractile CMs does not accurately 

recapitulate the organization of the native myocardium where CMs and stromal cells are 

segregated (Costa et al. 1999; Pope et al. 2008; Karl T. Weber 1989), and furthermore confounds 

clear insights into how various biophysical cues impact specifically CM development and 

maturation. Additionally, these tissues typically exhibit limited stability over time in culture due 

to stromal cell proliferation, contraction, and tissue delamination (Karbassi et al. 2020; Tenreiro 

et al. 2021). In our fibroTUG platform, predefining matrix properties before seeding enables the 

assembly of robust iPSC-CM tissues without the addition of stromal cells. There is mounting 
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evidence to suggest that CM-fibroblast crosstalk via both direct cell-cell connections and paracrine 

signaling can drive iPSC-CM maturation(Giacomelli et al. 2020; Uscategui Calderon, Gonzalez, 

and Yutzey 2023). Expanding on this idea, these studies show that, independent of other 

biochemical signals, CM mechanosensing of synthetic matrices that recapitulate fibroblast 

secreted perimysial collagen fibers can significantly impact CM development and function. Future 

studies using this platform will be focused on comparing tissues formed from pure iPSC-CM 

populations to those containing fibroblasts to probe how fibroblasts might impact iPSC-CM 

maturation. 

We found that tissues formed on soft (0.68 kPa), aligned matrices suspended between soft 

(0.41 N/m) posts were the most mature, as evidenced by myofibril density and contractility 

(Figure 5.2, Figure 5.3). These optimized mechanical conditions yielded tissues with comparable 

contractile stress output to tissues generated in other studies (Bliley et al. 2021; Huebsch et al. 

2016; Leonard et al. 2018; Melby et al. 2021; Ronaldson-Bouchard et al. 2018; Ruan et al. 2016; 

Shadrin et al. 2017). However, most of these approaches yield tissues that were much larger and 

therefore composed of substantially more CMs (often >1e6 CMs) as compared to our tissues 

composed of an average of 100 CMs. Further, our fibroTUG microtissues contract with higher 

stress than myocardial tissues strips obtained from human newborn and infant hearts (~0.9 kPa) 

(Wiegerinck et al. 2009). Taken together, this mechanically tunable platform can drive the 

formation of functional iPSC-CM tissues. 

Each mechanical input we explored had distinct effects on tissue assembly, maturation, 

and contractility, suggesting that different mechanosensing mechanisms may be involved in 

responding to various mechanical signals. First, altered contractile function of tissues formed in 

aligned vs. random fiber matrices is likely a result of disrupted myofibril density and organization. 
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(Figure 5.2). By isolating matrix alignment from matrix and boundary stiffness perturbations, we 

can conclude that iPSC-CM interactions with disorganized matrices leads to impaired formation 

of aligned myofibrils. Specifically, we found that increased fiber alignment improved myofibril 

alignment and density, independent of fiber stiffness and post stiffness.  Secondly, isolating the 

impact of altered matrix stiffness in our tissue platform revealed that contractility of CMs on soft 

vs. stiff fiber matrices is in part defined by differential mechanosensing and CM-matrix 

interactions. Using non-degradable, mechanically defined, and well-characterized synthetic fibers 

that can be easily imaged facilitated the creation of tissue-specific modeling the provided precise 

analysis of how matrix architecture and mechanics impact iPSC-CM contractile function (Jilberto 

et al. 2023). This integration of finite element models of our fibroTUG platform provided further 

insights into how iPSC-CMs respond to this specific mechanical perturbation and confirmed that 

CMs on stiff matrices indeed individually generating less stress (Figure 5.4). Specifically, we 

found that differences in tissue contractility as measured by elastomeric posts were not only caused 

by changes in matrix deformability, but also a cellular contractile response to changes in matrix 

stiffness, as measured by changes in cellular active stresses (Figure 5.4). Further supporting this 

claim, cell adhesions, and more specifically the formation of costameres, proved sensitive to 

matrix stiffness, implying that cellular mechanosensing dictates the formation of distinct adhesive 

structures that may influence tissues assembly and structural maturation (Figure 5.5). Current 

computational modeling efforts are focused on integrating cell-ECM and cell-cell adhesions into 

the system with the goal of better understanding how tissue mechanosensing impacts tissue growth 

or disease progression[67]. Lastly, while increasing post stiffness did not impact cellular active 

stress or post-force measurements, stiff boundary constraints appear to be sufficient in driving 

myofibril alignment regardless of matrix organization, despite low levels of fractional shortening. 
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Fiber alignment plays a key role in the development of fibroTUG tissues, and previously 

developed techniques including electrospun scaffolds, nano- and micro-grooved surfaces, or 

micropatterning have been shown to drive alignment and subsequent maturation of iPSC-CMs 

(Allen et al. 2019; Carson et al. 2016; DePalma et al. 2021; A. J. S. Ribeiro et al. 2015; Tsan et al. 

2021). Additionally, many groups have explored how matrix stiffness impacts CM maturation and 

contractile function, culminating in the observation that CMs contract most robustly on hydrogels 

of physiologic stiffness (~8-10 kPa) (Engler et al. 2008; A. J. S. Ribeiro et al. 2015). In our studies, 

soft, fibrous matrices (0.68 kPa) that more closely mimic the stiffness of fetal heart tissue yielded 

the most contractile tissues (Engler et al. 2008). This discrepancy could be explained by the distinct 

architecture and local mechanics of fibrous matrices as compared to isotropic, continuum-like 

hydrogel or elastomer surfaces that lack discrete fibrous structure and topography (DePalma et al. 

2021). In addition to better modeling CM responses the native tissue microenvironment, this tissue 

model may also better mimic the mechanics of other 3D EHT constructs made from fibrous 

hydrogels such as fibrin or collagen. Furthermore, in our platform, tissues formed on soft, aligned 

matrices with soft boundary conditions displayed the highest levels of fractional shortening, a key 

regulator of iPSC-CM maturation (Bliley et al. 2021; Ruan et al. 2016; Tsan et al. 2021). Caution 

should be taken, however, when attempting to compare elastic moduli of hydrogels and other in 

vitro culture platforms with the modulus of native tissues, as characterization techniques vary 

widely across settings (e.g. testing in compression vs. tension, or at different length-scales). 

Additionally, as highlighted here, cells sense and respond to many mechanical properties of a 

material that are not captured in a simple elastic modulus measurement. Previous work from our 

group showcases this idea, demonstrating that fibroblasts or mesenchymal stem cells cultured on 

fibrous scaffolds generate more robust focal adhesions when individual fibers and resulting 
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matrices are softer rather than stiffer, in contrast to previous studies showing great focal adhesions 

formation on stiffer elastic hydrogel or elastomer surfaces (Baker et al. 2015; C.D. Davidson et al. 

2020). As it is well accepted that iPSC-CMs are most comparable to fetal CMs, the results 

presented here supports the concept of initiating CMs in a soft environment to allow them to 

assemble properly prior to gradually increasing matrix mechanics to promote CM growth and 

maturation, as has been previously explored using elastic hydrogels (Young and Engler 2011). 

One aspect of this mechanoresponse involves the formation and modulation of costameres. 

In agreement with previous work (Chopra et al. 2018; Taneja, Neininger, and Burnette 2020), we 

observed that protocostamere formation corresponds with initial myofibril assembly. However, 

our experiments examined timepoints beyond early spreading of iPSC-CMs mediated by proto-

costameres in a multicellular, tissue-like context.  Intriguingly, we found that costamere formation, 

as evidenced by vinculin and zyxin localization to the z-disc, is maximized when tissues are 

maintained on soft (0.68 kPa) fiber matrices (Figure 5.5). Previous results obtained by culturing 

single iPSC-CMs on soft vs stiff hydrogels indicated that the stiffness of the hydrogel surface did 

not impact costamere formation, supporting the idea that iPSC-CMs interact differently with 

fibrous matrices compared to isotropic hydrogel surfaces (Shi, Wang, et al. 2022). Further, these 

findings support a dynamic interplay between adhesion myofibrillar proteins where 

protocostameres give rise to myofibrils followed by a redistribution of adhesion proteins to along 

the myofibril under particular mechanical conditions.  Additionally, we found that iPSC-CMs 

possessing more costameres also demonstrated increased expression of MLC-2v, a marker of 

mature myofibrils in ventricular CMs (Figure 5.8). As costameres play a critical role in 

transmitting force generated by the myofibril to the surrounding matrix, these results suggest that 

mechanical inputs from the microenvironment keenly influence the formation of distinct types of 
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matrix adhesions and myofibrillar content. Despite observing that MLC-2v expression and 

costameres correlate on a per cell basis (Figure 5.8), the connection between the two remains to 

be explored. 

Our results may inform the design of larger-scale tissue patches and translatable 

regenerative therapies, where interactions between iPSC-CMs and biomaterials are likely critical 

to the proper assembly of functional, mature myocardial syncytia. Future work translating the 

identified optimal mechanical parameters to fully 3D tissue constructs with therapeutic potential 

will be essential. Previous work developing 3D EHT constructs lacked close examination of cell-

ECM interactions, at least in part due to imaging challenges inherent to these thick tissue 

constructs. However, it is critical to understand how CMs interact with their microenvironment in 

these constructs, as focal adhesions and costameres are likely required for not only native tissue-

like contractile function of EHTs but also robust integration of EHTs with native tissue upon 

implantation due to their critical roles in force transmission. Scaffolds design features such as the 

incorporation of soft, aligned fibers should be considered, especially in light of prior studies testing 

scaffold-free implants which resulted in arrhythmic activity (Liu et al. 2018; Shiba et al. 2016). 

Motivated by the findings in this work, we are currently working to integrate synthetic fibers into 

fibrin- or collagen-based 3D iPSC-CM tissue constructs to examine whether findings presented in 

these studies translate to the biofabrication of larger scale tissue patches. 

Furthermore, as alterations in myocardial matrix organization and mechanics are a 

hallmark of many forms of cardiac disease, the high mechanical tunability of the fibroTUG 

platform could enable key insights into the mechanisms of disease and in the longer term, facilitate 

the development of better treatment options. Of note, mutations in mechanosensitive proteins, 

including vinculin, have been shown to cause various forms of heart disease such as dilated or 
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hypertrophic cardiomyopathies(Jordan et al. 2021; Nakamura and Sadoshima 2018). Ongoing 

studies are being conducted to better understand how changes in tissue mechanics may exacerbate 

disease phenotypes observed in patients with genetic cardiomyopathies, specifically in proteins of 

the costamere or intercalated disc(Jordan et al. 2021; Lyon et al. 2015; Nakamura and Sadoshima 

2018). Finally, in vitro CM tissue models, such as the fibroTUG platform presented here show 

promise as platforms for screening drugs for potential cardiotoxicity or effective in treating heart 

disease. Here, we show that tissue response to isoproterenol, a clinically approved inotrope used 

to treat patients with heart failure, is impacted by altered tissue mechanics, highlighting a 

requirement for the informed design of drug screening platforms. 

In conclusion, we developed a mechanically tunable iPSC-CM microtissue platform that 

we used to investigate the impacts of specific, physiologically relevant microenvironmental states. 

Platforms such as this can help progress the field of cardiac tissue engineering by providing 

mechanistic insights into how CMs interact with both their native ECM and engineered scaffolds 

to generate more effective in vitro tissue models of disease and regenerative therapies. 
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5.6 Materials and Methods 

5.6.1 Reagents 

All reagents were purchased from Sigma Aldrich and used as received, unless otherwise 

stated. 

5.6.2 Elastomeric cantilever array fabrication 

Arrays of poly(dimethylsiloxane) (PDMS; Dow Silicones Corporation, Midland, MI) 

postswere fabricated by soft lithography as previously described [cite DexVS paper and bdon nat 

mat]. Briefly, silicon wafer masters possessing SU-8 photoresist (Microchem, Westborough, MA) 

were produced by standard photolithography and used to generate PDMS stamps. Following 

silanization with trichloro(1H,1H,2H,2H-perfluorooctyl)silane, stamps were used to emboss 

uncured PDMS onto oxygen plasma-treated coverslips. Cantilever arrays were methacrylated with 

vapor-phase silanization of 3-(trimethoxysilyl)propyl methacrylate in a vacuum oven at 60 °C for 

at least 6 h to promote fiber adhesion to PDMS. 

5.6.3 DVS fiber matrix fabrication 

DVS polymer was synthesized as previously described by our lab (C.D. Davidson et al. 

2020). Briefly, dextran was reacted with divinyl sulfone and the product was dialyzed and 

lyophilized. For electrospinning, DVS was dissolved at 0.7 g mL-1 in a 1:1 mixture of milli-Q 

water and dimethylformamide with 0.6% (w/v) lithium phenyl-2,4,6-trimethylbenzoylphosphinate 

(LAP; Colorado Photopolymer Solutions) photoinitiator, 2.5% (v/v) methacrylated rhodamine (25 

mM; Polysciences, Inc., Warrington, PA), and 5.0% (v/v) glycidyl methacrylate. This solution was 

electrospun on coverslips containing microfabricated cantilever arrays affixed to a custom-built 

rotating mandrel with a hexagonal geometry driven by an AC motor with controllable speed 
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(DePalma et al. 2021). Electrospinning was conducted in an environmental chamber at 35% 

humidity with a flow rate of 0.2 ml h-1, voltage of 7.0 kV, and a gap distance of ~5 cm to the 

grounded mandrel. After collection, fibers were stabilized by primary crosslinking under UV (100 

mW cm-2) through a microfabricated photomask for 20 s, such that only the fibers suspended in 

the region spanning two posts would be crosslinked. Upon hydration, uncrosslinked fibers were 

dissolved away leaving isolated suspended microtissues adhered to the posts. Fiber matrices were 

subsequently placed in LAP photoinitiator solutions of varying concentrations and exposed again 

to UV (100 mW cm-2) for 20 s to tune fiber stiffness and sterilize substrates. 

Matrices were functionalized with cell adhesive peptides cyclized [Arg-Gly-Asp-D-Phe-

Lys(Cys)] (cRGD; Peptides International) via Michael-Type addition to available vinyl sulfone 

groups. Peptides were dissolved at 200 μM in milli-Q water containing HEPES (50 mM), phenol 

red (10 μg mL-1), and 1 M NaOH to bring the pH to 8.0. A volume of 150 µL was added to each 

substrate and incubated at room temperature for 30 min. 

5.6.4 Mechanical characterization 

PDMS cantilever mechanics were characterized by deflecting individual posts with a 

~100µm diameter tungsten rod of known elastic modulus attached to a micromanipulator 

(SmarAct) (Supplementary Figure 5.1a-c). Bending stiffness was calculated by measuring the 

cantilever deflection and the force applied by the tungsten rod using custom Matlab scripts. 

Bending stiffness was approximated using the following equations: 

𝐹𝐹𝑟𝑟𝑟𝑟𝑟𝑟 = 3𝑟𝑟𝑑𝑑𝐼𝐼𝑟𝑟𝑟𝑟𝑟𝑟
𝐿𝐿3

            𝐼𝐼𝑟𝑟𝑟𝑟𝑟𝑟 = 𝜋𝜋𝑟𝑟4

4
          𝑩𝑩𝑩𝑩𝑩𝑩𝑩𝑩𝑩𝑩𝑩𝑩𝑩𝑩 𝒔𝒔𝒔𝒔𝑩𝑩𝒔𝒔𝒔𝒔𝑩𝑩𝑩𝑩𝒔𝒔𝒔𝒔 (𝒌𝒌) =  𝑭𝑭𝒓𝒓𝒓𝒓𝑩𝑩

𝜹𝜹
   

where d = rod deflection, E = elastic modulus of rod, L = length of the rod, r = radius of the rod, δ 

= post deflection, Frod = force applied by the rod, and Irod = moment of inertia of the rod. Rod 
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deflection (d) was quantified by subtracting the distance that the PDMS post moved (δ) from the 

distance moved by the micromanipulator holding the rod. 

Matrix modulus was determined by pressing a microfabricated SU8 rectangle measuring 

20 x 250 μm across the center of the fiber matrices to apply tension to the matrix (Fig. S1d-f). 

Using custom Matlab scripts, matrix modulus was extrapolated from the applied force (measured 

by the PDMS post’s deflection) and the resulting tensile stretch of the fiber matrix. Matrix modulus 

was approximated using the following equations. First, the resultant length of half of the stretched 

fiber matrix Lf was geometrically defined as: 

𝐿𝐿𝑓𝑓 =  �(∆ℎ)2 + (
𝐿𝐿0
2
− 𝛿𝛿)2 

where Δh = indentation depth, L0 = initial length of the fiber matrix, and δ = post deflection. As 

the resultant post deflection is the result of a force balance between the cantilever and resistance 

arising from tension in the stretched fiber matrix, we define the force on each post Fp as: 

𝐹𝐹𝑝𝑝 = 𝑇𝑇 𝑠𝑠𝑠𝑠𝑠𝑠𝑠𝑠 

where T = tension in the fiber matrix and θ = angle between the indenter and the fiber matrix. 

Tension in the matrix can thus be defined as follows: 

𝑇𝑇 =  𝐹𝐹𝑝𝑝
𝐿𝐿𝑓𝑓

𝐿𝐿0
2 − 𝛿𝛿

 

Next, we define elastic modulus of the fiber matrix, 𝐸𝐸 =  𝜎𝜎
𝜀𝜀
, in terms of our measured parameters, 

where σ = stress and ε = strain. 

𝜎𝜎 =
𝑇𝑇
𝐴𝐴

=
𝐹𝐹𝑝𝑝𝐿𝐿𝑓𝑓

𝐴𝐴(𝐿𝐿02 − 𝛿𝛿)
 

𝜀𝜀 =
2𝐿𝐿𝑓𝑓 − 𝐿𝐿0

𝐿𝐿0
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𝐸𝐸 =
𝑇𝑇𝐿𝐿0

𝐴𝐴(2𝐿𝐿𝑓𝑓 − 𝐿𝐿0)
 

More details on this calculation and mechanical testing set up can be found in Supplementary 

Figure 5.1. 

5.6.5 iPSC culture and iPSC-CM differentiation 

Induced pluripotent stem cells containing a GFP-titin reporter (Sharma, Toepfer, Ward, et 

al. 2018) (PGP1; gift from the Seidman Lab) or GFP-DSP reporter (WTC; Allen Institute AICS-

0017 cl.6) were cultured in mTeSR1 media (StemCell Technologies) on Matrigel (Corning) coated 

tissue culture plastic and differentiated via temporal Wnt modulation as previously described 

(Burridge et al. 2014; Lian et al. 2012). Briefly, differentiation was initiated when iPSCs reached 

90% confluency in RPMI 1640 media supplemented with B27 minus insulin on day 0 with the 

addition of 12 µM CHIR99021 for 24 hours. On day 3, CDM3 media containing 5 uM IWP4 on 

day 3 for 48 hours. Retinol inhibitor BMS 453 (Cayman Chemical, 1 µM) was also added for days 

3-6 to minimize atrial lineage differentiation (Tsan et al. 2021; Q. Zhang et al. 2010). Cultures 

were then maintained in CDM3 media until contractions began between day 8 and 10. iPSC-CMs 

cultures were then transferred to RPMI 1640 media lacking glucose and glutamine (Captivate Bio) 

supplemented with 4 mM DL-lactate, 500 ug/mL human serum albumin (Sciencell Research 

Labs), and 213 ug/mL L-ascorbic acid 2-phosphate trisodium salt on day 11 for 4 days. Following 

purification, iPSC-CMs were replated as monolayers (300,000 cells/cm2) on growth factor reduced 

Matrigel (Corning) in RPMI 1640 media supplemented with B27 for 7 additional days before 

seeding into tissues. 

5.6.6 Microtissue seeding and culture 
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Due to the suspended nature of the fibrous matrices, it was determined that iPSC-CMs must 

directly land on the top of the matrices by patterning the cells through a microfabricated cell 

seeding mask to prevent cells from “rolling” off the tops of the matrices and landing on the 

substrate beneath. Additionally, this technique significantly reduced the number of iPSC-CMs 

needed to efficiently seed all the tissue on the substrate. To fabricate the seeding mask, 3D printed 

molds were designed in SolidWorks and printed via stereolithography (Protolabs). PDMS (1:10 

crosslinker:base ratio) devices were replica cast from these molds. Prior to seeding the tissues, cell 

seeding masks were plasma treated for 5 minutes to generate highly hydrophilic surfaces that allow 

water to wick through the small microtissue scale wells in the mask. Vacuum grease was then 

applied to the edge of the seeding mask to ensure a watertight seal between the seeding mask and 

the substate prior to placing the mask on the tissue array substrate such that the holes in the mask 

sit directly above each suspended fiber matrix. 

After aligning the seeding masks, iPSC-CMs were dissociated by 0.25% Trypsin-EDTA 

(Gibco) with 5% (v/v) Liberase for 5 min, stopped by an equal volume of 20% FBS/1 mM 

EDTA/PBS. Cells were triturated by gently pipetting with a p1000 pipette eight times to obtain a 

near single-cell suspension and centrifuged (200 g, 4 min). iPSC-CMs were resuspended in 

replating media (RPMI plus B27 supplement with 2% FBS and 5µM Y-27632 (Santa Cruz 

Biotechnology)) and 125,000 cells were seeded per fibroTUG substrate through the top of the cell 

seeding mask in approximately 200 µL of media. Cultures were then moved to the incubator and 

left undisturbed overnight to allow the iPSC-CMs to attach to the tissues before removing the 

seeding masks. Cultures were maintained in RPMI media plus B27 supplement and replenished 

every other day for the duration of studies. All studies were carried out for 7 days unless otherwise 

specified. 
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5.6.7 Contractile force analysis 

Time-lapse videos of the microtissue’s spontaneous contractions were acquired at 65 Hz 

on Zeiss LSM800 equipped with an Axiocam 503 camera while maintaining a temperature of 37 

℃ and 5% CO2.  Maximum contractile force, contractile stress, contraction kinetics, and 

contraction frequency were calculated using a custom Matlab script based on the deflection of the 

posts and the measured post bending stiffness, as described previously (Boudou et al. 2012). For 

isoproterenol challenge, the same tissues were imaged prior to the addition of 10 nM isoproterenol 

and again 30 minutes after the addition of the drug for comparison. 

5.6.8 Calcium imaging 

Calcium handling analysis was performed by incubating cells for 1 hour at 37 ℃ with 5 

μM Cal520-AM (AAT Bioquest). Cells were then returned to conditioned media preserved prior 

to adding the calcium sensitive dye and allowed to equilibrate for >30 min at 37 ℃ and 5% CO2. 

Following equilibration, tissues were imaged under epifluorescence at 65 Hz while maintaining 

temperature and CO2. Time-lapse movies of calcium flux were analyzed with custom Matlab 

scripts as previously described(DePalma et al. 2021). Briefly, average fluorescent profiles over 

time were determined for each tissue and parameters such as beats per minute, peak-to-peak 

irregularity, flux rise time, flux decay time, and peak full width half max were calculated. 

Contraction correlation coefficient was determined by dividing the entire tissue into 16 regions of 

equal area and calculating the average Pearson’s correlation coefficient between the flux profiles 

of each of these regions.  

5.6.9 Immunofluorescence staining 



 161 

Samples were fixed in 2% paraformaldehyde for 10 min at RT. Samples were then 

permeabilized in PBS solution containing Triton X-100 (0.2% v/v), sucrose (10% w/v), and 

magnesium chloride (0.6% w/v) for 10 min and blocked in 1% (w/v) bovine serum albumin. 

Alternatively, to extract cytoplasmic vinculin, samples were simultaneously fixed and 

permeabilized in 2% paraformaldehyde in a buffer containing 1,4-piperazinediethanesulfonic acid 

(PIPES, 0.1 M), ethylene glycol-bis(2-aminoethylether)-N,N,N’,N’-tetraacetic acid (EGTA, 1 

mM), magnesium sulfate (1 mM), poly(ethylene glycol) (4 % w/v), and triton X-100 (1% v/v) for 

10 min at room temperature, prior to blocking in 1% (w/v) bovine serum albumin. Tissues were 

incubated with rabbit monoclonal anti-N-cadherin (1:500; Abcam Ab18203), rabbit monoclonal 

anti-connexin43 (1:1000; Millipore Sigma AB1728), mouse monoclonal anti-α-actinin (1:500; 

Abcam ab9465), mouse monoclonal anti-cardiac troponin T (1:500; ThermoFisher MA5-12960), 

mouse monoclonal anti-vinculin (1:1000; Millipore Sigma V9264), rabbit polyclonal anti-myosin 

light chain 2 (1:500; Proteintech 10906-1-AP), rabbit polyclonal anti-non-muscle myosin II-B 

(1:1000; Biolegend 909902), mouse monoclonal anti-integrin β1D (1:1000; Abcam ab8991), 

rabbit polyclonal anti-zyxin (1:200; Millipore Sigma HPA004835), or mouse anti-dextran (1:500; 

STEMCELL Technologies 60026) antibodies for 1 hour at RT, followed by goat anti-mouse Alexa 

Fluor 647 (1:1000; Life Technologies A21236), goat anti-mouse Alex Fluor 546 (1:1000, Life 

Technologies A11030), or goat anti-rabbit Alexa Fluor 647 secondary antibodies (1:1000; Life 

Technologies A21245) and DAPI for 1 hour at RT.  

5.6.10 Microscopy and image analysis 

Fluorescent images were captured on a Zeiss LSM800 confocal microscope. Sarcomere 

alignment was quantified via custom Matlab scripts as previously described (DePalma et al. 2021). 

Briefly, images of titin-GFP reporter were thresholded and individual z-discs segmented. Z-discs 
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were subsequently grouped with neighboring z-discs based on proximity and orientation to identify 

myofibrils within the image. The orientation of all identified myofibrils within a field of view was 

fit to a Gaussian distribution. Sarcomere alignment deviation was defined at the standard deviation 

of this distribution using circular/angular statistics. Myofibril density was calculated by 

determining the percent area of each tissue containing titin-rich myofibril structures. 

Vinculin and N-cadherin morphology and colocalization analysis was also performed using 

custom Matlab scripts. Because of the 3D nature of these tissues due to the intercalation of iPSC-

CMs into matrix pores, confocal z-stacks of fibroTUG tissues formed with iPSC-CMs containing 

a GFP-titin live-reporter and immunostained for vinculin and N-cadherin were segmented in 3D 

for vinculin-, N-cadherin-, and titin-enriched structures. Custom Matlab functions were 

implemented to extract volume, eccentricity, and other parameters for these structures. Where 

applicable, quantifications were normalized to cell number in each field of view. 

5.6.11 Computational modeling 

The development of a tissue specific finite element model of fibroTUG tissues is described 

in detail by Jilberto et al. in an accompanying manuscript (Jilberto et al. 2023). Briefly, the images 

of the DVS fibers and titin were processed using Matlab/Python scripts to quantify the specific 

fiber structure and a probabilistic characterization of the myofibril organization (Kobeissi et al. 

2023). This information was projected into a 2D triangular finite element mesh. Using these 

quantities, and following a continuum mechanics approach, non-linear constitutive relationships 

for the fibers and cells were defined. The mechanical response of the tissue was taken to be the 

sum of these two components. We then adapted methods similar to those presented in Miller et al. 

(2021) (Miller et al. 2021) to find the necessary active stress that the cells are exerting to generate 

the observed boundary tractions and displacement conditions. Using the experimental data for each 
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of the permutations of interest (soft/stiff fibers with soft/stiff post), we generated more than a 

hundred in-silico tissues for each of them by combining image-derived fibrous matrix with 

probabilistic-generated myofibril fields and experimentally measured force responses specific for 

each condition. We then compile the results to obtain a distribution of active stress for each 

mechanical environment. 

5.6.12 Tendon progenitor cell isolation and culture 

Tendon progenitor cells were isolated and cultured as previously described(Kent et al. 

2022). For all animal procedures, the Institutional Animal Care and Use Committee (IACUC) 

guidelines for survival surgery in rodents and the IACUC Policy on Analgesic Use in Animals 

Undergoing Surgery were followed (Protocol #PRO00009868). Murine cells used in this work 

were harvested from 12x 6-9 week-old C57BL/6 mice (6 female,6 male). A ScxGFP mouse 

colony was maintained by breeding ScxGFP+/− heterozygotes modified from a C57BL/6 

background with WT C57BL/6J mice, and progeny were genotyped (ScxGFP+/-versus 

ScxGFP−/−) using a Dual Fluorescent Protein Flashlight (Model DFP-1, Nightsea, Lexington, 

MA). Tail tendons were removed from euthanized mice and then encapsulated in a 2 mg mL-1 

type I collagen hydrogel(Denduluri et al. 2016). Encapsulated tissues were cultured in an 

incubator (37°C and 5% CO2) in DMEM containing L-glutamine (ThermoFisher, Waltham, 

MA), 1 v/v% penicillin/streptomycin/fungizone, and 10 v/v% fetal bovine serum for 10 days to 

allow tendon progenitor cells (TPCs) to migrate from tendons into the collagen gel. Following 

isolation and expansion of TPCs, collagen gels were digested in 0.25 mg mL-1 collagenase from 

C. histolyticum with 0.025 w/v% trypsin-EDTA. The resulting slurry was filtered through a cell 

strainer and then plated. Adherent TPCs were cultured in basal media, and cells at passage 1 

were used for all experiments. 
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5.6.13 Statistical analysis 

Statistical significance was determined by t-tests and one-way or two-way analysis of 

variance (ANOVA) with post-hoc analysis (Tukey test), where appropriate, with significance 

indicated by p < 0.05. Studies were conducted a minimum of 3 times in each experiment. The data 

presented are representative data sets from one of these replicate studies. Specific sample size is 

indicated within corresponding figure legends and all data are presented as mean ± standard 

deviation. 
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5.7 Supplementary Figures 

 

Supplementary Figure 5.1: Mechanical characterization of fibroTUG platform. (a) Image of 
PDMS post mechanical characterization setup. (b) Measured bending stiffness of soft and stiff 
PDMS posts. (c) Schematic of post mechanical testing scheme and equations used to calculate post 
bending stiffness. (d) Image of fiber matrix mechanical characterization setup. (e) Measured 
elastic modulus of various fiber matrices. (f) Schematic of fiber matrix mechanical testing scheme 
and equations used to calculate matrix elastic modulus. All data presented as mean ± std; * p < 
0.05. 
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Supplementary Figure 5.2: Differentiation and purification of iPSC-CM cultures. (a) 
Timeline illustrating differentiation of iPSC to CMs, metabolic purification of iPSC-CMs 
populations, and seeding of CMs on fibroTUG tissues. (b) Flow cytometry analysis of unpurified 
iPSC-CM populations measured at day 22 in the differentiation protocol showed that ~49% of 
cells expressed the CM marker TTN. (c) Flow cytometry analysis of metabolically selected iPSC-
CM populations measured at day 22 in the differentiation protocol showed that ~95% of cells 
expressed the CM marker TTN. Analysis is shown for two separate differentiations to illustrate 
the consistency of this purification method. 
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Supplementary Figure 5.3: fibroTUG platform supports long-term culture of iPSC-CMs 
with metabolic maturation media. (a) Experimental timeline. (b) Confocal fluorescent images 
of fibroTUG tissues after 14 days in culture with OxPhos metabolic maturation media. (c) Max 
contractile force and (d) max contractile stress of tissues between various post stiffnesses in both 
RPMI B27 and OxPhos media. All data presented as mean ± std; * p < 0.05. 

 



 168 

 

Supplementary Figure 5.4: Matrix stiffness drive tenogenic differentiation of tendon 
progenitor cells (TPCs) in fibroTUG platform. (a) Confocal fluorescent images of fibroTUG 
tissues with stiff (1.2 N/m) posts, due to the high baseline contractility of TCPs, and aligned fibers 
of varying stiffness. TCPs were isolated from mice engineered to express a live GFP-scleraxis 
(Scx) report and were stained for actin using phalloidin. Tissues were also treated with T3 to induce 
further tenogenic differentiation. Quantification of cytosolic scleraxis expression (b), nuclear 
scleraxis expression (c), and actin expression (d) (n ≥ 6). All data presented as mean ± std; * p < 
0.05. 

 



 169 

 

Supplementary Figure 5.5: Fibrous matrix alignment and stiffness influences iPSC-CM 
tissue contractile dynamics. Upstroke velocity (a), downstroke velocity (b), relaxation time to 
80% relaxation (c), and contraction time to 80% relaxation (d) quantified in tissues with constant 
post stiffness (0.41 N/m) with varied fiber alignment and fiber stiffness (n ≥ 11 tissues). Upstroke 
velocity (e), downstroke velocity (f), relaxation time to 80% relaxation (g), and contraction time 
to 80% relaxation (h) quantified in tissues with constant matrix stiffness (0.68 kPa) with varied 
fiber alignment and post stiffness (n ≥ 11). All data presented as mean ± std; * p < 0.05. 
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Supplementary Figure 5.6: Long-term culture of fibroTUG tissues in maturation medium 
leads to progressive structural maturation. (a) Confocal fluorescent images of fibroTUG tissues 
with soft (0.68 kPa), aligned fibers and soft (0.41 N/m) post after 1, 7, 14, and 21 days in culture 
with OxPhos metabolic maturation medium immunostained for dextran (DVS fibers), MLC-2v, 
and connexin-43. (b) Quantification of the number of cells per tissue over time (n ≥ 12). (c) 
Quantification of MLC-2v expression (n ≥ 12). (d) Quantification of connexin-43 expression (n ≥ 
6). All data presented as mean ± std; * p < 0.05. 
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Supplementary Figure 5.7: Cardiac troponin expression in fibroTUG tissues. (a) Confocal 
fluorescent images of fibroTUG tissues of varying mechanics immunostained for cTnT. 
Quantification of cTnT fluorescence per cell in tissues with (b) varied matrix stiffness and (c) 
bending stiffness. All data presented as mean ± std; * p < 0.05. 
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Supplementary Figure 5.8: Fibrous matrix alignment and stiffness influences iPSC-CM 
tissue calcium flux dynamics. Contraction correlation coefficient (a), calcium flux rise time (b), 
decay time to 80% relaxation (c), full width half max (d) quantified in tissues with aligned fibers 
and constant post stiffness (0.41 N/m) with varied fiber stiffness (n ≥ 11). Contraction correlation 
coefficient (e), calcium flux rise time (f), decay time to 80% relaxation (g), full width half max (h) 
quantified in tissues with constant fiber stiffness (0.68 kPa) with varied post stiffness and fiber 
alignment (n ≥ 11). All data presented as mean ± std; * p < 0.05. 
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Supplementary Figure 5.9: Matrix mechanics influence costamere formation and sarcomere 
formation over time. Quantification of number of (a) focal adhesions per cell, (b) sarcomere 
alignment, (c) sarcomere density, (d) and the fraction of vinculin that is colocalized with titin in 
tissues formed on aligned soft and stiff matrices suspended between 0.41 N/m posts fixed at 1-, 3-
, and 7-days post seeding (n ≥ 5). All data presented as mean ± std; * p < 0.05. 
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Supplementary Figure 5.10: Quantification of β1D integrin expression in fibroTUG tissues. 
(a) Confocal fluorescent images of fibroTUG tissues fixed at day 1, 3 and 7 post seeding on either 
soft (0.68 kPa) or stiff (17.1 kPa) aligned fiber matrices (post stiffness was held constant at 0.41 
N/m). Quantification of (b) total integrin area and (c) average integrin size (n ≥ 5). All data 
presented as mean ± std; * p < 0.05. 

 



 175 

 

Supplementary Figure 5.11: Soft, aligned fibers and soft posts facilitate robust costamere 
formation in long term culture. (a) Confocal fluorescent images of fibroTUG tissues reporter 
fixed at day 1, 3, 7, 14, and 21 post seeding on aligned, soft (0.68 kPa) matrices between soft 
(0.41 N/m) posts containing a GFP-titin and immunostained for vinculin. Tissues were cultured 
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in OxPhos maturation medium. (b) Average vinculin volume, (c) total vinculin volume, (d) and 
vinculin eccentricity were quantified from the fluorescent images of immunostained vinculin (n 
≥ 6). (e) Costamere formation was assessed by quantifying vinculin colocalization with titin (n ≥ 
6). (f) Colocalization of vinculin and titin was visualized via fluorescence intensity plots of titin 
(cyan) and vinculin (magenta) at all time points from lines drawn along the major axis of regions 
indicated by the rectangles overlayed on images in panel a. All data presented as mean ± std; * p 
< 0.05. All data presented as mean ± std; * p < 0.05. 
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Supplementary Figure 5.12: Soft, aligned fibers and soft posts facilitate robust zyxin 
localization to costameres in long term culture. (a) Confocal fluorescent images of fibroTUG 
tissues fixed at day 1, 3, 7, 14, and 21 post seeding on aligned, soft (0.68 kPa) matrices between 
soft (0.41 N/m) posts immunostained for α-actinin and zyxin. Tissues were cultured in OxPhos 
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maturation medium. (b) Average zyxin volume, (c) total zyxin volume, (d) and zyxin eccentricity 
were quantified from the fluorescent images of immunostained zyxin (n ≥ 6). (e) Costamere 
formation was assessed by quantifying zyxin colocalization with α-actinin (n ≥ 6). (f) 
Colocalization of zyxin and α-actinin was visualized via fluorescence intensity plots of α-actinin 
(cyan) and zyixin (magenta) at all time points from lines drawn along the major axis of regions 
indicated by the rectangles overlayed on images in panel a. All data presented as mean ± std; * p 
< 0.05. All data presented as mean ± std; * p < 0.05. 

 

 

 

 

 

Supplementary Figure 5.13: Intercalated disc formation over time on soft and stiff fiber 
matrices. (a) Confocal fluorescent images of fibroTUG tissues fixed at day 1, 3 and 7 post seeding 
on either soft (0.68 kPa) or stiff (17.1 kPa) aligned fiber matrices (post stiffness was held constant 
at 0.41 N/m). (b) Quantification of DSP fluorescence per cell (n ≥ 8). All data presented as mean 
± std; * p < 0.05. 
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Supplementary Figure 5.14: High magnification images of fibroTUG tissues show robust 
costamere and intercalated disc formation on soft, aligned fiber matrices. (a) Confocal 
fluorescent images of fibroTUG tissues fixed at day 1 and 7 after seeding on either soft (0.68 kPa) 
or stiff (17.1 kPa) aligned fiber matrices (post stiffness was held constant at 0.41 N/m) acquired at 
63x magnification. All images show a region located at the center of each tissue. 
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Supplementary Figure 5.15: Treatment with contractile inhibitors at day 3 and day 7. (a) 
Confocal fluorescent images of fibroTUG tissues treated with blebbistatin (50uM) or mavacamten 
(500 nM) starting at either day 3 or day 7post seeding. (b) Diastolic tissue length on day 3 and 8 
of tissues seeded on soft (0.68 kPa) and stiff (17.1 kPa) aligned fiber matrices (post stiffness was 
held constant at 0.41 N/m) without treatment with the contractile inhibitors. (c,d) Diastolic tissue 
length of tissues seeded on soft matrices on day 3 or day 7 before treatment with a contractile 
inhibitor, (c) blebbistatin or (d) mavacamten, and day 8 after 5 or 1 days of treatment,(n ≥ 8). (e) 
Focal adhesion count, (f) vinculin volume per cell, and (g) focal adhesion eccentricity were 
quantified from the fluorescent images of immunostained vinculin (n ≥ 6). (h) Sarcomere 
alignment deviation and (i) titin volume per cell quantified from fluorescent images of titin-GFP 
reporter (n ≥ 6). (j) Vinculin colocalization with titin per cell quantified from titin and vinculin 
images (n ≥ 6). All data presented as mean ± std; * p < 0.05. 
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Supplementary Figure 5.16: Treatment with myosin inhibitors at day 3 decreases non-
muscle myosin IIB (NMM-IIB) expression. (a) Confocal fluorescent images of fibroTUG tissues 
treated with blebbistatin (50 µM) or mavacamten (500 nM). (b) Quantification of NMM-IIB 
expression per cell (n ≥ 6). All data presented as mean ± std; * p < 0.05. 
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5.8 Supplementary Movies 

Supplementary Movie  5.1: Representative brightfield video of an array of contracting 
fibroTUG tissues formed on aligned, soft (0.68 kPa) fiber matrices suspended between soft (0.41 
N/m) posts. (https://www.biorxiv.org/content/10.1101/2023.10.20.563346v1) 

 
Supplementary Movie  5.2: Representative brightfield videos of contracting fibroTUG tissues 
formed on aligned fiber matrices of varying stiffness suspended between soft (0.41 N/m) posts. 
(https://www.biorxiv.org/content/10.1101/2023.10.20.563346v1) 

 
Supplementary Movie  5.3: Representative brightfield videos of contracting fibroTUG tissues 
formed on random fiber matrices of varying stiffness suspended between soft (0.41 N/m) posts. 
(https://www.biorxiv.org/content/10.1101/2023.10.20.563346v1) 

 
Supplementary Movie  5.4: Representative brightfield videos of contracting fibroTUG tissues 
formed on aligned, soft (0.68 kPa) fiber matrices suspended between posts of varying stiffness. 
(https://www.biorxiv.org/content/10.1101/2023.10.20.563346v1) 

 

Supplementary Movie  5.5: Representative brightfield videos of contracting fibroTUG tissues 
formed on random, soft (0.68 kPa) fiber matrices suspended between posts of varying stiffness. 
(https://www.biorxiv.org/content/10.1101/2023.10.20.563346v1) 

 
Supplementary Movie  5.6: Representative videos of calcium fluxes in fibroTUG tissues treated 
with Cal520-AM dye formed on aligned fiber matrices of varying stiffness suspended between 
soft (0.41 N/m) posts. (https://www.biorxiv.org/content/10.1101/2023.10.20.563346v1) 

 
Supplementary Movie  5.7: Representative videos of calcium fluxes in fibroTUG tissues treated 
with Cal520-AM dye formed on aligned, soft (0.68 kPa) fiber matrices suspended between posts 
of varying stiffness. (https://www.biorxiv.org/content/10.1101/2023.10.20.563346v1) 

 
Supplementary Movie  5.8: Representative videos of calcium fluxes in fibroTUG tissues treated 
with Cal520-AM dye formed on random, soft (0.68 kPa) fiber matrices suspended between posts 
of varying stiffness. (https://www.biorxiv.org/content/10.1101/2023.10.20.563346v1) 

 
Supplementary Movie  5.9: Representative brightfield videos of contracting fibroTUG tissues 
formed on aligned, soft (0.68 kPa) fiber matrices suspended between soft (0.41 N/m) posts 
before and after isoproterenol treatment. 
(https://www.biorxiv.org/content/10.1101/2023.10.20.563346v1) 



 183 

Supplementary Movie  5.10: Videos depicting computational models of a fibroTUG tissue. The 
top video shows measured tissue displacements used to verify the model’s accuracy while the 
bottom videos show maps simulated tissue displacements and sarcomere strain. 
(https://www.biorxiv.org/content/10.1101/2023.10.20.563346v1) 
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Chapter 6: Dissecting Heterocellular Communication 

Between Cardiac Fibroblasts and iPSC-Cardiomyocytes in a 

Compartmentalized Biomimetic Tissue 

6.1 Authors 

Samuel J. DePalma, Darcy D. Huang, Anya G. Coffeen Vandeven, Austin E. Stis, Jingyi Xia, 

Robert N. Kent III, Adam S. Helms, Brendon M. Baker 

 

6.2 Abstract 

Homeostatic maintenance of the cardiac extracellular matrix required for healthy tissue 

function depends on cardiac fibroblast (CF) communication with cardiomyocytes (CMs). Given 

the challenges involved in parsing the dynamic and multifactorial heterocellular interactions 

underlying tissue homeostasis versus fibrosis, we engineered a compartmentalized, bilayer cardiac 

tissues where iPSC-derived CMs and CFs can be cultured on either side of a shared mechanically 

tunable, synthetic fibrous ECM to study CM-CF communication. Electrospun dextran vinyl 

sulfone (DVS) fibers were collected on arrays on microfabricated wells with channels linking 

neighboring wells underneath the fibers to allow for seeding of both sides of the fiber matrix with 

cells. Results show stiff, aligned matrices enhance MF differentiation, but the presence of CMs 

significantly reduces MF formation, even in a pro-fibrotic environment, indicating protective 

intercellular communication. These findings suggest that CM-CF crosstalk plays a critical role in 
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preventing fibrosis, and further research is being conducted to identify specific communication 

pathways involved. 

 

6.3 Introduction 

The myocardium is composed of multiple distinct cell types, including cardiomyocytes 

(CMs), fibroblasts, endothelial cells, and immune cells, that all work in concert to maintain proper 

heart function (Litviňuková et al. 2020). In particular, cardiac fibroblasts (CFs) play a central role 

in healthy, homeostatic cardiac structure and function by synthesizing and remodeling the 

hierarchically assembled collagen-rich extracellular matrix (ECM) found within the heart 

(Baudino et al. 2006; Bowers, Meng, and Molkentin 2022; Rienks et al. 2014). CFs are situated 

within the endomysial and perimysial collagen networks that segregate individual CMs and 

syncytial CM bundles, respectively (Goldsmith et al. 2004; Hall et al. 2021). In the healthy 

myocardium, mechanical and biochemical cues encoded by this highly organized network of 

collagen fibers surrounding CMs are essential to the organization and resulting anisotropic 

contractions of the tissue (Pope et al. 2008; Karl T. Weber 1989; Karl T. Weber et al. 1994). In 

addition to maintaining the collagenous matrix and associated signals, CFs also bi-directionally 

communicate via paracrine signals with neighboring CMs (Baudino et al. 2006; Goldsmith et al. 

2004; Souders, Bowers, and Baudino 2009). It is thought that homeostatic maintenance of the 

ECM required for healthy tissue function depends heavily upon CF communication with other cell 

types including CMs via secreted factors and direct electromechanical coupling (Baudino et al. 

2006; Cartledge et al. 2015; Giacomelli et al. 2020; Hall et al. 2021). Conversely, disruption to 

these modes of CM-CF communication is believed to play a critical role in driving fibrotic disease 

progression (Hall et al. 2021).  
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During cardiac fibrosis, alterations and dysregulation of the tissue microenvironment leads 

to aberrant CF behavior including excessive deposition of stiff, disorganized ECM that ultimately 

mechanically impairs heart function. These pathologic changes to the ECM are driven by CFs that 

differentiate or activate into myofibroblasts (MFs) in response to chemical and mechanical cues 

encoded by other cells in the tissue, including CMs and immune cells such as macrophages  (Kong, 

Christia, and Frangogiannis 2014; Travers et al. 2016). For example, after myocardial infarction, 

significant numbers of CMs undergo apoptosis due to ischemic conditions (Frangogiannis 2014, 

2015). Prior to apoptosis, these CMs secrete fibrogenic factors such as TGF-β1 that initiate the 

activation of fibroblasts into MFs (Hanna and Frangogiannis 2019; Rainer et al. 2014; Karl T. 

Weber et al. 2012). CM necrosis also induces immune cell activation, which further amplifies the 

activation of CFs to MFs (Frangogiannis 2012, 2014). Activated MFs then begin to produce 

various ECM proteins and other paracrine factors, which in turn impairs the functionality of 

surviving CMs (Pathak et al. 2001; Perestrelo et al. 2021; Spinale et al. 2016; Karl T. Weber et al. 

2012). In chronic conditions such as hypertrophic cardiomyopathy (HCM) and dilated 

cardiomyopathy (DCM), fibrosis will manifest in early stages of disease progression (Lyon et al. 

2015; Nakamura and Sadoshima 2018; Schultheiss et al. 2019; Teekakirikul et al. 2012). While 

the specific triggers of increased myocardial fibrosis in these conditions remain unclear, increased 

expression of profibrotic factors such as TGF-β1, angiotensin II, and IL-6 and other fibrogenic or 

inflammatory paracrine signals likely contributes to MF activation and subsequent CM 

dysfunction  (Cartledge et al. 2015; Hall et al. 2021; Pellman, Zhang, and Sheikh 2016).  Yet, our 

knowledge of the signaling between CMs and CFs in the heart remains incomplete, as parsing the 

reciprocal heterocellular interactions underlying tissue homeostasis versus fibrosis is difficult 
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given the dynamic and multifactorial nature of the many soluble, insoluble, and mechanical cues 

involved. 

Despite each having intrinsic limitations, both in vivo and in vitro models of the 

myocardium have been established towards identifying specific signaling pathways central to 

tissue homeostasis vs. fibrotic disease progression. First, in vivo models of cardiac fibrosis, though 

critical for pathway validation, are not ideal for dissecting heterocellular communication given the 

many cellular players present (Pellman, Zhang, and Sheikh 2016; Rai et al. 2016). While numerous 

mouse and rat models have demonstrated that electrical coupling of CMs and CFs in addition to 

paracrine signaling via the TGF-β pathway affect cardiac tissue repair, the unavoidable presence 

of other cell types, especially immune cells, and challenges targeting specific cardiac fibroblast 

populations confound the identification of specific, critical pathways for therapeutic targeting 

(Hall et al. 2021; Kong et al. 2013; Quinn et al. 2016; Souders, Bowers, and Baudino 2009; Takeda 

et al. 2010).  

Reductionist in vitro co-culture platforms provide better opportunities to isolate cellular 

players and their respective signaling. Studies using this approach have confirmed the importance 

of CM-CF paracrine signaling, for example by treating CMs with conditioned media from 

activated MFs or conversely, CFs with conditioned media from hypertrophic CMs (Herum et al. 

2017; H. Zhang et al. 2019). These studies have identified critical signaling feedback loops present 

between CMs and CFs and demonstrated that profibrotic signaling can drive disrupted mechanical 

and electrical coupling between fibroblasts and CMs (Kaur et al. 2013; LaFramboise et al. 2007; 

Quinn et al. 2016; Thompson et al. 2011; Vasquez et al. 2010). Additionally, co-culture models 

incorporating tunable ECM-like substrates have shown how aberrant mechanical cues associated 

with myocardial infarct can drive CF activation into MFs (Herum et al. 2017). While easy to 
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implement, these platforms fail to recapitulate cardiac tissue architecture and mechanics, which 

likely are a major factor in modulating heterocellular communication. For example, traditional 

transwell culture enables paracrine signaling but prevents direct cell-cell interactions (Pellman, 

Zhang, and Sheikh 2016). Further, traditional 2D co-culture typically randomly intermix CMs and 

CFs across a culture substrate, and as such, fail to recapitulate the physiologic segregation of each 

cell population by fibrous ECM. This same issue persists in 3D engineered tissue constructs, 

limiting their relevance as models to study matrix-mediated CM-CF communication (Giacomelli 

et al. 2020; E. Y. Wang et al. 2019). As such, many established models may possess limited 

potential to capture relevant communication networks that are operative in native tissues during 

homeostasis and after tissue injury. 

Thus, in this work we established a compartmentalized, bilayer tissue (BLT) fabrication 

method whereby iPSC-derived CMs and CFs are co-cultured on opposing sides of a shared, tunable 

synthetic fibrous matrix, reflecting the cellular segregation within native myocardium.  Using this 

co-culture model, we find that ECM mechanics directly modulates CF activation into MFs in the 

absence of CMs. Next, by tuning the architecture and mechanics of these matrices to model healthy 

and disease tissue states in CF/CM co-cultures, we found that culturing CFs and CMs on a shared 

ECM-mimetic synthetic matrix facilitates heterocellular communication that prevents MF 

activation and thereby supports tissue homeostasis, despite the introduction of a potent fibrogenic 

soluble cue (TGF-β1). Finally, we establish a role for paracrine signaling between CMs and CFs 

in the maintenance of CF quiescence in this model. Taken together, these studies describe a 

platform that enables the identification and study of heterocellular communication pathways in an 

environment that better recapitulates the cellular and extracellular organization of the native 

myocardium. 
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6.4 Results 

6.4.1 Collagen networks of the human myocardium in healthy and diseased tissues 

As previously described, significant remodeling of the myocardial ECM is a hallmark of 

many forms of cardiac disease. Many studies examining the dynamics of this process after 

myocardial infarction have highlighted significant spatial heterogeneity in collagen alignment  and 

density across various fibrotic regions of the heart (Bugg et al. 2020; Goergen et al. 2016; 

Richardson and Holmes 2016). To further assess changes in ECM structure and composition that 

occur in human heart disease, we obtained sections of the human left ventricular myocardial wall 

from healthy and diseased donors. Diseased tissue sections were obtained from patients with 

dilated or hypertrophic cardiomyopathy resulting from mutations in DSP (DCM) or TTN (HCM), 

respectively. Tissues were fixed, embedded in agarose, and sectioned by vibratome to generate 

approximately 200 μm thick slices. We then applied advanced CUBIC clearing methods to enable 

immunofluorescence staining and high magnification imaging of these thick tissue sections 

(Matsumoto et al. 2019) (Figure 6.1a). Tissue stacks approximately 100 μm were acquired and 

analyzed using custom MATLAB analysis scripts that filtered, thresholded and segmented 3D 

image stacks (Figure 6.1b-d). First, fibroblasts were visualized by immunostaining for vimentin. 

Vimentin volume increased in both DCM and HCM myocardial tissues compared to healthy 

control tissue, with a significant increase in fibroblast presence observed heterogeneously across 

HCM tissue sections (Figure 6.1a,b), reflecting the spatial heterogeneity observed in other species 

(Bugg et al. 2020; Goergen et al. 2016). Further highlighting this heterogeneity, an increase in α-

smooth muscle actin (αSMA) positive MFs were only observed in select regions of the tissue 
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(Figure 6.1c). Additionally, we observed a significant increase in collagen I expression in both 

the DCM and HCM tissues compared to the healthy control while fibronectin expression was much 

more heterogeneous, increasing in some regions of the HCM heart (Figure 6.1a,d,e). 

Corresponding to the increase in collagen I deposition, we observed an increase in collagen 

fiber crimping and greater disorganization compared to the healthy tissue sections, where fibers 

were thinner and more aligned (Figure 6.1a). Even within these relatively small regions imaged 

for this analysis, the organization of the ECM was far from uniform. Additionally, previous studies 

in mice have also indicated that after myocardial infarction, there are regions of disorganized 

collagen matrices within the scar tissue and highly aligned collagen fibers located at the border 

zone between the scar and surrounding functional myocardial tissue (Bugg et al. 2020). Increased 

numbers of MFs were observed in these latter regions compared to the disorganized scar tissue, in 

line with previous studies indicating that fibrosis may be initiated within tissue zones bordering 

the infarct region (Van Den Borne et al. 2009). The finding presented here, in conjunction with a 

number of previous studies that indicate high levels of heterogeneity to the density and 

organization of fibrotic ECM in the heart (Goergen et al. 2016; Holmes, Borg, and Covell 2005; 

Richardson and Holmes 2016), motivate the use of tunable fibrous matrix platforms to dissect how 

microenvironmental cues arising from the matrix either promote or limit MF activation. 
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Figure 6.1: Increased extracellular matrix accumulation in diseased human heart tissue 
compared to healthy control tissue. (a) Confocal fluorescent images of vibratome section human 
myocardial tissue from a healthy donor and patients with dilated cardiomyopathy and hypertrophic 
cardiomyopathy. (b) Quantification of vimentin volume per cell number in each tissue region. (c) 
Quantification of αSMA volume per cell number in each tissue region. (d) Quantification of 
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collagen volume per cell per cell number. (e) Quantification of fibronectin volume per cell. For all 
conditions, n ≥ 6 unique regions obtained from 3 different tissue slices. All data presented as mean 
± std; * p < 0.05. 

 

6.4.2 Mechanics of synthetic fibrous matrices impact myofibroblast differentiation 

Developing a platform to better understand how biophysical properties of the ECM impact 

MF activation requires an approach to controlling fibrous architecture and mechanics to 

recapitulate the ECM in healthy or disease states. Previously, our group has established synthetic 

matrices composed of dextran vinyl sulfone (DVS) polymeric fibers with tunable architecture and 

mechanics (C.D. Davidson et al. 2020; DePalma et al. 2021). These fibers are comparable in 

mechanics and geometry to perimysial collagen fibers, which are networks of ~1 μm diameter 

fibers that surround bundles of CMs and support the anisotropic contractions of cardiac tissue 

(Pope et al. 2008; Karl T. Weber 1989; Karl T. Weber et al. 2012). Additionally, these perymisial 

networks have been shown to become disrupted in fibrotic disease (Karl T. Weber 1989; Karl T. 

Weber et al. 2012). Using this biomaterial platform, we have previously shown that matrix 

mechanics and alignment are critical iPSC-CM tissue assembly and their subsequent organization, 

function, and maturation (DePalma et al. 2021, 2023). Additionally, we have shown that the 

stiffness of disorganized fiber matrices alters lung fibroblast differentiation to MFs again by 

influencing cell-ECM interactions (Baker et al. 2015; C.D. Davidson et al. 2020).  

 Motivated by these findings and previous work describing the architecture of the ECM in 

both healthy and diseased myocardium, we adopted this approach enabling control of both fiber 

alignment and stiffness to explore how these distinct cues known to change with myocardial 

disease impact CF activation to MFs. Electrospun DVS fibers were collected on microfabricated 

arrays of square 2 mm by 2 mm PDMS wells creating dense matrices with subcellular pore sizes 



 193 

such that cells seeded onto matrices and did not fall through prior to adhering (Figure 6.2a) (C.D. 

Davidson et al. 2020; Christopher D. Davidson et al. 2024). To control fiber matrices, substrates 

were attached to a mandrel rotating at various speeds, as previously described (DePalma et al. 

2021, 2023). Matrix stiffness was controlled by modulating the concentration of lithium phenyl-

2,4,6-trimethylbenzoylphosphinate (LAP) photoinitiator present during exposure to UV light. 

Crosslinking parameters were identified to generate matrices with stiffnesses corresponding to 

healthy (0.1 mg/mL LAP; 0.68 kPa) or diseased (5.0 mg/mL LAP; 17.4 kPa) myocardium, as 

characterized by microindentation measurements (DePalma et al. 2023). 
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Figure 6.2: Stiff, aligned fibers drive robust differentiation of primary human cardiac 
fibroblasts in the presence of TGF-β1. (a) Schematic of microfabricated fibrous tissue array. 
Stiffness can be tuned by controlling the amount of crosslinks in the fibers and alignment can be 
tuned by altering the rotation speed of the collection mandrel. (b) Confocal fluorescent images of 
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primary cardiac fibroblasts (NHCF1) cultured on fiber matrices of varying stiffness and alignment 
immunostained for αSMA. (c) Quantification of αSMA expression per cell. (n ≥ 9 regions from 
separate wells in the microfabricated substrate). (d) Confocal fluorescent images of primary 
cardiac fibroblasts (NHCF1) cultured on fiber matrices of varying stiffness and alignment 
immunostained for YAP. (e) Quantification of YAP nuclear to cytosolic ratio. (n ≥ 81 nuclei from 
9 individual wells.) All data presented as mean ± std; * p < 0.05. 

 

Following functionalization of fibers with cell-adhesive cyclic-RGD, normal human CFs 

were seeded on matrices with varied alignment and stiffness and cultured in the presence of a 

vehicle control, fibrogenic TGF-β1 (10 ng/mL), and a TGF-β inhibitor SB431542 (10 μM) for 7 

days (Figure 6.2). When expanded on tissue culture plastic prior to seeding, we observed that CFs 

spontaneously activated into MFs (Supplementary Figure 6.1). To prevent unintended activation, 

CFs were maintained in media supplemented with the TGF-β inhibitor SB431542 (10 μm) which 

was removed 24 prior to the beginning of experiments (Supplementary Figure 6.1). Control and 

SB431542 treated samples expressed little αSMA, regardless of matrix conditions 

(Supplementary Figure 6.2). In samples cultured with TGF-β1 for 7 days, expression of αSMA 

increased on all matrix conditions compared to vehicle control or SB431542 counterparts 

(Supplementary Figure 6.2). However, CFs cultured on matrices composed of stiff and aligned 

fibers yielded the highest levels of αSMA expression when exposed to TGF-β1 as compared to all 

matrix conditions tested (Fig. 2b,c). These results were consistent for a second CF donor line 

(Supplementary Figure 6.2). In this other donor lines however, the impact of fiber alignment on 

was even more pronounced. With stiff, aligned fibers maintaining high levels of αSMA expression 

overall, significant increases in αSMA were also observed in CFs cultured on soft, aligned fibers 

compared to random fibers, further supporting fiber alignment as a major driver of CF activation 

to MFs (Supplementary Figure 6.2). Additionally, immunostaining for YAP expression, an early 

marker of MF activation (Ragazzini et al. 2022; Del Re 2022; Reichardt et al. 2021), in samples 
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treated with TGF-β1 after 3 days in culture revealed reduced YAP nuclear to cytosolic ratio only 

in tissues cultured on soft, random matrices (Figure 6.2d,e). This suggests a role for multiple 

mechanosensing pathways in driving MF differentiation in response to changes in matrix 

alignment and mechanics. 

 

6.4.3 Heterocellular crosstalk with iPSC-CMs inhibits MF activation 

As it has been previously established that CM and CF communication is central to healthy 

tissue function but can promote fibrosis when disrupted, we next generated matrix-segregated 

cocultures of iPSC-CMs and CFs (Bowers, Meng, and Molkentin 2022; Cartledge et al. 2015). We 

aimed to establish a co-culture model that recapitulates the organization of CMs and CFs in the 

myocardium, where the two cell types are separated by thin layers of collagen fibers (Goldsmith 

et al. 2004). To accomplish this, we incorporated seeding channels connecting individual wells 

beneath the fiber matrices within the microfabricated well array. After seeding purified cultures of 

iPSC-CMs on top of the fiber matrices and allowing them to begin to assemble into multicellular 

tissues for 3 days, CFs were pipetted into these channels through small ports and distributed 

throughout the channels and wells by gently rocking (Figure 6.3a). Samples were quickly inverted 

and cultured upside down to allow CFs to adhere to the underside of the matrix, after which 

samples were cultured right-side up for the duration of the experiment. The resultant bilayer tissue 

contains iPSC-CMs and CFs separated by a thin porous synthetic matrix of DVS fibers not only 

mimics the distribution of these two cell types in vivo and allows for CM-CF hetereocellular 

communication via secreted paracrine factors, direct connections via gap junctions through small 

pores in the matrix, and mechanical signals transmitted through the ECM (Bowers, Meng, and 

Molkentin 2022; Cartledge et al. 2015; Hall et al. 2021; Herum et al. 2017; Ruwhof et al. 2000).  
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Figure 6.3: iPSC-CMs mitigate CF differentiation to MF when cultured on a shared soft, 
aligned fibrous matrix. (a) Schematic of microfabricated bilayer fibrous tissue array. Pure 
populations of iPSC-CMs were seeded on the top of the matrix, followed by CF seeding on the 
bottom of the matrix 3 days later. Fluorescent confocal image of bilayer tissue with the fibroblast 
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nuclei labeled in yellow and the cardiomyocytes labeled in cyan. Segregation of the two layers on 
either side of the matrix observable in the orthogonal projection. (b) Confocal fluorescent images 
of primary cardiac fibroblasts (NHCF3) cultured on the bottom of the fiber matrices alone or with 
iPSC-CMs (PGP1) on top. (c) Quantification of total αSMA expression and (d) αSMA expression 
pre spread area. (n ≥ 10 regions from separate wells in the microfabricated substrate). (e) Calcium 
flux dynamics were analyzed, to determine (e) contraction frequency, (f) peak-to-peak irregularity, 
(g) correlation coefficient, (h) upstroke time, (i) downstroke time to 80% relaxation, and (j) full 
width half max. (n ≥ 10). All data presented as mean ± std; * p < 0.05. 

 

In comparing CM and CF monocultures with bilayer co-cultures, we chose soft, aligned 

fiber matrices, as they best reflect healthy myocardial matrix and have previously been shown to 

best facilitate the assembly of organized iPSC-CM tissues (DePalma et al. 2023). CFs on the 

bottom of the soft, aligned fiber matrices without iPSC-CMs present differentiated into αSMA 

positive MFs when exposed to TGF- β1, as described above (Figure 6.3b-d). However, when 

iPSC-CMs were present on the opposing side of matrices, to our surprise MF activation of CF was 

significantly inhibited despite the presence of TGF-β1, as quantified by a decrease in αSMA 

expression in vimentin positive fibroblasts (Figure 6.3b-d). These results were consistent across 

various combinations of two iPSC-CM donors and three CF donors (Figure 6.3, Figure 6.4). 

Additionally, MF differentiation was also negligible when the positioning of CMs and CFs was 

reversed, with CFs positioned on top of the matrix and CMs on the bottom (Figure 6.3). These 

results suggest crosstalk between CMs and CFs that prevents the activation of MFs, thereby 

promoting tissue homeostasis. As there are many signals known to initiate fibrotic disease 

progression, it is possible that other factors beyond TGF-β1 are necessary for MF activation 

(Cartledge et al. 2015; Hall et al. 2021; Herum et al. 2017; Pellman, Zhang, and Sheikh 2016). 

Further, protective signals iPSC-CMs may prevent initial activation through either paracrine or 

mechanical means. Mass spectrometry conducted on conditioned media from CF monocultures 

and CM-CF cocultures treated with TGF-β1 showed significant increases in secreted extracellular 
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matrix proteins such as fibronectin and collagen in CF monocultures as compared to the coculture 

with CMs (data not shown), further indicating reduced activation of CFs in the presence of CMs. 

 To examine the impact that co-culture with CFs had on iPSC-CM function, we assessed 

calcium handling of iPSC-CM monocultures or in BLTs containing CFs. Tissues were incubated 

with a calcium sensitive dye and imaged at high frame rates > 65 frames/sec. Decreased contractile 

frequency was observed in co-culture conditions only in the presence of TGF-β1 (Figure 6.3e). 

Additionally, the presence of TGF-β1 increased the arrhythmogenic potential, as quantified by 

heightened peak-to-peak irregularity (DePalma et al. 2021) of iPSC-CMs with or without CFs 

present, suggesting a detrimental impact of TGF-β1 on iPSC-CMs (Figure 6.3f). No differences 

in the contraction correlation and upstroke time were observed (Figure 6.3g,h). However, co-

culture with CFs increased both downstroke time and full width half max of calcium fluxes (Figure 

6.3i,j). These results indicate that TGF-β1 negatively influences iPSC-CM function but that co-

culture with CFs may promote electrophysiological maturation of iPSC-CMs, potentially due to 

direct connection via gap junctions (Frangogiannis 2022; Hanna and Frangogiannis 2019; Vasquez 

et al. 2010). 

 

6.4.4 Cellular crosstalk via secreted factors prevents myofibroblast differentiation 

 With distinctions noted between monocultures of iPSC-CMs and CFs compared to BLTs 

containing both cell types, we next explored the mode of signaling underlying these differences. 

To potentially isolate paracrine signaling as a key regulator of homeostatic crosstalk between 

iPSC-CMs and CFs, we first treated CF cultures with conditioned media from iPSC-CM 

monocultures and BLTs treated TGF-β1, all cultured on soft, aligned matrices (Figure 6.4a). 

Conditioned media was collected after 24 hours of CM culture and transferred to CF 
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monocultures seeded on soft, aligned fiber matrices, repeated daily for the duration of the study. 

Treatment with CM-conditioned media did not result in the same mitigation of MF activation in 

CF monocultures, evident by heightened αSMA expression (Figure 6.4a-c). However, it is 

possible that the protective effect observed in BLTs is mediated by short range paracrine 

signaling or other communication mechanisms between iPSC-CMs and CFs, either through gap 

junctions or direct mechanical signaling. To isolate short range paracrine signaling as a potential 

mediator of this effect, we generated samples containing iPSC-CMs and CFs that did not share a 

matrix by seeding soft, aligned fiber matrices with iPSC-CMs as before, but seeding CFs onto 

the PDMS surface below suspended fiber matrices (Figure 6.4d). As we showed previously that 

CFs differentiate to MFs on stiff tissue culture plastic in normal culture conditions 

(Supplementary Figure 6.1), we expect robust MF activation as marked by αSMA expression 

in the presence of TGF-β1. However, with iPSC-CMs positioned on fiber matrices ~350 μm 

above the CFs, differentiation to MFs was again diminished, suggesting paracrine 

communication between iPSC-CMs and CFs in preventing MF activation and maintaining tissue 

homeostasis (Figure 6.4). These experiments do not rule out the potential role for mechanical 

communication or electrochemical signaling through gap junctions as possible means of 

communication but rather highlight the importance of secreted factors in limiting CF activation. 

Further, the discrepant results from conditioned media and separated co-culture experiments 

suggests that constant, dynamic paracrine crosstalk between iPSC-CMs and CFs is critical to 

maintaining CF quiescence. 
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Figure 6.4: Paracrine factors from iPSC-CMs prevent MF differentiation. (a) Confocal 
fluorescent images of primary cardiac fibroblasts (NHCF3) cultured alone on the bottom side of 
the fiber matrix or with iPSC-CMs (PGP1) on the top of the matrix. (b) Quantification of total 
αSMA. These samples served as control to compare the samples of only cardiac fibroblasts that 
received conditioned media from either iPSC-CMs or iPSC-CM + CF biolayer tissue. (c) 
Quantification of αSMA expression per cell. (d) Confocal fluorescent images of primary cardiac 
fibroblasts (NHCF3) cultured on the glass surface beneath the suspended fiber matrix with iPSC-
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CMs (PGP1). (e) Quantification of αSMA expression per cell. (n ≥ 9 regions from separate wells 
in the microfabricated substrate). All data presented as mean ± std; * p < 0.05. 

 

6.5 Discussion 

In the healthy myocardium, resident fibroblasts are responsible for maintenance of the 

ECM, which is critical to the normal mechanical function of the heart (Travers et al. 2016). In 

response to pathological signals both soluble and physical, these fibroblasts become activated and 

differentiate into highly contractile MFs that are associated with the secretion of large amounts of 

disorganized matrix, leading to disruption of tissue function (Hinz 2006; Travers et al. 2016). 

Additionally, secreted signals from activated MFs are believed to further propagate pathogenesis 

by signaling directly to other cell types including CMs via physical contact and paracrine signaling 

(Cadosch et al. 2024; Kong, Christia, and Frangogiannis 2014; Shinde and Frangogiannis 2014; 

Travers et al. 2016). However, previous models of cardiac disease make it difficult to precisely 

dissect these interactions due to limited control of physical microenvironment cues. Here, we 

integrated synthetic biomaterials with microfabrication techniques to generate 2.5D fibrous 

matrices that can accurately mimic the architectural and mechanical features of the ECM 

associated with tissues states while segregating CMs and CFs in a manner reflective of physiology. 

Immunostaining for ECM proteins in healthy and diseased human heart sections revealed 

that the increase in matrix accumulation in the interstitial space between CMs in tissues samples 

from patients with DCM and HCM, and more broadly ECM remodeling associated with fibrosis 

observed across the myocardium, is quite heterogeneous (Figure 6.1). Despite other recent studies 

identifying variable architecture and density of these fibrotic regions in mouse models of cardiac 

fibrosis, there is little known about the causes of this heterogeneity and the impact of specific 
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microenvironmental conditions on fibrotic disease progression (Holmes, Borg, and Covell 2005; 

Richardson and Holmes 2016). This is in part because previously established in vitro models used 

to study cardiac disease often fail to recapitulate the fibrous architecture and complex mechanics 

of the cardiac microenvironment  (Pope et al. 2008; Karl T. Weber 1989). By seeding CFs on 

synthetic fibrous matrices of various alignment and stiffness mimicking the various tissue states 

overserved in healthy and fibrotic tissue, we found that CFs differentiate more efficiently to MFs 

on aligned, stiff fibers (Figure 6.2). Surprisingly, little activation was noted in CFs seeded on both 

soft and stiff matrices composed of randomly oriented fibers which reflect the disorganized 

matrices often associated with cardiac fibrosis (Karl T. Weber 1989; Karl T. Weber et al. 2012). 

Supporting our findings, MF differentiation has been correlated with collagen I alignment in the 

scar border zone after myocardial infarction in mouse hearts (Van Den Borne et al. 2009; Bugg et 

al. 2020). Additionally, Bugg et al. presented results in agreement with the ones presented here, 

describing that culturing primary human CFs on aligned nanotopographical substrates increased 

MF differentiation compared to CFs cultured on flat surfaces or substrates with a disorganized 

topography (Bugg et al. 2020).  More elongated CFs on aligned samples were shown to have 

increased tension at focal adhesions that induced enhanced p38-YAP-TEAD signaling which 

supported MF activation. Previous work from our group culturing primary human lung fibroblasts 

on fibrous DVS matrices of varying stiffness noted that enhanced vinculin expression 

corresponded with increased MF differentiation (C.D. Davidson et al. 2020). Additionally, focal 

adhesion kinase (FAK), a mechanosensitive protein associated with integrin signaling, has been 

shown to be key regular in MF activation (Baudino et al. 2006; Schroer and Merryman 2015). As 

such, future studies investigating links between matrix cues and key regulators of signaling at CF 

focal adhesions could provide insights into matrix-mediated MF activation. 
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In addition to tuning of matrix alignment, the fibrous biomaterial platform presented here 

enables orthogonal tuning of matrix mechanics. We found that aligned, stiff matrices increased 

MF differentiation compared to aligned soft matrices (Figure 6.2). Many studies using 

mechanically tunable hydrogel substrates such as polyacrylamide have shown that increased 

matrix stiffness supports MF activation of CFs and fibroblasts of varied tissue origins (Balestrini 

et al. 2012; Caliari et al. 2016; Goffin et al. 2006; van Putten, Shafieyan, and Hinz 2016), while 

long term culture on soft hydrogels maintains fibroblast quiescence and limit proliferation 

(Felisbino et al. 2024; Godbout et al. 2020; H. Wang et al. 2013). Conversely, our group has shown 

that random, soft fibrous DVS matrices, support MF activation of primary human lung fibroblasts 

compared to stiff matrices in the presence of TGF-β1, likely due to increased fiber recruitment, 

resulting ligand densification, and enhanced integrin-mediated adhesion to fibers (C.D. Davidson 

et al. 2020; Schroer and Merryman 2015). When interpreting these divergent results, caution must 

be taken when directly comparing continuum-like isotropic hydrogel substrates as compared to 

matrices composed of discrete fibers, as the mechanical properties of the 2.5D synthetic fiber 

matrices are vastly different than elastic hydrogel samples (Baker et al. 2015; C.D. Davidson et al. 

2020). Multiple culture platforms, including our fibrous platform described herein (Figure 6.2), 

have been utilized to highlight the importance fiber alignment in driving CF differentiation to MFs, 

and thus suggest that cellular anisotropy may be a key cue for MF activation (Bugg et al. 2020). 

Additionally, when comparing how biophysical cues impact MF activation, it is important to 

consider that fibroblasts of different tissue origin may respond differently to changes in the 

mechanical environment. 

As previously described, CF communication with other cell types present in the 

myocardium is critical to maintaining healthy tissue function and when dysregulated can drive 
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remodeling during disease (Hall et al. 2021). However current models of cardiac disease fail to 

recapitulate the segregation of CFs and CMs in the native myocardium, where CFs are interspersed 

throughout the endomysial collagen networks between CMs (Goldsmith et al. 2004; Kanzaki et al. 

2010; Pellman, Zhang, and Sheikh 2016). These models can be broadly categorized into 3 major 

groups: 2D in vitro models, 3D in vitro models, and in vivo systems (Pellman, Zhang, and Sheikh 

2016). Simple 2D systems include admixed CFs and CMs on traditional tissue culture plastic, 

hydrogel surfaces, transwell platforms, and micropatterned samples utilized to organize or align 

tissues (Caliari et al. 2016; Cartledge et al. 2015; Felisbino et al. 2024; Godbout et al. 2020; van 

Putten, Shafieyan, and Hinz 2016). While these platforms have helped identify regulators of 

fibrotic disease progression, they suffer from various limitations, including the improper 

organization of CFs and CMs and limited mechanical tunability. Despite increased complexity, 

both scaffold-based and scaffold-free 3D systems suffer from similar limitations to 2D systems, 

with limited control of mechanical properties, tissue organization, and limited ability to isolate 

specific cell-cell interactions (Pellman, Zhang, and Sheikh 2016). 

The BLT co-culture platform presented here overcomes many of these limitations by 

utilizing a mechanically tunable ECM-mimetic biomaterial and microfabrication approach that 

recapitulates the structure of myocardial endomysial collagen fibers and enables the segregation 

of CF and CMs in a physiologic manner (Figure 6.3) (Fleischer and Dvir 2013; Kanzaki et al. 

2010; Karl T. Weber 1989). Culturing CMs and CFs on opposing sides of a synthetic fibrous 

matrix with tunable mechanical properties facilitated the generation of model of both healthy and 

diseased tissues states. Aligned, soft matrices, that we have previously shown to drive robust 

assembly and maturation of iPSC-CMs and mimic the healthy cardiac ECM, were chosen for initial 

coculture studies to better understand hoe CMs and CFs communicate in homeostatic conditions 
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(Figure 6.3). Additionally, by introducing the profibrotic growth factor TGF-β1, we explored how 

initial fibrogenic soluble cues influence MF activation. Interestingly, we found that even with 

exposure to fibrogenic TGF-β1, crosstalk with iPSC-CMs through a shared fibrous matrix 

prevented MF differentiation in contrast to CF monocultures maintained under identical conditions 

(Figure 6.3, Supplementary Figure 6.3,  Supplementary Figure 6.4). While there are reports 

on how CMs and CFs communicate to promote fibrosis, there far fewer insights into how CM-CF 

crosstalk maintains tissue homeostasis (Cadosch et al. 2024; Pesce et al. 2022). Both paracrine 

communication and direct connections through gap junctions between CFs and iPSC-CMs have 

been identified as important for iPSC-CM maturation, implying a role for these communication 

pathways in maintaining overall tissue homeostasis as well (Beauchamp et al. 2020; Giacomelli et 

al. 2020). Additionally, alterations in mechanical signaling between CMs and CFs can lead to 

increased FGF expression and thus more collagen expression, showing the importance of 

mechanical connections between these two cell types (Cadosch et al. 2024).  

In our BLT platform, iPSC-CMs and CFs can communicate in different ways by secreting 

paracrine factors, interacting with the shared deformable ECM to transmit mechanical signals, and 

direct cell-cell connections through small pores present within the matrix (Hall et al. 2021; Kakkar 

and Lee 2010; Pellman, Zhang, and Sheikh 2016). By controlling the positioning of both cell types, 

we identified paracrine signaling between CFs and CMs as critical to homeostatic signaling. 

Specifically, we removed the potential for mechanical crosstalk by removing CFs from the shared 

fibrous ECM and culturing them on the glass surface beneath the fibers, a surface we showed to 

be quite amenable to MF differentiation (Figure 6.4; Supplementary Figure 6.1).  While CMs 

prevented CF differentiation to MFs while cultured on a shared fibrous matrix, differentiation was 

also mitigated when CMs were cultured on -soft fibrous matrices ~350 μm above CFs cultured on 
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glass in the presence of TGF-β1, suggesting the presence of homeostatic paracrine crosstalk 

between CFs and CMs (Figure 6.4). In response to profibrotic factors such as TGF-β1, CFs 

typically will begin to become more contractile and secrete additional proinflammatory factors 

such as angiotensin II, initiating a positive feedback loop that leads to further activation (Nakamura 

and Sadoshima 2018; Talman and Ruskoaho 2016; Travers et al. 2016). Exploration into secreted 

factors that antagonize this feedback loop using our co-culture platform could therefore help 

identify potential therapeutic targets to prevent or reverse fibrotic progression. 

While the importance of paracrine signaling in maintaining CF quiescence is clear from 

these studies, isolating direct mechanical crosstalk between CMs and CFs is more challenging in 

this platform, as disrupting all paracrine signaling may disrupt normal cellular functions and 

confound results. Mechanical actuation of individual cultures of CMs and CFs have indicated that 

excessive strain initiates the secretion of profibrotic factors and extracellular matrix proteins 

(Herum et al. 2017; Pathak et al. 2001; Pellman, Zhang, and Sheikh 2016; Ruwhof et al. 2000; 

Souders, Bowers, and Baudino 2009). Additionally, cellular contractility has been shown to 

activate latent matrix-bound TGF-β1, a key driver of MF differentiation in cardiac disease (Khalil 

et al. 2017; Wipff et al. 2007). Direct mechanical signaling between CMs and CFs, either through 

adherens junctions or ECM-mediated force transmission, is also likely critical in driving disease 

progression (Hall et al. 2021; Pellman, Zhang, and Sheikh 2016). For example, highly contractile 

MFs can apply increased tension on CMs, leading to disrupted electrophysiological function of 

tissues (Mahoney, Mezzano, and Morley 2016; Quinn et al. 2016; Rubart et al. 2018; Thompson 

et al. 2011; Y. Wang et al. 2023). However, how these interactions may promote hemostatic 

maintenance and provide protection from initial fibrotic signaling merits further investigation.  
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 In conclusion, we developed a microfabricated, biomimetic co-culture platform to examine 

CM-CF communication underlying tissue homeostasis versus fibrosis. We found that the 

mechanical properties and alignment of the fibrous ECM modulates MF differentiation. Further, 

CM-CF paracrine crosstalk inhibited MF differentiation on soft, aligned fibrous matrices that 

recapitulate the healthy cardiac ECM. Ongoing studies are focused on identifying the operative 

heterocellular communication pathways via mass spectrometry and RNA sequencing analysis of 

the CM-CF secretory and transcription.  
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6.6 Materials and Methods 

6.6.1 Reagents 

All reagents were purchased from Sigma Aldrich and used as received, unless otherwise 

stated. 

6.6.2 Human myocardial tissue sectioning, clearing, and immunostaining 

Human myocardial tissue was sectioned into 200 μm slices using a vibratome. Tissue 

sections were then cleared using a modified advanced cubic clearing method(Matsumoto et al. 

2019). Specifically, sections were cleared in dH2O with 50%CUBIC-L containing 10% N-

butyldiethanolamine(w/w), and 10% TritonX-100 (w/w) in dH2O for one day, then switched to 

100% CUBIC-L for 3 more days, replacing the solution every 24 hours. Following clearing, tissues 

were permeabilized for two days in PBS solution containing 20% DMSO, 0.1% tween 20, 0.1% 

TritonX-100, 0.02% SDS, + 0.1% deoxycholate(w/v) and + 0.1% tergitol NP40 (w/v). Then tissues 

were blocked and stored in PBS solution containing 0.2% TritonX-100, 6% goat serum, and 10% 

DMSO for at least 24 hours or until staining. Primary and secondary antibody solutions were 

diluted in the same blocking solution and samples were treated with both primary and secondary 

antibodies for 48 hours, refreshing the antibody solution after 24 hours. 

6.6.3 PDMS well array fabrication 

Arrays of poly(dimethylsiloxane) (PDMS; Dow Silicones Corporation, Midland, MI) posts 

were fabricated by soft lithography as previously described (Baker et al. 2015; C.D. Davidson et 

al. 2020). Briefly, silicon wafer masters possessing SU-8 photoresist (Microchem, Westborough, 

MA) were produced by standard photolithography and used to generate PDMS stamps. Following 

silanization with trichloro(1H,1H,2H,2H-perfluorooctyl)silane, stamps were used to emboss 
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uncured PDMS onto oxygen plasma-treated coverslips. Cantilever arrays were methacrylated with 

vapor-phase silanization of 3-(trimethoxysilyl)propyl methacrylate in a vacuum oven at 60 °C for 

at least 6 h to promote fiber adhesion to PDMS. 

6.6.4 DVS fiber matrix fabrication 

DVS polymer was synthesized as previously described by our lab(C.D. Davidson et al. 

2020). Briefly, dextran was reacted with divinyl sulfone and the product was dialyzed and 

lyophilized. For electrospinning, DVS was dissolved at 0.7 g mL-1 in a 1:1 mixture of milli-Q 

water and dimethylformamide with 0.6% (w/v) lithium phenyl-2,4,6-trimethylbenzoylphosphinate 

(LAP; Colorado Photopolymer Solutions) photoinitiator, 2.5% (v/v) methacrylated rhodamine (25 

mM; Polysciences, Inc., Warrington, PA), and 5.0% (v/v) glycidyl methacrylate. This solution was 

electrospun on coverslips containing microfabricated cantilever arrays affixed to a custom-built 

rotating mandrel with a hexagonal geometry driven by an AC motor with controllable speed 

(DePalma et al. 2021). Electrospinning was conducted in an environmental chamber at 35% 

humidity with a flow rate of 0.2 ml h-1, voltage of 7.0 kV, and a gap distance of ~5 cm to the 

grounded mandrel. After collection, fibers were stabilized by primary crosslinking under UV (100 

mW cm-2) through a microfabricated photomask for 20 s, such that only the fibers suspended in 

the region spanning two posts would be crosslinked. Fiber matrices were subsequently placed in 

LAP photoinitiator solutions of varying concentrations and exposed again to UV (100 mW cm-2) 

for 20 s to tune fiber stiffness and sterilize substrates. 

Matrices were functionalized with cell adhesive peptides cyclized [Arg-Gly-Asp-D-Phe-

Lys(Cys)] (cRGD; Peptides International) via Michael-Type addition to available vinyl sulfone 

groups. Peptides were dissolved at 200 μM in milli-Q water containing HEPES (50 mM), phenol 
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red (10 μg mL-1), and 1 M NaOH to bring the pH to 8.0. A volume of 150 µL was added to each 

substrate and incubated at room temperature for 30 min. 

6.6.5 iPSC culture and iPSC-CM differentiation 

Induced pluripotent stem cells containing a GFP-titin reporter 79 (PGP1; gift from the 

Seidman Lab) or GFP-DSP reporter (WTC; Allen Institute AICS-0017 cl.6) were cultured in 

mTeSR1 media (StemCell Technologies) on Matrigel (Corning) coated tissue culture plastic and 

differentiated via temporal Wnt modulation as previously described 80,81. Briefly, differentiation 

was initiated when iPSCs reached 90% confluency in RPMI 1640 media supplemented with B27 

minus insulin on day 0 with the addition of 12 µM CHIR99021 for 24 hours. On day 3, CDM3 

media containing 5 uM IWP4 on day 3 for 48 hours. Retinol inhibitor BMS 453 (Cayman 

Chemical, 1 µM) was also added for days 3-6 to minimize atrial lineage differentiation82,83. 

Cultures were then maintained in CDM3 media until contractions began between day 8 and 10. 

iPSC-CMs cultures were then transferred to RPMI 1640 media lacking glucose and glutamine 

(Captivate Bio) supplemented with 4 mM DL-lactate, 500 ug/mL human serum albumin (Sciencell 

Research Labs), and 213 ug/mL L-ascorbic acid 2-phosphate trisodium salt on day 11 for 4 days. 

Following purification, iPSC-CMs were replated as monolayers (300,000 cells/cm2) on growth 

factor reduced Matrigel (Corning) in RPMI 1640 media supplemented with B27 for 7 additional 

days before seeding into tissues. 

6.6.6 Cardiac fibroblast culture 

Normal human ventricular cardiac fibroblasts (NHCF) (Lonza) were thawed and expanded 

in FGM-3 medium (Lonza) supplemented with 10 μm SB431542 to prevent differentiation to 

myofibroblasts. Three cell lines were utilized in these studies to ensure robustness of 
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theexperimental findings (labeled NHCF1, NHCF2, and NHCF3). Despite treatment with 

SB431542, fibroblasts were not used for experiments past passage 6. NHCFs were passaged using 

0.05% trysin. Cells were cultured at 37 °C and 5% CO2. 

6.6.7 Microtissue seeding and culture 

When conducting experiments with only cardiac fibroblasts, CFs were seeded on top of the 

fiber matrices and allowed to adhere to the fibers for 24 h. Following cell attachment, basal media 

was supplemented with TGF-β1 (10 ng mL−1) and cultured for an additional 6 days, unless 

otherwise noted. Media was replaced every 2 days. For seeding cells on the bottom side of the 

matrix, cells were resuspended at a high concentration (10,000 cells /10 μL for NHCFs or 25,000 

cell/10μL for iPSC-CMs) and 10 μL of cell suspension was quickly injected into each of the 5 

channels on the sample. The sample was quickly inverted and rocked back and forth to ensure even 

distribution of cells. Next, 300 μL of RPMI-B27 media was then placed on a piece of parafilm in 

dish. The samples were then placed on the drop of media such that it floats on the top with the 

fibers facing down, a left to let set for 24 hours, allowing the cells to settle and adhere to the bottom 

of the matrix. Samples were then moved to a 12 well dish where all tissues for experiments, 

coculture or not, were conducted in RPMI B27 media. For conditioned media experiments, media 

was transferred to new samples daily starting at day 1 in culture until day 7, unless otherwise noted. 

6.6.8 Calcium imaging 

Calcium handling analysis was performed by incubating cells for 1 hour at 37 ℃ with 5 

μM Cal520-AM (AAT Bioquest). Cells were then returned to conditioned media preserved prior 

to adding the calcium sensitive dye and allowed to equilibrate for >30 min at 37 ℃ and 5% CO2. 

Following equilibration, tissues were imaged under epifluorescence at 65 Hz while maintaining 
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temperature and CO2. Time-lapse movies of calcium flux were analyzed with custom Matlab 

scripts as previously described(DePalma et al. 2021). Briefly, average fluorescent profiles over 

time were determined for each tissue and parameters such as beats per minute, peak-to-peak 

irregularity, flux rise time, flux decay time, and peak full width half max were calculated. 

Contraction correlation coefficient was determined by dividing the entire tissue into 16 regions of 

equal area and calculating the average Pearson’s correlation coefficient between the flux profiles 

of each of these regions.  

6.6.9 Immunofluorescence staining of in vitro culture platforms 

Samples were fixed in 2% paraformaldehyde for 10 min at RT. Samples were then 

permeabilized in PBS solution containing Triton X-100 (0.2% v/v), sucrose (10% w/v), and 

magnesium chloride (0.6% w/v) for 10 min and blocked in 1% (w/v) bovine serum albumin. 

Alternatively, to extract cytoplasmic vinculin, samples were simultaneously fixed and 

permeabilized in 2% paraformaldehyde in a buffer containing 1,4-piperazinediethanesulfonic acid 

(PIPES, 0.1 M), ethylene glycol-bis(2-aminoethylether)-N,N,N’,N’-tetraacetic acid (EGTA, 1 

mM), magnesium sulfate (1 mM), poly(ethylene glycol) (4 % w/v), and triton X-100 (1% v/v) for 

10 min at room temperature, prior to blocking in 1% (w/v) bovine serum albumin. Tissues were 

incubated with rabbit monoclonal anti-N-cadherin (1:500; Abcam Ab18203), rabbit monoclonal 

anti-connexin43 (1:1000; Millipore Sigma AB1728), mouse monoclonal anti-α-actinin (1:500; 

Abcam ab9465), mouse monoclonal anti-cardiac troponin T (1:500; ThermoFisher MA5-12960), 

mouse monoclonal anti-vinculin (1:1000; Millipore Sigma V9264), rabbit polyclonal anti-myosin 

light chain 2 (1:500; Proteintech 10906-1-AP), rabbit polyclonal anti-non-muscle myosin II-B 

(1:1000; Biolegend 909902), mouse monoclonal anti-integrin β1D (1:1000; Abcam ab8991), 

rabbit polyclonal anti-zyxin (1:200; Millipore Sigma HPA004835), or mouse anti-dextran (1:500; 
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STEMCELL Technologies 60026) antibodies for 1 hour at RT, followed by goat anti-mouse Alexa 

Fluor 647 (1:1000; Life Technologies A21236), goat anti-mouse Alex Fluor 546 (1:1000, Life 

Technologies A11030), or goat anti-rabbit Alexa Fluor 647 secondary antibodies (1:1000; Life 

Technologies A21245) and DAPI for 1 hour at RT.  

6.6.10 Microscopy and image analysis 

 Fluorescent images were captured on a Zeiss LSM800 confocal microscope. Sarcomere 

alignment was quantified via custom Matlab scripts as previously described (DePalma et al. 2021). 

Briefly, images of titin-GFP reporter were thresholded and individual z-discs segmented. Z-discs 

were subsequently grouped with neighboring z-discs based on proximity and orientation to identify 

myofibrils within the image. The orientation of all identified myofibrils within a field of view was 

fit to a Gaussian distribution. Sarcomere alignment deviation was defined at the standard deviation 

of this distribution using circular/angular statistics. Myofibril density was calculated by 

determining the percent area of each tissue containing titin-rich myofibril structures. 

Vinculin and N-cadherin morphology and colocalization analysis was also performed using 

custom Matlab scripts. Because of the 3D nature of these tissues due to the intercalation of iPSC-

CMs into matrix pores, confocal z-stacks of fibroTUG tissues formed with iPSC-CMs containing 

a GFP-titin live-reporter and immunostained for vinculin and N-cadherin were segmented in 3D 

for vinculin-, N-cadherin-, and titin-enriched structures. Custom Matlab functions were 

implemented to extract volume, eccentricity, and other parameters for these structures. Where 

applicable, quantifications were normalized to cell number in each field of view. 
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6.6.11 Statistical analysis 

Statistical significance was determined by t-tests and one-way or two-way analysis of 

variance (ANOVA) with post-hoc analysis (Tukey test), where appropriate, with significance 

indicated by p < 0.05. Studies were conducted a minimum of 3 times in each experiment. The data 

presented are representative data sets from one of these replicate studies. Specific sample size is 

indicated within corresponding figure legends and all data are presented as mean ± standard 

deviation. 
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6.7 Supplementary Figures 

 

Supplementary Figure 6.1: Cardiac fibroblasts differentiation to MFs when expanded on 
tissue culture plastic. (a) Confocal fluorescent images of cardiac fibroblasts (NHCF1) on tissue 
culture plastic. Samples that were treated with 10 μm SB431542 were always expanded in the 
inhibitor starting at passage 1. (b) Quantification of αSMA per cell. (n ≥ 10 regions from separate 
wells in the microfabricated substrate). All data presented as mean ± std; * p < 0.05. 
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Supplementary Figure 6.2: Aligned fibers drive robust differentiation of primary human 
cardiac fibroblasts from a second donor in the presence of TGF-β1. (a) Confocal fluorescent 
images of primary cardiac fibroblasts (NHCF3) cultured on fiber matrices of varying stiffness and 
alignment immuostained for αSMA. (b) Quantification of αSMA expression per cell. (n ≥ 10 
regions from separate wells in the microfabricated substrate). All data presented as mean ± std; * 
p < 0.05. 
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Supplementary Figure 6.3: iPSC-CMs mitigate CF differentiation to MF when cultured on 
a shared soft, aligned fibrous matrix, regardless of what cell type is on top of the matrix. (a) 
Schematics of microfabricated bilayer fibrous tissue arrays indicating that CMs (PGP1) were 
seeded on the bottom of the fiber matrices with fibroblasts (NHCF1) seeded on top. Confocal 
fluorescent images of primary cardiac fibroblasts (NHCF1) cultured on the top of the fiber matrices 
alone or with iPSC-CMs (PGP1) on bottom. (b) Quantification of total αSMA expression. (c) 
Quantification of total αSMA expression per cell. n ≥ 10. All data presented as mean ± std; * p < 
0.05. 
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Supplementary Figure 6.4: iPSC-CMs mitigate CF differentiation to MF when cultured on 
a shared soft, aligned fibrous matrix, regardless of what cell type is on top of the matrix. (a) 
Schematics of microfabricated bilayer fibrous tissue arrays indicating that CMs (WTC11) were 
seeded on the top of the fiber matrices with fibroblasts (NHCF3) seeded on the bottom. Confocal 
fluorescent images of all tissues stained for αSMA. (b) Quantification of total αSMA expression. 
(c) Quantification of total αSMA expression per spread area. n ≥ 10. All data presented as mean ± 
std; * p < 0.05. 
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Chapter 7: Summary and Future Directions 

7.1 Summary 

Overall, this thesis aimed to design cardiac microtissue platforms composed of 

extracellular matrix (ECM) mimetic synthetic biomaterials to investigate the role of mechanical 

signaling in cardiomyocyte (CM) maturation and cardiac disease. Chapter 2 provided background 

on the structure and function of the myocardial ECM and how the dynamic biophysical properties 

of the ECM facilitate cardiac development and fibrotic disease progression. Additionally, Chapter 

2 summarized current biomaterial platforms used to model the cardiac ECM and known 

mechanosensing mechanisms involved in myofibril assembly processes, tissue regeneration, and 

pathogenesis. Specifically, this thesis integrated synthetic biomaterials composed of electrospun 

fibrous matrices with microfabrication techniques to develop several cardiac microtissue platforms 

of varying complexity to recapitulate various tissue states. These platforms, combined with stem 

cell biology, confocal microscopy, and image analysis techniques, enabled the study of how 

mechanical and biological microenvironmental cues drive myocardial function. 

 Chapter 3 examined the state of the field of cardiac tissue engineering and the current 

platforms used to model the cardiac ECM in greater detail by conducting a comprehensive 

quantitative review of > 300 manuscripts that implemented induced pluripotent stem cell-derived 

CMs (iPSC-CMs) (J. Ewoldt, S.J. DePalma et al. 2023). Chapter 4 explored how changing 

mechanical properties of synthetic fiber networks influence iPSC-CM tissue assembly and 

functionality (DePalma et al. 2021). Chapter 5 worked towards advancing the mechanical 
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tunability of these electrospun fibrous scaffolds, by employing microfabrication techniques to 

create arrays of suspended cardiac microtissues with real-time contractile force readouts (DePalma 

et al. 2023). Here, we also build upon the results in Chapter 4 to define a set of mechanical inputs 

that drive the most robust tissue assembly, function, and maturation. Lastly, Chapter 6 focused on 

incorporating cardiac fibroblasts (CFs) into these fibrous biomaterial platforms to investigate how 

communication between CFs and CMs is altered by various biophysical cues to maintain tissue 

homeostasis and propagate fibrotic feedback loops. Overall, studies utilizing these platforms have 

improved understanding of the mechanobiological drivers of myocardial function and provided 

new insights towards the design of engineered heart tissues for disease modeling, drug screening, 

and regenerative therapies. 

 

7.2 Limitations and Future Directions 

7.2.1 Towards a deeper understanding of cardiomyocyte mechanobiology 

Continuing to advance our understanding of how cells in the heart sense and respond to 

dynamic mechanical changes that occur throughout tissue development and disease will require 

integration of multidisciplinary characterization techniques to probe complex mechanosensing 

pathways. Starting at the cell-scale, implementing Förster resonance energy transfer (FRET)-based 

molecular tension sensors could provide key insights into mechanotransduction by enabling 

measurement of tensions across various cytoskeletal proteins. This technique has been 

implemented most extensively for the cell adhesion protein vinculin, a protein that plays a critical 

role in CM mechanosensing (Grashoff et al. 2010). Additionally, FRET-tension sensors have been 

developed to quantify tension across desmoplakin in pathological mechanical conditions (Price et 
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al. 2018). Combining these approaches with our mechanically tunable fibrous scaffolds and live-

cell imaging could enhance our understanding of how mechanical signals are transmitted 

throughout the cell as myofibrils assemble and mature. Further, implementation of these molecular 

tension probes could elucidate mechanisms by which CMs adapt to aberrant mechanical changes 

in the cardiac microenvironment that in various cardiomyopathies.  

In combination with molecular tension sensors, high throughput imaging protocols could 

be implemented to begin to understand the relationships between a greater number of the many 

mechanosensitive proteins involved in cardiac tissue development and disease. Several cell-ECM 

and cell-cell junction proteins, in addition to various myofibril proteins, have been connected to 

various forms of cardiomyopathy because of the important role that they play in generating and 

transmitting forces throughout the myocardium (Jordan et al. 2021; Maron and Maron 2013; Walsh 

et al. 2021). By adapting previously developed iterative immunostaining protocols with high-

dimensional data analysis techniques, we can take advantage of our ability to easily image and 

assess the structural organization of our fibrous cardiac microtissues (Freeburne et al. 2023; Gut, 

Herrmann, and Pelkmans 2018). Machine learning techniques could also be applied to begin to 

correlate tissue scale functional metrics such as tissue contractile force with the expression and 

organization of specific proteins (Schmitt et al. 2024; Tao et al. 2023). Overall, the continued 

implementation and development of new techniques for analyzing in vitro cardiac models, such as 

the ones presented in this thesis and throughout the literature, will be essential to uncovering 

additional important mechnosensing processes in the heart. 

7.2.2 Improving tissue maturity for improved disease modeling and drug screening 

A limitation of the work presented here that is persistent in other engineered heart tissue 

models as well is the immaturity of iPSC-CMs used to generate these tissues (Karbassi et al. 2020). 
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As described in Chapter 3 of this thesis, iPSC-CMs more closely mimic fetal CMs than adult CMs 

in both their structural and functional phenotypes, which can limit their utility in modeling cardiac 

diseases and drugs screening applications. The work presented in Chapter 4 and Chapter 5 defined 

key mechanical parameters that can facilitate the maturation of iPSC-CM tissues. While these 

mechanical inputs alone do in fact support the formation of tissues that are of similar functionality 

to other tissues generated in the field (DePalma et al. 2023; J. Ewoldt et al. 2023), there is still a 

significant gap in maturity between these tissues and the adult myocardium (Karbassi et al. 2020). 

Therefore, it is necessary to explore how other maturation techniques can complement the 

mechanical maturation techniques explored in this thesis to generate adult-like cardiac tissues in 

vitro. Combining other maturation techniques with mechanically tunable platforms that do not 

require the addition of support cells besides iPSC-CMs could also enable careful dissection of the 

mechanism by which each maturation technique is generating more mature tissues. More 

specifically, electrical pacing, mechanical actuation, and metabolic reprogramming have been 

shown to drive iPSC-CM maturation and could be easily implemented into most established 

engineered heart tissue systems, including the platforms presented here (Correia et al. 2017; 

Ronaldson-Bouchard et al. 2018; Ruan et al. 2016). Additionally, exploring iPSC-CM interactions 

with other cell types such as fibroblasts and endothelial cells will also be important for generating 

more complex cardiac models (Beauchamp et al. 2020; Giacomelli et al. 2020). 

However, it remains an open question as to how mature is mature enough for many disease 

modeling and drug toxicity testing applications. In many cases, more complex engineered heart 

tissue models result in more mature tissues, while simultaneously sacrificing throughput (Figure 

2.3) (Cho et al. 2022). For in vitro engineered heart tissue models to be broadly applicable in this 

context, they will need to be able to screen many conditions simultaneously which will require the 
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design of simpler, highly reproducible platforms that are mature enough recapitulate specific 

phenotypes of interest. Many studies have suggested that specific types of maturation may be 

necessary to model certain diseases or responses to drugs; mechanical maturation may be 

necessary when modeling cardiomyopathies caused by cell-cell junction proteins while metabolic 

maturation may be necessary when testing the toxicity of drugs that interact with various ion 

channels (Bliley et al. 2021; Correia et al. 2017). As such, tunable model systems that can be 

adapted depending on the question being explored at a given time will be extremely valuable as 

the translational applications of these models continues to expand. Additionally, platforms like the 

ones presented in this thesis that enable real-time functional readouts of tissue structure and 

function will be critical to optimizing and improving the platforms for such applications. 

7.2.3 Scaling-up to generate 3D engineered regenerative therapies 

In addition to generating in vitro models for studying tissue development and disease, 

iPSC-CMs show great promise as regenerative therapies to restore functionality of damaged 

myocardium. However, simply injecting singularized iPSC-CMs or aggregates of immature iPSC-

CMs can result in arrythmias due to inefficient integration of the new iPSC-CMs with the host 

tissue (Liu et al. 2018). This suggests the need for engineered scaffolding that can facilitate proper 

maturation of the tissue before implantation and provide structural support once implanted (Tzahor 

and Poss 2017). As such, mechanically tunable scaffolds should continue to be leveraged to 

explore the specific mechanical parameters required to generate highly functional cardiac syncytia. 

However, the 2.5D fibrous scaffolds described throughout this thesis are limited in their ability to 

be directly scaled up to a functional cardiac patch because of their thin structure. The development 

of 3D material systems with similar levels of mechanical control will therefore be necessary to 

successfully generate functional engineered cardiac tissue patches (Jianyi Zhang et al. 2018). 
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Furthermore, understanding how other cell types such as fibroblasts and endothelial cells interact 

with CMs in these complex environments will be critical to ensuring proper integration and 

survival of the engineered therapy upon implantation (Giacomelli et al. 2020). Overall, the 

continued advancement of tunable engineered heart tissue platforms will provide fundamental 

insights necessary for the intelligent design of next generation engineered tissue constructs for 

drug screening, disease modeling, and regenerative medicine applications.   
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Appendix A: MATLAB Scripts  

Sarcomere Alignment Quantification 
 
function [sarcCount, avgSarcArea, sd, maxAngle, 
avgSarcSpace,sarcGroup,sarcGroupNew,sarcGroupMask,sarcAngCent,sarcContent,sarcInt,gro
upMaskAngle] = 
sarcomere_v12(sarcFilename,nucFilename,fiberFilename,root,pathname,dirOut,imgCount) 
 
cd(pathname) 
 
%% HARDCODED VARIABLES 
minSarcArea = 15; %pixels 
maxSarcArea = 1000; %pixels 
clusterSens = 8; % 4 or 8 connectivity 
backSize = 50; 
 
pixelDim = 0.195; %microns/pixel 
sarcDistMax = 2.5; %microns. Guess how far each z-disc is to each other. 
sarcAreaGuess = 40; %pixels. To estimate number of sarcomeres per group in code. 
searchDist = 2.5; %microns. How far to search for next sarcomere. 
 
 
 
%% SAROMERE IMAGE PROCESSING 
 
% parse file 
sarcScale = [14000 50000]; 
nucScale = [5000 60000]; 
fiberScale = [0 20000]; %sarcScale; 
sarcImg = double(mat2gray(squeeze(imread(sarcFilename)), sarcScale)); 
nucImg = double(mat2gray(squeeze(imread(nucFilename)), nucScale)); 
fiberImg = double(mat2gray(squeeze(imread(fiberFilename)), fiberScale)); 
sarcImgNoFilt = sarcImg; %(:,:,2); %Save unfilter image for finding background. 
 
% Creating tissue mask of sarcomeres, nuclei, and fibers... 
 
tissueImage = sarcImg + nucImg + fiberImg; 
 
 
% Selecting a tolerance for thresholding ... seemed to work well ... 
    TOL = max(max(tissueImage)) * 0.01;  %0.1 
 
    % Create a mask ... 
    m = (tissueImage > TOL); 
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    % Cap the ends and fill in the holes ... 
    m(1,:) = 1; m(end,:) = 1; 
     
    % Define the micro-tissue region ... 
    bk = imfill(m,'holes');  
    bk = imfill(bk,'holes'); 
 
    % Making sure we select the largest singular region as the background ... 
    cc = bwconncomp(bk); 
    for i = 1:cc.NumObjects 
        pixnum(i) = length(cc.PixelIdxList{i}); 
    end 
    mxpix = find(pixnum == max(pixnum)); 
    bk(:,:) = 0; 
    bk(cc.PixelIdxList{mxpix}) = 1; 
 
    % Focus only on areas in the defined tissue region (ignoring scattered 
    % pixels) ... 
    m = m .* bk; 
 
 
% image cleanup 
backH = fspecial('gaussian',backSize,backSize/3); 
background = imfilter(sarcImg,backH,'symmetric'); 
sarcImg = sarcImg - background; 
sarcImg(sarcImg<0) = 0; 
sarcImg = sarcImg .* bk; 
 
% [sarcGradMag,sarcGradDir] = imgradient(sarcImg); 
figure(1) 
imshow(sarcImg); pause(0.5); 
 
sarcInt = sum(sum(sarcImg)); 
 
% initial guess for threshold 
threshVal = 0.1; 
 
% initializations 
button = 1; 
peakLocMat = []; 
circCount = 1; 
 
 
% Threshold image 
% continue to whileloop until user hits enter (which makes button empty) 
while isempty(button) ~= 1 
    % clear nucCount here so that a value is always stored at the end of 
    % the loop 
    sarcCount = 1; 
     
    % filter cell img to get rid of stuff that's too small to be a cell 
    sarcMask = im2bw(sarcImg,threshVal); %%%sarcImg 
%     sarcMask = imfill(sarcMask,'holes'); 
    [clusterLabel,totalLabels] = bwlabel(sarcMask,clusterSens); 
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    allStats = 
regionprops(clusterLabel,'Area','PixelIdxList','PixelList','Centroid','Orientation','
Eccentricity'); 
    centroid = []; 
    orient = []; 
    ecc = []; 
    pixelSize = []; 
    for i=1:totalLabels 
 
        if allStats(i,1).Area < minSarcArea || allStats(i,1).Area > maxSarcArea || 
allStats(i,1).Eccentricity < 0.8 %|| minRefValue > 10 
            sarcMask(allStats(i,1).PixelIdxList)=0; 
        else 
            centroid(i,:) = allStats(i,1).Centroid; % if they're the right size, 
record their centroid and increment sarcCount 
            pixelSize(sarcCount) = allStats(i,1).Area; 
            orient(i,:) = allStats(i,1).Orientation; 
            ecc(i,:) = allStats(i,1).Eccentricity; 
            pixList{i} = allStats(i,1).PixelList; %structure containing all pixels of 
each z-disc 
            sarcCount = sarcCount + 1; 
        end 
    end   
     
     
    if sarcCount == 0 
        avgSarcArea = 0; 
    else 
        pixelSizeMod = pixelSize(pixelSize~=0); 
        avgSarcArea = mean(pixelSizeMod); 
    end    
 
    % generate a composite mask and display on the right 
    figure(1) 
    set(gcf, 'Units', 'Normalized', 'OuterPosition', [0 0 1 1]); 
    impanel(sarcImg,sarcMask); 
  
    % display number of counts 
    title(num2str(sarcCount)); 
     
    % switch on click (can't use actual switch because of breakout) 
    [x,y,button] = ginput(1); 
     
    % arrow keys to adjust threshold value 
    if button == 30 % up arrow 
        threshVal = threshVal + .01; 
    end 
    if button == 31 % down arrow 
        threshVal = threshVal - .01; 
        if threshVal  <= 0 
            threshVal = 0.01; 
        end 
    end 
    if button == 28 % left arrow 
        threshVal = threshVal - .05; 
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        if threshVal  <= 0 
            threshVal = 0.01; 
        end 
    end 
    if button == 29 % right arrow 
        threshVal = threshVal + .05; 
    end 
    % need to clear cluster stats so no residual data 
    clear clusterLabel pixelSize 
     
     
end 
close 
 
 
%% Group z-discs into sarcomeres 
 
sarcGroupNum = 1; 
badCentroid = centroid; 
[yPix,xPix] = size(sarcMask); 
groupMask = zeros(size(sarcMask)); 
groupColor = jet(30); 
for sarcLoop = 1:length(badCentroid) 
    plusStop = 0; 
    negStop = 0; 
    whileCount = 0; 
    whileCountNeg = 0; 
    firstCentroid = badCentroid(sarcLoop,:); 
    firstOrient = orient(sarcLoop)+90; 
     
    % Find z-discs in "plus" direction 
    while plusStop == 0 
        if whileCount == 0 
            currCentroid = firstCentroid; 
            currOrient = firstOrient; 
        else    
        end 
 
        if currCentroid(1,1) == 0 && currCentroid(1,2) == 0 
            plusStop = 1; 
        else 
            % Add first centroid to the group 
            if whileCount == 0 
                whileCount = whileCount+1; 
                sarcGroup{sarcGroupNum}(whileCount,:) = allStats(sarcLoop); 
                groupMask(allStats(sarcLoop,1).PixelIdxList) = 1; 
            end 
 
            cosOrient = cosd(currOrient); 
            sinOrient = sind(currOrient); 
            xcoords = ceil(currCentroid(1,1) + searchDist/pixelDim * [cosOrient -
cosOrient]); 
            ycoords = ceil(currCentroid(1,2) + searchDist/pixelDim * [-sinOrient 
sinOrient]);             
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            distVecRefPlus = sqrt((badCentroid(:,1)-xcoords(1)).^2 + 
((badCentroid(:,2)-ycoords(1)).^2)); 
            [minPlus, indexPlus] = min(nonzeros(distVecRefPlus)); 
             
            if minPlus < sarcDistMax/pixelDim && minPlus > 0.005/pixelDim && 
xcoords(1)>=0 && ycoords(1)>=0 
                 
                if allStats(indexPlus).Eccentricity == 
sarcGroup{sarcGroupNum}(whileCount,:).Eccentricity 
                    groupMask(allStats(indexPlus,1).PixelIdxList) = 1; 
                    badCentroid(badCentroid==currCentroid(1,1)) = 0; %Remove current 
centroid from the list of centroids so it doesn't find it again 
                    badCentroid(badCentroid==currCentroid(1,2)) = 0; 
                    currCentroid = badCentroid(indexPlus,:); 
                    currOrient = orient(indexPlus)+90; 
                else 
                    whileCount = whileCount+1; 
                    sarcGroup{sarcGroupNum}(whileCount,:) = allStats(indexPlus); 
                    groupMask(allStats(indexPlus,1).PixelIdxList) = 1; 
                    badCentroid(badCentroid==currCentroid(1,1)) = 0; %Remove current 
centroid from the list of centroids so it doesn't find it again 
                    badCentroid(badCentroid==currCentroid(1,2)) = 0; 
                    currCentroid = badCentroid(indexPlus,:); 
                    currOrient = orient(indexPlus)+90; 
                end 
                 
            elseif minPlus > sarcDistMax/pixelDim || minPlus < 0.005/pixelDim 
                plusStop = 1; 
            else 
                plusStop = 1; 
            end 
 
        end 
    end 
 
    % Find z-discs in "negative" direction 
    while negStop == 0 
        if whileCountNeg == 0 
            currCentroid = firstCentroid; 
            currOrient = firstOrient; 
        else 
        end 
 
        if currCentroid(1,1) == 0 && currCentroid(1,2) == 0 
            negStop = 1; 
        else 
 
            cosOrient = cosd(currOrient); 
            sinOrient = sind(currOrient); 
            xcoords = ceil(currCentroid(1,1) + searchDist/pixelDim * [cosOrient -
cosOrient]); 
            ycoords = ceil(currCentroid(1,2) + searchDist/pixelDim * [-sinOrient 
sinOrient]); 
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            distVecRefNeg = sqrt((badCentroid(:,1)-xcoords(2)).^2 + 
((badCentroid(:,2)-ycoords(2)).^2)); 
            [minNeg, indexNeg] = min(nonzeros(distVecRefNeg)); 
 
            if minNeg < sarcDistMax/pixelDim && minNeg > 0.005/pixelDim && 
xcoords(2)>=0 && ycoords(2)>=0 
                if allStats(indexNeg).Eccentricity == 
sarcGroup{sarcGroupNum}(whileCount+whileCountNeg,:).Eccentricity 
                    groupMask(allStats(indexNeg,1).PixelIdxList) = 1; 
                    badCentroid(badCentroid==currCentroid(1,1)) = 0; %Remove current 
centroid from the list of centroids so it doesn't find it again 
                    badCentroid(badCentroid==currCentroid(1,2)) = 0; 
                    currCentroid = badCentroid(indexNeg,:); 
                    currOrient = orient(indexNeg)+90; 
                else 
                    whileCountNeg = whileCountNeg+1; 
                    sarcGroup{sarcGroupNum}(whileCount+whileCountNeg,:) = 
allStats(indexNeg); 
                    groupMask(allStats(indexNeg,1).PixelIdxList) = 1; 
                    badCentroid(badCentroid==currCentroid(1,1)) = 0; %Remove current 
centroid from the list of centroids so it doesn't find it again 
                    badCentroid(badCentroid==currCentroid(1,2)) = 0; 
                    currCentroid = badCentroid(indexNeg,:); 
                    currOrient = orient(indexNeg)+90; 
                end 
            elseif minNeg > sarcDistMax/pixelDim || minNeg < 0.005/pixelDim 
                negStop = 1; 
            else 
                negStop = 1; 
            end 
        end 
    end 
     
    if currCentroid(1,2) == 0 && currCentroid(1,1) == 0 %&& currCentroidNeg(1,1) == 0 
&& currCentroidNeg(1,2) == 0 
 
    else 
        sarcGroupNum = sarcGroupNum + 1; 
    end 
end 
 
 
 
%% Remove groups with only 1 z-disc 
 
newGroupCount = 1; 
for ii = 1:length(sarcGroup) 
    if length(sarcGroup{ii}) > 2 
        sarcGroupNew(newGroupCount) = sarcGroup(ii); %Combo 
        newGroupCount = newGroupCount+1; 
    else 
    end 
end 
 
 



 232 

%% Make new mask for each group 
[r,c] = size(sarcMask); 
sarcGroupMaskAllX = zeros(r,c); 
sarcGroupMaskAllY = zeros(r,c); 
sarcGroupMaskAllZ = zeros(r,c); 
sarcGroupMask = zeros(r,c,length(sarcGroupNew)); 
 
groupColor = colormap(lines(20)); 
 
for jj = 1:length(sarcGroupNew) 
    sarcGroupMaskCurr = zeros(r,c); 
    random = randi([1,20]); 
    for kk = 1:length(sarcGroupNew{jj}) 
        sarcGroupMaskCurr(sarcGroupNew{jj}(kk,1).PixelIdxList) = 1; 
        sarcGroupMaskAllX(sarcGroupNew{jj}(kk,1).PixelIdxList) = 
groupColor(random,1); 
        sarcGroupMaskAllY(sarcGroupNew{jj}(kk,1).PixelIdxList) = 
groupColor(random,2); 
        sarcGroupMaskAllZ(sarcGroupNew{jj}(kk,1).PixelIdxList) = 
groupColor(random,3); 
    end 
    sarcGroupMask(:,:,jj) = sarcGroupMaskCurr; 
end 
sarcGroupMaskAll = cat(3,sarcGroupMaskAllX,sarcGroupMaskAllY,sarcGroupMaskAllZ); 
 
 
figure(1) 
imshow(sarcGroupMaskAll) 
 
figure(2) 
imshow(sarcMask) 
 
 
%% Manually select/delete/combine/separate groups 
 
% initializations 
button = 1; 
update = 1; 
cellCount = 0; 
finalMask = zeros(r,c); 
xlsOut=zeros(1,9); 
groupMaskAngle = zeros(r,c); 
groupMaskRand = zeros(r,c); 
 
% continue to whileloop until user hits enter (which makes button empty) 
while isempty(button) ~= 1 
    if update == 1 
        clear groupProps groupCentroid groupOrient 
        groupMaskAngle = zeros(r,c); 
        groupMaskRand = zeros(r,c); 
        sarcMaskFinal = zeros(r,c); 
         
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%% 
        % Take orientation of each group 
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        [~,~,groupNum] = size(sarcGroupMask); 
 
        for xx = 1:groupNum %length(sarcGroupNew) 
            groupProps(xx) = 
regionprops(sarcGroupMask(:,:,xx),'Area','BoundingBox','Orientation','Centroid','Pixe
lIdxList','SubarrayIdx'); 
            groupOrient(xx,:) = groupProps(xx).Orientation; 
            groupArea(xx,:) = groupProps(xx).Area; 
            groupCentroid(xx,:) = groupProps(xx).Centroid; 
            thisOrient = abs(ceil(groupOrient(xx))); 
            groupMaskAngle(groupProps(xx).PixelIdxList) = thisOrient; 
            groupMaskAnglePosAndNeg(groupProps(xx).PixelIdxList) = groupOrient(xx,:); 
            groupMaskRand(groupProps(xx).PixelIdxList) = randi([1,20]); 
            sarcMaskFinal(groupProps(xx).PixelIdxList) = 1; %for masking image later 
to quantify total sarcomere content 
        end 
        groupColor = colormap(autumn(20)); 
        groupMaskRandColor = label2rgb(groupMaskRand,groupColor,'k'); 
        groupColorAngle = colormap(jet(90)); 
        groupMaskAngleColor = label2rgb(groupMaskAngle,groupColorAngle,'k'); 
         
 
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%% 
        % Plot groups with orientation on them 
 
        sarcAngle = groupOrient; 
        sarcAngleVals = nonzeros(sarcAngle); 
        meanSarcAngle = circ_mean(sarcAngle); 
 
        L = 15; %length of lines to be plotted 
 
 
        figure(3) 
        set(gcf, 'Units', 'Normalized', 'OuterPosition', [0 0 1 1]); 
        %imshow(zeros(size(sarcMask))) 
        imshow(groupMaskRandColor) 
        hold on 
        plotColor = colormap(cool(100)); 
        % colormap jet 
        % colorbar 
        lineCount = 1; 
        for sarcNum = 1:length(sarcAngle) 
            if groupCentroid(sarcNum,1) == 0 && groupCentroid(sarcNum,2) == 0 
 
            else 
                lineCenter2 = groupCentroid(sarcNum,:); 
 
                alpha = sarcAngle(sarcNum); 
                alphaDiff = abs(alpha-meanSarcAngle); 
                alphaDiffVec(sarcNum) = alphaDiff; 
                alphaRound = ceil(alphaDiff); 
 
                x1=abs(lineCenter2(1,1)-(L*cosd(alpha))); 
                y1=abs(lineCenter2(1,2)+(L*sind(alpha))); 
                x2=abs(lineCenter2(1,1)+(L*cosd(alpha))); 
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                y2=abs(lineCenter2(1,2)-(L*sind(alpha))); %These values are only used 
for plotting  
                                                            %abs is intended to 
eliminate negatives that mess up plotting 
                alphaColor = alphaRound; 
                alphaVec(sarcNum) = alphaRound; 
                plot([x1,x2],[y1,y2],'color',plotColor(alphaColor,:,:)) 
 
                lineCount = lineCount+1; 
            end 
        end 
    end     
%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%%% 
    % to avoid cluster filtering everytime a cell is extracted: 
         
        [xButton,yButton,button] = ginputc(1,'Color','w','LineStyle',':'); 
         
        % Delete unwanted groups 
        if button == 3 %right click 
            [value,index] = min(sqrt((groupCentroid(:,1)-
xButton).^2+(groupCentroid(:,2)-yButton).^2)); 
            sarcGroupMask(:,:,index) = []; %remove from current mask 
             
            update = 1; 
        end 
         
        % Combine nearby groups 
        if button == 1 %left click 
            [value1,index1] = mink(sqrt((groupCentroid(:,1)-
xButton).^2+(groupCentroid(:,2)-yButton).^2),2); 
            sarcGroupMask(:,:,index1(1)) = sarcGroupMask(:,:,index1(1)) + 
sarcGroupMask(:,:,index1(2)); 
            mat = sarcGroupMask(:,:,index1(1)); 
            mat(mat==2) = 1; %account for potentially overlapping pixels 
            sarcGroupMask(:,:,index1(1)) = mat; 
            sarcGroupMask(:,:,index1(2)) = []; 
             
            update = 1; 
        end 
         
        if button == 2 %center click 
             
             
            update = 1; 
        end 
         
end 
 
sarcAlignFig = figure(4); 
imshow(groupMaskAngleColor) 
 
 
%% Plot histograms of angles 
 
figure(8) 
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circ_plot(sarcAngle) 
% figure(9) 
% CircHist(sarcAngle,45) 
 
%Normalize area of each group to approx area of each sarc. 
allAngles = []; 
for gg = 1:length(sarcAngle) 
    currAngleVec = []; 
    currAngle = sarcAngle(gg); 
    currArea = groupArea(gg); 
    currNumSarc = ceil(currArea/sarcAreaGuess); 
    currAngleVec(1:currNumSarc) = currAngle; 
    allAngles = horzcat(allAngles,currAngleVec); %Create vector of angles for each z-
disc 
end 
 
allAngles = allAngles'; %make column vector for histfit later 
 
binNum = 45; 
sarcAngleVals = allAngles; %(allAngles~=0); 
sarcAng90 = sarcAngleVals+90; 
figure(5) 
angHist = histogram(sarcAng90,binNum); 
 
meanAngle = circ_mean(sarcAngleVals); 
maxAngle = find(max(angHist.Values)==angHist.Values)*180/binNum; 
 
 
sarcAngCent = sarcAng90-maxAngle(1); %Index only first element in case there are two 
max angles 
for centCount = 1:length(sarcAngCent) 
    if sarcAngCent(centCount) < -90 
        sarcAngCent(centCount) = sarcAngCent(centCount)+180; 
    elseif sarcAngCent(centCount) > 90  
        sarcAngCent(centCount) = sarcAngCent(centCount)-180; 
    end 
end 
 
sarcHist = figure(6); 
histogram(sarcAngCent,binNum) 
xlim([-95 95]) 
xlabel('Sarcomere angle from mean orientation (degrees)') 
ylabel('Number of sarcomeres') 
hold on 
histfit(sarcAngCent,binNum,'normal') 
hold off 
angHistFit = fitdist(sarcAngCent,'normal'); 
sd = angHistFit.sigma; 
 
 
%% Find the average distance between z-discs 
sarcDist = []; 
sarcDistNum = 1; 
 
for sarcNum2 = 1:length(centroid) 
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    if centroid(sarcNum2,1) == 0 && centroid(sarcNum2,2) == 0 
         
    else 
        sarcCent = centroid(sarcNum2,:); 
        distVec = sqrt((centroid(:,1)-sarcCent(1,1)).^2 + ((centroid(:,2)-
sarcCent(1,2)).^2)); 
        distVec(distVec == 0) = inf; 
        [value,index] = min(distVec); 
         
        angDiff = abs(orient(sarcNum2)-orient(index)); 
         
        if angDiff <= 5 && value*pixelDim >= 1 && value*pixelDim <= 3 
            sarcDist(sarcDistNum) = value; 
            sarcDistNum = sarcDistNum + 1; 
        end 
 
    end 
end 
     
    sarcSpace = sarcDist.*pixelDim; 
    avgSarcSpace = mean(sarcSpace); 
     
 
%% Calculate total sarcomere content 
% Mask original sarcomere image with the sarcomere mask generated(sarcMaskFinal) 
 
maskedSarcImage = sarcImg .* sarcMaskFinal; 
sarcContentFluor = sum(sum(maskedSarcImage)); 
 
% New SarcContent Calculation 
% Sum the area of the original image mask (sarcMask) ignoring fluor int 
sarcContent = sum(sum(sarcMask)); 
 
 
 
%% image output 
cd(dirOut); 
imwrite(sarcMask,strcat(root(1:end),num2str(imgCount),'_threshSarcImg.tif'),'TIFF') 
imwrite(sarcGroupMaskAll,strcat(root(1:end),num2str(imgCount),'_sarcGroupImg.tif'),'T
IFF') 
print(sarcAlignFig,strcat(root(1:end),num2str(imgCount),'_sarcAngleImg.png'),'-dpng') 
%-dmeta for .emf 
print(sarcHist,strcat(root(1:end),num2str(imgCount),'_sarcHist.png'),'-dpng') 
%saveas(sarcMapFig,strcat(root,num2str(imgCount),'sarcMap.png')) 
 
save(strcat(root(1:end),num2str(imgCount),'workspace.mat')) 
 
 
 
end 
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Cardiomyocyte Calcium Transient Analysis 
 
%% ======================================================================== 
% CalciumImaging_v16 
 
 
%% ======================================================================== 
% WORKSPACE INITIALIZATION 
 
close all; 
clear all; 
 
%% ======================================================================== 
% DIRECTORY INITIALIZATION 
 
% EXPORT FILES AS .MAT % 
 
% Specify image directory. 
% Set of files should be stored in one folder. 
% All file names should have the same # of characters. 
[filename, pathname, filterIndex] = uigetfile('*.*', 'Open Image'); 
cd(pathname); 
direct=dir;              % Initialize current directory 
% create output directery 
dirOut = 'calciumQuant'; 
mkdir(dirOut); 
 
%% Hard coded variables 
pixelSize = 0.908;  %micron/pixel 
                    % Axiocam 503 Parameters at 10x: 
                    % 1x1 = 0.454 
                    % 2x2 = 0.908 
                    % 3x3 = 1.362 
                    % 4x4 = 1.816 
                    % 4x4 @ 40x = 0.709 
subAreaDim = 10;    % Num of regions the ROI is broken into for contraction  
                    % correlation coefficient. 
rotateAngle = -50; %Rotate image to enable more accurate tissue selection. 
frameRate = 65.28; %frames per second 
videoThresh = [150 1000]; 
 
%% ======================================================================== 
% Save File Info Initiation 
saveFileName = 'Calcium Imaging Data.xls'; 
bpmT = []; 
bpmstdT = []; 
timingIrregT = []; 
meanCorrT = []; 
fwhmT = []; 
fileT = []; 
downstroke90T = []; 
downstroke80T = []; 
upstrokeT= []; 
down80veloT = []; 
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upstrokeVeloT = []; 
normAmpT = []; 
 
% establish excel file for outputs 
% cd(dirOut); 
% dataOut = 'excel_data'; 
% mkdir(dataOut); 
% cd(dataOut); 
headers = {'Sample Name' 'bpm' 'bpm std','timing irreg','Correlation',... 
    'Upstroke Time','Downstroke Time 90','Downstroke Time 80','fwhm',... 
    'Downstroke 80 Velo','Upstroke Velo','Amplitude Normalized'}; 
xlswrite(saveFileName,headers,1,'A1'); 
 
 
%% ======================================================================== 
 
n=1; % Counter for each file in directory, includes non-image files 
count=1; % Counter for analyzed images, max(j) = # images in folder 
 
 
for m=1:length(dir)             % FOR each file in directory @ cd 
    cd(pathname) 
    if direct(m).bytes < 1000000   % Filter based on filesize 
        n=n+1;                  % Skip small files (headers & text) 
    else                        % Continue if large enough to be an image 
        button = 1; 
         
        %Initialize other variables 
        bpm = []; 
        bpmSTD = []; 
        timingIrreg = []; 
        meanCorr = []; 
        fwhm = []; 
        downstrokeTime90 = []; 
        downstrokeTime80 = []; 
        upstrokeTime= []; 
        down80velo = []; 
        upstrokeVelo = []; 
        normAmp = []; 
 
 
        stackFile = load(direct(m).name); %Load in .mat file converted from .czi 
file. 
        numFrames = length(stackFile.data{1,1}); 
         
        raw = []; 
        frames = []; 
        ALLframeMean = []; 
        for s = 1:numFrames 
            raw(:,:,s) = stackFile.data{1,1}{s,1}; % Read video 
            raw(:,:,s) = mat2gray(raw(:,:,s), videoThresh); 
            raw(:,:,s) = horzcat(raw(:,515:end,s),raw(:,1:514,s)); %fix messed up 
videos 
            frames(:,:,s) = imgaussfilt(raw(:,:,s)); 
            ALLframeMean(s) = mean2(frames(:,:,s)); 
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        end 
        file = direct(m).name; 
        time = numFrames/frameRate; 
         
        rateInverse = 1/frameRate; 
        t = []; 
        t = 0:rateInverse:numFrames*rateInverse-rateInverse; 
         
 
%         frames = []; 
%         for s = 1:numFrames 
%             video = read(raw,s); 
%             video = imgaussfilt(video); 
%             frames(:,:,s) = video(:,:,2); %only care about the green channel 
%             ALLframeMean(s) = mean2(frames(:,:,s)); 
%         end 
         
        [maxFrameInitial,maxFrameIndexInitial] = max(ALLframeMean); 
         
         
        % Rotate video to make selection of tissue easier 
        framesRot = imrotate(frames,-rotateAngle); 
         
        % select region of the image that you would like to analyze 
         
        figure(1);   imshow(framesRot(:,:,maxFrameIndexInitial),[]);     %Display raw 
frame with max intensity 
 
        rect = imrect; 
        imgRect = wait(rect); % imgRect = [xmin ymin width height] 
        imgRectRound = floor(imgRect); 
        rectMat = zeros(imgRectRound(4),imgRectRound(3),numFrames); 
        ymax = imgRectRound(2) + imgRectRound(4)-1; 
        xmax = imgRectRound(1) + imgRectRound(3)-1; 
         
        %Make new matrix containing only chosen area 
        for nn = 1:numFrames 
            rectMat(:,:,nn) = 
framesRot(imgRectRound(2):ymax,imgRectRound(1):xmax,nn); 
            rectMean(nn) = mean2(rectMat(:,:,nn)); 
        end 
         
        % Filer mean with Savitzky-Golay Filter 
        frameMeanFilt = sgolayfilt(rectMean,7,21); 
         
        [maxFrame,maxFrameIndex] = max(frameMeanFilt); %find frame with max intesity 
for display 
        [minFrame,minFrameIndex] = min(frameMeanFilt); 
         
        peakPromThresh = (maxFrame(1)-minFrame(1))/5; 
         
        meanFramLoc = []; 
        [meanFramePks,meanFrameLoc] = 
findpeaks(frameMeanFilt,'MinPeakProminence',peakPromThresh); 
        meanFramePksTime = meanFrameLoc/frameRate; 



 240 

        meanPeakNum = length(meanFrameLoc); 
        bpm = meanPeakNum/time*60; 
        peakDiffs = diff(meanFrameLoc)/frameRate; 
        bpmSTD = std(peakDiffs); 
        timingIrreg = bpmSTD/mean(peakDiffs); 
         
        minFramePks = []; 
        [minFramePks,minFrameLoc] = findpeaks(-
frameMeanFilt,'MinPeakProminence',peakPromThresh); 
        minFramePks = -minFramePks; 
        minFramePksTime = minFrameLoc/frameRate; 
         
        if length(minFramePks) > 1 
        % Normalize plot to min values before each peak. 
        % Also, save each peak as its own vector in cell array. 
        dataSection{1} = frameMeanFilt(1:minFrameLoc(1))/minFramePks(1); 
        normMeanFilt = []; 
        normMeanFilt(1:minFrameLoc(1)) = 
frameMeanFilt(1:minFrameLoc(1))/minFramePks(1); 
        for sectionNum = 1:length(minFrameLoc)-1 
            startPoint = minFrameLoc(sectionNum)+1; 
            endPoint = minFrameLoc(sectionNum+1); 
            dataSection{sectionNum} = 
frameMeanFilt(startPoint:endPoint)/minFramePks(sectionNum); 
            normMeanFilt(startPoint:endPoint) = 
frameMeanFilt(startPoint:endPoint)/minFramePks(sectionNum); 
        end 
        dataSection{sectionNum+1} = 
frameMeanFilt(minFrameLoc(sectionNum+1):end)/minFramePks(sectionNum+1); 
        normMeanFilt(minFrameLoc(sectionNum+1):numFrames) = 
frameMeanFilt(minFrameLoc(sectionNum+1):end)/minFramePks(sectionNum+1); 
         
         
        % Find peak amplitudes on normalized plot. 
        % Peak locations should not change from above. 
        [maxNorm,maxNormIndex] = max(normMeanFilt); 
        %min value will always be 1 because of normalization 
        normPkThresh = (maxNorm(1)-1)/5; %set peak threshold value as 1/3 the max 
peak prominence 
         
        normPks = []; 
        [normPks,normPkLoc] = 
findpeaks(normMeanFilt,'MinPeakProminence',normPkThresh); 
        meanNormTime = normPkLoc/frameRate; 
         
        minNormPks = []; 
        [minNormPks,minNormLoc] = findpeaks(-
normMeanFilt,'MinPeakProminence',normPkThresh); 
        minNormTime = minNormLoc/frameRate; 
        minNormPks = -minNormPks; 
         
         
        figure(2) 
        plot(t,normMeanFilt) 
        hold on 
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        plot(meanNormTime,normPks,'go') 
        plot(minFramePksTime,minNormPks(1:length(minFramePksTime)),'bo') 
        xlabel('Time (s)') 
        ylabel('Nomalized Fluorescence Intensity (a.u)') 
         
%         % click if there is offset in peaks for upstroke calculation. 
%         [xPoint0,yPoint0] = ginput(); %click where first upstroke ends if necessary 
%         if length(xPoint0) > 0  
%             topOffset = meanNormTime(1)-xPoint0(1); 
%             meanNormTime = meanNormTime-topOffset; 
%         end 
         
        hold off 
         
%% Upstroke/downstroke time calculations 
         
        %Peak start and max for upstroke are identified and plotted above. 
%         if length(meanNormTime) ~= length(minNormTime)  
%             inputNumVals = min([length(meanNormTime),length(minNormTime)]); 
%             meanNormTime = meanNormTime(1:inputNumVals); 
%             normPks = normPks(1:inputNumVals); 
%             minNormTime = minNormTime(1:inputNumVals); 
%             minNormPks = minNormPks(1:inputNumVals); 
%         else 
%         end 
        if minNormTime(1) < meanNormTime(1) %min detected first 
            meanFramePksCrop = meanNormTime; 
            normPksCrop = normPks; 
            minFramePksCrop = minNormTime; 
            minNormPksCrop = minNormPks; 
            upstrokeTimeVec = meanFramePksCrop-
minFramePksCrop(1:length(meanFramePksCrop)); 
            upstrokeAmpVec = normPksCrop-minNormPksCrop(1:length(meanFramePksCrop)); 
            upstrokeTime = mean(upstrokeTimeVec); 
        elseif minNormTime(1) > meanNormTime(1) && length(meanNormTime) ~= 
length(minNormTime)  
            meanFramePksCrop = meanNormTime; %(2:end); 
            normPksCrop = normPks; %(2:end); 
            minFramePksCrop = minNormTime; %(1:end-1); 
            minNormPksCrop = minNormPks; %(1:end-1); 
            upstrokeTimeVec = meanFramePksCrop(2:end)-minFramePksCrop; 
            upstrokeAmpVec = normPksCrop(2:end)-minNormPksCrop; 
            upstrokeTime = mean(upstrokeTimeVec); 
        else 
            meanFramePksCrop = meanNormTime; %(2:end); 
            normPksCrop = normPks; %(2:end); 
            minFramePksCrop = minNormTime; %(1:end-1); 
            minNormPksCrop = minNormPks; %(1:end-1); 
            upstrokeTimeVec = meanFramePksCrop(2:end)-minFramePksCrop(1:end-1); 
            upstrokeAmpVec = normPksCrop(2:end)-minNormPksCrop(1:end-1); 
            upstrokeTime = mean(upstrokeTimeVec); 
        end 
         
        % Next, we need to find the start of the downstroke. 
        % On first peak, click once to define the offset time before 
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        % downstroke. 
         
        startLoc = []; 
        downStartAmp = []; 
        downstrokeTimeVec = []; 
        downStartTime = []; 
        amp90Time = []; 
        amp90Vec = []; 
         
        % update figure with cropped peaks plotted 
        figure(3) 
        plot(t,normMeanFilt) 
        hold on 
        title('Click where downstroke begins after plateau on first peak:') 
        plot(meanFramePksCrop,normPksCrop,'go') 
        plot(minFramePksCrop,minNormPksCrop,'go') 
        xlabel('Time (s)') 
        ylabel('Nomalized Fluorescence Intensity (a.u)') 
         
        [xPoint1,yPoint1] = ginput(); %click where first downstroke starts after the  
        xPointDiff = xPoint1 - meanFramePksCrop(1); 
        for ii = 1:length(meanFramePksCrop)-1 
            downStart = meanFramePksCrop(ii) + xPointDiff; 
            [startVal,startLoc(ii)] = min(abs(t-downStart)); 
            downStartAmp(ii) = normMeanFilt(startLoc(ii)); % 
            if minNormTime(1) < meanNormTime(1) && minNormTime(end) < 
meanNormTime(end)%min detected first and not last 
                minIndex = ii+1; 
            elseif minNormTime(1) < meanNormTime(1) && minNormTime(end) > 
meanNormTime(end) %min detected first and last 
                minIndex = ii+2; 
            else 
                minIndex = ii; 
            end 
            downEndAmp(ii) = minNormPksCrop(minIndex); 
            amp90 = (downStartAmp(ii)-downEndAmp(ii))*.10 + downEndAmp(ii); % Down 
stroke to 90% peak fluor. (100-90=10%) 
            amp80 = (downStartAmp(ii)-downEndAmp(ii))*.20 + downEndAmp(ii); % Down 
stroke to 90% peak fluor. (100-80=20%) 
             
            % Find a the first two points on the down stroke surrounding 
            % 90% amplitude. 
            thisRange = 
normMeanFilt(meanFramePksCrop(ii)*frameRate:minFramePksCrop(minIndex)*frameRate); 
            first90 = 0; %initialize 
            first80 = 0; 
            for jj = 1:length(thisRange)-1 
                point1 = thisRange(jj); 
                point2 = thisRange(jj+1); 
                if point1 > amp90 && point2 < amp90 && first90 == 0 
                    point90(ii) = meanFramePksCrop(ii)*frameRate + jj; 
                    % make sure point64 is integer for indexing later 
                    first90 = 1; %prevents code from finding another value 
                end 
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                if point1 > amp80 && point2 < amp80 && first80 == 0 
                    point80(ii) = meanFramePksCrop(ii)*frameRate + jj; 
                    % make sure point64 is integer for indexing later 
                    first80 = 1; %prevents code from finding another value 
                end 
                 
            end 
             
            downstrokeTimeVec(ii) = (point90(ii)-startLoc(ii))/frameRate; 
            downStartTime(ii) = t(startLoc(ii)); 
            amp90Time(ii) = t(int64(point90(ii))); %int64(overallLoc(ii))); 
            amp90Vec(ii) = normMeanFilt(int64(point90(ii))); %overallLoc(ii)); 
             
            downstrokeTimeVec80(ii) = (point80(ii)-startLoc(ii))/frameRate; 
            downStartTime80(ii) = t(startLoc(ii)); 
            amp80Time(ii) = t(int64(point80(ii))); %int64(overallLoc(ii))); 
            amp80Vec(ii) = normMeanFilt(int64(point80(ii))); %overallLoc(ii)); 
             
        end 
        downstrokeTime90 = mean(downstrokeTimeVec); 
        downstrokeTime80 = mean(downstrokeTimeVec80); 
         
        plot(downStartTime,downStartAmp,'ro') 
        plot(amp80Time,amp80Vec,'ro') 
        hold off 
         
        %Calculate upstroke and downstroke velocities 
        down80velo = mean((downStartAmp-amp80)./downstrokeTimeVec80); 
        upstrokeVelo = mean((upstrokeAmpVec)./upstrokeTimeVec); 
        normAmp = mean(normPksCrop); 
         
         
         
%% Full width half max calculation 
         
        if minNormTime(1) < meanNormTime(1) %min detected first 
            minStart = minFrameLoc(1); %start at first identified min val 
            maxStart = meanFrameLoc(1); 
             
        elseif minNormTime(1) > meanNormTime(1) && length(meanNormTime) ~= 
length(minNormTime)  
            minStart = minFrameLoc(1); %start at first identified min val 
            maxStart = meanFrameLoc(2); 
             
        else %max detected first and same amount of min and max peaks 
            minStart = minFrameLoc(1); %start at first identified min val 
            maxStart = meanFrameLoc(2); 
             
        end 
         
        minStart = minFrameLoc(1); %start at first identified min val 
        halfMax = (minFrame(1) + maxFrame(1))/2; 
        halfMaxFrame = find(rectMean(minStart:end)>halfMax); 
        jumpIndex = diff(halfMaxFrame) > 2; 
        findJumpIndex = find(jumpIndex==1); 
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        if length(findJumpIndex) < 2 
            meanPeakWidth = findJumpIndex; 
        else 
            meanPeakWidth = mean(diff(findJumpIndex)); 
        end 
        fwhm = meanPeakWidth/frameRate; 
         
        %% Plot filter data and save raw data to csv 
        rawDataOut = [t' normMeanFilt']; 
        rawDataName = strcat(file(1:end-4),'_RawData.xls'); 
        xlswrite(rawDataName,rawDataOut,1,'A1'); 
        hold off 
 
        else 
        fprintf('No peaks detected! \n') 
         
        %% Plot filter data and save raw data to csv 
        rawDataOut = [t' frameMeanFilt']; 
        rawDataName = strcat(file(1:end-4),'_RawData.xls'); 
        xlswrite(rawDataName,rawDataOut,1,'A1'); 
        hold off 
         
 
        end 
%% Calculate Contraction Correlation 
% Divide image into regions of a defined size (subAreaDim). 
% Find intensity profiles of those regions. 
% Calculate a Pearson's Correlation coefficient across matrix of profiles. 
 
        [r,c] = size(frames(:,:,1)); 
        peakShift = zeros(r,c); 
        peakNumDiff = zeros(r,c); 
        rSubArea = floor(r/subAreaDim); 
        cSubArea = floor(c/subAreaDim); 
        subArea = zeros(rSubArea,cSubArea,numFrames); %divide image into 4x4 grid 
         
        areaNum = 1; 
        filterAreaNum = 1; 
        areaNumRecord = []; 
        filterMeanMat = []; 
        for rIndex = 1:subAreaDim 
            for cIndex = 1:subAreaDim 
                for f = 1:numFrames 
                    subArea(:,:,f) = frames((rIndex-
1)*rSubArea+1:rIndex*rSubArea,(cIndex-1)*cSubArea+1:cIndex*cSubArea,f); 
                    meanMat(f,areaNum) = mean2(subArea(:,:,f)); %matrix with mean of 
each area in column 
                end 
                [maxFrameCorr,maxFrameIndex] = max(meanMat(:,areaNum)); %find frame 
with max intesity for display 
                [minFrameCorr,minFrameIndex] = min(meanMat(:,areaNum)); 
                peakPromThreshCorr = (maxFrameCorr(1)-minFrameCorr(1))/2; 
                [subAreaPks,subAreaLocs] = 
findpeaks(meanMat(:,areaNum),'MinPeakProminence',peakPromThreshCorr); 
                if length(subAreaLocs) < meanPeakNum-5 
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                else 
                    filterMeanMat(:,filterAreaNum) = meanMat(:,areaNum); 
                    areaNumRecord(filterAreaNum) = areaNum; %to record which areas 
are kept 
                    filterAreaNum = filterAreaNum + 1; 
                end 
                areaNum = areaNum + 1; 
            end 
        end 
         
        correlation = corrcoef(filterMeanMat); %Pearson's Corr. Coef. 
        meanCorr = mean2(correlation); 
 
       
%% Output ================================================================= 
         
%         imageName = raw.name; 
%         imageNameT = vertcat(imageNameT,imageName); 
        fileT = vertcat(fileT,file); 
        bpmT = vertcat(bpmT,bpm); 
        bpmstdT = vertcat(bpmstdT,bpmSTD); 
        timingIrregT = vertcat(timingIrregT,timingIrreg); 
        meanCorrT = vertcat(meanCorrT,meanCorr); 
        fwhmT = vertcat(fwhmT,fwhm); 
        upstrokeT = vertcat(upstrokeT,upstrokeTime); 
        downstroke90T = vertcat(downstroke90T,downstrokeTime90); 
        downstroke80T = vertcat(downstroke80T,downstrokeTime80); 
        down80veloT = vertcat(down80veloT,down80velo); 
        upstrokeVeloT = vertcat(upstrokeVeloT,upstrokeVelo); 
        normAmpT = vertcat(normAmpT,normAmp); 
 
        %imwrite(pixelPeakNumColor,strcat(filename(1:end-
4),num2str(m),'_numBeatsMap.tif'),'TIFF') 
        ALLDATA = horzcat(fileT,bpmT,bpmstdT,timingIrregT,... 
            meanCorrT,upstrokeT,downstroke90T,downstroke80T,fwhmT,... 
            down80veloT,upstrokeVeloT,normAmpT); 
        xlsOut = {file,bpm,bpmSTD,timingIrreg,meanCorr,upstrokeTime,... 
            downstrokeTime90,downstrokeTime80,fwhm,down80velo,... 
            upstrokeVelo,normAmp}; 
        xlsRow = strcat('A',num2str(count+1)); 
%         cd(dirOut); 
        xlswrite(saveFileName,xlsOut,1,xlsRow); 
         
        count = count+1; 
    end 
     
    % Clear all variables after each itteration excepts ones defined before 
    %reading files. 
    clearvars -except filename pathname filterIndex direct dirOut pixelSize... 
        saveFileName n count rotateAngle subAreaDim bpmT bpmstdT timingIrregT... 
        meanCorrT fwhmT fileT downstroke90T downstroke80T upstrokeT... 
        down80veloT upstrokeVeloT normAmpT frameRate videoThresh 
     
end   
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Focal Adhesion and Costamere Formation Analysis 
 
function [] = 
vincloc3(Filename,experiment_title,root,dirOut,dataOut,pathname,imgCount,locNum) 
 
%% INPUT nuc, FA, actinin and adherens junctions data ===================== 
faScale = [14000 65000];  
actininScale = [3000 50000]; 
ncadScale = [2500 50000]; 
nucScale = [2000 40000]; 
 
% Account for offset in LSM800 channels 
offsetVec = [1 2 5 0]; % [405 488 555 647] = [1 2 5 0] @ 40x 
offsetMax = max(offsetVec); 
offsetMin = min(offsetVec); 
 
maxVincArea = 10000; 
maxfaVolume = 100000; % 4166 pixels = 100um^2 
numChannel = 3; % Number of channels in the stack. 
 
stackFile = load(Filename); %Load in .mat file converted from .czi file. 
 
numslice = length(stackFile.data{1,1})/numChannel; 
 
[r,c] = size(stackFile.data{1,1}{1,1}); 
%  r = 1024; 
%  c = 1024; 
maxNumslice = numslice-offsetMax; 
nucImage = zeros(r,c,maxNumslice); 
actininImage = zeros(r,c,maxNumslice); 
faImage = zeros(r,c,maxNumslice); 
ncadImage = zeros(r,c,maxNumslice); 
 
 
 
for j = 1:maxNumslice 
    %Channel for each image indicated in comments 
    %Move channel names around to depending on what is stained in each 
     
    %3 Channel Images 
    nucImage(:,:,j) = imresize(mat2gray(stackFile.data{1,1}{3*(j+offsetVec(1))-
2,1},nucScale),[r c]); %405 
    actininImage(:,:,j) = imresize(mat2gray(stackFile.data{1,1}{3*(j+offsetVec(2))-
1,1},actininScale),[r c]); %488 
    faImage(:,:,j) = 
imresize(mat2gray(stackFile.data{1,1}{3*(j+offsetVec(4)),1},faScale),[r c]); %555 or 
647 
    ncadImage(:,:,j) = 
imresize(mat2gray(stackFile.data{1,1}{3*(j+offsetVec(4)),1},ncadScale),[r c]); %647 
(ignore for 3 channnel) 
     
    %4 Channel Images 
    % nucImage(:,:,j) = imresize(mat2gray(stackFile.data{1,1}{4*(j+offsetVec(1))-
3,1},nucScale),[r c]); %405 



 247 

    % actininImage(:,:,j) = imresize(mat2gray(stackFile.data{1,1}{4*(j+offsetVec(2))-
2,1},actininScale),[r c]); %488 
    % faImage(:,:,j) = imresize(mat2gray(stackFile.data{1,1}{4*(j+offsetVec(3))-
1,1},faScale),[r c]); %555 
    % ncadImage(:,:,j) = 
imresize(mat2gray(stackFile.data{1,1}{4*(j+offsetVec(4)),1},ncadScale),[r c]); %647 
end 
 
%% Filter and Display Images ============================================== 
 
% Filter fa imaage 
fanoiseSize = 3; % range=1-10 
fabackSize = 20; % range=10-200 (was 50 before) 
[faClean, faThresh] = gfilt(faImage, fanoiseSize, fabackSize); 
% filter out adhesions < 1 micron^2 
faMask = double(bwareaopen(faThresh,10)); % 20 pixels = 0.5 um^2 for 40x 
maxfaMask = max(faMask,[],3); 
maxfaClean = max(faClean,[],3); 
maxfaImage = max(faImage,[],3); 
figure(1) 
impanel(maxfaImage,maxfaClean,maxfaMask); 
 
% Filter ncad image 
ncadnoiseSize = 3; % range=1-10 
ncadbackSize = 20; % range=10-200 (was 50 before) 
[ncadClean, ncadThresh] = gfilt(ncadImage, ncadnoiseSize, ncadbackSize); 
% filter out adhesions < 1 micron^2 
ncadMask = double(bwareaopen(ncadThresh,20)); % 20 pixels = 0.5 um^2 for 40x 
maxncadMask = max(ncadMask,[],3); 
maxncadClean = max(ncadClean,[],3); 
maxncadImage = max(ncadImage,[],3); 
 
totalNcadArea = sum(sum(maxncadMask)); 
 
figure(2) 
impanel(maxncadImage,maxncadClean,maxncadMask); 
 
% Filter actinin image 
actininnoiseSize = 3; % range=1-10 
actininbackSize = 20; % range=10-200 (was 50 before) 
[actininClean, actininThresh] = gfilt(actininImage, actininnoiseSize, 
actininbackSize); 
% filter out adhesions < 1 micron^2 
actininMask = double(bwareaopen(actininThresh,20)); % 20 pixels = 0.5 um^2 for 40x 
maxactininThresh = max(actininThresh,[],3); 
maxactininMask = max(actininMask,[],3); 
maxactininClean = max(actininClean,[],3); 
maxactininImage = max(actininImage,[],3); 
 
totalActininArea = sum(sum(maxactininMask)); 
 
figure(3) 
impanel(maxactininImage,maxactininClean,maxactininMask); 
 
% Filter nuc image 
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nucnoiseSize = 3; % range=1-10 
nucbackSize = 20; % range=10-200 (was 50 before) 
[nucClean, nucThresh] = gfilt(nucImage, nucnoiseSize, nucbackSize); 
% filter out adhesions < 1 micron^2 
nucMask = double(bwareaopen(nucThresh,40)); % 20 pixels = 0.5 um^2 for 40x 
maxnucMask = max(nucMask,[],3); 
maxnucClean = max(nucClean,[],3); 
maxnucImage = max(nucImage,[],3); 
 
figure(4) 
impanel(maxnucImage,maxnucClean,maxnucMask); 
 
%% Count the number of nuclei from max projection 
 
[nucCount, avgNucArea] = 
vincloc3nuccounter(maxnucImage,pathname,dirOut,imgCount,root,locNum); 
 
 
%% Extract FA metrics from 3D reconstruction ============================== 
[faLabel, faCount] = bwlabeln(faMask,18); 
faStats3 = 
regionprops3(faLabel,'Volume','SurfaceArea','PrincipalAxisLength','Orientation','Cent
roid','VoxelIdxList'); 
for i=1:faCount 
    if faStats3(i,1).Volume > maxfaVolume 
        %faLabel(faStats3(i,1).VoxelIdxList)=0; 
    else 
        rawAdh3D(i,1) = faStats3.Volume(i); 
        rawAdh3D(i,2) = faStats3.SurfaceArea(i); 
        rawAdh3D(i,3:5) = faStats3.PrincipalAxisLength(i,:); 
        rawAdh3D(i,6:8) = faStats3.Orientation(i,:); 
        rawAdh3D(i,8:10) = faStats3.Centroid(i,:); 
    end 
end 
 
% CALCULATE 3D ADHESION STATISTICS 
faCountperCell = faCount/nucCount; 
volMean = mean(rawAdh3D(:,1)); 
volStd = std(rawAdh3D(:,1)); 
saMean = mean(rawAdh3D(:,2)); 
saStd = std(rawAdh3D(:,2)); 
 
totalAdhVol = sum(rawAdh3D(:,1)); 
totalAdhVolperCell = totalAdhVol/nucCount; 
totalAdhSA = sum(rawAdh3D(:,2)); 
totalAdhSAperCell = totalAdhSA/nucCount; 
 
 
% Extract some 2D metrics from max projection as well ===================== 
[faLabel2, faCount2] = bwlabel(maxfaMask,8); 
adhStats = 
regionprops(faLabel2,'Area','Eccentricity','Orientation','MajorAxisLength','MinorAxis
Length','PixelIdxList'); 
for i=1:faCount2 
    if adhStats(i,1).Area > maxVincArea 
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        faLabel2(adhStats(i,1).PixelIdxList)=0; 
    else 
        rawAdh2D(i,1) = adhStats(i,1).Area; 
        rawAdh2D(i,2) = adhStats(i,1).Eccentricity; 
        rawAdh2D(i,3) = adhStats(i,1).Orientation; 
        rawAdh2D(i,4) = adhStats(i,1).MajorAxisLength; 
        rawAdh2D(i,5) = adhStats(i,1).MinorAxisLength; 
    end 
end 
 
% CALCULATE 2D ADHESION STATISTICS 
areaMean = mean(rawAdh2D(:,1)); 
areaStd = std(rawAdh2D(:,1)); 
eccMean = mean(rawAdh2D(:,2)); 
eccStd = std(rawAdh2D(:,2)); 
aspectMean = mean(rawAdh2D(:,3)); 
aspectStd = std(rawAdh2D(:,3)); 
angMean = rad2deg(circ_mean(deg2rad(rawAdh2D(:,4)))); 
angDisp = rad2deg(circ_std(deg2rad(rawAdh2D(:,4)))); 
 
totalAdhArea = sum(sum(maxfaMask)); 
totalAdhAreaPerCell = totalAdhArea/nucCount; 
totalActininAreaPerCell = totalActininArea/nucCount; 
totalNcadAreaPerCell = totalNcadArea/nucCount; 
 
 
 
%% FA - Actinin Colocalization Data 
 
fa_actinin_mask = faMask.*actininMask; 
[faActininLabel, faActininCount] = bwlabeln(fa_actinin_mask,18); 
faActininStats = regionprops3(faActininLabel,'Volume','SurfaceArea','Centroid'); 
 
total_fa_actinin_vol = sum(faActininStats.Volume); 
total_fa_actinin_vol_perCell = total_fa_actinin_vol./nucCount; 
faActininLocRatio = total_fa_actinin_vol./totalAdhVol; 
 
% Make FA/Actinin colocalization images 
faMaskRed = zeros(r,c,3,maxNumslice); 
faMaskRed(:,:,1,:) = faMask*255; 
actininMaskGreen = zeros(r,c,3,maxNumslice); 
actininMaskGreen(:,:,2,:) = actininMask*255; 
 
fa_actinin_combine_color = faMaskRed+actininMaskGreen; 
fa_actinin_combine_color_max = max(fa_actinin_combine_color,[],4); 
figure(6) 
imshow(fa_actinin_combine_color_max) 
 
% % Set up orthosliceviewer 
faMaskRed_ortho = zeros(r,c,maxNumslice,3); 
faMaskRed_ortho(:,:,:,1) = faMask*255; 
actininMaskGreen_ortho = zeros(r,c,maxNumslice,3); 
actininMaskGreen_ortho(:,:,:,2) = actininMask*255; 
fa_actinin_combine_color_ortho = faMaskRed_ortho+actininMaskGreen_ortho; 
% figure(101) 
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% orthoslice_faActinin = orthosliceViewer(fa_actinin_combine_color_ortho); 
 
colocImg = mat2gray(actininThresh.*faClean,[0,0.1]); 
colocImg = max(colocImg,[],3); 
 
 
 
%% FA - N-Cad Colocalization Data 
 
fa_ncad_mask = faMask.*ncadMask; 
[faNcadLabel, faNcadCount] = bwlabeln(fa_ncad_mask,18); 
faNcadStats = regionprops3(faNcadLabel,'Volume','SurfaceArea','Centroid'); 
 
total_fa_ncad_vol = sum(faNcadStats.Volume); 
total_fa_ncad_vol_perCell =total_fa_ncad_vol./nucCount; 
faNcadLocRatio = total_fa_ncad_vol./totalAdhVol; 
 
% Make FA/N-Cad colocalization images 
ncadMaskGreen = zeros(r,c,3,maxNumslice); 
ncadMaskGreen(:,:,2,:) = ncadMask*255; 
 
fa_ncad_combine_color = faMaskRed+ncadMaskGreen; 
fa_ncad_combine_color_max = max(fa_ncad_combine_color,[],4); 
figure(7) 
imshow(fa_ncad_combine_color_max) 
 
% % Set up orthosliceviewer 
% faMaskRed_ortho = zeros(r,c,maxNumslice,3); 
% faMaskRed_ortho(:,:,:,1) = faMask*255; 
% ncadMaskGreen_ortho = zeros(r,c,maxNumslice,3); 
% ncadMaskGreen_ortho(:,:,:,2) = ncadMask*255; 
% figure(102) 
% fa_ncad_combine_color_ortho = faMaskRed_ortho+ncadMaskGreen_ortho; 
% orthoslice_fancad = orthosliceViewer(fa_ncad_combine_color_ortho); 
 
 
%% Write data to spreadsheet ============================================== 
cd(dataOut); 
xlsOut = {Filename faCount faCountperCell volMean volStd saMean saStd totalAdhVol 
totalAdhVolperCell totalAdhSA totalAdhSAperCell... 
    areaMean areaStd eccMean eccStd aspectMean aspectStd angMean angDisp nucCount 
totalAdhArea totalAdhAreaPerCell... 
    totalActininArea totalActininAreaPerCell totalNcadArea totalNcadAreaPerCell... 
    total_fa_actinin_vol total_fa_actinin_vol_perCell faActininLocRatio 
total_fa_ncad_vol total_fa_ncad_vol_perCell faNcadLocRatio}; 
xlsFilename = strcat(experiment_title,'new.xls'); 
xlsRow = strcat('A',num2str(imgCount+1)); 
xlswrite(xlsFilename,xlsOut,1,xlsRow); 
 
 
%% Image Exports 
cd(pathname); 
cd(dirOut); 
imwrite(maxfaMask, 
strcat(root,num2str(imgCount),'_faMask.tif'),'Compression','none'); 
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imwrite(maxfaClean, 
strcat(root,num2str(imgCount),'_faClean.tif'),'Compression','none'); 
imwrite(maxactininMask, 
strcat(root,num2str(imgCount),'_actininMask.tif'),'Compression','none'); 
imwrite(maxncadMask, 
strcat(root,num2str(imgCount),'_ncadMask.tif'),'Compression','none'); 
imwrite(fa_actinin_combine_color_max, 
strcat(root,num2str(imgCount),'_fa_actinin_coloc.tif'),'Compression','none'); 
imwrite(fa_ncad_combine_color_max, 
strcat(root,num2str(imgCount),'_fa_ncad_coloc.tif'),'Compression','none'); 
 
imwrite(colocImg,strcat(root,num2str(imgCount),'_coloc.tif'),'TIFF','Compression','no
ne'); 
imwrite(ind2rgb(round(colocImg*255),jet(256)),strcat(root,num2str(imgCount),'_coloc_j
et.tif'),'TIFF','Compression','none'); 
imwrite(ind2rgb(round(colocImg*255),autumn(256)),strcat(root,num2str(imgCount),'_colo
c_autumn.tif'),'TIFF','Compression','none'); 
imwrite(ind2rgb(round(colocImg*255),parula(256)),strcat(root,num2str(imgCount),'_colo
c_parula.tif'),'TIFF','Compression','none'); 
 
save(strcat(root,num2str(imgCount),'_colocImg.mat'),'colocImg') 
 
save(strcat(root,num2str(imgCount),'_workspace.mat')) 
 
end 
 
 

Alpha Smooth Muscle Quantification 
 
function [ actin_signal, asma_signal, nucCount, actinCell, asmaCell, asmaArea ] = 
asmaquant(asmaFilename, nucFilename, actinFilename, threshVal, pathname, dirOut, 
imgCount) 
 
% INPUT  
asmaScale = [40 255]; 
actinScale = [1 35]; 
asmaImage = mat2gray(imread(asmaFilename),asmaScale); 
actinImage = mat2gray(imread(actinFilename),actinScale); 
 
% THRESHOLD ACTIN IMAGE AND REMOVE BACKGROUND NOISE 
cell = im2bw(imin(actinFilename),threshVal); 
cell = bwmorph(cell, 'close'); 
[objects, totalObjects] = bwlabel(cell, 4); 
stats = regionprops(objects, 'Area', 'PixelIdxList'); 
for i = 1:totalObjects 
    if stats(i,1).Area < 100 %GET RID OF NOISE THAT IS NOT THE CELL NETWORK 
        cell(stats(i,1).PixelIdxList) = 0; 
    end 
end 
cell = bwmorph(cell, 'spur'); 
 
% CALCULATE aSMA AND ACTIN SIGNAL (MASKED BY CELL AREA) 
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cellArea = sum(sum(cell)); 
asmaMask = asmaImage .* cell; 
asma_signal = sum(sum(asmaMask(:,:,1))); 
actinMask = actinImage .* cell; 
actin_signal = sum(sum(actinMask(:,:,1))); 
 
% GET CELL COUNT BY COUNTING NUMBER OF NUCLEI 
[nucCount, avgNucArea] = asmanuccounter(nucFilename,pathname,dirOut,imgCount); 
 
% CALCULATE aSMA AND ACTIN SIGNAL PER CELL 
actinCell = actin_signal ./ nucCount; 
asmaCell = asma_signal ./ nucCount; 
asmaArea = asma_signal ./ cellArea; 
end 
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